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This special issue of the Journal of Nucleic Acids is dedicated
to DNA damage and two important biological consequences
provoked by such damage: lesion repair and lesion-induced
mutagenesis. These phenomena have attracted broad interest
among a large community of scientists that cross disciplines
from mathematics, physics, chemistry, and biology to clinical
scientists. The importance of DNA damage to human
disease, especially cancer, is the common denominator for
the widespread fascination with this area, as it spans from the
molecular and mechanistic to the cellular, organismal, and
therapeutic levels. Hence, papers are presented that showcase
the unique strengths that emerge when researchers from a
variety of intellectual perspectives focus on basic scientific
challenges that must be addressed to improve human health.

The area of DNA damage, mutagenesis, and DNA repair
is rapidly evolving. It is, therefore, gratifying to present in
one rich volume the most current work from an array of
leaders in the field, who offer up-to-date review articles
as well as their most recent new research results. Included
are DNA damages that may be endogenous, resulting from
normal biochemical processes that have unwanted harmful
outcomes, or exogenous, stemming from environmental
causes such as tobacco smoke. Advanced mass spectrometry
methods for damage detection and their processing, a
current tour de force that plays a critical role in the
field, are presented. Also featured are current molecular
understandings of DNA repair mechanisms and mechanisms
of damage-processing by DNA polymerases and accessory
proteins. On the organismal level, all three kingdoms of life

are represented, and among the eukaryotes the range spans
from yeast to protozoa to vertebrates.

Accordingly, we proudly present this special issue of
the Journal of Nucleic Acids. We thank the contributors for
their outstanding work and the many reviewers who served
conscientiously and tirelessly to assure an issue that meets the
highest standards.

Ashis Basu
Suse Broyde

Shigenori Iwai
Caroline Kisker
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Some representative models of radiation-induced cell death, which is a crucial endpoint in radiobiology, were reviewed. The basic
assumptions were identified, their consequences on predicted cell survival were analyzed, and the advantages and drawbacks of
each approach were outlined. In addition to “historical” approaches such as the Target Theory, the Linear-Quadratic model, the
Theory of Dual Radiation Action and Katz’ model, the more recent Local Effect Model was discussed, focusing on its application in
Carbon-ion hadrontherapy. Furthermore, a mechanistic model developed at the University of Pavia and based on the relationship
between cell inactivation and chromosome aberrations was presented, together with recent results; the good agreement between
model predictions and literature experimental data on different radiation types (photons, protons, alpha particles, and Carbon
ions) supported the idea that asymmetric chromosome aberrations like dicentrics and rings play a fundamental role for cell death.
Basing on these results, a reinterpretation of the TDRA was also proposed, identifying the TDRA “sublesions” and “lesions” as
clustered DNA double-strand breaks and (lethal) chromosome aberrations, respectively.

1. Introduction

Cell death is a crucial issue in radiation-induced biological
damage, not only because it is widely considered as a
reference endpoint to characterize the action of ionizing
radiation in different biological targets, but also because cell
killing is the main aim for any tumour therapy. In particular,
the dependence of cell-death RBE (Relative Biological Effec-
tiveness) on the particle energy is a fundamental information
for Carbon-ion therapy; with increasing depth in tissue, the
primary-beam energy decreases, thus implying an increase
in the radiation LET (Linear Energy Transfer) and in its
biological effectiveness.

Many experimental data sets on different cell lines
cultured in vitro and exposed to different radiation fields
are available. These data show that while haploid yeasts,
some bacteria and spermatogonia are characterized by a
purely exponential dose-response curve, which becomes a
straight line in the usual semilogarithmic representation,
diploid yeasts and almost all mammalian cells follow a

“sigmoid” survival curve, which in a semilogarithmic plot is
characterized by an initial “shoulder” followed by an almost
straight portion. The shoulder is generally ascribed to a
multiple-track radiation action whereas the straight portion
is thought to be due to the action of single tracks. As a
consequence, for high-LET radiation, where the intratrack
action predominates, the shoulder tends to disappear and
high-LET survival curves can be described by a purely
exponential dose dependence.

To better understand the mechanisms governing
radiation-induced cell death and to allow for predictions
where the experimental data are not sufficiently reliable
(typically at high doses, where the error bars are generally
large due to poor statistics), many theoretical models of
radiation-induced cell killing have been proposed [1]. These
models have in common a few basic assumptions: (1) cell
inactivation is the result of a multistep process, where the
first step is an energy absorption in one or more intracellular
sensitive volumes; (2) energy absorption in the form of
ionizations or excitations in the critical volume(s) will lead
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to molecular lesions in the cell; (3) the processing of such
lesions causes the cell to lose its ability to carry out normal
DNA replication and cell division.

In this paper, some of these models will be presented
and discussed, focusing on the assumptions adopted by the
authors and on possible model advantages and drawbacks.
Far from being exhaustive, this overview will first deal
with three “historical” approaches: Lea’s “Target Theory”,
which is one of the earliest interpretive models, the “Linear-
Quadratic model”, which overcomes some inconsistencies of
the Target Theory with mammalian data and explicitly takes
into account DNA damage induction and repair, and the
Theory of Dual Radiation Action, which leads as well to a
linear-quadratic expression for cell survival but starting from
a different background with respect to the LQ model. These
three general models will be followed by two approaches (the
Katz’ model and the more recent Local Effect Model) that
are specific for heavy ions; in particular the LEM approach,
which allows calculation of heavy-ion cell survival starting
from photon experimental data, is applied at GSI in Germany
for the biological optimization of Carbon-ion treatment
planning. Finally, an original approach developed at the
University of Pavia basing on the link between chromosome
aberrations and cell death will be presented, together with
recent model predictions on the survival of V79 cells exposed
to different radiation types. The peculiarity of this approach
consists in being mechanistic, since theoretical survival
curves are derived from first principles on the biophysical
mechanisms underlying DNA damage induction and repair.
Importantly, in contrast with many literature mechanistic
models including the Linear-Quadratic approach, only two
(semi-)free parameters are adopted. Also, the model pre-
sented herein works both for low-, intermediate-, and high-
LET radiation.

2. Lea’s Target Theory

Lea’s “target theory”, which was first developed in 1946 and
published in a refined version in 1955 [2], is one of the
earliest interpretive models for radiation-induced cell killing
and was developed starting from data on microorganisms
and bioactive molecules. According to Lea’s model, which
is specific for low LET radiation (so that the interaction
between distinct events is rare), a cell contains one or
more sensitive targets of size v, which can receive one or
more radiation “hits”; a hit is an “active event” occurring
within the volume v, that is an energy absorption event
able to induce biological damage such as an ionization or
an excitation in the target molecule(s) or in water. The hit
probability is then ρ = v/V , where V is the total cellular
volume (that is the product between average cell volume and
number of cells at risk). If D is the total number of active
events in the cell population, the probability for a cell to be
hit h times can be expressed as follows:

p
(
ρ,h,D

) = ρh
(
1− ρ

)(D−h)
DCh, (1)

where DCh is the binomial coefficient expressing that h hits
and (D − h) “misses” can be assigned for D active events.

Introducing a function H(h) representing the probability
that the cell will survive h hits (“hit-survival function”), the
survival probability after h hits is

P
(
ρ,h,D

) = H(h)p
(
ρ,h,D

) = H(h)ρh
(
1− ρ

)(D−h)
DCh.

(2)

Since a cell may survive for h = 1, 2, 3, . . . ,D, the total
survival probability for the cell, that is the general survival
equation according to Lea’s theory, is

S
(
ρ,D

) =∑
h

P
(
ρ,h,D

)
. (3)

The case that found the widest applicability in radiobiology
is the “multitarget-single-hit” (MTSH) version, according to
which the cell contains n critical targets, each target has the
same probability q of being hit by radiation, and one hit in a
given target is sufficient to inactivate that target but not the
entire cell. The probability that a cell will survive with b hits
is then

P
(
q, b,n,D

) = (1− e−qD
)b(

e−qD
)n−b

nCb B(b), (4)

where B(b), analogous to H(h), is the hit survival function.
In the MTSH case, the following limiting conditions can be
assigned to B(b): (1) if b < n, B(b) assumes a value so that
P = 1; (2) if b ≥ n, B(b) = 0 and P = 0. This means that for
b < n the cell will survive, whereas for b ≥ n the cell will die.

Since the nth hit assures nonsurvival, the overall survival
probability is

S
(
q,n,D

) = 1−
(

1− e−qD
)n
. (5)

It is important to observe that, when ln S is plotted versus
D, except for the special case of n = 1 each curve has a
“shoulder” that increases in breadth with n. Furthermore,
for S values below about 0.1 each curve becomes a straight
line; the extrapolation of this straight line back to the zero-
dose ordinate provides the value of n, called the “target
multiplicity”. If the linear portion of the plot is back
extrapolated to cross the S = 1 ordinate, that intercept is
the “quasi threshold dose” Dq, which is related to n and D0

(where D0 = 1/q is the dose for 1/e survival in the linear
portion of the plot) by Dq = D0 lnn. Except for n = 1, the
slope at zero dose will be zero, which is one of the main
limitations of the model because it is not consistent with
the experimental data. To overcome such limitation, a single-
target-single-hit term was included, leading to

S
(
p, q,n,D

) = e−pD
[

1−
(

1− e−qD
)n]

, (6)

where p is the inactivation coefficient for the portion of cell
killing that is assumed to arise from single hits, whereas q
is the inactivation coefficient for the “usual” MTSH model.
Although this equation describes fairly well the behaviour
of most mammalian cells, however, it still predicts that the
slope of the linear portion of the plot remains constant
with increasing dose whereas a more frequent experimental
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observation is a constantly increasing slope. This led the
investigators to try alternative approaches, also basing on
the fact that starting from the 1960s several investigators
reported that their data on mammalian cell lines were better
described by functions in which the dose appeared both to
the first and to the second power.

3. The Molecular (or Linear-Quadratic)
Model by Chadwick and Leenhouts

The target theory makes no assumption about the induction
and repair of the initial DNA damage, which is now known
to play a fundamental role for radiation-induced clonogenic
death. A number of alternative approaches to Lea’s theory
have been developed to respond to such objection, and
several of these approaches are of a linear-quadratic form. In
particular Chadwick and Leenhouts in 1981 [3] developed
what they called the “molecular model”, which has come
to be widely known as the “linear-quadratic” (LQ) model.
According to the LQ model, the cell contains certain
critical molecules, assumed to be double-stranded DNA,
the integrity of which is essential for clonogenic survival;
the critical damage is assumed to be a DNA double-strand
break (DSB). Ionizing radiation can induce the rupture
of DNA molecular bonds (“lesions”) that, under certain
conditions, are repaired; varying degrees of repair imply
different radiobiological effects. If N0 is the number of DNA
molecular bonds available for rupture in the target cell, N is
the number of these bonds that remain intact after a dose D,
and K is the rupture probability of a single bond per unit
dose, then

−dN

dD
= KN , N = N0e

−KD. (7)

The number of effective broken bonds is therefore

N0 −N = f N0

(
1− e−KD

)
, (8)

where f is the fraction of broken bonds that are not repaired.
According to Chadwick and Leenhouts, the double helix

can undergo a DSB as the result of two different mechanisms:
(i) both DNA strands are broken by the same radiation track
(or “event”); (ii) each strand is broken independently, but the
breaks are close enough in time and space to lead to a DSB.
Let � be the fraction of dose acting through mechanism (i),
and (1− �) the fraction of dose acting through mechanisms
(ii). The number of unrepaired DSBs per cell produced by
mechanism (ii) is then

Qii = Ef0q1q2, (9)

where E is the “effectiveness factor”, that is the likelihood for
a DSB to occur from two SSBs associated in time and space,
f0 is the fraction of unrepaired DSBs, and q1 and q2 are the
number of broken bonds on strands 1 and 2, respectively.
Therefore, q1 = f1n1(1 − e−k(1− �)D) and q2 = f2n2(1 −
e−k(1−�)D), where n1 and n2 are the number of critical bonds
on strands 1 and 2, respectively, f1 and f2 are the fractions of
unrestored bonds in strands 1 and 2, and k is the probability

of bond rupture per bond and per unit dose. Adopting a
similar notation, the number of unrepaired DSBs induced via
mechanism (i) is

Qi = n0 f0
[
1− exp(−k0 �D)

]
, (10)

where n0 is the number of DNA sites that can sustain a DSB
and k0 is the hit probability constant.

The average number of DSBs per cell is therefore Qi +Qii,
and the average number of lethal DSBs per cell is

Q = p(Qi + Qii), (11)

where p is the assumed proportionality constant between the
DSB yield and cell death. Lumping constants,

Q = p
[
χ
(

1− e−k0�D
)

+ ϕ
(

1− e−k(1−�)D
)2
]
. (12)

Since according to Poisson-type cell killing the probability
of cell survival S is given by the probability of having 0 lethal
lesions, then S = e−Q. Assuming that k and k0 are quite small,
one gets the familiar linear-quadratic relationship as follows:

S = exp
(−αD − βD2), (13)

where α = ( f0,n0,k0,�) and β = ( f0,E,n1,n2, f1, f2,k2,(1− �)2).
This model represents an attempt to bridge the gap between
physics, that is energy deposition by radiation, and biology,
that is DNA repair or lack of repair, although the fundamen-
tal assumptions are not widely accepted; in particular the
hypothesis that the yield of DSBs is proportional to the yield
of lethal lesions is not consistent with most experimental
data, which in general show that DSBs tend to increase
linearly with dose whereas lethal lesions increase with dose in
a linear-quadratic fashion. However, the LQ model is widely
used in radiobiology since it fits mammalian cell survival
data pretty well, overcoming not only the problem of zero
slope at zero dose, but also the problem of constant slope at
high doses.

4. The Theory of Dual Radiation Action by
Kellerer and Rossi

The Theory of Dual Radiation Action (TDRA) was proposed
by Kellerer and Rossi in 1972 [4], partly to explain the
observed increase of neutron RBE at low doses, and partly to
incorporate the ideas of microdosimetry. This theory is based
on the following assumptions: (1) ionizing radiation induces
cellular “sublesions”, which are proportional to the radiation
dose; (2) the interaction between two sublesions can produce
a “lesion”, which has a certain fixed probability to lead to cell
death. Such interaction is possible only within a “sensitive
site”; the interaction probability is 1 for distances smaller
than the sensitive site linear dimensions, which according to
TDRA are of the order of the micrometer whereas it is 0 for
larger distances.

According to the TDRA, the average number of lesions
after a dose D can be expressed as follows:

E(D) =
∫
E(z) f (z,D)dz, (14)
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where f (z,D)dz is the probability that, for a dose D, the
specific energy (that is the energy imparted per event and per
unit mass) is between z and z + dz, and E(z) is the average
number of lesions within a sensitive site. Since z is a measure
of the number of sublesions and since sublesions interact
in pairs, E(z) = kz2 where k is a biological property of the
system. Therefore,

E(D) =
∫
kz2 f (z,D)dz = k

〈
z2〉. (15)

Basing on their microdosimetry experiments, Kellerer and
Rossi rewrote this equation by means of the specific-energy
spectra, that is,

〈
z2〉 = (∫ z2

1 f (z1)dz1∫
z1 f (z1)dz1

)
D + D2, (16)

where f (z1) is the distribution of single-event specific
energies. E(D) can therefore be expressed as follows:

E(D) = k
(
ζD + D2), (17)

and the survival probability gets the following linear-
quadratic form:

S = exp
[−k(ζD + D2)]. (18)

This theory has been criticized by various authors in the
1980s considering the LQ approach and results of “event-by-
event” radiation track structure studies, according to which
the interaction between distinct events occurs at the nm level
whereas the TDRA sensitive sites have linear dimensions of
the order of the micrometer.

However, an alternative interpretation may be the fol-
lowing: on the basis of the observed relationship between
some chromosome aberration types and cell death (see
below), sublesions can be thought as DSBs whereas lesions
can be thought as lethal chromosome aberrations such
as dicentrics and rings; this way a sensitive site of the
order of the micrometer becomes consistent with the data,
since chromosome aberrations are produced by pairwise
interaction of DSBs, and such interaction occurs at the level
of interphase chromosome domains, which are known to
have linear dimensions of the order of the micrometer.

5. Katz’ Amorphous Track Structure Model

In the late 1960s [5], Katz proposed an approach for heavy-
ion cell killing (called “amorphous track structure model”)
focused on the role of radiation track structure. According
to this approach, the critical target in a mammalian cell
is assumed to be a “substructure” of the cell nucleus with
typical linear dimensions of the order of 1 μm; the nucleus
contains several of these substructures, “like beans in a bag”.
The average energy deposition in a given target volume is
assumed to be sufficient to determine the biological response,
regardless of the target fine structure at lower scales. To
represent the photon dose response, Katz adopted the MTSH
version of the target theory, according to which the cell

survival probability after a dose D can be expressed as
follows:

Sγ(D) = 1−
[

1− exp
(
− D

D0

)]n
, (19)

where n is the number of targets and D0 is the dose for 1/e
survival in the linear portion of the plot. Since for heavy ions
straight exponential curves are observed, the cell survival
probability for heavy ions can be expressed as follows:

Si = e−σF , (20)

where F is the particle fluence and σ is the “inactivation cross
section”.

According to Katz’ approach, the transition from the
shouldered curves observed at low LET and the high-LET
exponential curves is modelled by attributing the dose
to two different inactivation modes, that is the “γ-kill”
and the “ion-kill”. To determine the relative fractions of
energy deposited according to the “γ-kill” or the “ion-kill”
mode, the inactivation cross section representing the ion-kill
contribution is calculated by

σ = 2π
∫ [

1− exp
(
−D(r)

D0

)]n
rdr, (21)

where D(r) is the average dose over a (cylindrical) target with
typical size of 1 μm. The relative dose contributions for the
ion-kill and the “γ-kill” mode are then

Di =
(
σ

σ0

)
D, Dγ = D −Di =

(
1− σ

σ0

)
D, (22)

where σ0 is a “saturation cross section” that is essentially
defined by the projected area of all subtargets in the cell
nucleus. The total survival probability is then

S = Si · Sγ = e−σF
[

1−
(

1− e−Dγ/D0

)n]
. (23)

Although in Katz’ model the details at the nm level are
not taken into account, it is interesting to note that the
linear dimensions of its “critical targets” (∼1 μm) are of the
same order of the dimensions of mammalian cell interphase
chromosomes.

6. The Local Effect Model (LEM)

A more recent approach, developed and used at GSI for the
biological optimization of Carbon-ion treatment planning,
is the “Local Effect Model” (LEM) [6]; this model is based
on the assumption that the local biological effect, that is
the damage in a small subvolume (nm) of the cell nucleus,
is solely determined by the expectation value of energy
deposition in that subvolume, independent of the radiation
type. Given a biological target, this implies that differences
in the biological action of charged particle beams should
be attributed to the different pattern of energy deposition
by heavy charged particles with respect to photons, that is
radiation track structure at the nm scale. Furthermore, for
a given radiation type, differences in the photon response
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for different biological targets should lead to differences in
the corresponding RBE values. For photons, the volumetric
density of lethal events per cell can be written as follows:

νX(D) = 〈NX(D)〉
Vn

= − ln SX(D)
Vn

, (24)

where 〈NX(D)〉 is the average number of lethal events per
cell induced by a dose D of photons, Vn is the cell nucleus
volume, and SX(D) is the fraction of surviving cells for
photons. Given the complete local dose distribution d(x, y, z)
for ion irradiation, the average number of lethal events per
cell by heavy ions can be obtained integrating the local-event
density vion(d(x, y, z)) as follows:

〈Nion〉 =
∫

νion
(
d
(
x, y, z

))
dVn. (25)

Since according to the fundamental assumption of LEM
νion(d) = νX(d), the average number of lethal events per cell
for heavy ions can be written as follows:

〈Nion〉 =
∫ − ln SX

(
d
(
x, y, z

))
Vn

dVn. (26)

The integration volume for (26) is given by the volume of
the cell nucleus, which is represented as a cylinder with
axis parallel to the particle trajectory. Since the integrand
is fully determined by the photon biological response, cell
killing by heavy ions can be calculated starting from photon
experimental data, being the heavy-ion effect “hidden” in
the inhomogeneous distribution of local dose d(x, y, z).
Equation (26), which is the most general formulation of
LEM, does not rely on any particular representation of the
photon dose response curve and can be applied even if only
numerical values of SX are available. However, for practical
reasons, the authors described the photon response by a
(modified) linear-quadratic approach, that is,

〈NX(D)〉 = −ln SX(D) = αXD + βXD
2. (27)

To take into account that for many biological targets a
transition from the shouldered to an exponential shape of the
survival curve is observed at high doses, a modified version
of the linear-quadratic approach was introduced; according
to this version, such transition is described by a parameter
Dt, representing the transition dose to an exponential shape
with slope smax = αX+2βXDt. The dose response is then given
by

−ln SX(D) =
⎧⎨⎩αXD + βXD2, D ≤ Dt,

αXDt + βXD
2
t + smax(D −Dt), D > Dt.

(28)

Since for most mammalian cell lines survival curves can
be reliably measured only down to 10−3, in general Dt

cannot be directly derived from experimental data, and
thus it represents a semifree model parameter; in general,
values in the range 15–30 Gy allow consistent descriptions
of the data. To perform the numerical integration given

in (26) for a random distribution of particle traversals, a
grid has to be used to cope with the rapid variation of
the radial dose profile, according to the 1/r2 distribution.
Since this leads to computing times that are unacceptable
for treatment planning, approximations have been developed
to estimate the β parameter. The current version of the
model, which recently has been refined taking into account
free-radical diffusion, DNA strand-break clustering, and an
extension of the inner part of the particle track [7], led to a
good agreement with Carbon-ion survival data for different
particle energies and different cell lines.

The LEM approach has been implemented in the TRiP
treatment planning procedure for the Carbon-ion therapy
project at GSI. According to LEM, the biological character-
istics of the various target tissues are essentially determined
by the α/β ratio for conventional photon irradiation and by
Dt; values of α/β = 10 Gy are frequently reported for early-
responding normal and tumoral tissues whereas α/β = 3 Gy
is reported for late-responding normal tissues. However, the
authors themselves emphasize that the photon parameters
specific for the considered tissue and the considered end-
point should be used to estimate the RBE. Ideally, α/β values
from clinical data would be appropriate; if these are not
available, the corresponding data from in vivo studies should
be used, and if those are not available, in vitro experiments
may help.

7. A Mechanistic Approach Starting from
Chromosome Aberrations

At the University of Pavia, a mechanistic model and a Monte
Carlo code originally developed for predicting chromosome
aberration induction have been recently extended to sim-
ulate cell death, starting from the experimentally-observed
relationship between some chromosome aberration types
(dicentrics, rings, and deletions) and clonogenic inactivation
(e.g., [17]).

The model/code for radiation-induced chromosome
aberrations, which was initiated more than ten years ago [8],
relies on the following basic assumptions: (1) chromosome
aberrations arise from DNA breaks that are clustered at
the nm level (Cluster Lesions, CLs), each lesion giving
rise to two independent chromosome free ends; (2) only
pairs of chromosome free ends initially induced within a
threshold distance d can join and thus produce exchange-
type aberrations. These assumptions start from the evidence
that, on average, 1 Gy of (low-LET) radiation induces about
40 DNA double-strand breaks (DSBs) per cell, but less
than 1 chromosome aberration per cell; it is therefore very
likely that, among the many initially-induced breaks of
the double helix, only those that are severe enough (like
those that are clustered at the nm level, assumption 1) and
close enough (assumption 2) are involved in the formation
of chromosome aberrations, typically via the well-known
mechanism of nonhomologous end joining (NHEJ). The
choice of a step-like function with threshold d for the free-
end rejoining probability reflects the evidence that DNA
repair takes place mainly within the channels separating the
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various interphase chromosome domains; this evidence was
quantitatively “translated” in the simulation code assuming
that two chromosome free ends induced with initial distance
smaller than a threshold value d will join with 100%
probability whereas two free ends with larger initial distance
will never join. The value of d reflects the average linear
dimensions of interphase chromosome territories, that is of
the order of ∼1 μm for mammalian cells.

The current version of the code can deal either with
spherical cell nuclei or with cylindrical nuclei, with dimen-
sions that can be chosen by the user from the input file.
The various interphase chromosome territories are modelled
as (irregular) intranuclear regions consisting of the union
of small adjacent cubic voxels of 0.2 μm side; the volume
of each territory, that is the number of voxels constituting
that territory, is proportional to the chromosome DNA
content. Repetition of chromosome territory construction
with different chromosome positions within the cell nucleus
provides different interphase nucleus configurations.

The yield of radiation-induced Cluster Lesions (i.e.,
average number of CLs per Gy and per cell) is the starting
point for the simulation of dose-response curves. In terms
of biophysical mechanisms, CLs represent those initial DNA
breaks that, being clustered and thus severe, can “evolve”
into chromosome aberrations; therefore, the yield of CLs
primarily depends on radiation quality (that is radiation
type and energy), but it can also be modulated by the
repair ability of the specific cell line under consideration.
In previous works on chromosome aberration induction
in lymphocytes exposed to protons or alpha particles, the
CLs yields have been taken from “event-by-event” radiation
track-structure simulations in which a CL has been defined
as “at least two SSBs on each DNA strand within 30 base
pairs” [8–11]. In more recent works [12–14] and herein,
to take into account not only the radiation quality but also
the specific cell response, such yields were left as a semifree
parameter; here “semifree” means that only values ranging
between ∼1 CLs Gy−1 cell−1 (low-LET radiation) and ∼10
CLs Gy−1 cell−1 (high LET) are considered as acceptable.

For a given irradiated cell, for sparsely-ionizing radiation
like X- and gamma-rays an actual number of CLs is extracted
from a Poisson distribution, and such lesions are then
randomly distributed in the nucleus. For light ions like
protons and alpha particles, an actual number of particle
tracks traversing the nucleus is extracted from a Poisson
distribution with average value n = SD/(0.16 L), where S is
the nucleus cross-sectional area in μm2, D is the absorbed
dose in Gy, L is the radiation LET in keV/μm, and 0.16
is a numerical factor coming from the conversion of eV
into Joules. For each nucleus traversal, an actual number of
lesions is then extracted from a Poisson distribution with
average value t ·CL/μm, where t is the traversal length in μm
and CL/μm is the average number of lesions per unit length,
which is calculated as CL/μm = CLs Gy−1 cell−1 0.16 L V−1,
being V the cell nucleus volume in μm3. For light ions such as
protons and alpha particles, the CLs induced by a given par-
ticle are randomly distributed along segments representing
the primary particle track. The lesions induced by heavy ions

like Carbon, which is nowadays of great interest for tumour
hadrontherapy, and Iron, interesting for space radiation
research, are located partly along a segment representing the
core of the primary track, and partly with a “radial shift” with
respect to the track core, to reproduce the effects of energetic
secondary electrons (“delta rays”). For a given heavy-ion
track, the probability of having a lesion at distance r from
the track core is assumed to be proportional to r−2.

After assigning the spatial positions of each CL in
the cell nucleus, the subsequent simulation steps consist
of (1) identification of the chromosome(s) and chromo-
some arm(s) that have been hit by each CL; (2) pairwise
rejoining between chromosome free ends, assuming 100%
rejoining probability if the (initial) distance between the
two free ends is <d and no rejoining if the distance is >d;
accidental eurejoining, that is rejoining with the original
partner, is allowed; (3) aberration scoring; (4) repetition
for a statistically significant number of irradiated cells;
(5) repetition for different dose values to obtain a dose-
response curve for the main aberration types (dicentrics,
translocations, rings, deletions, and more than 40 different
complex exchanges), directly comparable with experimental
data. Specific background (i.e., prior to irradiation) yields
for different aberration types can be included by the user
(typically, 0.001 whole-genome dicentrics/cell and 0.005
whole-genome translocations/cell). Both Giemsa staining
and whole-chromosome FISH painting can be simulated,
and the scoring of chromosome fragments smaller than a
threshold value can be “switched off” by the user, since
these fragments can hardly be detected experimentally when
chromatin is in its condensed state; a threshold value of
10 Mbp (FISH) or 15 Mbp (Giemsa) has been used until now.

Up to now, the model has been validated for the
induction of the main types of chromosome aberrations in
lymphocytes exposed to X- and γ-rays [10], protons and
alpha particles [9], and Carbon ions and Iron ions [11].
The agreement between model predictions and literature
experimental data supports the model assumptions on the
mechanisms governing chromosome aberration induction,
including the fundamental role of DNA damage clustering at
the nm scale and the step-like distance dependence at the μm
scale for the rejoining probability between two (clustered)
DNA lesions. Furthermore, the model has been applied
to predict the induction of Chronic Myeloid Leukaemia
following acute exposure to gamma rays [15] and the
induction of chromosome aberrations in astronauts exposed
to space radiation [16].

The model/code described above has recently been
extended to simulate radiation-induced cell death, starting
from the experimentally observed one-to-one relationship
between the average number of “lethal aberrations” (that
is Giemsa-stained dicentrics, rings, and deletions) per cell
and − ln S, where S is the fraction of surviving cells [17]. In
this extended version, the fraction of surviving cells after a
dose D is then calculated as S(D) = e−LA(D), where LA(D)
is the (simulated) average number of lethal aberrations per
cell. While the experimental study by Cornforth and Bedford
concerns AG1522 cells exposed to X-rays (and subject to
delayed plating to allow for potentially-lethal damage repair),
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Figure 1: From top to bottom: survival of V79 cells exposed to
photons, 0.76 MeV protons, 11.0 MeV/u Carbon ions, and 3.2 MeV
alpha particles; the lines are model predictions, the points are exper-
imental data taken from [18–21]. The cell nuclei were modelled as
right cylinders with height 6 μm and radius 6 μm (radius 5 μm for
the Carbon data, basing on personal communication).

the theoretical approach reported herein was applied also
to protons, α-particles, and Carbon ions. The first step
of the work consisted of reproducing the experimental
outcomes on X-irradiated AG1522 cells; the very good
agreement between model predictions and experimental
data confirmed the important role of lethal aberrations
for radiation-induced cell death [13]. Subsequently, the
approach has been extended to V79 cells exposed to X- or
gamma-rays, 0.76 MeV protons (LET: ∼30.5 keV/μm), and
3.2 MeV α-particles (LET: ∼120 keV/μm). Good agreement
with literature experimental data [18–20] was found for all
the considered exposure scenarios, indicating that the rela-
tionship between lethal aberrations and cell death observed
by Cornforth and Bedford can hold not only for AG1522
cells exposed to X-rays but also for other cell types and other
radiation types. Very recently, the approach was applied also
to 11.0 MeV/u Carbon ions (LET: 153.5 keV/μm).

The results described above are reported in Figure 1,
which shows cell survival curves obtained for V79 cells
exposed to photons, 0.76 MeV protons, 3.2 MeV α-particles,
and 11.0 MeV/u Carbon ions. The lines are model predic-
tions whereas the points are the corresponding literature data
chosen for comparison, that is V79 cells exposed to X-rays
[18], γ-rays [19], 0.76 MeV protons [20], 3.2 MeV α-particles
[19], and 11.0 MeV/u Carbon ions [21].

8. Conclusions

Some representative theoretical models of radiation-induced
cell inactivation were presented and discussed, outlining

the main biophysical assumptions adopted by the various
authors and analyzing the consequences of such assumptions
in terms of cell survival predictions. More specifically Lea’s
target theory, which was developed before the discovery of
the DNA double helix for microorganisms exposed to low-
LET radiation, in its MTSH version assumes that there exist
n critical targets in the cell, and that the nth radiation hit
ensures nonsurvival; therefore, the predicted survival curve
in the usual semilog scale is characterized by an initial
shoulder (with zero slope at zero dose) followed by a straight
portion. While the MTSH model fits quite well bacteria
survival data, most mammalian cell data follow a linear-
quadratic behaviour, with negative slope at zero dose and
increasing slope at high doses.

Both the Molecular Model and the Theory of Dual Radia-
tion Action lead to a linear-quadratic survival curve, though
following different approaches. The Molecular Model con-
siders the DNA double helix as the critical target and takes
into account the biophysical mechanisms of DNA damage
induction and repair, assuming that the critical damage
is a DSB (which can be induced either by a single-track
action or by a two-track action) and that the yield of
DSBs is proportional to cell inactivation. On the contrary,
the TDRA, without specifying the critical target(s) nor the
critical damage(s), assumes that radiation induces cellular
“sublesions” that interact in pairs to produce “lesions”, which
in turn lead to cell death with a certain fixed probability; such
interaction can take place only within “sensitive sites” of the
order of μm. While these three models focus on the general
mechanisms of cell death induced by low-LET radiation,
Katz’ approach and the LEM model are specific for heavy-ion
applications. In particular the LEM model, which describes
heavy-ion cell death starting from photon experimental data,
is used at GSI in Germany for the biological optimization of
Carbon-ion treatment planning.

After reviewing the literature models mentioned above,
an approach developed at the University of Pavia was
presented together with recent results. The peculiarity of this
approach consists in the fact that on one side it is mechanistic
(that is the model predictions are derived from a few basic
assumptions on the biophysical mechanisms underlying
radiation-induced cell death), but at the same time the
number of free parameters is kept at a minimum, since
only two semifree parameters are adopted: the yield of DNA
“Cluster Lesions” and the value of the threshold distance d
for chromosome free-end rejoining. More specifically, the
model may be taken as a mechanistic reinterpretation of
the TDRA, since the TDRA “sublesions” and “lesions” can
be (re-)interpreted as DNA “Cluster Lesions” and (lethal)
chromosome aberrations, respectively; CLs, which increase
with dose linearly, interact in pairs to produce chromosome
aberrations, which increase with dose in a linear-quadratic
fashion; such interaction occurs at the level of interphase
chromosome domains, which have linear dimensions of the
order of the micrometer like the TDRA sensitive sites.

The good agreement between model predictions and lit-
erature experimental data on low-, intermediate-, and high-
LET radiation (photons, protons, alpha particles, and Car-
bon ions) supported the idea that asymmetric chromosome
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aberrations, such as dicentrics and rings, play a fundamental
role in the mechanisms governing radiation-induced cell
death. Furthermore, the model may be considered as a pre-
dictive tool for potential applications in radiotherapy includ-
ing therapy with Carbon ions, which is now adopted in vari-
ous centres worldwide, including the CNAO centre in Pavia.
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DNA and other biomolecules are subjected to damaging chemical reactions during normal physiological processes and in states
of pathophysiology caused by endogenous and exogenous mechanisms. In DNA, this damage affects both the nucleobases and
2-deoxyribose, with a host of damage products that reflect the local chemical pathology such as oxidative stress and inflammation.
These damaged molecules represent a potential source of biomarkers for defining mechanisms of pathology, quantifying the risk
of human disease and studying interindividual variations in cellular repair pathways. Toward the goal of developing biomarkers,
significant effort has been made to detect and quantify damage biomolecules in clinically accessible compartments such as blood
and and urine. However, there has been little effort to define the biotransformational fate of damaged biomolecules as they move
from the site of formation to excretion in clinically accessible compartments. This paper highlights examples of this important
problem with DNA damage products.

1. Introduction

Endogenous processes of oxidative stress and inflammation
cause DNA damage that is mechanistically linked to the
pathophysiology of cancer and other human diseases [1]. The
DNA damage is comprised of dozens of mutagenic and cyto-
toxic products [2–4] reflecting the full spectrum of chemical
mechanisms, including oxidation, nitrosation, halogenation,
and alkylation, as described in numerous published reviews
[5–15]. There has been significant interest in developing
DNA damage products as biomarkers of disease risk given
the strong association between DNA damage and disease
pathology [12, 14, 16–22]. However, there has been little
consideration given to the biological fate of DNA damage
products, such as release from DNA as a result of instability,
repair, and reaction with local nucleophiles, and the effect of
this fate on the steady-state level of DNA lesions in cells and
tissues. Further, the use of tissue-derived DNA for biomarker
development poses the problem of accessibility and limits
clinical studies, so researchers are exploring the presence of

DNA damage products in other sampling compartments,
such as urine (e.g., [16, 23]). These efforts have presumed
that DNA repair or cell death leads to dissemination of
DNA damage products in blood, with subsequent excretion
of specific molecular forms predicted to arise from the
various DNA repair or other enzymatic processes. However,
one of the major drawbacks to the use of blood or urine
as a sampling compartment for development of DNA
damage products as biomarkers is the lack of mechanistic
information about the fates of the damage products in terms
of metabolism and distribution. While information about
the metabolic fate and pharmacokinetics of drugs based on
nucleobases has been well defined (e.g., [24, 25]), studies of
the metabolism of DNA damage products have been limited
to a few products such as adducts of ethylene dibromide [26],
the pyrimidopurinone adduct of dG, M1dG [27–29], and the
base propenal and butenedialdehyde species arising from 2-
deoxyribose oxidation in DNA [30–32].

The mechanisms governing the fate of endogenous DNA
damage products can be viewed from two perspectives,
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the first being local reactions that lead to the release of
the damage product, such as chemical instability or DNA
repair, or the reaction of electrophilic damage products
with local nucleophiles. The second perspective is that of
drug and xenobiotic metabolism and distribution. In both
cases, the release of the damage products from DNA results
in their diffusion or transport into extracellular space for
subsequent distribution in the blood circulation to the liver
and excretory organs. Chemical stability governs the extent
and form of distribution of the damage product, with elec-
trophilic species reacting with local nucleophiles and more
stable products circulating throughout the body. The damage
products may be recognized as substrates for the variety
of local or distant metabolic enzymes that cause oxidation,
reduction, hydrolysis, and conjugation (e.g., glucuronic acid,
sulphate, or glutathione), with metabolites excreted in either
urine or bile [33, 34]. We can also view DNA damage
products from the perspective of metabolic toxification and
detoxification. Metabolic reactions are well known to either
reduce the activity of reactive and toxic xenobiotics or to
convert unreactive molecules to reactive intermediates that
are genotoxic, hepatotoxic, or nephrotoxic [33, 34]. This
paradigm applies to DNA damage products that range from
relatively stable (e.g., nucleobase deamination products) to
highly electrophilic (e.g., base propenals from 2-deoxyribose
oxidation in DNA), with metabolic reactions occurring in
cells in which the DNA damage occurs or in the liver or other
metabolic tissues.

This review addresses the current state of understanding
of the metabolic and biological fates of DNA damage
products, with an eye on the implications of these fates for
mechanisms of toxicity and for development of biomarkers
of oxidative stress and inflammation.

2. The Spectrum of Nucleic Acid
Damage Products

As a prelude to understanding the biological fate of damaged
nucleic acids, we must first consider the spectrum of damage
products. Nucleobases in DNA, RNA, and the nucleotide
pool are subject to damage by a variety of chemical mech-
anisms related to normal and pathological processes. The
superoxide (O2

•−) and hydrogen peroxide (H2O2) generated
during aerobic respiration participate in Fenton chemistry
to produce hydroxyl radical (HO•), while the activated
macrophages and neutrophils of chronic inflammation gen-
erate a host of chemically reactive species, including the
oxidants peroxynitrite (ONOO−) and nitrosoperoxycarbon-
ate (ONOOCO2

−), hypohalous acids (HOCl, HOBr), and
nitrosating agents (N2O3) [8]. Damage to nucleic acids and
nucleotides can occur by direct reaction with these agents
or indirectly by reaction with electrophiles generated during
oxidation of lipids, carbohydrates, and proteins. Both the
nucleobase and sugar moieties are susceptible to attack, with
examples of nucleobase damage products shown in Figure 1
and 2-deoxyribose oxidation products shown in Figure 2.
The biological and metabolic fates of nucleobase damage
products will be addressed first and that of 2-deoxyribose
oxidation products later in this chapter.

3. The Biological and Metabolic Fates of
Damaged Nucleobases

The biological fates of damaged nucleotides and nucleic
acids can be viewed from the perspective of either the site
of initial damage or from the final sampling compartment
used for analysis of the damage products. Among the
issues that arise are (1) the reactivity of a damage product
and the chemical form of the lesion that is released from
the site of generation; (2) the mechanism by which the
released damage product reaches the systemic circulation;
(3) the potential for the damage product to be chemically
modified between the steps of formation and excretion; (4)
the mechanism of excretion; (5) the potential for further
chemical modification in the excretory compartment. The
first of these issues, that of reactivity, is best illustrated by
the susceptibility of 8-oxoguanine to further oxidation, as
will be discussed shortly, and the deglycosylation of many
damaged purines, such as 8-nitroguanine [8], and of purines
subjected to N7-nitrosation or alkylation [8], both of which
have been addressed in detail in the literature. Here we
will focus on the metabolic fates of nucleobase damage
products.

3.1. 8-Oxoguanine. The first consideration of the metabolic
fate of a nucleobase damage product is the well-studied 7,8-
dihydro-8-oxoguanine (8-oxo-G; Figure 1) [35]. Perhaps the
most comprehensive consideration of the biological fate of
8-oxo-G in terms of sources of 8-oxo-G-containing species
excreted in the urine is the recent review by Cooke et al.
[36], with a very recent review of the utility of 8-oxo-dG
as a urinary biomarker [23]. Among the nucleobases in
DNA, RNA, and the nucleotide pool, guanine is the most
readily oxidized due to its favorable redox potential [35, 37–
39] with the spectrum of oxidation products depending
on the nature of the oxidant [8, 35] (Figure 1). 8-Oxo-
G is one of the major products common to oxidation of
guanine by most oxidizing agents, and it has thus been
touted as a biomarker of oxidative stress (e.g., [23, 36,
40, 41]. While oxidation of G in DNA is one source of
8-oxo-G, another involves polymerase incorporation of 8-
oxo-dGTP formed by oxidation of dGTP in the nucleotide
pool [42]. Prokaryotes and eukaryotes are equipped with
oxidized purine nucleotide di- and triphosphatases (e.g., E.
coli MutT, 8-oxo-dGTP triphosphatase) to remove damaged
nucleotides from the pool [43].

There are four fates of 8-oxoG in cellular DNA and
nucleotides: further oxidation to more stable products,
which will be discussed shortly, removal from DNA by
repair mechanisms, removal from the nucleotide pool by
nucleotide di- and triphosphatases, and eventual release
from DNA following cell death. Like many nucleobase
oxidation products, 8-oxo-G in DNA is removed by the base
excision repair (BER) pathway [44–47], with the ultimate
release of free 8-oxo-G nucleobase by N-glycosylase activity.
On the other hand, dephosphorylation of 8-oxo-dGTP and –
dGDP ultimately releases 8-oxo-dGMP and 8-oxodG, which
are also the likely forms released from DNA following cell
death.
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Figure 1: Nucleobase damage products.

So, we are faced with the choice of quantifying either
8-oxo-G, 8-oxo-dG, or 8-oxo-dGMP in sampling compart-
ments such as blood and urine. The most abundant of
these species appears to be 8-oxo-dG, which is present in
human urine at concentrations in the micromolar range.
2-Deoxynucleosides are chromatographically well behaved,
and this concentration is amenable to precise and accurate
quantification by liquid chromatography-coupled with mass
spectrometric methods. While the excretion of 8-oxo-dG
may correlate well with conditions of oxidative stress and
inflammation [23], the source of this 8-oxodG has yet to be
established.

Another fate of 8-oxoG in DNA, RNA, and the nucleotide
pool, as well as the fate of 8-oxo-G-containing species
released from cells, is further oxidation to form a variety

of stable end products, as shown in Figure 1. 8-Oxo-G is
significantly more susceptible to further oxidation than G
itself (0.74 V versus 1.29 V relative to NHE [39]) and is
thus susceptible to reaction with oxidants less potent than
hydroxyl radical (2 V versus NHE), such as NO2

• (1.04 V
versus NHE [48]) and alkyl hydroperoxides (∼0.9 V versus
NHE [49]). The oxidation of 8-oxo-dG results in the forma-
tion of several new products (Figure 1), most of which are
more stable than 8-oxo-dG itself and thus potentially better
candidates for biomarkers of inflammation and oxidative
stress. One must again consider the roles of DNA repair,
nucleotide pool cleaning activities, and excretory pathways
in finalizing the fate of 8-oxo-G oxidation products.

Finally, recent studies suggest two other confounding
factors in the biological fate of 8-oxo-G. The first relates to
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alternate sources. A study by Tannenbaum and coworkers
reveals that 8-oxo-G can arise by further oxidation of species
such as 8-nitro-G, which arises from nitrative oxidation
of G by ONOO− and ONOOCO2

− [50]. This and other
analogous chemistries further confound the assignment of
the source of 8-oxo-G-containing species as mechanistic
biomarkers. The second confounder involves an alternative
fate for 8-oxo-G: deamination to uric acid. Hall et al. have
described 8-oxo-G deaminase activity in bacteria [51], which
raises the possibility of similar activities in human cells.
While we have not observed adventitious deamination of G
in our studies of DNA deamination in vitro and in vivo [52–
55], a G deaminase activity cannot be ruled out.

3.2. Etheno Adducts. Another major group of DNA lesions
with a well-established association with oxidative stress and
inflammation involves adducts formed in the reaction of
DNA with electrophiles generated by lipid peroxidation [56–
58]. This group includes the substituted and unsubstituted
etheno nucleobase adducts [58–63] (Figure 1). Extensive
study of the urinary excretion of unsubstituted etheno
adducts has revealed a strong correlation of excretion with
host of human diseases, pathologies, and environmental
exposures related to oxidative stress (e.g., see recent studies
in [16–21, 64]). Nonetheless, there have been few if any
studies aimed at defining the source of the etheno 2-
deoxynucleosides measured in these studies.

By analogy to 8-oxo-G, the fate of etheno adducts
can be viewed from the perspectives of DNA repair and
metabolism. Etheno adducts in DNA are presumed to be
repaired by the BER pathway [65], with the release of the
free-base adducts. However, biomarker studies again focus
on the 2-deoxynucleoside form of the adducts [16–21, 64],
which must arise from pathways other than DNA repair.
The current focus on quantifying etheno adducts as 2-
deoxynucleosides has recently been called into question by
the Marnett group’s pioneering studies of the metabolism
of endogenous DNA adducts [27–29, 66]. With regard to
etheno adducts, they incubated 2-deoxynucleoside forms of
substituted and unsubstituted etheno adducts in rat liver
cytosol and observed an initial deglycosylation of G-derived
etheno adducts followed by oxidation of 1, N2-ε-G to 2-
oxo-1, N2-ε-G and of the corresponding substituted adduct,
heptanone-1, N2-ε-G, to 2-oxoheptanone-1, N2-ε-G (Fig-
ure 3) [66]. This raises the possibility that urinary biomarker
studies may be underestimating the true level of etheno
adducts as a result of loss of the 2-deoxynucleoside forms.
Further, the oxidized free-base forms may also be useful as
biomarkers if they are excreted at high enough levels.

3.3. M1dG. This mutagenic pyrimidopurinone adduct of dG
(Figure 1) forms in reactions of DNA with the lipid peroxi-
dation product, malondialdehyde, and with base propenals
derived from 4′-oxidation of 2-deoxyribose in DNA [56,
67–72]. As an endogenous DNA adduct, M1dG has been
detected at levels ranging from 1 to 1000 lesions per 108

nucleotides in a variety of organisms, including humans
[67, 71, 73–79]. Recent studies suggest that the major source
of M1dG in vivo is base propenals from DNA oxidation [67],
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Figure 3: Oxidation of substituted etheno adducts.

which is consistent with the higher reactivity of base prope-
nals than malondialdehyde [68, 69] and the proximity of base
propenals to dG in DNA. However, contributions from both
malondialdehyde and base propenals are likely to occur in an
oxidant-, cell-, and tissue-dependent manner [72].

In terms of the biological fate of M1dG, the adduct has
been demonstrated to be a substrate for nucleotide excision
repair (NER) [80, 81], which may explain the appearance of
M1dG in human and rodent urine [27–29, 79]. However,
M1dG was detectable in the human urine at levels of 10–
20 fmol per kg per 24 h [79], which is a significantly lower
excretion rate than other DNA lesions such as 8-oxo-dG
(400 pmol per kg per 24 h) [82]. To explore the basis for
this low rate of excretion, Marnett and coworkers undertook
metabolic and pharmacokinetic studies of M1dG in rats [27].
When intravenously administrated to rats, M1dG was rapidly
eliminated from the plasma with a half-life of 10 min [27].
In contrast to the rapid clearance from blood, M1dG was
found in the urine for more than 24 hr after dosing, which
suggested a rapid distribution to tissue followed by slower
phase of excretion. Analysis of the urine revealed a metabolite
of M1dG, 6-oxo-M1dG, likely derived from hepatic xanthine
oxidase activity [27]. Studies in rat liver extracts revealed
further oxidation of 6-oxo-M1dG on the imidazole ring to
give 2,6-dioxo-M1G (Figure 4) [28]. While most of the M1dG
was excreted unchanged in the urine and the problem of low
levels of excretion remains unsolved, these studies point to
the importance of defining the biological and metabolic fate
of damaged biomolecules in efforts to develop biomarkers of
inflammation and oxidative stress.

4. The Biological and Metabolic Fates of
2-Deoxyribose Oxidation Products

In addition to the nucleobases in DNA, the 2-deoxyribose
moiety is also subjected to oxidative damage that merits con-
sideration of biological fate and metabolism [9]. As opposed
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to the concept of simple “strand breaks,” growing evidence
points to 2-deoxyribose oxidation in DNA as a critical
determinant of the toxicity of oxidative stress [9]. Oxidation
of each of the five positions in 2-deoxyribose in DNA occurs
with an initial hydrogen atom abstraction to form a carbon-
centered radical that rapidly adds molecular oxygen to form
an unstable peroxyl radical. The resulting product spectra for
2-deoxyribose oxidation under aerobic conditions are shown
in Figure 2 [9]. Many of these oxidation products are highly
electrophilic, with α,β-unsaturated carbonyl motifs, and are
thus capable of reacting with proximate nucleophilic sites in
DNA, RNA, and proteins to form adducts [9]. This section
of the paper will focus on the biological and metabolic or,
more broadly, biotransformational fates of 2-deoxyribose
oxidation products.

4.1. DNA Adducts of 2-Deoxyribose Oxidation Products. One
fate of DNA oxidation products is reaction with local
electrophiles to form protein and nucleic acids adducts. In
this regard, oxidation of 2-deoxyribose in DNA produces a
variety of reactive electrophilic species (Figure 2) that readily
form adducts with neighboring DNA bases. Oxidation of
both the 2′- and 3′-positions of 2-deoxyribose can lead
to the formation of the 2-phosphoglycolaldehyde residue
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(Figure 2), the latter directly from the oxidation [83, 84]
and the former by an induced and indirect oxidation
mechanism involving an erythrose intermediate [85, 86].
By either mechanism, 2-phosphoglycolaldehyde undergoes
a relatively slow phosphate-phosphonate rearrangement to
generate the ubiquitous lipid and carbohydrate oxidation
product, glyoxal, that reacts with dG and DNA to form
diastereomeric 1,N2-glyoxal adducts of dG (Figure 5) [83].

At the 4′- and 5′-positions, 4′-oxidation generates base
propenals that readily react with neighboring dG to form
the pyrimidopurinone adduct, M1dG, as described earlier
[67–69]. Oxidation of the 5′-position leads to formation
of a 2-phosphoryldioxobutane residue that, possibly fol-
lowing β-elimination to form an α,β-unsaturated trans-
dioxobutene species, reacts with dC�dG>dA to form
bicyclic oxadiazabicyclo-(3.3.0)octaimine adducts (Figure 6)
[87–91].
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4.2. Protein Adducts of 2-Deoxyribose Oxidation Products.
In addition to DNA adducts, the electrophiles derived
from 2-deoxyribose oxidation react with amino acid side
chains in proteins to form a variety of adducts, some with
functional consequences. One of the earliest examples of
protein adducts from 2-deoxyribose oxidation involves the
1′-position. The 2-deoxyribonolactone abasic site resulting
from 1′-oxidation in DNA reacts with DNA repair proteins
to form stable protein-DNA cross-links [92, 93]. This
phenomenon was first demonstrated by Hashimoto et al.
with the E. coli DNA BER enzyme endonuclease III [92]. This
enzyme normally functions in base excision repair pathways
with both an initial N-glycosylase activity against oxidized
pyrimidines and a subsequent incision of the resulting
abasic site by a lyase activity [94]. Upon binding to the
2-deoxyribonolactone abasic site, however, the active site
(lysine 120), which normally forms a Schiff base with the
1′-aldehyde in the ring-opened form of the native abasic
site, performs a nucleophilic attack on the carbonyl group
of the lactone ring (Figure 7). Unlike a Schiff base, the
resulting cross-link is irreversible and complicates the DNA
repair process [92]. DeMott et al. observed similar results
in which a covalent amide bond was formed by the 1′-
carbon of the lactone and the lysine 72 in human polymerase
β [93]. Additionally, the 2-deoxyribonolactone undergoes a
rate-limiting β-elimination reaction to form a butenolide
species with a half-life of 20 h in single-stranded DNA (32–
54 h in duplex DNA), followed by a rapid δ-elimination to
release 5-methylene-2(5H)-furanone [95]. Both the inter-
mediate butenolide and the product methylenefuranone are
electrophilic species capable of reaction with nucleophilic
sites in DNA and protein, and possibly subject to metabolic
reactions such as glutathione conjugation.

Another potential source of protein adducts arises from
the variety of α,β-unsaturated carbonyl and dicarbonyl
products of 2-deoxyribose oxidation in DNA. The potential
here lies in the high concentration of nucleophilic lysine

and arginine residues in histone proteins proximate to the
sites of DNA damage and in the well-established reactivity
of α,β-unsaturated carbonyl and dicarbonyl species with
nucleophilic amino acids, which is perhaps best illustrated
by lipid peroxidation products (e.g., [96–103]. Several
recent studies have identified specific lysine and histidine
adducts of well-defined lipid peroxidation products such
as malondialdehyde [100], 4-hydroxynonenal [99], and
its oxidation product, 4-oxononenal [97] (Figure 8). The
reactions forming these adducts are highly analogous to
reactions that could occur with 2-deoxyribose oxidation
products, as illustrated in Figure 8. For example, the
unsaturated β-elimination product of the 2-deoxypentose-
4-ulose product of 4′-oxidation of deoxyribose is a chemical
analog of 4-oxononenal derived from lipid peroxidation. It
would thus be expected to react with lysines and histidines
in histone and other chromatin proteins to form the bis-
adduct or cross-link observed by observed by Sayre and
coworkers [104] and the stable furan derivative observed
by observed by Blair and coworkers [97], respectively
(Figure 8). Indeed, histones 2A, 2B, and 3 contain 3–5
histidines that have been exploited to cross-link histones
to DNA in the classic studies of Mirzabekov and coworkers
[105, 106].

The malondialdehyde adducts of lysine, arginine, and
histidine represent another protein adduct chemistry with
potential parallels between 2-deoxyribose oxidation and
lipid peroxidation. The reaction of lysine by nucleophilic
substitution yields a moderately stable N-propenal-lysine
species (Figure 8) that can react with another lysine to form
a propyl-bridged cross-link [107], while the reaction of
malondialdehyde with arginine has been shown to produce a
stable pyrimidyl-ornithine species (Figure 8) [107]. In both
cases, the proportions of modified amino acids are high
[108]. Given the analogous reactions of malondialdehyde
and base propenals from 4′-oxidation, it is reasonable to
expect the formation of propyl-bridged cross-links and
pyrimidyl-ornithine species in histone proteins in cells
subjected to oxidative stresses.

A final example of protein adducts derived from 2-
deoxyribose oxidation products involves N-formylation of
lysine by transfer of formyl groups from 3′-formylphosphate
residues (Figure 9) [109], among other possible sources
such as oxidation of formaldehyde adducts of lysine. N6-
formyllysine was detected in histone proteins from a variety
of sources to the extent of 0.04%–0.1% of all lysines in
acid-soluble chromatin proteins including histones, which
suggests that the adduct represents an endogenous secondary
modification of histones [109]. The chemical analogy of
the N-formyl modification to the physiologically important
lysine N-acetylation and N-methylation suggests that lysine
N-formylation may interfere with signaling mediated by
histone and other chromatin protein modifications (e.g.,
[110, 111]).

In all of these cases, the adducted proteins are subject to
degradation, with the potential for the release and excretion
of adducted peptides or amino acids. Their potential as
biomarkers warrants further study of DNA-derived protein
adducts.
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4.3. Metabolism of 2-Deoxyribose Oxidation Products. As in
the case of nucleobase lesions, the products of 2-deoxyribose
oxidation of DNA must also be considered as substrates for
metabolic enzymes and biotransformational reactions. This
is all the more apparent given the electrophilic nature of
the products, which points to glutathione (GSH) adduct

formation, and the α,β-unsaturated carbonyl structure of
many of the products, which makes them ideal substrates
for glutathione S-transferases (GST) [34]. Indeed, GSTs
have been shown to react with α,β-unsaturated aldehyde-
containing lipid peroxidation products, many of which are
chemical analogues of 2-deoxyribose oxidation products [9,
68]. Two examples of GST reactions with 2-deoxyribose
oxidation products illustrate this biotransformation concept.

The first example involves GSH conjugation of base
propenals. One of the classic definitions of GST substrates is
that they must react directly with GSH to a measurable extent
[34]. This is indeed the case with base propenals, as demon-
strated in studies by Berhane et al. in which GSH added to
give a Michael adduct and a substitution product with loss of
the nucleobase (Figure 10) [30]. In addition, base propenals
were found to be among the best substrates for the Pi class of
GSTs, producing a single GSH conjugate (Figure 10).

GSH conjugates have also been identified for furan
metabolite cis-1,4-dioxo-2-butene [31, 32], the conforma-
tional isomer of the trans-1,4-dioxo-2-butene product of 5′-
oxidation (Figure 2). Given the similarity in the reactivity
of cis- and trans-1,4-dioxo-2-butene toward DNA adduct
formation [9], it would not be surprising to identify
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GSH adducts of the trans-isomer product of 2-deoxyribose
oxidation, as has been observed in vitro and in vivo with the
cis-isomer derivative of furan metabolism [31, 32, 112].

5. Prospects

Molecules damaged during normal physiological processes
and in states of pathology represent a large source of
biomarkers with potential clinical utility in defining etio-
logical mechanisms, quantifying the risk of human disease
and studying interindividual variations in cellular repair
pathways. In spite of this potential, there has been little
effort to define the biotransformational fate of damaged
biomolecules as they move from the site of formation to
excretion in clinically accessible compartments. This paper
has highlighted examples of this important problem with
DNA damage products. Coupled with the development of
more sensitive and specific analytical technologies, there are
likely to be major advancements in defining the metabolism
of DNA damage products and other damaged biomolecules
in the coming years.
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DNA targeting drugs represent a large proportion of the actual anticancer drug pharmacopeia, both in terms of drug brands and
prescription volumes. Small DNA-interacting molecules share the ability of certain proteins to change the DNA helix’s overall
organization and geometrical orientation via tilt, roll, twist, slip, and flip effects. In this ocean of DNA-interacting compounds,
most stabilize both DNA strands and very few display helix-destabilizing properties. These types of DNA-destabilizing effect are
observed with certain mono- or bis-intercalators and DNA alkylating agents (some of which have been or are being developed as
cancer drugs). The formation of locally destabilized DNA portions could interfere with protein/DNA recognition and potentially
affect several crucial cellular processes, such as DNA repair, replication, and transcription. The present paper describes the
molecular basis of DNA destabilization, the cellular impact on protein recognition, and DNA repair processes and the latter’s
relationships with antitumour efficacy.

1. Introduction

The integrity of DNA is an important aspect of cell sur-
vival, since the molecule carries hereditary information and
instructs essential biological processes such as transcription
and replication of living cells. Alteration of this information
can lead to various diseases, including cancer. The various
cancer drugs that have been used in chemotherapy over
the last 60 years kill cells in different ways. In addition to
the targeted therapies developed over the last two decades,
many routinely used anticancer agents (topoisomerase I/II
inhibitors, DNA alkylating agents, and antimetabolites)
target the DNA helix itself. The empirical use of alkylating
compounds in cancer treatment started in the 1940s [1].
Watson and Crick’s discovery of the DNA double helix
in 1953 [2] led to extensive research in the field of the
interactions between small molecules (whether of natural
or synthetic origin) with nucleic acids. In turn, this work
prompted the widespread use of some of these molecules as
anticancer agents [3–7].

The interaction between small ligands and DNA involves
either (i) nonspecific binding through electrostatic interac-
tions with the negatively charged sugar-phosphate backbone,
(ii) intercalation of the ligand’s planar aromatic rings
between two adjacent base pairs (see Figure 1), or (iii) major-
or minor-groove binding. Following DNA recognition by
anticancer compounds, the subsequent interaction can
either be noncovalent (DNA ligands) or covalent (alkylating
agents). Whereas most DNA-interacting compounds stabi-
lize the DNA double helix, a few display the particular ability
to destabilize it—leading potentially to various cellular
consequences.

2. To Be or Not to Be a Helix

The DNA double helix is conventionally illustrated as a
spiral staircase, in which the two strands (the handrails)
are stabilized by hydrogen bonds between the Watson-
Crick base pairs (the steps). However, these “steps” are not
stable because their noncovalent interactions are reversible.
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Depending on the DNA sequence, denaturation (melting)
can be local or widespread [8, 9] and enables various crucial
cellular processes (including DNA replication, transcription,
and repair) to take place [10–12].

Both sequence specificity and interaction (whether
covalent or not) with a small compound or a protein can
induce tilt, roll, and twist effects (a rotation of the base pairs
in the x, y, or z axis, respectively—Figure 1) and therefore
change the helix’s overall organization. Furthermore, slide or
flip effects can also modify the geometrical orientation of the
DNA helix (Figure 1). Hence, the flip effect and (to a lesser
extent) the other above-defined movements modulate the
double-strand stability within the helix or at its ends. Indeed,
under physiological conditions, local DNA “breathing” has
been evidenced at both ends of the DNA helix [14] and
B-to-Z DNA structural transitions have been observed in
internal DNA regions [15] in a sequence-dependent manner
[8, 16–29]. These types of locally open DNA structures are
good substrates for specific proteins (such as single-strand
binding proteins, SSBPs) which can also induce the opening
of a “closed” DNA helix. In addition to naturally occurring
DNA breathing, the helix can also be unzipped by cellular
proteins and DNA binding compounds (some of which are
used in the clinic).

3. Protein-Mediated Unzipping

In order to achieve essential cellular processes such as DNA
transcription, replication and repair, some cellular proteins
are able to naturally unzip the DNA helix [30]. The most
well known of these (DNA helicases) are essential players
in the above-mentioned processes. The destabilization is
obtained through either an active, direct separation of the
two DNA strands [31–33] or a passive opening mode
in which the helicase binds to the locally single-stranded
DNA portion generated by base pairing fluctuation (which
mostly depends on the DNA sequence and induces prebent
DNA structures) [34–36]. After DNA opening, the helicase
partially translocates to the generated single-stranded DNA
regions and subsequently moves along the base pairs to
unwind the double helix at up to 500–1000 bp·s−1. The latter
process requires Mg2+ and ATP [37]. The BLM helicase (the
human RecQ helicase responsible for Bloom’s syndrome,
which is characterized by DNA repair deficiencies) actively
destabilizes the DNA duplex and performs rapid, efficient
DNA strand separation [38].

Helicases are not the only proteins with intrinsic
double-strand DNA opening ability; this is also a property
of replication protein A (RPA), a very efficient DNA
destabilizing protein involved in many DNA metabolism
processes (including repair, replication, and recombina-
tion) [39–41]. RPA is a mammalian nuclear SSBP; the
SSBP family members (comprising eukaryotic, bacterial
and viral proteins) can efficiently destabilize DNA helix by
unwinding up to one thousand base pairs. Similarly, the
mouse myeloma helix-destabilizing protein, the calf thymus
hnRNP-related protein UP1 and the mammalian P8 protein
(related to glyceraldehyde-3-phosphate-dehydrogenase) also

present both DNA single-strand binding and DNA helix-
destabilizing abilities, as evidenced in thermal denaturation
measurements [42–44].

High-mobility group (HMG) proteins are structurally
and functionally important chromatin components which
also display DNA destabilizing activities. Indeed, melting
studies have revealed that both HMG1 and HMG2 destabilize
DNA in the presence of 25 to 100 mM NaCl but stabilize
DNA in the absence of salt [45, 46]. An HMG-related DNA
binding domain with DNA-destabilization properties has
been found within c-Abl kinase protein. Moreover, this DNA
destabilization was shown to increase the extent of HMG
protein binding to DNA in the vicinity of the c-Abl binding
site [47, 48].

More recently, it has been reported that the nucleo-
capsid protein of HIV-1 can destabilize DNA [49] via its
DNA-bending activity [50]. More specifically, the DNA-
destabilization function involves the protein’s first zinc fin-
ger, bearing residues Ile24 and Asn27 [51]. Similarly, a DNA
destabilization process was attributed to prion protein. The
latter’s pathological mechanism of action involves translo-
cation to the nucleus, where the protein binds chromatin
and converts to insoluble aggregates. Using FRET-coupled
DNA-melting temperature studies, prion protein was found
to induce significant DNA bending, unwinding, and thus
local destabilization of the DNA helix [52].

Although the above-mentioned proteins induce relatively
large DNA destabilization effects, small modifications (such
as base flipping) could also perturb the local stability of
DNA [53]. Various DNA nucleotide excision repair (NER)
proteins [54, 55], base excision repair proteins [56–61],
and DNA methyltransferases [62, 63] (such as cytosine-
C5-methyltransferase [64]) are known to promote base
flipping. More recently, base flipping has been described in
the recognition of methylated bases by the SET and RING-
associated (SRA) domain protein UHRF-1 [65, 66] and DNA
binding by the transcription factor NF-κB [67].

4. DNA Ligand-Mediated Unzipping

Small compounds that interact noncovalently with DNA can
bind to the minor or major groove between the two walls of
the DNA helix, via intercalation between two planar “rungs”
of the base pase staircase (Figure 1) or covalently as a result
of DNA alkylation. Most of the DNA unwinding compounds
with well-defined binding modes belong to the intercalating
or alkylating groups.

Mono- and bis-intercalators present their intercalative
rings between adjacent base pairs in parallel or perpendicular
ways. This results in (i) unwinding of the DNA helix by an
angle x◦, where x◦ < 36◦ (since 36◦ is the rotation angle
between two adjacent base pairs in native DNA), and (ii)
subsequent elongation of the DNA (ΔLength). The value of
x◦ depends on the nature of the interacting compound (the
rotated orange arrow in Figure 1).

With DNA alkylating agents, DNA destabilization can
arise from DNA bending, base flipping, or much more
extensive DNA opening (Figure 1).
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B-DNA

−5

−4

−3

−2

−1

Interc

+1

+2

+3

+4

+5

+6

+ intercalating drug

y Å
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Figure 1: Schematic representation of DNA structure. (a) Base pair orientation with x, y, and z axes result in different kind of rotation (tilt,
roll, twist) or slipping of the bases (slide, flip) regarding to the helix central axis. (b) Native B-DNA with nearly 11 base pairs within one helix
turn. (c) Mono- or bis-intercalation between adjacent base pairs result in an unwinding of the DNA helix (orange arrow on the top) and a
lengthening of the DNA helix (ΔLength) depending on the x◦ and y Å values that are specific for a defined DNA intercalating compound. (d)
Representation of the DNA bending, base flipping, or double strand opening induced by some DNA destabilizing alkylating agents (adduct).
Adapted from Calladine and Drew’s schematic boxes representation [13].

4.1. DNA Intercalators. DNA-intercalating agents which
impair the stability of the helix can be either mono- or bis-
intercalators.

4.1.1. Monointercalating Compounds. Acridine orange (AO)
(Figure 2) is well known for its ability to intercalate between
double-stranded DNA but can also bind single-stranded
DNA with high affinity. When bound to DNA, AO fluoresces
at different wavelengths, depending on the nature of the
nucleic acid; green fluorescence occurs after binding to
double-strand DNA, whereas red luminescence results from

interaction with single-strand DNA. Thermal denaturation
studies suggest that the overall stability of the DNA double
helix is increased by AO binding [68]. However, local dis-
tortion and denaturation of double-stranded DNA are also
generated, as evidenced by formaldehyde and diethylpyro-
carbonate (DEPC) probing [69]. DNA denaturation after AO
binding was also confirmed by spectral and thermodynamic
data [70] and in situ experiments [71, 72].

Ellipticine and adriamycin (Figure 2) also induce local
unzipping of the DNA helix; the DNA melting temperature
(Tm) falls by 5.1 and 4.8◦C, respectively, [69, 70, 75]. As with
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Figure 2: Mono- and bis-intercalating compounds inducing local destabilization of the DNA helix. (a) Structure of the compounds. (b)
Three-dimensional organisation of morpholino doxorubicin bound to d(CGTACG) (left panel) and of ellipticine (right panel) intercalated
between adjacent base pairs (from crystallographic data [mmdbId:52942] and [mmdbId:52189], respectively, [73, 74]).

AO, these two compounds bind efficiently to single-stranded
DNA [76, 77]. This contrasts with ethidium bromide’s
binding to nucleic acids, which is highly specific for double-
stranded DNA and does not destabilize the double helix
[78]. Ellipticine, adriamycin, and AO all intercalate between
two adjacent base pairs and then subsequently change their
orientation to interact with the single-stranded nucleic acid
sections formed locally during DNA breathing. The single-
stranded portions within the DNA helix lengthen because
of cooperative binding by the intercalator, which thus leads
to a higher level of DNA denaturation. This progressive
unzipping of the DNA helix has also been observed in
situ using cytometry, with a direct relationship between

the decrease in green fluorescence and increased concen-
trations of AO in treated cells or nuclei [72]. Furthermore,
post denaturation aggregate formation was observed using
electron microscopy, with DNA condensation occurring
primarily in heterochromatin, ribosomal, and polysomal
structures [71, 72].

4.1.2. Bis-Intercalating Agents. Within the bis-intercalating
group of compounds, the cyclo-bis-intercalator bisacridine A
(BisA) (Figure 2) also displayed DNA unwinding properties.
This macrocyclic compound is composed of two acridine
cores (the DNA-intercalating motifs) linked by polyammo-
nium bridges [79]. By using a variety of complementary
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biochemical and biophysical techniques (such as fluores-
cence, melting temperature studies, and gel electrophoresis),
Slama-Schwok et al. nicely demonstrated the ability of the
polyaminomacrocycle BisA to shift the equilibrium from
duplex DNA towards hairpin nucleic acid structures [80]
and to destabilize double-stranded DNA [81] (two proper-
ties not observed with monoacridine derivatives). Another
characteristic of BisA is its potent ability to bind single-
stranded DNA. Additionally, when irradiated with light,
BisA efficiently induces photocleavage through its acridine
photoactive core. This activity is greater with single-stranded
nucleic acids than with double-stranded nucleic acids [82].
Interestingly, NMR and molecular modelling studies of BisA
compounds bound to an abasic site-containing DNA show
that one acridine ring intercalates between the C·A and T·G
base pairs, the second ring lies in the free space of an A·T base
pairing and the linker chains are positioned in the major and
minor grooves on each side [83]. On the base-pair level, T·G
mismatches and AP·T recognition result in base flipping of
the thymine—suggesting that BisA sterically prevents DNA
glycosylases from binding to their specific, base-damaged
recognition sites [84].

4.2. DNA Alkylating Agents. Intercalating agents are
reversible DNA ligands. However, some covalent DNA-
binding anticancer drugs can also locally destabilize the
DNA helix; these include the well-known alkylating agent
cisplatin and its derivatives and the recent drug candidate
S23906-1 (a benzo-acronycine derivative). This contrasts
with the DNA stabilization properties of most DNA-
alkylating agents (whether used in chemotherapy or not),
such as mitomycin C, some psoralen and dinuclear platinum
derivatives, ecteinascidine 743 and nitrogen mustards [85–91].

4.2.1. Platinated DNA Destabilizing Agents. Cisplatin (cis-
diaminedichloridoplatinum(II); Figure 3) was one of the
first chemotherapeutic agents to be developed and is still
frequently used in the clinic. It is able to form inter- and
intrastrand crosslinks and monovalent adducts, primarily
though covalent bonding to the N7 atom of guanine
residues. The most common lesion is the intra-strand
crosslink (occurring preferentially (65%) at the GpG din-
ucleotide), followed by ApG intrastrand crosslinks (25%).
Interstrand crosslinks occur less frequently and depending
on the nature of the platinated agent, with 5 to 8%
for cisplatin, 12% for transplatin (Figure 3) and up to
30% for trans-PtCl2(NH3)(quinoline) (Figure 3) and trans-
PtCl2(NH3)(thiazole) derivatives. In comparison, nitrogen
mustards induce 1 to 5% of inter-strand crosslinks, whereas
nitrosourea and mitomycin C induce 2 to 8% and 5 to
13%, respectively [93–95]. Cisplatin-induced intra-strand
crosslinks at GpG base pairs result in (i) bending of the
DNA axis toward the major groove with an angle of 55–
78◦, and (ii) DNA distortion, enabling local denaturation
of the double helix via destabilization of the Watson-Crick
base pairing [96–102]. In comparison, the bending angle
for inter-strand crosslinks is 45◦ and is associated with
DNA unwinding of 79 ± 4◦. The distortion in platinated-
GpG intra-strand crosslinks is different and depends on
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Figure 3: Platinium derivatives. (a) Examples of platinated agents
inducing local destabilization of the DNA helix. (b) The three-
dimensional organization of cisplatin bound to DNA are drawn
from crystallographic data [mmdbId:47796] [92] and evidenced
strong DNA bending induced by cisplatin on a duplex DNA
decamer oligonucleotide that fits with the L-shape angle of HMG-
box DNA-binding domain.

the sequence context, with up to 7 bp for 1,3-intrastrand
crosslinks in a TGTGT context [101]. This destabilization
was found to be enthalpic (rather than entropic) in origin
[101, 103]. Similarly, cisplatin adducts occurring at the 5′-
TGGT sequence induce a decrease of more than 10◦C in
the melting temperature—much higher than the decrease of
6◦C or so measured for 5′-CGGT and 5′-AGGC sequences
[104, 105]. DNA stabilization/destabilization also depends
on the pH of the milieu [106]. In contrast to cisplatin,
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the interstrand crosslinks formed by transplatin do not
destabilize the DNA helix or correlate with changes in the
transition entropy or enthalpy [101, 107].

Interestingly, the third-generation platinum antitu-
mor derivative oxaliplatin [(1R,2R-diamminocyclohexane)-
oxalatoplatinum-(II)] (Figure 3) was found to induce greater
DNA unwinding, bending and helix destabilization than
cisplatin. This correlates with the lower degree of cellular
DNA damage seen after oxaliplatin treatment than after
cisplatin treatment and the lower HMG protein affinity
for oxaliplatin-versus cisplatin-induced damage [101]; these
findings suggest that the two molecules induce different DNA
repair processes/efficiencies, depending on the extent of local
helix destabilization.

It is noteworthy that some other bifunctional platinated
derivatives do not destabilize the DNA duplex. This is the
case for pyrazolato-bridged dinuclear platinum(II) com-
plex [(cis-{Pt(NH3)2})2(mu-OH)(mu-pyrazolate)]2+, which
crosslinks two adjacent guanines and unwinds the DNA by
around 15◦ but does not change the directionality of the helix
axis. This absence of bending may explain the lack of DNA
destabilization [108].

The DNA sequence is also important; monofunctional
platinum adducts exhibit different DNA destabilizing effects
depending on the base sequences surrounding the guanine
target site [97, 109]. Indeed, when oligonucleotide con-
taining platinum adducts were incubated in the presence
of 50 or 500 mM NaCl, the highest DNA destabilization
was observed when the guanine target was located within
the TGC triplet sequence (with a ΔTm value of −10.6◦C
and −13.2◦C, resp.). For all triplets, the decrease in Tm

was greater in 500 mM NaCl buffer than in 50 mM Na+

counterion containing buffer. In general, the highest DNA
destabilization effect was seen when the monoadduct was
positioned between pyrimidine residues. Osmium tetroxide
(OsO4) and DEPC probing revealed that both thymine and
the opposite adenine are crucial for the local distortion of
the DNA structure by the platinum mono-adduct positioned
within a 5′-TGC triplet but not within a 5′-AGT or 5′-TGA
triplet. In contrast, none of these chemical probes reacted
with the bifunctional adduct at the 5′-TGGT sequence [110].

Hägerlöf et al. found that the cisplatin derivatives
cis-[PtCl(NH3)2(OH2)]+, cis-[PtCl(NH3)(c-C6H11NH2)(OH2)]+,
and trans-[PtCl(NH3)(quinoline)(OH2)]+destabilized both
double-stranded DNA and double-stranded RNA (Figure 3).
Indeed, after platination with these compounds, the melting
temperatures for both the RNA and DNA hairpins fell. With
hairpin RNA, platination induced much weaker destabiliza-
tion, with a ΔTm of −5◦C. In the case of DNA, the platinum-
induced destabilization was more pronounced, with ΔTm

values of around −11◦C [111].

4.2.2. Ruthenium-Containing Alkylators. Transition-metal
antitumor agents other than platinum compounds also
present DNA unwinding activity. This is the case for ruthe-
nium derivatives such as [(η6-p-cymene)Ru(II)(en)-(Cl)]+

(Ru-CYM, Figure 4). This organometallic ruthenium(II)
arene complex was rationally designed on the basis that
changing the metal ion from platinum to ruthenium should

provide additional coordination sites in the octahedral
complexes, modify the oxidation rate, and change the ligand
affinity and binding kinetics for use in chemotherapy [7,
112–114]. In particular, Brabec and co-workers performed
Tm studies while varying the drug/DNA ratio in buffer
containing NaClO4 concentrations ranging from 0.01 M to
0.2 M [115, 116]. ΔTm measurements at a drug/DNA ratio of
0.1 showed a decrease of up to 4◦C in the CT-DNA melting
temperature at all Na+ concentrations.

This DNA helix destabilization was also observed
using biphenyl (Ru-BIP), dihydroanthracene (Ru-DHA), and
tetrahydroanthracene (Ru-THA) (Figure 4) as arenes but
only at the highest concentration of NaClO4 [115]; at lower
Na+-counterion concentrations, Ru-BIP, Ru-DHA and Ru-
THA induced DNA helix stabilization, due to a positive
charge effect on the ruthenium moiety and the intercalation
process. When compared with the other ruthenium arene
complexes, the DNA helix destabilization activity of Ru-
CYM correlates with a smaller unwinding angle of 7◦ (versus
14◦ of unwinding in supercoiled plasmid DNA by Ru-
BIP, Ru-DHA and Ru-THA). The Ru-CYM-induced DNA-
unwinding appears to be consistent with the absence of
intercalation of Ru-CYM between two adjacent base pairs
and the formation of monoadducts on the N7 atom of
guanine residues [116]. Ru-THA and Ru-CYM have been
used as models for the repair of DNA-ruthenium complexes
the compounds destabilize the DNA helix via different
enthalpic effects and differ in terms of their DNA base-
pair intercalation propensity. DNA destabilization was also
recently evidenced for new ruthenium derivatives, such as
monodentate-Ru(II) [117].

4.2.3. Psoralen Derivatives. In terms of DNA stabiliza-
tion/destabilization properties, the psoralen derivative 4′-
(hydroxymethyl)-4, 5′,8-trimethylpsoralen (HMT) (Figure 5)
exerts two effects: (i) monoaddition of a psoralen residue
stabilizes the double helix formed by two non-self-
complementary oligonucleotides by as much as 1.3 kcal/mol
(for a furan-side mono-adduct) or 0.7 kcal/mol (for a
pyrone-side mono-adduct) at 25◦C in 50 mM NaCl; (ii)
mono-addition of a psoralen residue to each of the two
thymidines in the double helix in the sequence GGGTACCC
destabilizes the helix by 1.8 kcal/mol at 25◦C in 1M NaCl—
the two HMT molecules at the centre of each strand cause
an unfavourable enthalpy change and a favourable entropy
change [85].

4.2.4. Benzopyrene Carcinogens. In the cell, the environ-
mental and tobacco smoke carcinogen benzo[a]pyrene
(BaP) is metabolized into (+/−)-anti-benzo [a]pyrene-
7,8-dihydrodiol-9,10-epoxide (BPDE) (Figure 5). The (+)-
7R,8S,9S,10R enantiomer (+)-anti-BPDE is thought to be the
metabolite that is ultimately responsible for mutations, DNA
damage, and cancer. By covalently linking to the exocyclic
NH2 group of guanine, BPDE forms a bulky DNA adduct
in the minor groove of the helix and destabilizes base pairing
[120, 121].
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Figure 4: Ruthenium derivatives. Ru-CYM, Ru-BIP, Ru-DHA, and
Ru-THA are examples of ruthenium-containing agents inducing
local destabilization of the DNA helix.

Several enantiomers are produced by the alkylation
reaction which follows the opening of the epoxide group.
The (+)-anti-BPDE adducts consist mostly of the car-
cinogenic 10S (+)-trans-anti-BPDE (derived from the (+)-
7R,8S,9S,10R compound) and, to a lesser extent, stereoiso-
meric 10R (+)-cis-B [a]P-N2-dG adducts. The (−)-BPDE
enantiomer forms (−)-trans-B [a]P-N2-dG adducts but with
lower efficiency. The DNA bonding of the stereoisomeric
damage suggests base displaced intercalation or minor
groove conformations. Covalent adduct formation prevents
the amino group of guanine from hydrogen bonding with
the opposite cytosine (which otherwise stabilizes GC base
pairs in the native DNA helix). This results in base flipping,
with the (+)-anti-B [a]P-N2-dG bulky adduct on the guanine
situated in the minor groove and the opposite cytosine
aligned with the major groove [122, 123].

Depending on the target sequence, the bulky 10S (+)-
trans-anti-B [a]P-N2-dG rings point in the 5′ direction
relative to the alkylated guanine position in each case,
although the exact positions are different. Indeed, using 5′-
CGG∗C DNA, the 10S (+)-trans-anti-B [a]P-N2-dG lesion
untwists the DNA significantly and causes a large bend in
the DNA helix. In contrast, with a 5′-CG∗GC sequence, no
untwisting is seen but the DNA helix is destabilized 5′ to the
lesion [124]. These structural differences result in differing
electrophoretic mobility in polyacrylamide gels and differ-
ent protein/DNA recognition and DNA repair efficiencies
[125].

Although the BaPs are environmental mutagens and not
antitumor agents, their very particular mode of DNA binding
with dual interference on DNA repair processes could
highlight useful phenomena involved in the mechanism of
action of cancer drugs (such as effects on DNA repair, as
described in Section 5).
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4.2.5. 4-Hydroxyequilenin (4-OHEN). As is the case for
BaP, 4-OHEN alkylating agents are genotoxic but are
not anticancer drugs. 4-OHEN compounds are derived
from equine oestrogens (equilin, 3-hydroxy-1,3,5(10),7-
estratetren-17-one, and equilenin, 3-hydroxy-1,3,5(10),6,8-
estrapenten-17-one) which are present at various concen-
trations in the hormone substitution therapies used to
reduce the side effects of the menopause but which are also
thought to contribute to a greater risk of breast cancer in
the treated population [126–128]. In the body, both equilin
and equilenin are rapidly converted into the intermediate
catechol 4-hydroxyequilenin, which is further oxidized into
the reactive 4-hydroxyequilenin-o-quinone (Figure 5) [129].
This ortho-quinone form of 4-OHEN is a potent cytotoxic
and genotoxic agent [130] and forms a bulky lesion on dA,
dC, and dG but not T residues [131–134]. This damage
can be detected not only in cell culture but also in breast
cancer biopsies from patients having undergone hormone
substitution therapy [135]. Each of the base adducts are
present as four stereoisomers, each of which induces different
levels of structural distortion in duplex DNA [136–138].

4-OHEN-C adducts present an unusual cyclic core with
the bulky rings pointing along the major or the minor
groove depending on whether the glycosidic bond adopts
a syn- or anticonformation, respectively [139]. Alkylation
of an 11-bp oligonucleotide at specific dA or dC residues
results in a strong decrease in the melting temperature of
the double-stranded DNA, compared with the unmodified
oligonucleotide. The magnitude of the decrease depends on
the position of the adduct within the oligonucleotide: a 6–
9◦C decrease in Tm is obtained when the adduct is located 1
or 2-bp from the end of the 11-bp DNA, whereas a large (21–
27◦C) decrease is induced when the adduct is present more
centrally (positions 4 to 8).

The extent of the destabilization also depends on the
adduct’s stereoisomeric orientation, as defined using circular
dichroism measurements [134], thermodynamic analyses
and molecular modelling. Indeed, distortions, base-stacking
characteristics, and groove sizes were found to vary according
to the nature and the stereoisomerism of the bulky DNA
lesion [139].

4.2.6. Benzoacronycine Derivatives. The compound S23906-1
[(+)-cis-1,2-diacetoxy-6-methoxy-3,3,14-trimethyl-1,2,3-
14-tetrahydro-7H-benzo[b]pyrano[3,2-h]acridin-7-one]
(Figure 5) is a potent DNA-alkylating agent with strong
cytotoxic and antitumour properties. On the basis of very
promising preclinical trials, it entered clinical trials in 2006
(Servier, France). S23906-1 alkylates DNA on guanine’s
exocyclic amino group (located in the minor groove of
the DNA helix) and thus contrasts with commonly used
chemotherapeutic alkylating agents which react at guanine’s
N7 position in the major groove (cisplatin, nitrosourea,
nitrogen mustards, etc.). This nucleophilic point is also
targeted by other clinically used antitumour agents, such as
ecteinascidine-743 (ET-743/trabectedin/Yondelis) developed
by the company PharmaMar (Spain) [140], mitomycin-C (a
dual alkylating agent which bonds to either the N2 group of

guanine in the minor groove or the N7 group of guanine in
the major groove) [141] and anthramycin [142].

In contrast to ET-743, mitomycin-C and the anthra-
mycins, the alkylation of double-stranded DNA by S23906-1
results in local destabilization of the DNA helix and thus
the formation of a single-stranded DNA portion that can be
attacked by single-strand-specific nucleases (such as nuclease
S1) [91]. This destabilization was seen with various multiple
derivatives of S23906-1 (e.g., esters of the benzo [b]acronycine
core, Figure 5). The dicarbamate derivative S29385-1 had a
very strong effect. The DNA destabilization potency of this
series was confirmed in a variety of physical and biochemical
approaches. For example, quantification of the ratio between
the fluorescence of Picogreen (a dye which interacts with
both double- and single-stranded DNA) and ethidium
bromide (BET) (a double-stranded-specific dye) revealed
additional Picogreen binding and suggested that S29385-1
generates single-strand DNA (Figure 6(a)). Accordingly,
DNA melting temperature studies evidenced a negative ΔTm

value, reflecting DNA destabilization (Figure 6(b)).
S23906-1’s ability to destabilize DNA was also clearly

demonstrated in biochemical approaches, such as elec-
trophoretic mobility shift assays (generating single-stranded
DNA form following alkylation of a fully double-stranded
DNA fragment) and the use of nuclease-S1 single-strand-
specific digestion to map the relative positions of locally DNA
openings induced by alkylation (Figure 7 and [91]).

5. Drug-Induced DNA Destabilization:
Cellular Consequences

Compounds which change the equilibrium between the
stable, double-stranded DNA helix and locally destabilized
strands could strongly alter protein/DNA recognition and
thus have major cellular consequences. Indeed, base kink-
ing, unstacking, and nucleotide extrusion (flipping) induce
discontinuities in the double helix and thus facilitate DNA
lesion/mismatch recognition [143–145]. The few literature
studies to have addressed this point reveal that proteins
which recognize damaged DNA are affected by the stabi-
lization or destabilization of the DNA helix; this leads to a
major impact on biological parameters such as antitumour
activity, transcription factor binding potency, and DNA
repair process efficiency [146–148].

This type of cellular impact has been particularly well
demonstrated for the platinated adducts recognized by HMG
proteins [149]. HMG/platinated DNA recognition is trig-
gered by the strong DNA bending generated by the platinated
agent (Figure 2). The large induced bend fits perfectly with
the L-shaped structure of HMG DNA binding domain
(HMG-box) and reduces the “cost” of DNA bending for the
protein [150]. As a consequence, HMG proteins bind less
well to oxaliplatin adducts than to cisplatin adducts because
the former agent induces relatively greater DNA bending
and thus stronger DNA destabilization [151]. This finding
correlates with the lower level of DNA lesions found in cells
treated with oxaliplatin, relative to cisplatin. It is assumed
that HMG binding shields the platinated adducts from repair
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Figure 6: DNA destabilization propensities of the benzo-
acronycine dicarbamate derivative S29385-1. (a) CT-DNA was
incubated with increasing concentrations of S29385-1 prior to
the incubation with a mixture of ethidium bromide (BET) and
Picogreen (PG from Molecular Probes, Invitrogen) to quantify only
double-strand DNA or both double-strand and single-stranded
DNA, respectively. Results are expressed as the percentage of the
peak of emission for BET versus PG. (b) Variation of the melting
temperature studies of a short 24-bp double-strand oligonucleotide
incubated for 24 hours alone or with increasing concentrations
of S29385-1 prior to ethanol precipitation of the sample and
melting temperature measurement. The results are expressed as
the melting temperature for the [DNA+drug] complex minus
melting temperature for DNA alone. (Details for the corresponding
experimental protocols are described in [91].)

by the human DNA excision machinery [152] and therefore
participates in platinated-agent-induced cytotoxicity [153].
However, too strong a bend and greater DNA destabilization
lead to a structure that does not fit perfectly with L-shaped
HMG-box, thus resulting in a weaker HMG protein binding.
The weaker HMG binding to oxaliplatin adducts corresponds
to weaker protection from DNA repair and so oxaliplatin-
DNA lesions are more efficiently repaired than cisplatin-
induced lesions. This results in a lower number of lesions
in cells for oxaliplatin than for cisplatin. Moreover, bent
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Figure 7: Nuclease S1 mapping of locally opened DNA structure.
Increasing concentrations of the benzo-b-acronycine derivatives
presented in Figure 5 were incubated with a radio-labelled 117-
bp DNA fragment prior to subjection to nuclease S1 mapping
of the induced locally single-stranded DNA portions generated
upon DNA alkylation. DNA samples were separated on a 10%
native polyacrylamide gel. Concentrations are expressed in μM. The
detailed experimental protocol is described in [91].

platinated-DNA is a good substrate for transcription factors
such as SRY and LEF-1 (which belong to the HMG-box
family, regarding their DNA-binding domain) and explains
the observation of transcriptional changes in treated cells
[92, 154–156].

Regarding DNA repair, the local destabilization of the
double helix, base flipping and poor base stacking all
play a role in the recognition of DNA lesions by repair
proteins [157–160]. This has been well demonstrated for the
MSH2/MSH6 heterodimer mismatch repair complex (Mut-S
alpha), which recognizes not only mismatched bases but also
certain DNA lesions, such as cisplatin (but not transplatin)
crosslinks [161–165].

In the case of ruthenium-derivative-induced DNA
lesions, the NER machinery appears to be less efficient than
for platinum adducts. Interestingly, Ru-CYM adducts (which
destabilize the DNA helix much more than Ru-THA adducts)
are excised more efficiently than Ru-THA complex adducts.
This is consistent with the lower binding by RPA to DNA
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containing Ru-THA adducts and (to a lesser extent) Ru-
CYM/DNA damage [166]. The observation that Ru-THA was
much more cytotoxic than Ru-CYM in both A2780 human
ovarian cancer cells and the HT29 colon carcinoma cell line
suggests that DNA intercalation has a major role in the
cytotoxicity of these DNA-destabilizing derivatives.

In prokaryotes, the NER sensor protein UvrB efficiently
recognizes BaP lesions through lesion-induced local thermo-
dynamic distortion/destabilization and nucleotide flipping
[167]. Some variations in the excision efficiency (up to a
factor of 3-fold) are observed, depending on the stereoiso-
meric orientation of the DNA adducts (i.e., (+) or (−), cis-
or trans-) [121]. In eukaryotes, the BaP lesions are usually
recognized by the NER machinery’s “sensor” protein XPC,
which then initiates DNA repair in association with the
HR23B protein [168, 169]. In particular, it has been sug-
gested that XPC/HR23B’s weaker recognition of (+)-trans-
B [a]P-N2-dG adducts (relative to the other conformers)
contributes to its higher mutagenic and tumorigenic activity
[168]. XPC binding requires DNA bending [170] and is
facilitated by local conformational flexibility [143, 144, 171]
and destabilization of the base pairing, as evidenced by
several model DNA lesions (such as thymine-glycol) [172].
This recognition is driven by the “aromatic sensors” Trp690
and Thp733 [41]. On the cellular level, human bronchial
epithelial 16HBE cells treated with BaP (as a source of
reactive BPDE) displayed greater expression of the NER
proteins XPA and XPG and the heat shock protein Hsp70.
Subcellular analysis with confocal microscopy evidenced
nuclear colocalization of Hsp70 with XPA and XPG after BaP
treatment, suggesting that Hsp70 has a role in the cellular
DNA repair response [173]. Accordingly, (+/−)-anti-BPDE
induces chromosome instability and centromere amplifica-
tion in lung cells [174]. The cellular consequences of (+/−)-
anti-BPDE treatment were also assessed using a whole-
genome microarray technique in normal human amnion
epithelial cells; the researchers observed downregulation of
the expression of genes involved in signal transduction,
cytoskeleton, DNA repair, metabolism and regulation of
transcription and the cell cycle, with features similar to those
observed after cell irradiation with UV-light [175, 176].

It was recently reported that the structural differences
observed for an identical, highly mutagenic, (+)-(7R,8S,
9S,10R)-7,8-dihydroxy-9,10-epoxy-7,8,9,10-tetrahydrobenzo
[a]pyrene-DNA lesion lead to different repair processes as
a function to the sequence contexts. Indeed, in cell-free
human HeLa extracts, destabilized DNA at a 5′-CG∗GC
site was more rapidly excised than the bent DNA at a
5′-CGG∗C site [125]. Since the DNA helix is already opened
up by alkylation, the DNA repair protein recognition step
(including induced base flipping) requires less energy and
thus is potentially more rapid for DNA that has already
been destabilized (at a 5′-CG∗GC site) than for bent duplex
DNA (the 5′-CGG∗C site). This study clearly emphasized
the importance of the DNA sequence context for efficient
adduct repair [177].

Isomer-dependant DNA repair potency is also assumed
to occur with bulky catechol 4-OHEN-adducts, which NER
proteins excise with an efficiency that depends on the

alkylated base, the stereoisomerism of the adducts and the
sequence context. For example, 4-OHEN-dC adducts are
more efficiently excised than 4-OHEN-dA adducts [178].
Interestingly, it was shown in male zebrafish that 17a-
ethinylestradiol (a source of 4-OHEN) is able to decrease
NER efficiency and the expression of NER genes such as XPC,
XPA, XPD, and XPF (but not HR23B) [179, 180].

In the search for new cancer drugs with novel mecha-
nisms of action and on the basis of promising preclinical
testing, the benzoacronycine derivative S23906-1 has entered
Phase I clinical trials as a racemate of two cis-diacetylated-
enantiomers. As mentioned above, S23906-1 alkylates DNA
in the minor groove and induces strong destabilization of
the double helix. Given the presence of two reactive acetate
groups on asymmetric carbons, two pairs of enantiomers
can be formed: two cis (1R; 2R and 1S; 2S) and two trans
(1R; 2S and 1S; 2R) structures. Hence, S23906-1 is a mixture
of 1R; 2R and 1S; 2S. We tested the ability of each of the
pure cis-enantiomers not only to react with DNA but also
to destabilize the DNA helix and thus affect single-stranded
endonuclease activity [181]. Our results showed that DNA
destabilization depends on the orientation of the adduct core
in the open drug/DNA complex and correlates with differing
cellular and antitumour effects: the enantiomer with the
greatest DNA destabilization presents the highest antitumour
activity in animal models [181].

Little is known about the repair of S23906-1 DNA
adducts: the involvement of the NER proteins XPC and
CSB was recently found to be related to cell sensitivity to
S23906-1, associated with both global genome repair and
transcription coupled NER [182].

Ongoing work is seeking to identify the proteins involved
in S23906-1/DNA adduct recognition and evaluate their
impact on the compound’s cytotoxic activity. On one hand,
locally destabilized DNA could favour the recognition of a
DNA lesion by the DNA repair “sensor” proteins, leading to
an increase in the excision efficiency or rate. Full repair after
excision thus results in weaker antitumor activity, unless the
DNA repair process is blocked—as has been evidenced for
the antitumour activity of ET-743 (Yondelis). In this latter
case, the ET-743/DNA adduct traps the XPG endonuclease
protein involved in the NER machinery and increases the
number of single-strand breaks [183]. On the other hand,
the wide, local opening of the DNA helix prompted by
this particular compound may increase cleavage by single-
strand-specific nuclear endonucleases; the greater number of
double-strand breaks may then overwhelm the cancer cells’
DNA repair capacity.

6. Conclusions

Drug-induced destabilization of the DNA helix appears to be
part of a novel antitumour mechanism of action and is asso-
ciated with particular intercalation processes or postalky-
lation DNA distortions. DNA-destabilizing compounds are
relatively rare and represent just a few drops in an ocean
of DNA-interacting molecules (which primarily stabilize the
double helix). The molecular and cellular consequences of
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this original binding mode differ from those induced by
DNA-stabilizing compounds. In particular, DNA repair and
transcription processes are now known to be affected. The
DNA replication machinery may also be affected because
DNA opening requires less energy when the double helix is
already destabilized by a drug. In view of the little available
literature data, researchers are now starting to fill in this
gap.

Furthermore, we believe that it is important not to
consider DNA destabilization as a unique process. This
phenomenon must be considered in relation to (i) the poten-
tially associated bend in the DNA helix (as evidenced by
the comparison between oxaliplatin- and cisplatin-induced
distortions of DNA [151] or the effect of the different
isomers of BPDE [125, 177]), and (ii) the length of the
locally destabilized DNA, which varies according to the
compound’s nature (i.e., the DNA opening induced by
benzoacronycine derivatives appears to be extensive enough
to be susceptible to single-strand-specific nucleases, whereas
other modifications are not) [91]. Recent and ongoing
studies of the impact of DNA destabilization on DNA repair
and cytotoxicity activities illustrate the increasing need for
accurate determination of a potential cancer drug’s DNA
binding mode and subsequent cellular effects. Moreover,
DNA-destabilizing compounds may be associated with dif-
ferent drug-induced resistance processes. Further knowledge
of three-dimensional structure activity relationships and the
cellular consequences (cytotoxicity, DNA repair processes) of
treatment with DNA-destabilizing agents will help to clarify
the relevance of cancer drug candidates which stabilize or
destabilize the DNA helix and will aid the design of potent
antitumour agents.
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[111] M. Hägerlöf, P. Papsai, C. S. Chow, and S. K. C. Elmroth,
“More pronounced salt dependence and higher reactivity
for platination of the hairpin r(CGCGUUGUUCGCG) com-
pared with d(CGCGTTGTTCGCG),” Journal of Biological
Inorganic Chemistry, vol. 11, no. 8, pp. 974–990, 2006.

[112] G. Sava, S. Pacor, F. Bregant, V. Ceschia, and G. Mestroni,
“Metal complexes of ruthenium: antineoplastic properties
and perspectives,” Anti-Cancer Drugs, vol. 1, no. 2, pp. 99–
108, 1990.

[113] G. Sava, S. Pacor, F. Bregant, and V. Ceschia, “Metal com-
plexes of ruthenium: a potential class of selective anticancer
drugs,” Anticancer Research, vol. 11, no. 3, pp. 1103–1107,
1991.

[114] C. X. Zhang and S. J. Lippard, “New metal complexes as
potential therapeutics,” Current Opinion in Chemical Biology,
vol. 7, no. 4, pp. 481–489, 2003.



Journal of Nucleic Acids 15
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Triplex-forming oligonucleotides (TFOs) with both DNA and 2′-O-methyl RNA backbones can direct psoralen photoadducts
to specific DNA sequences. However, the functional consequences of these differing structures on psoralen photoreactivity are
unknown. We designed TFO sequences with DNA and 2′-O-methyl RNA backbones conjugated to psoralen by 2-carbon linkers
and examined their ability to bind and target damage to model DNA duplexes corresponding to sequences within the human HPRT
gene. While TFO binding affinity was not dramatically affected by the type of backbone, psoralen photoreactivity was completely
abrogated by the 2′-O-methyl RNA backbone. Photoreactivity was restored when the psoralen was conjugated to the RNA TFO
via a 6-carbon linker. In contrast to the B-form DNA of triplexes formed by DNA TFOs, the CD spectra of triplexes formed with
2′-O-methyl RNA TFOs exhibited features of A-form DNA. These results indicate that 2′-O-methyl RNA TFOs induce a partial
B-to-A transition in their target DNA sequences which may impair the photoreactivity of a conjugated psoralen and suggest that
optimal design of TFOs to target DNA damage may require a balance between binding ability and drug reactivity.

1. Introduction

Psoralens plus ultraviolet A (UVA) therapy are widely used
in the treatment of psoriasis and other inflammatory skin
diseases. Psoralens intercalate at 5′ TA 3′ sites and react
with thymines upon exposure to UVA. With absorption of
the first UVA photon, psoralens form monoadducts (MA),
and subsequent exposures may convert furan-sided MA to
interstrand crosslinks (XL). This ability to manipulate lesion
formation makes psoralens attractive agents for studying
DNA damage and repair and for potentially controlling
the therapeutic response. Triplex-forming oligonucleotides
(TFOs) offer a promising approach to target drugs such as
psoralens to specific genes of interest in living cells. However
the metabolic activities and electrostatic forces of the cell
introduce a major obstacle to this interesting drug delivery
system.

In order to overcome barriers to intracellular binding to
DNA, TFOs have been extensively engineered. One strategy
has been to utilize 2′-O-methyl RNA which has been

reported to significantly enhance the binding affinity relative
to DNA-based TFOs [1–5]. It has been suggested that the
C3′-endo conformation of the ribose sugar is appropriate
for triplex formation [6, 7] and that 2′-O-methyl RNA
enhances the TFO association rate without hindering the
activity of a psoralen conjugated at the 5′ terminus [1, 8].
However, the C3′-endo conformation of an RNA TFO also
introduces major structural changes in the major groove
and in the helical periodicity of the target sequence [6, 9,
10]. For example, in an intramolecular triplex formed by a
2′-O-methyl RNA pyrimidine-motif TFO, the helical twist
increased, and the helical axis was displaced in the purine-
Hoogsteen pair, introducing a dominant A-like structure,
when compared with the corresponding DNA TFO, where
the dominant structure is B-form [6]. In addition, an RNA
third strand has also been reported to induce conformational
changes in the sugars of the purine strand of duplex DNA,
which resulted in a local B-to A-DNA transition [11, 12].
Partial B- to A-DNA transitions have also been observed in
triplexes formed by 2′-O-methyl RNA strands [13]. These
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Table 1: Binding and photoreactive efficiencies for TFOs conjugated to HMT.

TFO
Kd Photoefficiency

Nondenaturing
gel (nM)

Denaturing gel
(nM)

k1 (J/cm2)−1 k2 (J/cm2)−1

TFO DNA-C2 63 ± 5 7.08 ± 2.6 19 ± 0.5 0.55 ± 0.04

TFO RNA-C2 75 ± 18 — 0 0

TFO RNA-C6 36 ± 4 10.96 ± 2.6 24 ± 4 1.6 ± 0.05

5′ TGTACTGATTTTCATTTCTCTTTTTCTTCTAGAATGTCTTG

Target 3′ ACATGACTAAAAGTAAAGAGAAAAAGAAGATCTTACAGAAC

TFO DNA-C2 TTCGTTTCTCTTTTTCTTCTP 5′

TFO RNA-C2 or -C6 UUCGUUUCUCUUUUUCUUCUP 5′

Figure 1: TFO and target DNA sequences. TFOs composed of
either DNA or 2′-O-methyl RNA are depicted. P represents HMT
conjugated to the TFO by either a 2- or 6-carbon linker.

induced transitions may potentially alter the activity of
TFO-conjugated drugs that interact with the DNA. In this
work, we studied the effects of the 2′-O-methyl RNA TFO
modification on the photoreactivity of psoralens conjugated
to them. We observed that relative to the corresponding DNA
TFOs, 2′-O-methyl TFOs can dramatically restrict psoralen
reactivity in association with a B- to A-DNA transition in the
target sequence.

2. Materials and Methods

2.1. Oligonucleotides. Synthetic gel-purified oligonucleotides
(Oligos Etc., Wilsonville, OR) used as target sequences
are shown in Figure 1. The 41 base pair target sequence
corresponds to the sequence of the junction between intron
4 and exon 5 of the human hypoxanthine phosphoribosyl-
transferase (HPRT) gene, similar to that targeted in Chinese
hamster ovary cells [14]. All TFOs were 20 nucleotide-
long pyrimidine-motif sequences that bind parallel to the
purine strand of the target DNA duplex and that were
conjugated through a saturated 2- or 6-carbon linker to
the psoralen derivative, 4′-hydroxymethyl trimethylpsoralen
(HMT), at their 5′ termini. TFO DNA-C2 contained a DNA
backbone with a 2-carbon linker, while RNA-C2 and RNA-
C6 possessed 2′-O-methyl RNA backbones with 2- and 6-
carbon linkers, respectively.

2.2. Triplex Formation on Genomic DNA. Human genomic
DNA was purified from HT1080 cells by phenol extraction.
10 μM TFO DNA-C2 or TFO RNA-C2 were incubated with
1 μg genomic DNA in the presence of binding buffer (10 mM
Tris, pH 7.0, 20 mM MgCl2,1 mM spermidine) at room tem-
perature overnight. The mixtures were then irradiated with
0.2 J/cm2 UVA and analyzed by single-strand ligation PCR as
described previously [15]. Briefly, following UVA treatment,
the samples were digested with Dde I which generates a
DNA fragment that includes the TFO binding site. Samples
were then subject to primer extension with a biotinylated

primer (5′ Biotin-GGGTTGTTATGATGTGATTTGACTT),
and products were captured with streptavidin-coated mag-
netic beads (Dynal, Oslo, Norway) and ligated at their 3′

termini to a ligation oligonucleotide. The ligation prod-
ucts were then amplified using primers 5′ GTTATGATGT-
GATTTGACTTATAATTG (primer 2) and 5′ TATGACTAT-
GCATGATCTACGAT (ligation primer) and then linearly
amplified with 32P-end-labeled 5′ GATGTGATTTGACT-
TATAATTGGAAATA (primer 3). The 32P reaction products
were separated on a denaturing gel and quantified by
phosphorimaging, and relative intensities of the undamaged
and adduct site were calculated.

2.3. Target Duplex DNA and Triplex Formation. Synthetic
duplex DNA targets containing the TFO binding sites were
formed by annealing the complementary target sequences
shown in Figure 1. Prior to annealing, the purine strand
of the target duplex was labeled at the 5′-terminus with
32P using T4 polynucleotide kinase (GE Healthcare, Piscat-
away, NJ). Equimolar quantities of complementary oligonu-
cleotides were mixed in 10 mM Tris, pH 7.5, 1 mM EDTA,
heated to 95◦C for 5 min, and cooled to room temperature
over several hours. 5 nM of the resulting duplex was
incubated with TFOs in binding buffer at room temperature
overnight. The equilibrium products (duplex and triplex)
were separated on a 6% neutral nondenaturing polyacry-
lamide gel and quantified by phosphorimaging (Bio-Rad
GS-360). The dissociation constant, Kd, was obtained by
fitting the bound fraction to a two-state model, as previously
described [16]. For studies of photoreactivity, the equilib-
rium TFO-duplex binding mixture was irradiated with UVA
as described previously [16]. The products were separated
on a 6% denaturing polyacrylamide gel, quantified by phos-
phor imaging and an apparent Kd and the photoefficiency
constants for MA and XL formation, k1 and k2, respectively,
were obtained by analyzing the product fraction as described
before [16].

2.4. Circular Dichroism (CD). DNA duplex and triplex
samples without 32P labeling were prepared as described
above and transferred to a 2 mm pathlength cuvette. CD
spectra were measured in a JASCO J-710 spectropolarimeter
equipped with a Xenon lamp. The data from 210 nm to
320 nm were recorded with a sensitivity of 100 mdeg, 1 nm
bandwidth, 0.1 nm stepsize, and scan speed of 20 nm/min.
The spectral data reported are the average of 5 scans.
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Figure 2: Noncovalent binding of TFOs to duplex target. Varying concentrations of (a) TFO DNA-C2, (b) TFO RNA-C2, and (c) TFO RNA-
C6 were incubated with 5 nM target DNA duplex overnight before polyacrylamide gel electrophoresis under nondenaturing conditions. Gel
bands were quantified and the data was fit with a two-state binding model.
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Figure 3: Binding of TFOs to genomic DNA targets. 2 μM of TFO,
either TFO RNA-C2 (lanes 2 and 3) or TFO DNA-C2 (lane 4)
were incubated with genomic DNA purified from HT1080 cells and
mock irradiated (lane 2) or irradiated with 0.2 J/cm2 UVA (lanes
3 and 4) and analyzed by single-strand ligation PCR to assay for
undamaged (U) and site-specifically damaged (D) DNA. Lane 1 is a
10 base pair DNA ladder.

3. Results and Discussion

3.1. 2′-O-Methyl RNA Backbones Minimally Affects TFO
Binding. As shown in Figure 1, TFOs were designed to target
the junction between intron 4 and exon 5 of the human

HPRT gene. TFO DNA-C2 is a DNA TFO conjugated to
HMT at the 5

′
end with 2-carbon linker. TFO RNA-C2 is

the corresponding 2
′
-O-methyl RNA TFO. TFO DNA-C2,

when equilibrated with the synthetic DNA duplex target,
caused a near-quantitative mobility shift on nondenaturing
gel electrophoresis, indicating triplex formation (Figure 2).
Quantification of band intensities indicated that TFO DNA-
C2 bound with reasonable affinity to the DNA target
(Figure 2, Table 1). Under the experimental conditions used,
the observed Kd value of 63 nM for binding of TFO DNA-C2
to human HPRT target is comparable to previously observed
values of about 130 nM in rodent DNA [8, 17].

A number of prior reports, however, have indicated
that the 3

′
-endo form of the ribose sugar in an RNA

TFO enhances the TFOs binding affinity relative to the
corresponding deoxyribose backbone [1–8]. This binding
enhancement was attributed to the 3

′
-endo form being the

optimum conformation for Hoogsteen base pairing [6].
Relative to the DNA TFO, the RNA TFO introduces other
structural modifications that further enhance TFO binding
ability [1–3, 5, 8]. For example, the 2

′
-O-methyl group

positioned between the TFO and duplex purine strand favors
the formation of additional van der Waal contacts [6, 18].

In an attempt to improve TFO binding, TFOs RNA-C2
and RNA-C6 were designed to possess 2′-O-methyl ribose
backbones and uracil bases instead of thymine and were
conjugated to HMT via 2-or 6-carbon linkers, respectively.
Although the 2′-O-methyl modified TFOs were expected to
bind with higher affinity to the duplex DNA target [1, 5, 8],
they actually exhibited binding affinities quite similar to that
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Figure 4: Covalent binding of TFOs to duplex target following UVA. Varying concentrations of (a) TFO DNA-C2 or TFO RNA-C2 or of
(b) TFO RNA-C6 were incubated with 5 nM target overnight prior to irradiation with 2 J/cm2 UVA. The products were then analyzed by
polyacrylamide gel electrophoresis under denaturing conditions and denoted as unreacted (U), monoadducts (MA), and crosslinks (XL).

of TFO DNA-C2 (Figure 2, Table 1). While TFO RNA-C2
had a Kd that was not significantly different from that of
TFO DNA-C2, a modest reduction in Kd was observed for
TFO RNA-C6, suggesting that the 6-carbon linker further
stabilizes binding by allowing better psoralen intercalation,
or less likely through direct interactions with the triplex
structure, consistent with observations in DNA TFOs [19].
This lack of dramatic enhancement in binding affinity of
RNA third strands binding to DNA duplexes has also been
observed previously by Han and Dervan [20] and may be due
to the RNA TFO’s lack of the C-5 methyl group in uridine
which likely enhances base stacking and triplex stability [1–
3, 18, 21, 22].

3.2. 2′-O-Methyl RNA Backbones Affect HMT-TFO Photore-
activity. To detect the binding of TFOs to genomic DNA,
we incubated TFOs with human genomic DNA, irradiated
the binding mixtures with UVA, and assayed for site-specific
psoralen photoadducts using single-stranded ligation PCR.
The particular conditions and primers used would be
expected to produce PCR amplification products of 163 base
pairs for undamaged DNA and of 95 base pairs for DNA
damaged by psoralen photoadducts at the TFO target site.

As shown in Figure 3, in the absence of UVA, no
site-specific adducts were detected. Following UVA irra-
diation, TFO DNA-C2 treatment resulted in site-specific
photoadduct formation in a significant fraction (87%) of the
genomic DNA. In contrast, TFO RNA-C2 treatment followed
by UVA irradiation resulted in a barely detectable band at the
expected photoadduct site that constituted a much smaller
fraction of the total genomic DNA, indicating that little DNA

damage was targeted by TFO RNA-C2. Since the single-
strand ligation PCR assay does not clearly discriminate
between MA and XL formation and poor binding, we
examined the photoproducts more carefully.

Binding of TFOs conjugated to HMT allows the HMT to
react with adjacent target thymine. The HPRT duplex target
sequence possesses a 5′ TpA 3′ site immediately adjacent
to the 5′ terminus of the TFOs, potentially allowing both
MA and XL photoadducts to form upon TFO binding and
UVA exposure. UVA exposure thus allows covalent capture
of all triplex structures in which psoralen photochemistry is
possible. Following binding of TFOs to the duplex target,
samples were irradiated with UVA and the products were
analyzed by denaturing gel electrophoresis. As shown in
Figure 4(a), TFO DNA-C2 created dose-dependent covalent
photoadducts corresponding to MA and XL. The Kd for TFO
DNA-C2 that was obtained from analysis of photoproducts
in denaturing electrophoretic gels was almost ten-fold lower
than that obtained from non-denaturing gels (Table 1). The
difference in Kd may signify that psoralen photoadduct
formation drives additional binding.

In contrast, upon UVA irradiation, TFO RNA-C2 exhib-
ited a complete inability to deliver photoadducts to the target
sequence (Figure 4(a)). TFO concentrations up to 10 μM
were ineffective in producing detectable MA or XL (data
not shown). However, photoreactivity could be restored by
increasing the linker length between TFO and HMT moieties
(Figure 4(b)). TFO RNA-C6 generated dose-dependent MA
and XL comparable to TFO DNA-C2, and analysis of the
covalent photoadducts resulted in an apparent Kd that was
also similar to TFO DNA-C2. The dependence of photore-
activity when going from 2- to 6-carbon linkers in RNA
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Figure 5: Photoreactivity of TFOs conjugated to HMT. 50 nM TFO DNA-C2 or TFO RNA-C6 were incubated with 5 nM duplex target
overnight and then irradiated with varying doses of UVA. (a) Separation of reaction products by polyacrylamide gel electrophoresis under
denaturing conditions. The products are marked as unreacted (U), monoadducts (MA), and crosslinks (XL). Quantitative analysis (b) TFO
DNA-C2 and (c) TFO RNA-C6 for unreacted DNA (circles), MA (squares), and XL (triangles).

TFOs is consistent with a previously reported dependence
of mutagenesis on linker length in DNA TFOs [19]. Our
results indicate that although TFO backbone composition
does not markedly alter TFO binding affinity to the target,
it can profoundly affect psoralen photoreactivity.

To assess TFO photoreactivity in further detail, we
exposed TFOs bound to the duplex DNA target to varying
UVA doses and analyzed the resulting MA and XL pho-
toadducts as a function of UVA dose by modeling the data

with a standard model for psoralen photokinetics [16, 23].
Both TFO DNA-C2 and TFO RNA-C6 reacted with the
target DNA duplex by first forming MAs that converted to
XLs with subsequent UVA excitation (Figure 5(a)). While
MAs formed at approximately similar efficiencies (k1), XL
formation (k2) was almost 3-fold more efficient with TFO
RNA-C6 (Figures 5(b) and 5(c), Table 1). The ability of a
6-carbon linker to restore psoralen photoreactivity indicates
that the 2′-O-methyl sugar is likely not simply causing the
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Figure 6: CD spectra of TFOs bound to duplex DNA. Shown
are spectra for target DNA duplex alone (dashed line) or duplex
incubated with TFO DNA-C2 (thin line) or TFO RNA-C2 (bold
line).

TpA site to become locally sterically inaccessible. Rather,
we speculated that a more global change occurs upon 2′-
O-methyl RNA TFO binding that renders the TpA site
inaccessible to psoralen when tethered to TFO via a 2-carbon
linker, but not a 6-carbon linker.

3.3. Distortion from B-Form DNA upon Binding of RNA
TFOs. We hypothesized that our 2′-O-methyl RNA TFOs
induce a local A-DNA structure in the duplex DNA target
under our triplex-forming conditions, as has been previously
described for RNA TFOs bound to DNA duplexes [11, 12].
To specifically identify structural changes to the triple helix
that might hinder psoralen intercalation and/or photoreac-
tivity, we measured circular dichroism (CD) spectra of our
triplexes. As expected and observed previously by others the
free DNA and RNA TFO showed CD spectra corresponding
to B- and A-Form, respectively [24–26]. The CD spectrum
of both the target DNA duplex alone and triplexes formed
by target duplex and TFO DNA-C2 each exhibited both a
positive peak at 280 nm and a negative peak near 250 nm,
and these peak intensities were conserved due to the Cotton
effect, indicating that both the DNA duplex and triplex are
predominantly in the B-form (Figure 6) [26–29]. If present,
the local B- to A-DNA transition might require a large
reorientation of psoralen to intercalate into the target site,
hindering the psoralen activity. In contrast, the CD spectrum
of triplexes formed by TFO RNA-C2 exhibited shifts in the
positive peak to 270 nm while the negative peak shifted
to 245 nm, and the peaks were non-conserved, indicative
of base tilting or distortion. These spectral features are
characteristic of A-DNA in which the bases are oriented in
a twisted propeller rather than planar configuration [18, 27–
29]. In addition, the results are consistent with prior CD

data indicating the presence of the A-DNA conformation
in an intramolecular triplex formed with DNA duplex part
and 2′-O-methyl RNA third strand [13]. While NMR studies
conducted on a similar triplex did not observe A-DNA in 2′-
O-methyl RNA-DNA triplexes [6], the number of base pairs
per helical twist was found to be near 11 bp which is close to
that of A-DNA [6].

In any case, our results indicate that the 2′-O-methyl
RNA TFO induces helical transitions that are associated with
reduced photoreactivity of psoralen when it is conjugated
to the TFO with a 2-carbon linker. Because the helical
periodicity increases from 10.5 base pairs per helical turn
in B-DNA to 11 base pairs per helical turn in A-DNA, we
speculate that the A-form DNA conformations induced by
the RNA TFOs move the TpA site out of range of the psoralen
when it is conjugated to the TFO by a 2-carbon linker, but not
a 6-carbon linker.

4. Conclusions

TFOs are promising agents for targeting DNA damage
to specific sites in the genome and may be exploited to
introduce sequence specific mutations or to alter gene
expression [29–31]. The conjugation of psoralens to TFOs
can enhance these effects [29]. In general, the enhancement
of binding affinity as well as the stability of TFOs by
modifications of the sugar and base structure is anticipated to
translate into better targeting of DNA damage and biological
effects. However, in some cases, enhanced binding affinity
in vitro due to chemical modifications to the backbone and
bases has been associated with diminished biological activity
from the conjugated psoralen [7]. Our results indicate that
at least certain TFO modifications can result in structural
changes that impair psoralen photoreactivity. Therefore, in
certain cases, optimal design of TFOs to target DNA damage
by psoralen may require a balance between maximizing
binding ability and preserving drug reactivity. An additional
consideration is that the structural changes induced by
different TFO structures may also be differentially recognized
and processed by DNA repair pathways.
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The clinically used antitumor agent mitomycin C (MC) alkylates DNA upon reductive activation, forming six covalent DNA
adducts in this process. This review focuses on differential biological effects of individual adducts in various mammalian cell
cultures, observed in the authors’ laboratories. Evidence is reviewed that various adducts are capable of inducing different cell
death pathways in cancer cells.This evidence is derived from a parallel study of MC and its derivatives 2,7-diaminomitosene (2,7-
DAM) which is the main metabolite of MC and forms two mono-adducts with DNA, and decarbamoyl mitomycin C (DMC),
which alkylates and cross-links DNA, predominantly with a chirality opposite to that of the DNA adducts of MC. 2,7-DAM is not
cytotoxic and does not activate the p53 pathway while MC and DMC are cytotoxic and able to activate the p53 pathway. DMC is
more cytotoxic than MC and can also kill p53-deficient cells by inducing degradation of Checkpoint 1 protein, which is not seen
with MC treatment of the p53-deficient cells. This difference in the cell death pathways activated by the MC and DMC is attributed
to differential signaling by the DNA adducts of DMC. We hypothesize that the different chirality of the adduct-to-DNA linkage
has a modulating influence on the choice of pathway.

The mitomycins are a group of highly potent antibiotics,
produced by the microorganism Streptomyces caespitosus, as
discovered in Japan in the 1950s [1]. The prototype, most
studied member of this group is mitomycin C (1; MC)
(Figure 1). On account of its broad-spectrum antitumor
activity, MC has been widely used in clinical cancer
chemotherapy [2].

MC has been recognized as a classical DNA damaging
agent, on account of its monofunctional and bifunctional
DNA alkylating activity. Early studies have revealed an
extraordinary property of the mitomycins; they were found
to cross-link the complementary strands of DNA in vivo
and in vitro [3]. MC was postulated to have two alky-
lating centers, the 1,2-aziridine and 10-carbamate groups
(Figure 1). The mitomycins were the first natural antibi-
otics found possessing DNA cross-linking activity; there
has been only one other natural cross-linker discovered
since, carzinophyllin/azinomycin [4]. Synthetic DNA cross-
linkers have become a paradigm of anticancer treatment,
however.

Our laboratory has elucidated the structure of the DNA
cross-link adduct of MC [5] and five additional mono-
functional DNA adducts formed in MC-treated tumor cells
as well as their DNA sequence selectivities, as summarized
in several reviews (see, [6] and references therein). The
structures of the six MC adducts are shown in Figure 2.

Numerous synthetic and natural analogs of the mito-
mycins have been discovered and studied; the details of
which are beyond the scope of this review. However, two
closely related derivatives of MC and their DNA adducts are
relevant to the present subject, namely, 2,7-diaminomitosene
(2; 2,7-DAM) and 10-decarbamoyl mitomycin C (3; DMC)
(Figure 1). Their DNA adducts are described in the context
of this review as follows.

2,7-DAM is a major metabolite isolated from cells and
tissues treated with MC. It is a byproduct of the reductive
activation of MC required for unmasking MC’s alkylating
activity [7, 8]. Our laboratory found that two of the six
DNA adducts formed in MC-treated cells are derived from
monofunctional activation of DNA by the nascent metabolite
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of MC, 2,7-DAM [9, 10]. The structures of the two adducts
were determined (5 and 6; Figure 2) [10, 11]. When tumor
cells were treated with 2,7-DAM, the two adducts 5 and 6
were formed at high frequency [10]. Surprisingly, 2,7-DAM
was not cytotoxic under aerobic conditions and negligibly
cytotoxic under hypoxic treatment relative to MC [12, 13].
Its adduct 5 was specifically shown to be noncytotoxic
and nonmutagenic in E. coli and simian kidney cells [14].
Consistent with these findings, in cell-free systems tem-
plate oligonucleotides containing a single 2,7-DAM-dG-N7
adduct directed selective incorporation of cytosine opposite
to this adduct in primer strands, catalyzed by Klenow (exo-)
DNA polymerase [14]. Although no analogous experiments
were performed with 2,7-DAM adduct 6 the nontoxicity and
nonmutagenicity of the parent drug [14] predict an outcome
similar to that of 5.

Proof for the cross-link adduct as the critical cytotoxic
lesion among the six MC adducts was provided by a study
of 10-decarbamoyl mitomycin C (2; DMC), an artificial
derivative obtained from MC by chemical removal of the
10-carbamoyl group [15]. DMC has long been regarded as
an innocuous monofunctional MC derivative, incapable of
causing ICLs, on account of lacking its carbamate alkylat-
ing center. Accordingly, in two laboratories, incubation of
purified DNA and chemically activated DMC yielded only
a monofunctional adduct 2a as the major product, with no
evident DNA cross-link adduct detectable [16, 17]. Inconsis-
tent with these findings, however, DMC was reported to be
slightly more cytotoxic than MC to hypoxic EMT6 mouse
mammary tumor cells as well as to CHO cells [18, 19].
To resolve this paradox, EMT6 cells were treated with MC
or DMC under hypoxia at equimolar concentrations and
the resulting DNA adducts were determined structurally
and quantitatively [20]. DMC treatment generated two
stereoisomeric monoadducts 2a and 2b (1′′-alfa and 1′′-
beta, resp.) and two ICL adducts, similarly stereoisomeric
at the 1′′ position 3a and 3b (1′′-alfa- and 1′′-beta isomers,
resp.) (Figure 3). In addition, the cytotoxicities of MC, DMC,
and 2,7-DAM were determined [20], confirming the earlier
results described above. Overall, the adduct frequencies with
DMC were much higher (20- to 30-fold) than with MC.
Although DMC monoadducts greatly exceeded DMC ICL
adducts (approximately 10 : 1 ratio), the latter were equal
or somewhat higher in number than the ICL adducts from
MC. The relatively similar cytotoxicities of MC and DMC
correlated with the relatively similar ICL adduct frequencies
of the two drugs, but not with their relative monoadduct or
total adduct frequencies. This correlation may be regarded as

specific experimental evidence that in the EMT6 tumor cell
line ICLs rather than monoadducts are the critical factors in
the cell death induced by MC [20].

It is important to note, however, that in sharp contrast
to the two 2,7-DAM monoadducts 5 and 6, the MC
monoadduct 1a and MC and DMC common monoadduct
2a were shown to be highly inhibitory to phage replica-
tion after transfection in E. coli [21] and strong blocks
of DNA synthesis in cell-free systems [22]. Furthermore,
monoadduct 1a was shown to be nonmutagenic in E. coli.
The biological experiments utilized transfection of single-site
adducted M13 phage or synthetic oligonucleotide constructs
in E. coli strains [22].

Isolation and quantitative analysis of DNA adducts of
MC, DMC, and 2,7-DAM formed in tumor cells have been
conducted by the Tomasz lab in collaboration with the
Sartorelli-Rockwell group at Yale University, using almost
exclusively EMT6 mouse mammary tumor cells. Recently,
the number of cell lines was expanded in collaboration with
the Bargonetti group, and a new method of quantitative
analysis of the adducts of MC and DMC was employed,
namely, LC/electrospray tandem mass spectrometry [23]. In
this work Fanconi Anemia-A cells, normal human fibrob-
lasts, MCF-7 human breast cancer cells, and EMT6 mouse
mammary tumor cells were treated with MC or DMC under
identical conditions, then the cellular DNA was isolated and
analyzed for adducts. In addition to the previously known
1′′-alfa isomer adducts of MC the analysis included the new
1′′-beta stereoisomers from DMC. The results confirmed the
generality of the DMC adduct pattern described above for
EMT6 cells [20] in each cell line (Figure 4). It was concluded
that DMC shows a stereochemical preference of linkage to
the guanine-2-amino group opposite from that of MC; it
forms two stereoisomeric ICL adducts, and its monoadducts
are formed overall at much greater frequencies than its ICLs.
The adduct patterns of the Fanconi Anemia-A cells and the
control healthy fibroblast cells were identical. This work also
provided preliminary evidence for differential removal of
adducts upon post-treatment incubation of the cells in drug-
free media. However, more work is needed to confirm these
preliminary results.

In response to DNA adducts mammalian cells activate
a complex signal transduction cascade to activate cell cycle
checkpoints, initiate DNA repair, or induce cell death. The
Bargonetti group, in collaboration with the Tomasz group,
has investigated the biological signaling of mitomycin DNA-
adducts using a human tissue culture model [13, 24]. The
studies addressed two key areas: the ability of 2,7-DAM, MC,
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and DMC to activate the p53 pathway, and the differing
ability of the drugs to induce cell death in either p53-
proficient or p53-deficient cells. The p53 protein is a central
player in the mammalian cellular response to DNA damage
[25]. Following DNA damage the p53 protein is stabilized
and functions as a strong transcriptional activator of genes
that are required for cell cycle checkpoints, DNA repair,
and the induction of cell death [26]. Many cancer cells
have lost this response through sporadic mutations that
occur in the p53 gene and thus the cells become deficient
in the p53-pathway. Over 50 percent of all cancers have
sustained mutations to the p53 DNA binding domain and
for the purposes of this review we will call them p53-
deficient. MC and DMC treatment of mammalian cells
that are p53-proficient results in increased p53 protein,
activation of the p53-mediated transcriptional activation
of p53-pathway genes, and apoptotic cell death [13, 24],
while the noncytotoxic mitomycin derivative DAM does
not activate the p53 protein or the p53 pathway [13]. This

is in strong keeping with the paradigm of DNA damage-
mediated cytotoxicity being associated with the activation
of the p53 pathway in p53-proficient cells. DNA damage
initiates the activation of DNA repair-related kinases ATR,
ATM, Chk1, and Chk2 [27]. Both ATM and ATR kinases
are able to phosphorylate and activate p53. The fact that
2,7-DAM does not cause activation of the p53-pathway
strongly suggests that the noncytotoxic monoadducts that
result following 2,7-DAM treatment (5 and 6) are unable
to activate the DNA damage-associated kinase pathways.
The comparison of the ability of 2,7-DAM, MC and
DMC to activate the p53-pathway demonstrates that 2,7-
DAM monoadducts do not activate this critical checkpoint
pathway while MC- and DMC-mediated crosslinks are
able to do so. DNA interstrand crosslinks (ICLs) are able
to use ATR/Chk1 and the Fanconia anemia pathway to
signal for cellular checkpoints [28]. Therefore, the 2,7-DAM
monoadducts are likely to be repaired using a different
pathway.
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The ability of mitomycin DNA adducts to sensitize p53-
deficient cancer cells to die has been examined by a compari-
son of the influence of MC and DMC on human cancer cells.
Cancer cells that are p53-deficient rely on their ATR/Chk1
checkpoint as their last means of survival and if they lose
Chk1 they become more sensitive to death [29, 30]. However,
DNA damage can also cause strong activation of ATR that
subsequently results in activation of Chk1 ubiquitination
and targeted proteolysis of the protein [31]. The loss of
Chk1 in p53-deficient cells causes the cells to lose their last
remaining cell cycle checkpoint and the cells then die by
a caspase 2-mediated pathway [32]. In p53-deficient cells
DMC is more cytotoxic than MC [13, 24] and this associates
with a reduction in Chk1 upon DMC but not MC treatment
[24]. Recent work from the Bargonetti and Tomasz groups
suggests that increased cytotoxicity of DMC relative to that of
MC might be due to the variable chirality of the DMCDNA
adducts that activate Chk1-mediated proteolysis [23, 33].
Interstrand crosslinks activate the ATR/Chk1 pathway as
part of their signal transduction response [28] but variable
chirality has yet to be proven to differentially modulate
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such a pathway. However, it has been shown that Fanconi
anemia proteins and excision repair proteins participate in
recognition of MC DNA adducts [34]. It will be interesting to
determine if altered chirality of the mitomycin ICL adducts
differentially recruit the DNA damage signaling machinery
to the DNA. This could be the consequence of a difference
in the alignment of the 1′′-alfa and 1′′-beta stereoisomeric
adducts in DNA. Structural studies in coordination with
biochemical techniques to examine specific DNA-protein
interactions could further explore this hypothesis.

In summary. Using a variety of techniques it has been
possible to assign specific biological effects to each of the
six DNA adducts of MC in mammalian cell cultures. Critical
in this endeavor was the surprising discovery that DMC was
slightly more cytotoxic than MC in cell cultures and it pro-
duced ICLs which correlated with its cytotoxicity [20]. This
served as proof that the ICL was the major cytotoxic lesion
of MC and DMC. DMC formed 20–30 times more DNA
monoadducts than MC, which were linked to the N2 atom
of guanines with opposite chirality (I′′-beta) to that of MC
(1′′-alfa) [23]. Parallel studies of MC and DMC revealed that
DMC is much more cytotoxic to p53-deficient cells than MC
[13, 24, 33] and we have shown that it is capable of inducing a
cell death pathway involving proteasome-mediated degrada-
tion of Checkpoint 1 protein [33]. Future studies in our labo-
ratories aim at elucidating the mechanism of the differential
cell death pathways of MC and DMC in the context of the
structures of their DNA adducts. More than 50% of human
cancers are deficient for p53 function and contain either p53
mutations or oncogenic proteins that functionally inactivate
p53. Determining how alternative DNA-adduct chirality can
initiate signal transduction pathways for increased cytotoxi-
city in p53-deficient cancers could become a new paradigm
in chemotherapeutic drug discovery.
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Cisplatin is one of the most effective anticancer agents widely used in the treatment of solid tumors. It is generally considered as
a cytotoxic drug which kills cancer cells by damaging DNA and inhibiting DNA synthesis. How cells respond to cisplatin-induced
DNA damage plays a critical role in deciding cisplatin sensitivity. Cisplatin-induced DNA damage activates various signaling
pathways to prevent or promote cell death. This paper summarizes our current understandings regarding the mechanisms by which
cisplatin induces cell death and the bases of cisplatin resistance. We have discussed various steps, including the entry of cisplatin
inside cells, DNA repair, drug detoxification, DNA damage response, and regulation of cisplatin-induced apoptosis by protein
kinases. An understanding of how various signaling pathways regulate cisplatin-induced cell death should aid in the development
of more effective therapeutic strategies for the treatment of cancer.

1. Introduction

Cisplatin was discovered fortuitously by Dr. Rosenberg in
1965 while he was examining the effect of electromagnetic
field on bacterial cell growth [1, 2]. Since the active principle
that inhibited bacterial cell division was identified to be
cisplatin, he anticipated that it would also inhibit the
proliferation of rapidly dividing cancer cells. Cisplatin was
indeed demonstrated to possess antitumor activity in a
mouse model [3] and was first used in the clinical trial
almost 30 years ago. Since its approval by the Food and Drug
administration in 1978, cisplatin continues to be one of the
most effective anticancer drugs used in the treatment of solid
tumors.

Cisplatin has been used as a first-line therapy for
several cancers, including testicular, ovarian, cervical, head,
and neck and small-cell lung cancers either alone or in
combination with other anticancer agents. It is also used
as an adjuvant therapy following surgery or radiation. In
addition to cisplatin, its analogs, such as carboplatin and
oxaliplatin, are also currently being used in the clinic.
However, patients who initially respond to cisplatin therapy
often develop resistance to the drug during the course of the
treatment.

The success of cisplatin therapy is compromised due to
dose-limiting toxicity, especially nephrotoxicity as well as
resistance by tumor cells to cisplatin. Cellular resistance to
cisplatin could be either intrinsic or acquired. The clinically
acquired resistance can be caused by decreased drug accu-
mulation which includes reduced uptake or increased efflux
of cisplatin, increased drug detoxification by cellular thiols,
increased DNA repair or tolerance of cisplatin-damaged
DNA and the ability of the cancer cells to evade cisplatin-
induced cell death. Numerous studies have focused on the
drug-target interactions, cellular pharmacology, and phar-
macokinetics of cisplatin. Another active area of research has
been to develop analogs of cisplatin to minimize toxicity and
circumvent cisplatin resistance.

The antitumor activity of cisplatin is believed to be
due to its interaction with chromosomal DNA [4]. Only
a small fraction of cisplatin, however, actually interacts
with DNA and the inhibition of DNA replication cannot
solely account for its biological activity [5]. In addition,
the efficacy of chemotherapeutic drugs depends not only on
their ability to induce DNA damage but also on the cell’s
ability to detect and respond to DNA damage [6]. Following
DNA damage, cells may either repair the damage and start
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progressing through the cell cycle or if they cannot repair the
damage, cells proceed to die [5]. Cisplatin, like many other
chemotherapeutic drugs, can induce apoptosis. Thus, the
signaling pathways that regulate apoptosis have significant
impact on deciding cellular responsiveness to cisplatin. There
are many excellent reviews on cisplatin and its analogues [7–
15]. In this paper, we primarily focused on recent studies
on cellular responses to cisplatin-induced DNA damage
although we briefly discussed steps leading to cisplatin-
induced DNA damage. This comprehensive paper should
not only benefit researchers in the field of cisplatin but also
benefit those interested in mechanisms of chemoresistance
and targeted therapy.

2. Biotransformation of Cisplatin

Cisplatin or cis-diamminedichloroplatinum(II) is a neutral,
square-planar, coordination complex of divalent Pt [8]. The
cis configuration is required for its antitumor activity [16].
It has two labile chloride groups and two relatively inert
amine ligands. Cisplatin undergoes hydrolysis in water. The
chloride concentration is an important factor in determining
the hydrolysis or aquation of cisplatin. The high chloride
concentration (∼103 mM) of blood plasma prevents the
hydrolysis of cisplatin. Upon entering the cell, the chloride
concentration drops down to 4 mM which facilitates the
aquation process [17]. The aquated form of cisplatin is a
potent electrophile and reacts with a variety of nucleophiles,
including nucleic acids and sulfhydryl groups of proteins.

3. Accumulation of Cisplatin Inside Cells

Cisplatin and its analogues were initially thought to enter
cells by passive diffusion because cisplatin uptake was linear,
nonsaturable and could not be competed with platinum
analogs [4–6, 17]. Although decreased accumulation of
cisplatin is often associated with acquired resistance to
cisplatin, few or no changes were observed in the plasma
membrane function in the cisplatin-resistant cell lines as
compared to the parental cells [18–20]. In 1981, it was
first proposed that cisplatin could be transported actively
via the carrier-mediated transport [21]. Several transporters,
including the Na+, K+-ATPase [22] and members of solute
carrier (SLC) transporters [11] have been implicated in
facilitating the entry of cisplatin into the cells. The plasma
membrane copper transporter-1 (CTR1), a member of the
SLC family, gained particular attention since a defect in
Ctr1 gene decreased cisplatin accumulation in yeast [23, 24].
In addition, cisplatin and carboplatin accumulation was
attenuated in mouse embryonic fibroblasts from ctr1−/−

animals compared to wild-type animals [18]. Interestingly,
both copper and cisplatin were shown to cause rapid
downregulation of CTR1 in ovarian cancer cells by the
proteasome-mediated pathway [19]. While CTR1 appears to
transport cisplatin and its analogs, there is little decrease
in CTR1 when cells acquire resistance to cisplatin. A recent
study demonstrated that copper transporter-2 or CTR2
limits accumulation of cisplatin and the level of CTR2

correlates with the sensitivity of ovarian carcinoma cells
to cisplatin [25]. The organic cationic transporters SLC22
family of proteins have also been shown to participate in
cisplatin influx [11]. Thus, cisplatin can enter cells by passive
or facilitated diffusion and by active transport. Depending on
the cellular context, multiple transporters may be involved in
cisplatin uptake. Therefore, it is difficult to correlate cisplatin
sensitivity/resistance with a particular transporter.

Many cell lines with acquired resistance to cisplatin often
exhibit reduced drug accumulation. Unlike multidrug resis-
tance (MDR), drug efflux does not appear to be the major
cause of cisplatin resistance. Kawai et al. first reported that
a 200-kDa plasma membrane glycoprotein is overexpressed
in murine thymic lymphoma cells selected for resistance to
cisplatin, which correlated with reduced accumulation of
cisplatin in the cells [26]. The increased expression of this
protein correlated with the degree of cisplatin resistance [26].
There was, however, no follow-up study to establish the
importance of this protein in conferring cisplatin resistance.
The ATP-dependent glutathione-conjugated efflux pump
and copper transporters ATP7A and ATP7B have been
implicated in cisplatin export [20]. It is generally believed
that reduced cisplatin accumulation in cisplatin resistant
cells is due to decrease in uptake of cisplatin rather than an
increase in drug efflux [7, 27].

4. Formation and Repair of
Cisplatin DNA Adduct

DNA is thought to be the primary biological target of
cisplatin [17, 28, 29]. The platinum atom of cisplatin forms
covalent bonds with the N7 position of purine bases to form
1,2- or 1,3-intrastrand crosslinks and a lower percentage
of interstrand crosslinks. Cisplatin resembles bifunctional
alkylating agents. The intrastrand crosslink between two
adjacent G residues is believed to be the critical lesion
responsible for cisplatin cytotoxicity. Formation of cisplatin-
DNA adducts interferes with DNA replication and tran-
scription. The interstrand and intrastrand crosslinks disrupt
the structure of the DNA. This alteration in the structure
is recognized by the cellular proteins to repair cisplatin-
induced DNA damage. Increased repair of cisplatin-induced
DNA damage has been associated with cisplatin resistance.

4.1. Cisplatin and Nucleotide Excision Repair Pathway. Since
the intrastrand cross-link is the major lesion caused by
cisplatin-induced DNA damage, it is primarily repaired via
the nucleotide excision repair (NER) system. Xeroderma
Pigmentosum (XP) is a disorder caused by deficiency of
genes involved in NER. Cells derived from XP patients
are exquisitely sensitive to cisplatin [30]. In addition, the
favorable response of testicular cancer to cisplatin was
associated with low levels of XP complementation group
A (XPA) and excision repair cross-complementation group
I (ERCCI), which participate in NER [31, 32]. A number
of studies correlated the overexpression of ERCC1 or XPA
proteins with cisplatin resistance [31–34]. The existence of
ERCC1 exon VIII alternative splicing was observed in ovarian
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cancer cells [35]. Although this splicing did not affect the
level of ERCC1, it decreased its excision repair function.
In addition, epigenetic changes, such as hypermethylation
of ERCC1, which inversely correlated with ERCC1 mRNA
levels, have been suggested as a mechanism for enhanced
cisplatin sensitivity [36]. A recent study demonstrated that
XPA binding domain of ERCC1 was required for the repair
of cisplatin-damaged DNA [37]. A double knockdown of
XPF/ERCC1 complex was shown to be very effective in
enhancing cisplatin sensitivity in non-small cell lung cancer
cells [38]. An antisense DNA against XPA sensitized lung
adenocarcinoma cells to cisplatin [34]. Recently, it has been
reported that treatment of rat spiral ganglion neurons with
cisplatin induced the mRNA levels of XPA and XPC along
with nuclear translocation of these enzymes, thus decreasing
the rate limiting step in the NER pathway [39]. This can
provide a plausible mechanism by which cisplatin induces
NER. Kang et al. made an interesting observation that XPA
was regulated in a circadian fashion in the mouse liver, but
not in the testis [40]. Removal of cisplatin-DNA adducts
also followed a circadian pattern in the extracts derived from
the liver. The authors proposed that chronochemotherapy
could be more effective in the treatment of cancers in which
XPA removes cisplatin-DNA adducts in a circadian fashion.
Thus, the cisplatin-induced DNA repair employing the NER
process is multilayered including epigenetic, transcriptional,
and posttranslational regulation.

NER is also linked to the cellular signaling pathways.
It has been reported that the NER process may prevent
cisplatin-induced apoptosis by activating the ataxia telang-
iectasia mutated (ATM) pathway which is recruited to the
damaged DNA through XPC [41]. Lack of functional p53
has been associated with persistence of cisplatin-induced
intrastrand cross-links, suggesting the importance of p53 in
regulating NER of cisplatin-damaged DNA [42]. Functional
NER was also required for cisplatin-induced transcription of
Bcl-xL via nuclear factor-kappa B (NF-κB) [43].

In addition to NER, cisplatin can also induce tran-
scription-coupled repair (TCR). The intrastrand crosslink
stalls RNA polymerase II to trigger TCR [44]. It has
been reported that p53 protects against cisplatin-induced
apoptosis in a TCR-dependent manner [30]. In addition, the
homology-directed DNA repair (HR) that allows error-free
repair of the double-strand breaks caused by the excision of
cisplatin-DNA adducts has been implicated in the repair of
cisplatin-induced DNA damage [45]. It has been reported
that mouse mammary tumors containing irreparable null
alleles of Brca1 gene, which is involved in DNA double strand
break repair, do not become resistant to cisplatin. Bypass
of cisplatin-DNA adduct has also been associated with
cisplatin resistance. DNA polymerase-eta could replicate
across intrastrand cross-link between cisplatin and two
adjacent G residues [46].

4.2. Cisplatin and Mismatch Repair Pathway. Mismatch
repair (MMR) system recognizes cisplatin-induced DNA
damage, but instead of increasing cell viability, MMR system
was shown to be important for cisplatin-mediated cytotoxi-
city [47]. DNA mismatch repair protein, MutSα recognized

DNA lesions formed by cisplatin [48–50], and mutations in
MSH1 or MLH1 genes of the MMR system were observed
in cisplatin-resistant cells [51–53]. Recently, the proapop-
totic function of cisplatin was shown to be mediated in
an MSH2/MSH6-dependent manner [54]. MLH1-proficient
cells were more sensitive to cisplatin compared to MLH1-
deficient cells. Cell death by cisplatin was associated with
significant proteolysis of MLH1, caused by destabilization of
X-linked inhibitor of apoptosis protein (XIAP), resulting in
caspase activation [55]. The repair function of MMR pro-
teins has been reported to be uncoupled from their function
in mediating cisplatin-induced cell death [56–58]. Since the
primary mechanism of cisplatin involves DNA damage and
p53 is also involved in DNA damage signaling, there are many
studies that correlate cisplatin and DNA damage and repair
with p53 activity [59–62]. It has been reported that cisplatin
enhances the interaction between mismatch repair protein
MLH1/postmeiotic segregation increased 2 (PMS2) and
p73 triggering apoptosis in mismatch repair-proficient cells
[60].

5. Interaction of Cisplatin with Cellular Thiols

Although the major target of cisplatin is the nuclear DNA,
it exhibits a high affinity towards sulfur donors such as
cysteines and methionines forming stable Pt-S bonds. This
competes with the affinity towards the nitrogen atom in
the DNA thus contributing towards resistance against the
cytotoxic action of cisplatin [63]. The abundant intracellular
thiols involved in the drug resistance are glutathione and
metallothionein.

5.1. Interaction of Cisplatin with Glutathione. When cancer
cells are exposed to cisplatin, the platinum atom in cisplatin
is chelated by glutathione (GSH) and the glutathione-Pt
complex is effluxed from the cell in an ATP-dependent
manner by the glutathione transporter family, termed the
GS-X pumps [64]. It was initially noted that cells that
are resistant to cisplatin have elevated levels of glutathione
[65]. However, recent studies with cisplatin-resistant cancer
cell lines seem to suggest otherwise [66, 67]. Based on
NMR studies, Kasherman et al. reported that the higher
levels of GSH do not correlate with decreased sensitivity
to cisplatin [68]. In agreement with this study, Chen et
al. suggested that increased levels of GSH might sensitize
cells to cisplatin by upregulation of the copper transporter
hCtr1 [69]. Therefore, whether overexpression of glutathione
contributes to or combats cisplatin resistance is still under
debate.

Apart from GSH, the glutathione S-transferase P1-1
(GSTP1-1) enzyme has also been associated with resistance
to cisplatin-based chemotherapy [70, 71]. Pasello et al.
demonstrated that increased levels of GSTP1 were asso-
ciated with cisplatin resistance in osteosarcoma cell lines
and a higher relapse rate and poor prognosis in high-
grade osteosarcoma patients [72]. In contrast, a recent
study by Peklak-Scott et al. suggested that a high level
of cisplatin resistance may not be due to conjugation of
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cisplatin to glutathione by GSTP1 [73]. Other enzymes in
the glutathione transferase family, such as the GSTμ or
the GSTO1-1, have also been implicated in contributing
towards cisplatin resistance [74, 75]. Thus, although a
great deal of work has been focused on the correlation of
glutathione and its conjugating enzymes towards cisplatin
resistance, further studies are needed to explore this in
detail.

5.2. Interaction of Cisplatin with Metallothionein. Metalloth-
ioneins (MT) are cysteine-rich proteins, which consist of 61-
68 amino acids of which 20 are cysteins. The four isoforms of
MTs (MT1-MT4) are ubiquitously expressed in humans and
are inducible by a variety of drugs, including cisplatin [76].
They are involved in zinc and copper homeostasis, heavy
metal detoxification, and protection from apoptosis. Initial
reports observed an increased expression of metallothionein
correlating with cisplatin resistance in ovarian carcinoma
cell lines [77]. We have also seen that a wide variety of
human cancer cell lines with acquired resistance to cisplatin
overexpressed metallothionein and ectopic expression of
metallothionein conferred cisplatin resistance [78]. Recent
reports also suggest that the increased expression of metal-
lothionein correlates with cellular resistance against cisplatin
[79–81].

The ubiquitously occurring metallothionein isoforms,
MT-1 and MT-2, have been shown to react faster with
cisplatin [82], compared to glutathione [83, 84]. The basal
levels of MT-1 and MT-2 are often significantly increased in
cancer cells [78, 85], resulting in even stronger scavenging
of divalent platinum, and contributing to acquired resistance
against cisplatin [78, 86, 87]. MT-3 isoform was initially
thought to be unresponsive to the platinum drugs [81].
Recent reports, however, suggest that MT-3 is overexpressed
in hypoxic conditions, and the reaction between MT-3
and Pt(II) is kinetically preferred [81]. The authors further
proposed that the Zn(II) released from this reaction can
result in the upregulation of the MT-1 and MT-2 isoforms.
Thus, metallothionein isoforms play an important role in
contributing towards cisplatin resistance.

6. Cisplatin and DNA Damage Signaling

Various stress signals generate DNA lesions that may lead
to mutations and genomic instability. Following DNA dam-
age, cell cycle checkpoints are activated to delay cell-cycle
progression to provide time for DNA repair or eliminate
genetically unstable cells by inducing cell death. It is
now recognized that inhibition of DNA replication is not
sufficient to explain cisplatin cytotoxicity. How cells respond
to cisplatin-induced DNA damage plays a major role in the
ultimate decision whether a cell should live or die following
cisplatin treatment.

6.1. p53 and Cisplatin-Induced DNA Damage Response. The
tumor suppressor protein p53 is considered as the “guardian
of genome”. It plays a critical role in eliciting cellular
responses to DNA damage. p53 is a short-lived protein

which is primarily degraded via the ubiquitin proteasome-
mediated pathway [30, 88]. The E3 ubiquitin ligase Mdm2 is
a transcriptional target of p53 and regulates p53 expression
via a negative feedback loop [30]. DNA damage results
in the activation of ATM and/or ATM- and Rad3-related
(ATR), resulting in phosphorylation and stabilization of
p53 [88]. p53 can transactivate genes involved in cell cycle
progression (e.g., p21), DNA repair (e.g., growth arrest and
DNA damage-inducible 45, GADD45), and apoptosis (e.g.,
Bax) [89].

Fujiwara et al. first demonstrated that adenoviral-
mediated delivery of p53 into small-cell lung cancer cells
induced massive apoptosis both in monolayer cultures and
in tumor xenografts upon treatment with cisplatin [90].
Introduction of wild-type p53 by adenovirus vector also
sensitized ovarian cancer cells to cisplatin [91–93]. Several
proteins, including cyclin-dependent kinase inhibitor p21,
ATR, and checkpoint kinase (CHK2) have been implicated
in p53-mediated apoptosis [94–97]. In addition, tumor cells
lacking functional p53 were more resistant to cisplatin than
cells that contained functional p53 and the resistant cell lines
were sensitized to cisplatin upon reconstitution with wild-
type p53 [98, 99]. p53 itself has been shown to bind cisplatin-
modified DNA [100]. In addition, cisplatin was shown to
induce nitrosylation of p53 preventing its mitochondrial
translocation [101].

p53 can regulate cisplatin-induced cell death by several
mechanisms. Degradation of FLIP (FLICE-like inhibitory
protein) has been reported to be necessary for p53-induced
apoptosis in response to cisplatin [102, 103]. p53 also pro-
motes cisplatin-induced apoptosis by directly binding and
counteracting the antiapoptotic function of Bcl-xL [104].
Although the phosphatase and tensin homolog (PTEN) is
believed to inhibit phosphoinositide 3-kinase (PI3K)/Akt,
overexpression of PTEN was shown to involve p53-mediated
apoptotic cascade in cisplatin-resistant ovarian cancer cells
independent of PI3K/Akt pathway [105]. The nutrient-
sensor AMP-kinase (AMPK) was shown to be activated by
cisplatin in AGS and HCT-116 cancer cells and inhibition
of AMPK enhanced cisplatin-induced apoptosis by causing
hyperinduction of p53 [106].

One of the major side effects of cisplatin therapy is
nephrotoxicity and the involvement of p53 in cisplatin-
induced nephrotoxicity has been investigated. p53 induced
proapoptotic Bcl-2 family member PUMAα in renal tubular
cells upon treatment with cisplatin, and dominant-negative
p53 suppressed the expression of PUMAα. This study was
extended in C57 mice. Acute renal failure upon cisplatin
treatment was abrogated in p53-deficient C57 mice and this
was associated with little or no induction of PUMAα [107].
CHK2 has also been implicated in apoptosis of renal cells
and tissues as a result of cisplatin-induced p53 activation
[94]. A study by Yang et al. revealed that caspase-6 and -7
are transcriptional targets of p53 [108]. Thus, induction of
p53 by cisplatin resulted in the activation of these caspases
contributing to nephrotoxicity [108]. Inhibition of p53
by pharmacological inhibitor or knockout of p53 in mice
suppressed caspase-6 and -7 transactivation and protected
against nephrotoxicity. Recently, microRNAs have also been
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shown to play a major role in cisplatin nephrotoxicity. miR-
34a is induced by cisplatin via p53 and plays a cytoprotective
role in the survival of proximal tubular cells [109].

Although a plethora of literature exists on the role of
p53 in contributing towards cisplatin cytotoxicity, p53 has
also been associated with cisplatin resistance. MCF-7 breast
cancer cells containing wild-type p53 are highly resistant
to cisplatin but disruption of p53 by the introduction of
human papilloma virus (HPV) in MCF-7 cells sensitized
these cells to cisplatin [110]. Ovarian cancer cells selected for
cisplatin resistance exhibited higher levels of p53 compared
to cisplatin-sensitive counterpart [111]. Although p53 level
is low in HeLa cells due to degradation of p53 by HPV, it was
elevated in cisplatin-resistant HeLa cells [112]. Studies have
also shown that mutations in p53 contributed to cisplatin
resistance in different cancer models [113–116].

Although p53 plays an important role in cisplatin-
induced DNA damage response, p53-negative cells also
respond to cisplatin-induced DNA damage, suggesting alter-
nate pathways of sensing cisplatin-induced DNA damage.

6.2. c-Abl and Cisplatin-Induced DNA Damage Response.
The tyrosine kinase c-Abl plays an important role in stress
response to DNA damaging agents. It belongs to the non-
receptor tyrosine kinases and contains nuclear localization
motifs and nuclear export signals. Thus, it can shuttle
between the nucleus and cytoplasm. Nuclear import of c-
Abl was shown to be necessary for DNA damage-induced
apoptosis [117]. It is activated in response to cisplatin
causing activation of c-Jun-N-terminal kinase (JNK)/stress-
activated protein kinase (SAPK) [118]. c-Abl-deficient cells
fail to activate JNK. Nuclear c-Abl can associate with and
phosphorylate MEK kinase 1 (MEKK1) in response to DNA
damage resulting in the activation of JNK/SAPK [119].
Nehmé et al. [120] demonstrated that activation of c-Abl
and JNK is contingent upon the recognition of cisplatin-
induced DNA damage by the MMR system since c-Abl
response is absent in MMR-deficient cells. They further
demonstrated that the activation by these pathways is specific
to cisplatin and not to the cisplatin analogue oxaliplatin,
thus highlighting the importance of the MMR system to
specifically recognize cisplatin-DNA adducts [120, 121].

Interestingly, MMR/c-Abl cooperates with p73, a mem-
ber of the p53 family, to trigger apoptosis [122]. Cisplatin
caused induction of p73 in several cancer cell lines and in
mouse embryonic fibroblasts (MEF), which were proficient
in mismatch DNA-repair pathway but not in MEF deficient
in c-Abl or MMR [122]. Activation of c-Abl in response
to cisplatin led to phosphorylation and stabilization of
p73 [123, 124]. Phosphorylation of p73 can also increase
its proapoptotic function by dissociating itself from p63,
another member of the p53 family. p63 can bind to and
counteract the proapoptotic function of p73 [125]. In
addition, c-Jun was shown to enhance p73 stability and
transactivation activity by preventing its degradation via the
proteasomal pathway [126]. Binding of the transcription
coactivator Yap1 also prevents proteasomal degradation of
p73 and results in the recruitment of p300 to trigger
transcription of proapoptotic genes. c-Abl can directly

phosphorylate Yap1, increasing its stability and affinity for
p73 [127]. Phosphorylation of Yap1 can dictate whether p73
will transactivate proapoptotic or growth arrest genes [127].
A recent study suggests that c-Abl can regulate the function
of p63. Phosphorylation of p63 at Tyr residue by c-Abl
stabilizes it causing an increase in its proapoptotic function
[128].

Cisplatin can trigger cleavage of c-Abl which is a substrate
for caspase and proteolytic cleavage of c-Abl was shown to be
important for cisplatin-induced apoptosis [129]. Activation
of p38 MAPK is critical for regulating cisplatin activity.
Galan-Moya et al. [130] recently reported that c-Abl activates
p38 MAPK independent of its tyrosine-kinase activity but
by stabilizing MKK6, the upstream kinase of p38 MAPK.
This study provides an explanation why the c-Abl inhibitor
imatinib fails to inhibit p38 MAPK [130]. Thus, c-Abl is
an important mediator of cisplatin-induced DNA damage
response and acts in cooperation with the siblings of p53 and
MAPK pathways to trigger cisplatin-induced apoptosis.

7. Regulation of Cisplatin-Induced Cell Death
by Protein Kinases

Cisplatin primarily induces cell death by apoptosis and a
defect in apoptotic signaling could also confer cisplatin
resistance. There are two major pathways of cell death [131,
132]. The extrinsic pathway is initiated when ligands bind
to the tumor necrosis factor-α (TNFα) receptor superfamily
followed by oligomerization and recruitment of procaspase-
8 via adaptor molecules to form the death-inducing signaling
complex (DISC). The intrinsic pathway is initiated by
cellular stress, such as DNA damage, resulting in release
of cytochrome-c from the mitochondria causing activation
of procaspase-9 through the interaction with apoptosis
promoting activating factor-1 (APAF-1) and formation of an
active apoptosome complex. Bcl-2 family proteins regulate
DNA damage-induced apoptosis by regulating the release of
mitochondrial cytochrome c in response to DNA damage.
Cisplatin-induced genotoxic stress activates multiple signal
transduction pathways, which can contribute to apoptosis or
chemoresistance.

7.1. Cisplatin and Protein Kinase C. Protein kinase C (PKC) is
a family of closely related phospholipid-dependent enzymes
that play critical roles in signal transduction and cell regu-
lation [133–136]. Based on the structure and biochemical
properties they are grouped as conventional (α, βI, βII,
and γ), novel (δ, ε,η, and θ) and atypical (ζ and ι) PKCs.
Tumor-promoting phorbol esters are potent activators of
PKCs but persistent treatment with phorbol esters can induce
downregulation or degradation of phorbol ester-sensitive
conventional and novel PKCs.

We inadvertently found that the PKC signal transduction
pathway can regulate cisplatin sensitivity. In the meantime,
Hofmann et al. reported that inhibition of PKC by quercetin
or downregulation of PKC by the phorbol ester, 12-O-
tetradecanoylphorbol-13-acetate (TPA) could enhance the
antiproliferative activity of cisplatin [137]. In contrast,
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Isonishi et al. [138] and we [139] simultaneously reported
that activation of PKC by phorbol esters could enhance
sensitivity of human ovarian cancer 2008 and human cervical
cancer HeLa cells to cisplatin. There were contrasting reports
whether activation or downregulation of PKC was necessary
for cisplatin sensitization [138, 140]. Although TPA is a
useful tool as a pharmacological agent to study PKC function,
it is a tumor promoter and therefore cannot be used in
the clinic. We first showed that bryostatin 1, a partial PKC
agonist which lacks tumor promoting activity, also sensitized
HeLa cells to cisplatin [141]. Based on the preclinical studies,
Phase II trial using combination of bryostatin 1 and cisplatin
was initiated in advanced recurrent cervical carcinoma but
was not very effective [142]. Combination of bryostatin 1
and cisplatin had minimal toxicity in patients with refractory
nonhematological malignancies although only four patients
achieved an objective response [143]. This may be because
bryostatin 1 is a partial agonist and its regulation is complex.
One of the caveats with these earlier studies to define
the role of PKC in regulating cisplatin sensitivity was that
PKC activation and downregulation was monitored based
on PKC activity assay which does not discriminate among
PKC isozymes. We now know that PKC isozymes may have
distinct and even opposite effects on cisplatin-induced cell
death [144]. Another shortcoming with these studies was the
use of pharmacological agents that lack absolute specificity
to PKC.

An increase in novel PKCδ or -ε and a decrease in
conventional PKCs have been associated with acquired
resistance to cisplatin [145]. However, inhibition of PKCα
by Gö 6976 and depletion of PKCα by siRNA enhanced
sensitivity of both parental and cisplatin-resistant HeLa cells
to cisplatin [146]. Antisense oligonucleotides against PKCα
enhanced the antitumor activity of cisplatin against human
breast cancer MCF-7, prostate cancer PC3, and human
small cell carcinoma H69 cells transplanted in nude mice
[147]. Additionally, antisense oligonucleotide against PKCα
in combination with cisplatin was effective in patients with
non-small cell lung cancer [148]. Furthermore, although
PKCα was downregulated in cisplatin-resistant A2780 cells,
introduction of PKCα in these cells attenuated cisplatin
sensitivity [149]. A recent study demonstrated that inhibition
of PKCβ by enzastaurin enhanced cisplatin sensitivity via
dephosphorylation of p90 ribosomal S6 kinase and Bad
[150]. These results suggest that conventional PKCα and
-β function as antiapoptotic proteins. It is not clear why a
decrease rather than an increase in cPKCs was associated with
cisplatin resistance.

The observation that PKCδ is a substrate for caspase-
3 [151] established the importance of this PKC isozyme in
apoptotic signaling. It has been reported that treatment of
cisplatin-resistant human squamous cell carcinoma SCC-
25 (SCC25/CP) cells to cisplatin failed to induce caspase-3
activation and cleavage of PKCδ due to an increase in anti-
apoptotic Bcl-xL [152]. Interestingly, the effect of bryostatin
1 on caspase activation and PKCδ downregulation followed
similar biphasic concentration response in both parental and
cisplatin-resistant HeLa cells [146, 153]. We have shown
that PKCδ not only acts downstream of caspase-3 but it

can also regulate cisplatin-induced activation of caspase-3
[154]. These studies were based on the effect of rottlerin,
a pharmacological inhibitor of PKCδ on cisplatin-induced
apoptosis [155]. Although rottlerin caused downregulation
of caspase-2 and inhibition of cisplatin-induced apoptosis,
the effect of rottlerin on caspase-2 downregulation was not
due to inhibition of PKCδ [156]. The effect of PKCδ on
cisplatin-induced apoptosis depends on the cellular context.
In gastric cancer MKN28 cells, PKCδ was shown to enhance
cisplatin-induced caspase activation and cell death via p53
[157]. Overexpression of PKCδ or caspase cleavage-resistant
mutant of PKCδ had little effect on cisplatin-induced cell
death in human small-cell lung cancer H69 cells which have
mutated p53 [158]. On the other hand, knockdown of PKCδ
enhanced cisplatin-induced cell death in thyroid cancer by
decreasing fos expression [159].

We have shown that overexpression of PKCε contributes
to cisplatin resistance by inhibiting cisplatin-induced apop-
tosis [160]. Integrative genomic approach has identified
PKCι as a potential oncogene for ovarian carcinoma [161].
It has also been associated with chemoresistance of glioblas-
toma multiforme, an aggressive form of brain cancer [162].
The mechanism of PKCι-mediated chemoresistance involved
inhibition of p38 MAPK [162]. A recent study suggests
that atypical PKCζ can counteract the ability of cisplatin
to decrease matrix metalloproteinase-2 secretion [163].
Thus, the effects of PKC on cellular sensitivity/resistance to
cisplatin depend on the pattern of the PKC isozymes as well
as on the cellular context.

7.2. Cisplatin and MAPK. Mitogen-activated protein kinases
(MAPK) are a family of structurally-related serine/threonine
protein kinases that coordinate various extracellular signals
to regulate cell growth and survival [164–166]. There are
three major subfamilies of MAPK: extracellular signal-
regulated kinase (ERK)-1 and -2, stress-activated protein
kinase (SAPK)/c-Jun N-terminal kinase (JNK) and p38
MAPK. All three MAPKs have been implicated in regulating
cisplatin-induced cell death.

ERK is activated in response to growth factors and
mitogens. Cisplatin has been shown to cause activation
of ERK in several cell types although there are contro-
versies whether activation of ERK prevents or contributes
to cisplatin-induced cell death [167–173]. ERK has been
shown to function as a prosurvival protein in ovarian
cancer [102, 174], melanoma [175], cervical cancer SiHA
[176], human myeloid leukemic [177], and gastric cancer
[178] cells. High basal nuclear phospho-ERK2 was asso-
ciated with cisplatin resistance of ovarian cancer OVCAR-
3 cells [179]. Furthermore, nanoparticle-mediated delivery
of MEK inhibitor PD98059 enhanced antitumor activity
of cisplatin in melanoma-bearing mice [180]. Cisplatin-
induced ERK activation precedes p53-mediated DNA dam-
age response since ERK directly phosphorylates p53 causing
upregulation of p21, GADD45, and Mdm2 [181]. Thus,
activation of ERK may cause cell cycle arrest allowing
time for the repair of cisplatin-induced DNA damage via
p53. ERK also induced phosphorylation of BAD at Ser112
site in response to cisplatin in ovarian cancer cells, and
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inhibition of ERK by PD98059 or mutation of Ser112
to Ala sensitized cells to cisplatin [174]. In SiHA cells,
phosphorylation and activation of NF-κB were associated
with the prosurvival function of ERK [176]. Glutathione-
mediated cisplatin transport and GSTP1 expression also
contributed to the antiapoptotic function of ERK in human
myeloid leukemic cells [177] and gastric cancer cells [178],
respectively. Recently, it has been reported that ovarian
cancer cells grown in three-dimensional cultures acquired
resistance to anoikis and apoptosis when exposed to clinically
relevant concentrations of cisplatin [167]. This resistance
was mediated by the ERK1/2 signaling and the PI3K/Akt
pathway. ERK signaling was also shown to be activated
when stimulated by inducers such as the cigarette smoke-
carcinogen NNK [4-(methylnitrosamino)-1-(3-pyridyl)-1-
butanone], causing cisplatin resistance [182].

ERK activation was also shown to be required for
cisplatin-induced apoptosis in cervical cancer HeLa cells
[168, 169, 173], osteosarcoma and neuroblastoma cells [183],
testicular germ cell tumors [184], glioma cells [185], renal
epithelial cells [186], nasopharyngeal carcinoma cells [187],
and human small cell lung cancer cells [188]. Decrease
in ERK level/phosphorylation was associated with cisplatin
resistance in HeLa cells [168, 173]. Cisplatin-induced activa-
tion of p53 was associated with proapoptotic effect of ERK1/2
in B104 cells [189], whereas cisplatin-induced acute renal
failure (ARF) in mice was attributed to increase in TNFα gene
expression by ERK and activation of caspase-3 [190]. We
have found that knockdown of PKCδ attenuates cisplatin-
induced ERK activation and apoptosis [173], suggesting that
PKCδ acts upstream of ERK1/2 to trigger cisplatin-induced
apoptosis.

7.3. Cisplatin and JNK. c-Jun N-terminal kinase or stress-
activated protein kinase is activated by various stress stimuli,
including DNA damage. The involvement of the JNK
pathway in cisplatin-induced apoptosis began when it was
seen that cells defective in JNK pathway were resistant to
cisplatin [191]. Although both cis and transplatin activated
the JNK pathway, the kinetics of JNK activation was distinct
[192]. Slow and persistent activation of JNK by cisplatin
as opposed to rapid and transient activation of JNK by
transplatin may explain the ability of cisplatin to induce cell
death. The observation that p73, a proapoptotic member
of the p53 family, forms a complex with JNK leading to
cisplatin-induced apoptosis, provides a mechanistic basis
of how JNK activation leads to cisplatin-induced apoptosis
[193]. A mutation in the binding sites of JNK reduced p73-
mediated apoptosis. In addition, JNK has been involved
in cisplatin-induced cytotoxicity mediated by the latent
membrane protein-1 (LMP-1) of the Epstein-Barr virus
[190, 194] and phospholipase A2-activating protein (PLAA)
[195]. Furthermore, inhibition of TWIST [196], Snail [197],
cytokeratin-8 [198], and the RNA-dependent protein kinase
(PKR) [199] has been reported to induce JNK activation
leading to cisplatin-mediated cytotoxicity. Studies have also
implicated activation of JNK pathway following recognition
of cisplatin-induced DNA damage by the MMR [121, 200].
JNK and c-Abl were proposed to be signal transducers

involved in MMR system that recognizes the cisplatin-DNA
adducts and induce cell death [121]. In addition to its role
in regulating anticancer activity of cisplatin, JNK pathway
has also been implicated in the nephrotoxicity induced by
cisplatin. Inhibition of the JNK pathway was cytoprotective
restricting renal cell death and inflammation [201]. Recently,
the JNK pathway was also shown to mediate cisplatin-
induced nephrotoxicity driven by the Toll-like receptor,
TLR4 [202].

7.4. Cisplatin and p38 MAPK. The p38 MAPK family is acti-
vated by environmental stress and inflammatory cytokines
and is an important mediator of cisplatin-induced apoptosis.
The activation of this pathway by cisplatin has been seen
in different experimental model systems, resulting in a
cisplatin-sensitive phenotype [203]. Inhibition of p38 MAPK
rendered cells resistant to cisplatin and restimulation of the
p38 MAPK along with JNK sensitized cisplatin resistant
ovarian cancer 2008/C13∗ cells by increasing the expression
of FasL [204]. Akt2 has been shown to negatively regulate
the p38 MAPK pathway by binding to and phosphorylating
one of the p38 family members ASK1, resulting in the
inhibition of this pathway and rendering the cells resistant
to cisplatin [205]. The p38 MAPK pathway was shown
to be activated in response to agents such as curcumin
which induced apoptosis in cisplatin-resistant ovarian cancer
cells [206]. Thus, the activation of p38 MAPK regardless
of the upstream signaling pathway seems to be important
in mediating cisplatin-induced cytotoxicity. Winograd-Katz
and Levitzki identified EGFR as a substrate for p38 MAPK
and cisplatin-induced receptor internalization was triggered
by p38-mediated phosphorylation of the receptor [207]. p38
MAPK has been shown to mediate its effect via p18(Hamlet),
a p38 MAPK-regulated protein, which interacts with p53 and
stimulates the transcription of proapoptotic genes PUMA
and NOXA to induce apoptosis [208]. Like JNK, p38 MAPK
has also been implicated in contributing to nephrotoxic-
ity possibly via TNFα [209, 210]. Thus, the p38 MAPK
pathway plays a critical role in regulating cisplatin-induced
apoptosis.

7.5. Cisplatin and Akt. Akt belongs to a family of ser-
ine/threonine kinases which act downstream of phospho-
inositide 3-kinase (PI3K) and plays a critical role in cell
survival [211]. Several studies have established the involve-
ment of Akt in contributing to the acquired resistance to
cisplatin in several cancers, including ovarian [174, 212],
uterine [213], small-cell lung cancer [214], nonsmall-cell
lung cancer [215] and hepatoblastoma [216]. Hayakawa et
al. first demonstrated that cisplatin-induced DNA damage
caused phosphorylation of BAD at Ser136 via Akt and
inhibition of Akt sensitized ovarian cancer cells to cisplatin
[174]. Asselin et al. provided evidence that the X-linked
inhibitor of apoptosis (XIAP) inhibits cisplatin-mediated cell
death in cisplatin-sensitive A2780 ovarian cancer cells via
phosphorylation and activation of Akt [217]. On the other
hand, Dan et al. demonstrated that XIAP is a substrate for
Akt and phosphorylation of XIAP by Akt prevents its ubiqui-
tination and degradation in response to cisplatin, suggesting
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Figure 1: Cellular responses to cisplatin-induced DNA damage. [1] Entry of cisplatin into cells by passive diffusion (indicated by dotted
arrows), carrier-mediated transport, employing copper transporter-1 (CTR1). [2] Efflux of cisplatin from the cells by the ATP-dependent
transporters, ATP7A and ATP7B. [3] Cisplatin binds to cellular thiols, such as glutathione and metallothionein. The glutathione-cisplatin
conjugates are further transported from the cells by the ATP-dependent, GS-X pumps. [4] Once cisplatin interacts with DNA, it stalls cell
proliferation by inhibiting DNA synthesis, followed by activation of DNA damage response. [5] Cisplatin-DNA adducts is primarily repaired
via the nucleotide excision repair (NER) system and also induces cell-cycle arrest. The DNA damage response is transduced mainly via p53
and c-Abl. Cisplatin-induced DNA damage activates p53, leading to the induction of p21, GADD45, proapoptotic PUMAα, caspase-6, -7,
and microRNAs such as miR-34a. p53 also promotes cisplatin-induced apoptosis by binding and inhibiting the antiapoptotic Bcl-xL and also
by degradation of FLIP. Cisplatin-DNA adducts activates the mismatch repair system which further activates c-Abl, leading to the activation
of JNK and p38 MAPK and stabilization of p73 resulting in apoptosis. [6] Kinases such as PKC, ERK, and Akt are also involved in the
regulation of cisplatin-induced cell death. [7] miR-214 promotes cisplatin resistance by downregulating PTEN and activating Akt.

that XIAP promotes cell survival acting downstream of
Akt [218]. In small-cell lung cancer cells, the antiapoptotic
protein survivin appears to mediate the effect of Akt in
protecting against cisplatin-induced cell death [214].

PI3K/Akt inhibitor not only sensitized ovarian cancer
cells to cisplatin in vitro but also enhanced the antitu-
mor activity of cisplatin in nude mice implanted with
Caov-3 human ovarian cancer xenograft [212]. Cisplatin
increased p53 and decreased XIAP in cisplatin-sensitive
ovarian cancer 2008 cells but not in cisplatin-resistant
variant 2008/C13∗ cells unless Akt was inhibited. The status
of p53 also influenced the ability of Akt inhibitors to
potentiate cisplatin sensitivity. Ectopic expression of the
tumor suppressor PTEN which inhibits PI3K/Akt pathway
sensitized cisplatin-resistant ovarian cancer 2008/C13∗ cells

containing wild-type p53 but not in A2780/CP cells con-
taining mutant p53 [105]. It has been suggested that Akt
promotes chemoresistance by decreasing p53 phosphoryla-
tion and PUMA upregulation [219]. Heat shock protein,
HSP27 which is often overexpressed in cisplatin-resistant
cells enhanced cisplatin-induced Akt phosphorylation, sug-
gesting that HSP27 may contribute to chemoresistance via
the Akt pathway [220]. Among the Akt isoforms, Akt2
has been associated with chemoresistance of ovarian and
uterine cancers [205, 213, 221]. However, acquisition of
resistance by human lung cancer cells was associated with
Akt1 overexpression and gene amplification [222]. Abedini
et al. demonstrated that Akt confers cisplatin resistance via
inhibition of p53-dependent ubiquitination and degradation
of FLIP in response to cisplatin [223]. Claerhout et al. raised
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the possibility that autophagy plays an important role in
contributing to cisplatin resistance [224]. In a progressive
model of cutaneous squamous cell carcinoma cell lines,
inhibition of autophagy by 3-methyladenine or by ATG5
knockdown, along with inhibition of Akt enhanced the
cytotoxicity of cisplatin [224]. Recently, it has been reported
that several microRNAs are deregulated in ovarian cancer
and miR-214 promotes cell survival and cisplatin resistance
by downregulating PTEN and activating Akt [225]. Thus,
Akt/PTEN pathway plays an important role in cisplatin
resistance and could be intervened to reverse the resistant
phenotype.

8. Conclusion

Despite significant advancements in drug development and
molecular-targeted therapy, traditional chemotherapy con-
tinues to be the major treatment option. For more than
thirty years, cisplatin serves as one of the most important
anticancer drugs used clinically. However, cisplatin resistance
continues to be the major hurdle in cancer chemotherapy.
As depicted in Figure 1, cellular sensitivity to cisplatin is
not only regulated by its uptake, efflux or interaction with
its target DNA but cellular responses to cisplatin-induced
DNA damage also play a major role in deciding the ultimate
cell fate. Cells can activate protective responses to inhibit
cell cycle progression and repair cisplatin-induced DNA
damage. Although extensive DNA damage can induce cell
death by apoptosis, several signaling pathways, including
Akt, PKC, and MAPKs (e.g., ERK, JNK, and p38 MAPK) can
regulate cisplatin-induced apoptosis. The tumor suppressor
protein p53 play a critical role in regulating cell cycle
arrest, DNA repair and apoptosis. The nonreceptor tyrosine
kinase c-Abl can also participate in DNA damage response
by activating various MAPKs and interacting with p53
and p73. Recent evidence suggests that microRNAs can
also regulate cisplatin sensitivity. Since various signaling
pathways regulate cisplatin sensitivity, one way to improve
the efficacy of cisplatin is to use it in combination with
agents that target the signaling pathways and contribute
to cisplatin resistance. Additionally, combining cisplatin
with molecular-targeted therapy should lower the dosage
of cisplatin currently employed and thus help in alleviating
its side effects such as nephrotoxicity. As discussed in this
paper, the cellular context has significant impact in deciding
the ultimate response to cisplatin and may vary from one
patient to another. Thus, the major challenge is to develop
individualized therapy options that will be tailor-made to
benefit a particular patient. Given the uncertainty with the
success of any newly developed drug and the success of
cisplatin as a chemotherapeutic agent, this approach may be
more feasible and should be actively pursued.
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Previously, we reported the design and properties of alkyne C-lysine conjugates, a powerful and tunable family of DNA cleaving
reagents. We also reported that, upon photoactivation, these molecules are capable of inducing cancer cells death. To prove that
the cell death stems from DNA cleavage by the conjugates, we investigated intracellular DNA damage induced by these molecules
in LNCap cancer cells using single cell gel electrophoresis (SCGE) assays. The observation of highly efficient DNA damage
confirmed that lysine acetylene conjugate is capable of cleaving the densely compacted intracellular DNA. This result provides
a key mechanistic link between efficient DNA cleavage and cytotoxicity towards cancer cells for this family of light-activated
anticancer agents.

1. Introduction

Because double stranded (ds) DNA cleavage is much harder
to repair than single stranded (ss) DNA cleavage, ds damage
is particularly efficient in inducing self-programmed cell
death or apoptosis [1]. A particularly striking example of
this efficiency is provided by natural enediyne antibiotics [2].
These compounds, often hailed as the most potent family
of anticancer agents [3], produce cleavage of both strands
of DNA duplex via two hydrogen abstractions from two
opposite strands of DNA backbone by a reactive biradical,
p-benzyne, generated from the enediyne core via a process,
called the Bergman cyclization [4–6]. However, natural
enediynes not only lack selectivity towards cancer cells, but
also do not cause the ds cleavage with 100% efficiency. Even
the best of them, calicheamicin leads to only 25% cleavage
[7]. Thus, design of compounds which are capable of more
efficient ds DNA cleavage and combine this efficiency with
selectivity towards cancer cells remains the focal point of the
anticancer therapeutic agents targeting DNA.

We have found that DNA damaging potential of
enediynes can be increased if their reactivity is tuned towards
C1–C5 photocyclizations, a new reaction discovered in our

lab which leads to incorporation of four rather than two
hydrogen atoms from the environment [8, 9].

Because C1–C5 cyclization proceeds under photochem-
ical conditions for thermal C1–C5 cyclization, see [10, 11],
it takes advantage of the high degree of spatial and tempo-
ral controls over reactivity inherent to the photochemical
activation. The use of tissue-penetrating light allows for
efficient, and selective, spatial and temporal control over
prodrug activation as light can be delivered directly to the
tumor when it contains a high concentration of the prodrug.
Skin cancer is the most obvious target for this therapy
and, in 2006, the UK National Institute of Health and
Clinical Excellence (NICE) recommended PDT for basal cell
carcinoma. However, PDT can be also used to treat tumors
on the lining of internal organs or cavities. Other tumors
can be targeted with low-energy tissue penetrating photons,
especially if the three-dimensional control of activation
is provided by the two-photon excitation mode. For two
photon excitation of enediynes, see [12–14]. In addition, this
radical-anionic C1–C5 cyclization of enediynes is triggered
by photoinduced electron transfer (PET). This mechanistic
feature increases cellular selectivity because activation is
possible only in the direct vicinity of a suitable electron
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donor such as DNA to occur. In the absence of such a donor,
TFP-substituted enediynes (Scheme 1) are unreactive, both
thermally and photochemically.

We have also found that related TFP-substituted mono-
acetylenes are capable of photochemical alkylation of elec-
tron rich π-systems [15–17] and investigated whether this
reaction can be also used for controlled DNA-modification.
A priori, efficient DNA-cleavage by monoalkynes incapable
of the Bergman or C1–C5 cyclizations can involve sev-
eral possible mechanisms like base alkylation, hydrogen
abstraction, generation of reactive oxygen species as well as
PET.

In order to increase solubility of TFP-warheads in water
and their affinity to DNA, we combined them with lysine via
carboxyl moiety of the amino acid, Figure 1 [18].

Importantly, this mode of attachment leaves both amino
groups of lysine available for an acid-base reaction which
converts them into cationic ammonium groups. We found
that DNA-damaging ability of such hybrid molecules can
be fine-tuned in the narrow range of physiological pH
conditions which results in a dramatic increase in reactivity at
the lower pH of hypoxic tumor cells [19]. Less basic α-amino
group is protonated at the lower pH than 7 and this proto-
nation not only prevents quenching the excited state of the
chromophore but also provides tighter binding to negatively
charged DNA. Remarkably, the change in reactivity occurs at
a relatively narrow and predefined pH point (∼pH 6). These
DNA-photocleavers provide the DNA cleavage ratios of up
to the 1 : 2 ds : ss at pH 5.5 at concentrations and irradiation
times where almost no ds cleavage is observed at the pH of
healthy cells. This dramatic increase of ds DNA cleavage at
the lower pH renders these molecules more efficient ds DNA
cleavers than calicheamicine under the conditions suitable
for selective targeting of acidic cancer tissues (Figure 2(a)).
We also found that the C-lysine conjugates bind selectively

to nicks and gaps in a DNA duplex and, upon photochemical
activation, transform the easily repairable ss-DNA damage into
much more therapeutically important ds-DNA damage [20]
(Figure 2(b)).

The medicinal potential of these molecules has been
illustrated by a >90% LNCap cancer cell death induced by
photochemically activated TFP-acetylene-lysine conjugate 3
in one treatment at concentrations as low as 10 nM. Notably,
at these concentrations, toxicity without light is negligible.
Similar increases in reactivity upon activation with light were
observed in parallel experiments with UMRC3, UMRC6, and
786-O cancer cell lines [19].

In summary, our previous work led to the development
of a family of powerful and tunable DNA cleaving reagents
which have been shown to cleave both plasmid DNA and
DNA oligomers outside of cells [15, 18]. We have also proven
that these reagents can induce cancer cells death at the
low concentrations. However, our previous work offered no
evidence for DNA-damage by TFP-enediynes and acetylenes
inside of cells. Such evidence is important because cell
death can result from mechanisms other than DNA cleavage
and because DNA-cleavage of intracellular DNA should
be more difficult since this DNA is compactly organized
around histone proteins. The aim of this work is to test
the efficiency of our light-activated ds-DNA-cleavers towards
intracellular DNA using single cell gel electrophoresis assay
which can measure DNA damage in individual eukaryote
cells [21–25]. This assay has been used as a standard tech-
nique for evaluation of DNA damage/repair, biomonitoring,
and genotoxicity testing [26–33]. The alkaline SCGE assay
detects both ss and ds DNA damages. The cleaved DNA
fragments are able to migrate out of the cell under an electric
field after lysis and alkali treatments while undamaged
DNA moves slower and remains with the confines of the
nucleoid.
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2. Materials and Methods

2.1. General Information. Reagent kit for single cell gel
electrophoresis assay kit, CometAssay, and control cells con-
taining different levels of DNA damage, CometAssay Control
Cell, were purchased from Trevigen, Inc. The CC0 sample
corresponds to cells with undamaged DNA whereas CC1,
CC2, and CC3 have different levels of DNA-cleavage induced
with Etoposide [34]. Miligel FisherBiotech Horizontal Elec-
trophoresis System was used for electrophoresis. Olympus
BX61 microscope attached with the DP71 color digital
camera was used to take fluorescence images of SCGE assay.
The images were qualified by Comet Score 1.5 software
(Tritec). Tail moment, the ratio of tail length to head
diameter (L/H), DNA percentage in tail, and tail length were
used to estimate DNA damage. The tail moment has been
regarded as an appropriate index of induced DNA damage by
computerized image analysis. It represents both the amount
of damaged DNA and the distance of migration by a single
number. The tail moment was calculated by multiplying the
percentage of DNA in the tail by the tail length; see [35].

2.2. Preparation of LNCap Cells and Their Treatment with
Conjugate 3. LNCap cells (P.35) were plated in 6 (100 mm)
plates at density of 250,000 cells/well and were maintained in

RPMI 1640 medium supplemented with 10% FBS, sodium
bicarbonate (2 g/L). When they reach 70% confluence, com-
pound 3 was dissolved in serum-free RPMI 1640 medium
supplemented with sodium bicarbonate (2 g/L). After the
RPMI 1640, medium containing the compound 3 (0, 10, and
50 μM) were added to the cells and the cells were placed in
the incubator for 4 hours. The cells were exposed to UV with
cover removed for maximum exposure for 10 minutes and
were trypsinized and counted. Solutions in ice cold 1× PBS
(Ca2+ and Mg2+ free), with 1 × 105 cells/mL, were prepared
based on CometAssay instruction from Trevigen, Inc.

2.3. Alkaline Single Cell Gel Electrophoresis Assay. LMAgarose
was melt in boiling water bath for 5 minutes and placed
in 37◦C water bath for at least 20 minutes to cool. Cells at
1×105/mL were combined with molten LMAgarose at a ratio
of 1 : 10 (v/v) and 50 μL of the mixture was transferred
on CometSlides. The slides were placed at 4◦C in the dark
for 30 minutes and they were immersed in prechilled lysis
solution. After 30-minute immersion at 4◦C, the slides were
immersed in alkaline solution prepared freshly with NaOH
(0.6 g), 200 mM EDTA (250 μL), and dH2O (49.75 mL) for
20 minutes at room temperature, in the dark. Then, the
slides were removed from alkaline solution and washed by
immersing in 1× TBE buffer for 5 minutes twice. After
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Figure 3: Images of SCGE assays. Controls: (a) Undamaged control cell, (b)–(d) Control cells with variable amount of DNA damage.
LNCap Cells: (e) No compound + No UV; (f) No compound + UV; (g) 3 (50 μM) + No UV; (h) 3 (50 μM) + UV; (i) 3 (10 μM) + UV. All
UV irradiations were carried out for 10 minutes.

Table 1: Qualified data from SCGE assays.

Exp. Tail moment L/H %DNA in tail Tail length (px)

(a) 0 0 0.3± 0.3 0

(b) 9.9± 0.9 0.4± 0.1 33.2± 2.9 29.7± 1.5

(c) 22.1± 2.0 0.8± 0.1 47.0± 5.5 47.7± 9.3

(d) 107.3± 7.8 6.8± 1.4 96.8± 1.3 110.8± 6.9

(e) 0 0 0.9± 1.2 0.2± 0.4

(f) 0.1± 0.1 0 2.0± 2.3 2.2± 2.0

(g) 0 0 1.3 0

(h) 155.3± 62.6 4.6± 2.0 92.0± 4.1 167.0± 62.2

(i) 26.1± 10.1 0.7± 0.1 41.4± 9.0 61.2± 12.8

adding 1× TBE buffer not to exceed 0.5 cm above slides in
electrophoresis tank, the voltage at 1 volt per cm was applied
for 10 minutes. The slides were immersed in dH2O twice
for 10 minutes, then in 70% ethanol for 5 minutes. The
samples were dried at ≤45◦C for 15 minutes and 100 μL
of diluted SYBR Green I was placed on the gels and the
slides were stored at refrigerator. After 5 minutes, excess
SYBR solution was removed by gentle tapping and the
slides were completely dried at room temperature in the
dark. The fluorescence images were taken by epifluorescence
microscopy.

3. Results and Discussion

The control SCGE assay results for undamaged cells (CC0)
and commercially obtained cells with variable amount of
DNA damage (CC1–3) are summarized in the top part of
Figure 3 (entries (a)–(d)). As expected, while SCGE assay
with healthy cells showed no tails indicative of DNA damage,
the assays with the damaged cells produced characteristic
tails, the size of which correlates with the extent of DNA
damage in these cells. Qualified data of the assays are given in
Table 1. With the pretreated control cells (Table 1, (b)–(d)),

33, 47, and 98% of DNA were detected in tails, respectively.
Tail moment values are also consistent with different levels of
DNA damage.

After confirming that assay conditions work in the
control cells, we proceed to investigate DNA damage induced
by conjugate 3 in LNCap cancer cells. To find whether
UV itself or thermal reactions of compound 3 may be
responsible for the DNA cleavage in cancer, we included
two control experiments with cells exposed to UV for 10
minutes in the absence of a DNA-cleaver (Figure 3(f))
and with cells treated with 50 μM of compound 3 for 4
hours without photochemical activation (Figure 3(g)). No
DNA damage is observed in the control cases. This result
confirms that neither UV nor compound 3 in the dark
can damage DNA under these experimental conditions. In
contrast, photochemical activation of 50 μM of compound
3 produced very efficient DNA damage (more than 90%
DNA in the tail, Table 1) in individual cells (Figure 3(h)).
Irradiation in the presence of 10 μM of compound 3 also
showed significant DNA damage (∼40% DNA in the tail,
Figure 3(i)). These results confirm that compound 3 can
penetrate into the nucleus of the cancer cell and damage
highly compacted DNA photochemically.

The concentrations of lysine conjugates used in our
comet experiments are significantly higher than >0.01 mM
concentrations sufficient to cause significant photocytotoxi-
city to several cancer cells lines. This difference is not limited
to the comet assay—our earlier experiments with pure DNA
also required micromolar concentrations of the conjugate
to observe the cleavage [18, 19]. The observation has two
consequences. First, it suggests (somewhat surprisingly) that
the efficiency of cleavage for isolated plasmid DNA and
compacted cellular DNA is not drastically different, thus
indicating that our compounds should accumulate in the cell
nucleus rather efficiently.

Second, this observation may indicate the presence of an
additional, even more efficient, mechanism for cytotoxicity
which may not be based on DNA cleavage. Alternatively, it
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Figure 4: Emission spectrum of 3 (10 μM) in phosphate buffer at
pH 7. Blue: without DNA, Red: with 30 μM/b.p of Calf thymus
DNA.

may also mean that even small amount of DNA cleavage
(which is not detected by the conventional, relatively insensi-
tive assays) is still sufficient for causing apoptosis. Although
we cannot distinguish between these two mechanisms at
this point, this mechanistic ambiguity renders important the
observation that lysine-acetylene conjugate can indeed target
and damage cellular DNA.

Interestingly, the fluorescence images of cells treated
with compound 3 (Figures 3(g) and 3(i)) showed blue
fluorescence in the nucleus region on top of the green
fluorescence from the DNA-staining dye, SYBR Green I.
Because this blue fluorescence is not observed in control
cells without the conjugate, the emission is likely to result
either from compound 3 itself which has the maximum
emission at 440 nm (Figure 4) or from one of the respective
photoproducts derived from the DNA-photocleaver. This
observation provides additional evidence that conjugate 3
can be uptaken into the nucleus of cancer cells. It is also
interesting that there is no residual blue fluorescence in
Figure 3(h), where the DNA is broken completely.

4. Conclusions

SCGE assays confirm the occurrence of efficient cleavage of
highly compacted intracellular DNA by a light-activated C-
lysine acetylene conjugate. This result provides a key mech-
anistic link between efficient DNA cleavage and significant
cytotoxicity in cell proliferation assays.
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Nanotechnology has created opportunities for engineers to manufacture superior and more efficient devices and products.
Nanomaterials (NMs) are now widely used in consumer products as well as for research applications. However, while the lists
of known toxic effects of nanomaterials and nanoparticles (NPs) continue to grow, there is still a vast gap in our knowledge about
the genotoxicity of NMs. In this paper, we highlight some NMs of interest and discuss the current in vivo and in vitro studies into
genotoxic effects of NMs.

1. Introduction

Materials in the nanoscale are used in many commercial
products and industrial practices in the new millennium.
They are now increasingly found in plastic wares, clothing,
cosmetics, electrical appliances, and even food products.
Their applications also extend into the biomedical field and
healthcare, particularly in medical imaging and diagnosis,
pharmaceuticals, drug delivery, and therapy [1]. The demand
for nanomaterials (NMs) in the market in the areas defined
above is escalating and estimated to reach sales of up to
US$1 trillion by 2015 [2]. The recent burgeoning research
interest and development of NMs, nanotechnology, and
nanomedicine have led to a vast potential for novel ways
of rapid disease diagnosis, treatment, and enhancement of
the quality of life. NMs consist of one or more compo-
nents present in various forms that possess at least one-
dimensional structure of diameters in the range of 1 to
100 nm [3]. Engineered NMs, including nanoparticles (NPs)
and nanofibres, are generally categorized into four classes,
which include carbon-based materials, metal-based materi-
als (quantum dots, nanosilver, and nanogold), dendrimers
(nanosized polymers), and composites. Their characteristic
features are durability, high conductivity, and reactivity
[4].

Many researchers have commented that in actuality, there
is still much more to be understood about nanomaterials,
especially with regard to the health risks and hazards. The
Royal Society and Royal Academy of Engineering first raised
this concern in 2004 [5]. This has paved the way for a
rapid increase in investigational studies in the toxicity of
nanobased materials, in particular, genotoxicity studies of
NMs and nanoparticles (NP). A quick search through the
Pubmed literature database shows that the bulk of the
research articles on NM genotoxicity were published within
the past 3 years. As the development of nanotechnological
applications continue to grow, it is anticipated that there will
be an even greater demand for safety and health and risk
assessments studies in the coming years. There have been
excellent reviews regarding the methodologies for studying
NM-induced toxicity [6–8].

In this paper, we would like to briefly discuss the
methodologies currently available for genotoxic studies and
present a survey of the in vitro and in vivo genotoxicological
studies of NMs conducted in recent years.

2. Methodologies in Genotoxicity Studies

The study of NM toxicology has its roots in ultrafine particle
study, mostly starting out as particulate matter (PM10) and
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carbon black. The first wave of nanotoxicological studies
were assessments of NM cytotoxicity which had been com-
prehensively outlined by Lewinski et al. [9]. Currently, there
is an increasing focus on specific nanotoxic effects, and thus
the advent of a subfield called “nanogenotoxicology” [10]
which generally refers to the study of toxic effects of NMs
on genomic stability and integrity. Common in vitro tests for
measuring insults to DNA would centre on single-strand and
double-strand breaks, mutations, deletions, chromosomal
aberrations, impairment in DNA repair and cell-cycle while
tumorigenesis and carcinogenicity are the main focus in in
vivo studies. There are as many different kinds of NMs as
there are elements and compounds. NMs, depending on the
size, shape, elemental materials, and the surface functional
groups were observed to have a range of detrimental
effects on cells. Compounding the difficulties in toxicological
studies, Stone et al. [6] and Landsiedel et al. [7] reiterated
that based on existing knowledge, specific NMs probably
induce definitive genotoxic effects. Nevertheless, some of the
more common tests used in current genotoxic studies are
described below.

2.1. In Vitro Techniques and Approaches

2.1.1. Ames Test (Bacterial Reversion Mutation Test). This test
is used to assess the mutagenicity of a chemical compound
[11]. Various strains of the histidine dependent bacterium,
Salmonella typhimurium, contain mutations in the genes that
impair synthesis of histidine required for cell growth. Test
substances or compounds are added to different areas on
the agar plate, and the bacterium is then plated onto the
minimal histidine media. The test compound is deemed to
have mutagenic potential if it is able to cause mutations that
allow the bacterium to revert back its histidine synthesis
ability. The downside of this test is that it is difficult to
translate prokaryotic data for eukaryotic genotoxicity testing,
and the test is known to generate false positive results [12].
Specific to NM toxicity testing, there are doubts if the Ames
test is accurately representative of genotoxicity. Some NMs
are not able to cross the bacterial wall, and some kill the test
organism as they are bactericidal [7]. Therefore, data should
be followed up with other tests after the initial screening.

2.1.2. Comet Assay (Single-Cell Gel Electrophoresis Assay).
This is a simple, inexpensive, and sensitive technique to
test for DNA damage. It was first described in 1988 by
Singh et al. [13] and has since become the standard test
for DNA damage. Cell samples from in vitro or in vivo
experiments are first suspended in low melting point agarose
and cast onto microscope slides. The cells are lysed so that
only the DNA remains, which is then made to undergo-
electrophoresis in order to separate the DNA strands based
on molecular weight. The DNA strains are subsequently
stained with, for example, SYBR green dye and viewed under
a fluorescence microscope. Under specific conditions, this
test is able to distinguish single-and double-strand breaks
in DNA. It is a quick way to assess DNA lesions and extent
of genotoxicity in individual eukaryotic cells. However, due

to its sensitivity, samples should be handled appropriately to
ensure reproducibility of the results.

2.1.3. Micronucleus Test (MN)/Cytokinesis Block Micronucleus
Test (CBMN). This assay is based on scoring the number
of micronuclei (MNi) in treated cells [14]. MNi are formed
during anaphase from chromosomal fragments or whole
chromosomes that are left behind when the nucleus divides.
Over time, the assay has evolved to include a pretreatment
with cytochalasin-B (Cyt-B), a cytokinesis blocking agent
that inhibits cell-division, thereby giving the cells a binucle-
ated appearance. This enables more accurate scoring and the
ability to sieve out the dividing cells (where MNi would be
found) from the nondividing ones, thereby reducing the inci-
dence of false positives. The CBMN method is now routinely
used for measuring chromosome breakage, impairment in
DNA repair, chromosome loss, nondisjunction, necrosis,
apoptosis and cytostasis.

2.1.4. Hydroxy-Deoxyguanosine (8-OHdG) Analysis. Oxida-
tive stress is considered one of the foremost reasons for
DNA damage. Reactive oxygen species (ROS) generated in
metabolizing cells could attack DNA base guanine forming
the 8-OHdG lesions, which is known to have mutagenic
potential and hence used routinely as a biomarker for
carcinogenesis [15]. There are a few methods to measure
the extent of 8-OHdG lesions and the most established is
HPLC (high-performance lipid chromatography), which is
often coupled with mass spectrometry, also known as the
HPLC-MS/MS. Other methods include performing antibody
probes for DNA repair proteins or posttreatment with the
enzyme formamidopyrimidine DNA N-glycosylase before
quantitative analysis with the comet assay to determine DNA
strand breaks [16].

2.2. In Vivo Approaches. There is a need for validation of
animal models for studies in NM toxicity. The difficulties lie
in devising the correct approach in interpreting the studies
and deciding on the parameters that should be considered in
examining NM toxicity in in vivo systems. Many investigators
have administered NMs through inhalation exposure or
orally, ingestion by feed or water supply, and direct instil-
lation or injection into the body. Usually, the subsequent
bioavailablity and translocation of the NMs are evaluated,
including the organ of entry as well as in other organs
where accumulation is more significant. The tests used for
assessment of genotoxicity are similar to those used in the in
vitro studies.

3. Nanomaterials and their Genotoxic Status

A summary of some of the current genotoxic studies in
nanomaterials are shown in Tables 1 and 2, which display the
in vivo and in vitro studies, respectively.

3.1. Carbon Fullerenes. Carbon fullerenes, which are ultra-
fine particulate matter, are one of the most ubiquitous NMs
found [46]. They are generally present in polluted air as
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Table 1: Selected in vivo genotoxicity studies on NMs.

Type of NP Size and form
Experimental
design/genotoxic tests

Summary of findings References

C60
fullerenes

spheres
Bone marrow micronucleus
test on
ICR mice

No in vivo clastogenic ability
of C60 up to 88 mg/kg

Shinohara et al.; 2009 [17]

C60
Single-walled
carbon
nanotubes
(SWCNT)

spheres

Oral administration at
doses of 0.064 and
0.64 mg/kg of body weight.
8-OHdG analysis

Both NPs were associated
with increase in 8-OHdG in liver
and lungs.
No impairment of DNA
repair system

Folkmann et al.; 2009 [18]

SWCNT
Multi-walled
carbon
nanotubes
(MWCNT)

nanotubes
Oral administration and
urinary samples collected
for Ames test

No urinary mutagenicity
Szendi and Varga 2008
[19]

Carbon
black (CB)
C60
SWCNT
AuNP
Cd quantum
dots (QDs)

nanospheres

Apo E knockout mice
Timepoints at 3 and 24
hours; NP administered by
instillation

Increase in cytokines gene
expression. ApoE −/−mice are
sensitive to particle induced
inflammation.
DNA damage in order of.
QD>CB>SWCNT> C60, Au

Jacobsen et al.; 2009 [20]

TiO2
anatase/rutile
21 nm

TiO2 ingested through
drinking water at
concentrations of
60, 120, 300, 600 μg/mL.
Comet assay
MN test
gamma-H2AX
immunostaining
8-OHdG analysis

Increase in 8-OHdG and
gamma-H2AX foci. indicative
of DNA double-strand
breaks. MN. shows increase
in DNA deletions.

Trouiller et al.; 2009 [21]

Ag 60 nm

Oral administration
in Sprague-Dawley rats
over
a period of 28 days;
doses at 30, 300 and
1000 mg/kg.

No significant genotoxicity
in bone marrow.
(micronucleated
erythrocytes)

Kim et al.; 2008 [22]

Silica
amorphous
37 and 83 nm

Inhalation study where
mice were exposed to
3.7× 107 and 1.8× 108

particles/cm3

No significant pulmonary,
inflammatory, genotoxic or
adverse lung
histopathological effects

Sayes et al.; 2010 [23]

they are often released in soot resulting from the process
of fuel combustion. Engineered carbon fullerenes are stable,
soccer ball-like carbon atoms with hexagonal and pentagonal
shapes. The most notable fullerene would be C60, a highly
reactive biomolecules that has the ability to cross blood brain
barrier (BBB) [47]. C60 fullerene is highly used in industry
as catalysts, reactive oxygen species scavengers [48] and tools
in drug delivery systems [49].

Since the early 1990s, there have been concerns about
the potential dermal and inhalation effects of fullerenes
due to their strong oxidizing and phototoxic properties
[50]. In vitro experiments have shown C60 to be generally
noncytotoxic with no mutagenic response [17, 24] in
Chinese hamster ovary (CHO-K1) cells and mouse lung
epithelial cells [28] using the Ames test and CBMN tests,
respectively. Another report has found that C60 treatment

also increases formamidopyrimidine [fapy]-DNA glycosylase
(FPG) sensitive sites, accounting for short-term DNA strand
damage. Xu et al. observed that C60 induced an increase
in mutation yield in primary mouse embryo fibroblast cells
and dose-dependent formation of free radical ONOO− [25]
using dihydrorohodamine radical probes. However, in the
in vivo setting, C60 treatment was found to be associated
with increased DNA damage 8-hydroxydeoxyguanosine (8-
OHdG) in mouse lung and liver [18]. Not surprisingly,
inflammatory cytokines such as the interleukins and MIP
and MCP genes were found to be upregulated although C60
extent of damage was lower as compared to other NMs.

3.2. Carbon Nanotubes. Carbon nanotubes are the byprod-
ucts of combustion, which are commonly present in air
pollution and soot. Engineered carbon nanotubes can also



4 Journal of Nucleic Acids

Table 2: Selected in vitro genotoxicity studies on NMs.

Type of NP Size and form
Experimental
design/genotoxic tests

Summary of findings References

Carbons

C60 0.92 m2/g surface area Ames test
No mutagenic response,
and no incidence of
chromosomal aberration

Shinohara et al.; 2009
[17]

C60 polyhydroxylated

CHO-K1 cells
chromosome aberration
assay
CBMN test

No genotoxicity at all doses
(11−221μM)

Mrdanović et al., 2009
[24]

C60 nanospheres

Mouse primary embryo
fibroblasts
Dihydrorhodamine 123
radical probe

Increased mutation yield
and induces kilo-based pair
deletion mutations in
transgenic mouse cells.
Dose-dependent formation
of ONOO−

Xu et al.; 2009 [25]

SWCNT
-MWSCNT

nanotubes

Human lymphocytes in
culture CBMN test
Sister Chromatid Exchange
(SCE) assay

No genotoxicity effects but
SWCNT induces mitotic
inhibition

Szendi and Varga; 2008
[19]

MWSCNT agglomerates

V79 cells treated for 18 h
and 30 h at 2.5, 5 and
10μg/mL.
Chromosome aberration
test Ames test

No mutagenic or
clastogenic effects

Wirnitzer et al., 2009
[26]

MWSCNT nanotubes

Ames test on Salmonella
typhimurium TA 98 and TA
100 strains, and on
Escherichia coli WP2uvrA
strain, in presence and in
absence of the metabolic
activation system S9

No mutagenic effects Di Sotto et al.; 2009, [27]

C60

SWCNT
Carbon black
(CB)

0.7 nm (C60)
0.9−1.7 nm (SWCNT)
14 nm (CB)

FE1-muta trademark
mouse lung epithelial cell
line comet assay
FE1-MML mutagenicity
analysis
c11 mutation analysis

No cell death. Slower
proliferation and cell-cycle
arrest at G1 with SWCNT.
Mutant frequency
unaffected by 576 h
exposure

Jacobsen et al., 2008 [28]

Metals

Alumina
(Al2O3)
Cobalt
Chromium
alloy (CoCr)

bare

Human primary fibroblasts
over 5 days
CBMN assay
gamma-H2AX immuno
staining
cytogenetic analysis (FISH)

At 24 h, Al2O3 increase
micronucleus binucleated
cells, chromosomal loss,
gain, and polyploidy.
At 24 h, CoCr induce
dose-dependent increase in
micronucleus binucleated
cells, chromosomal loss,
gain, deletions, and
polyploidy.

Tsaousi et al.; 2010, [29]

Co
20 nm
500 nm

Balb/3T3 cells at 1−100μM
dose concentrations.
CBMN test
Comet assay

Significant results for
CBMN and comet assay
but no dose-dependency.
Increase of type III foci

Ponti et al.; 2009 [30]

Co 100−500 nm

Peripheral blood leulocytes
at 24, 48 h timepoints in
10−5M and 10−4M dose
concentrations
CBMN test
Comet assay

Induces DNA damage
Genotoxic effects
modulated by donor
characteristics and/or Co2+
release.

Colognato et al.; 2008
[31]
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Table 2: Continued.

Type of NP Size and form
Experimental
design/genotoxic tests

Summary of findings References

Al2O3

TiO2
nanoparticles

CHO-K1 cells
Micronucleus (MN) test
Sister chromatid exchange
(SCE)

MN frequencies increase at
0.5 and 1μg/mL TiO2 and
0.5−10μg/mL AL2O3.
SCE higher at 1−5μg/mL
TiO2 treatment, and at
1−25μg/mL Al2O3

Di Virgillio et al.; 2010
[32]

TiO2
rutile/anatase
fine rutile

Human bronchial epithelial
cells (BEAS 2B) with
1−100μg/cm2 at 24, 48, and
72 h.
Comet assay
MN test

Both induce DNA damage
at all treatment times. Only
nanosize rutile increase
frequency of MN cells at
10, 60μg/cm2, 72 h.

Falck et al.; 2009 [33]

TiO2 with p,p′-DDT

Human embryo L-02
hepatocyte 0.01, 0.1,
1μg/mL treatment
concentrations
Flow cytometry with
DCFH-DA probe
8OHdG analysis
Comet assay
MN test

TiO2 enhances
photocatalysis. Increases
oxidative stress, DNA
adducts, DNA strand
breaks, and chromosome
damage

Shi et al.; 2010 [34]

TiO2
2−30 nm (mean at
15 nm)

NIH3T3 human fibroblasts
HFW cells
Short-term treatment at 24,
48 and 72 h.
Long-term treatment, cell
passage every 3 days with
NP media.
Flow cytometry with
H2DCFDA probes

Short-term increased cell
survival and growth.
Long-term G2/M delay and
slower cell-division with
aberrant multipolar
spreads. Overall
disturbance in cell-cycle
progression, duplicate
genome segregation, and
chromosomal instability

Huang et al.; 2009 [35]

Cell-cycle analysis
Cell-division analysis
Confocal microscopy

TiO2

Fe2O3

anatase <100 nm
<100 nm

Human lung fibroblasts
IMR-90 and BEAS-2B cells
Electron paramagnetic
resonance (EPR)
8-OHdG analysis

TiO2 treatment showed no
DNA breakage, DNA
adduct nor free radical
generation. Fe2O3 had
significant DNA damage
after 24 h in IMR-90 cells

Bhattacharya et al.; 2009
[36]

TiO2

nanoparticles
rutile
anatase

Mouse primary embryo
fibroblasts
Dihydrorhodamine 123
radical probe

Increased mutation yield
and induces kilo-based pair
deletion mutations in
transgenic mouse cells.
Dose-dependent formation
of ONOO−

Xu et al.; 2009 [25]

TiO2 100 nm

Human lymphoblastoid
cells. Treatment with 26,
65, 130μg/mL at 6, 24, 48 h.
CBMN test
Comet assay
Hypoxanthine-guanine
phosphoribosyltransferase
(HPRT) gene mutation
assay

130 μg/mL treatment
increases MNBC frequency
2-3 folds and 2.5 fold in
mutation frequency.
65μg/mL treatment induce
5 fold increase in comet tail
moments

Wang et al.; 2007 [37]
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Table 2: Continued.

Type of NP Size and form
Experimental
design/genotoxic tests

Summary of findings References

ZnO nanospheres

Human epidermal cell line
(A431)
Treatment at 0.8,
0.008g/mL Comet assay

Significant DNA damage in
comet assay. Induces
oxidative stress

Sharma et al.; 2009 [38]

Ag 30 nm, nanospheres
Medaka fish cell lines
Treatment at 0.05, 0.1, 0.3
μg/cm2

Chromosomal aberration
and aneuploidy

Wise et al.; 2010 [39]

Ag 6−20 nmstarch coated

IMR-90 and human
glioblastoma cells U251
Comet assay
CBMN
Annexin V propidium
iodide
staining

DNA aberrations more
prominent in cancer cells
with more chromosomal
aberrations.

Asharani et al.; 2009 [40]

Ag

25 nm
polysaccharide
surface functionalized
and
uncoated
nanospheres

Mouse embryonic stem
cells and embryonic
fibroblasts Immuno blot
Immunoflorescence

Upregulation of p53, Rad
51 and phosphorylated
H2AX protein expression.
Coated AgNP show more
severe damage than
uncoated AgNP

Ahamed et al.; 2008 [41]

Au
20 nm
Serum coated

Human fetal lung
fibroblasts cells (MRC-5)
treated with nAu at 0,
0.5 and 1 nm
concentrations.
8-OHdG analysis

Significant DNA damage in
1 nm treatment compared
to control.

Li et al.; 2008 [42]

Platinum (Pt NP)
5−8 nm capped with
poly-vinyl alcohol

Human cell line

p53 activation, p21
downregulation. Increase
of DNA damage, arrest at
cell-cycle S phase and
apoptosis

Asharani et al.; 2010 [43]

Other Nanomaterials

Nanoceria (CeO2) nanoparticles

Human lens epithelial cells
at 5, 10μg/mL
concentrations
SCE
Comet assay (alkaline)

No DNA damage nor SCE
Pierscionek et al.; 2010
[44]

Polymer NP
lyophilized PELGE
and PLGAnp

CHO cells
MN test
SCE

No significant difference in
MN assay and no cell-cycle
delay. SCE found to be
higher in 5 kinds of
PELGE-NP than in
negative controls

He et al.; 2009 [45]

come in a variety of shapes and conformations, with the
most common being the single-walled carbon nanotubes
(SWCNTs) and the multiwalled carbon nanotubes (MWC-
NTs). They are also found in a wide range of applications
in the industry as composites, polymers, as well as in
the biomedical and pharmaceutical fields. Great physical
strength, flexibility, electrical conductivity, insolubility and
nonbiodegradability are among the valued properties of
carbon nanotubes [51]. On the other hand, it has been
postulated that these nanotubes could possess health hazards
upon inhalation as their durability, biopersistency, and
long and thin shape resembling asbestos fibers [52]. In

addition, trace contaminations with iron and nickel have
been reported to be the major cause of toxicity in carbon
nanotubes [53].

There is a scarcity of information regarding SWCNTs
and genotoxicity. SWCNTs have been reported to induce
slower proliferation rate and cell-cycle arrest at G1 phase
in mice lung epithelial cells [28] and mitotic inhibition in
human lymphocyte cultures [19]. In in vivo experiments,
oral administration of SWCNTs in mice is found to be
associated with increase in 8-OHdG levels in liver and lung
[18]. SWCNTs, compared to carbon black, only causes mod-
erate inflammation in ApoE knockout mice [20]. However,



Journal of Nucleic Acids 7

agglomerates of MWCNTs were found to possess neither
clastogenic nor mutagenic effects [19, 26, 27] when put
under the Ames test and chromosome aberration test.

3.3. Titanium Dioxide and Zinc Oxide Nanoparticles (TiO2

and ZnO NPs). TiO2 and ZnO NPs, which have the proper-
ties of high refractive index and brightness, are regularly used
as whitening pigments or reflective optical coats [54]. These
specific properties lead to the application in commercial
products such as paint and whitening agents in food products
[55]. Nanoparticulate suspensions of ZnO and TiO2 also
appear transparent in air and liquid under visible light. As
such, ultrafine TiO2 is also extensively used in cosmetics,
skin care, and sunscreen products, as their application does
not leave unsightly white residue on skin unlike bulk TiO2

[56]. ZnO is quite well known to be cytotoxic to cells in
culture [57], while the toxicity of TiO2NP is rapidly gaining
attention due to the increased use and applications in many
accessible medical and cosmetic products. TiO2NP comes
in two common shapes, namely, the rutile and anatase
forms. Although both are found to be genotoxic, one study
showed that the anatase form induced greater DNA damage
in human bronchial epithelium [33]. TiO2NP could also
increase cell sensitivity to phototoxicity [34], as well as
induce more DNA adducts, strand breaks, base-pair muta-
tions and chromosomal damage [21, 25, 37]. Interestingly,
Huang et al. reported that while long-term exposure to
TiO2NP slowed down cell-division and induced aberrant
multipolar spreads, chromatin alignment, and segregation,
short-term exposure increased cell survival and growth and
number of multinucleated cells [35]. Another group of
investigators did not observe DNA breakage under TiO2NP
treatment but found positive DNA adduct formation and
free radical generation [36].

Although ZnONPs are probably the less studied of the
two, there is also evidence to suggest that they may also
induce significant DNA damage through oxidative stress,
albeit with less obvious effects than in TiO2NPs [38].

3.4. Aluminium Oxide Nanoparticles (Al2O3NPs). Al2O3NP,
or alumina NP as it is commonly known, belongs to a class
of materials known as nanoceramics. It is widely used in
industrial and medical product such as orthopaedic parts
and composite repellants. However, the toxic and genotoxic
effects of Al2O3NP are not well known, and there are very
few research studies on the toxicity of this material. Thus far,
Al2O3NPs were found to significantly increase micronucleus
frequencies, chromosomal loss, and gain mutations as well as
polyploidy but no sister chromatid exchanges were found to
take place [29, 32].

3.5. Cobalt and Cobalt-Chromium Nanoparticles (CoNPs and
CoCrNPs). Cobalt and its alloy are commonly used in hip
joint replacements and other orthopedic joint replacements.
Unfortunately, the friction produced in movement of the
replacement joints generate NPs of the metal which could
reach out and affect the surrounding tissue and even
lymphocytes, thereby lead to some concerns regarding the

genotoxicity observed from clinical studies [58]. Hence,
much interest was generated to study the effects of these
wear particles and a significant amount of research into Co
and CoCr NPs are centered around these issues. The results,
although not surprising, are generally aligned to positive
indications of genotoxicity. Analysis of peripheral blood
leukocytes of patients with cobalt alloy joint replacements
showed positive DNA damage in comet assays [31]. However,
it was also suggested that these results could possibly be
modulated by donor characteristics and may be due to
Co2+ release instead of CoNPs per se. Recent studies show
that by 24 h, CoCrNPs induced a dose-dependant increase
in micronucleus containing cells as well as chromosomal
loss, gains, deletions, and polyploidy [29]. In a separate
study with CoNPs on Balb/3T3 cells, there were significant
results in micronuclei and comet assay for NP induced
DNA damage but the results were not dose-dependent
[30].

3.6. Quantum Dots. Quantum dots are crystalline semi-
conducting NPs. They are comprised of a metalloid crys-
talline core and a “cap” or “shell” that shields the core or
renders the dots biologically compatible [4]. The metalloid
crystalline core is normally made up of heavy metals like
cadmium and lead or sometimes from other semiconductor,
noble, and transition metals. These are also quantum dots
that are coated with materials such as polyethylene glycol,
zinc sulphide, or polyacrate [59] Quantum dots are used
in composites, paints, inks, solar cells, and optoelectronics
[4]. Due to their bright fluorescence, narrow emission, broad
UV excitation, and photostability, they have been used as
alternative fluorescent dyes for labeling cell structure in vitro
and for fluorescence imaging in vivo [60].

They are considered one of the most toxic of substances
and there are many studies showing the acute cytotoxicity
of quantum dots [61]. The cadmium and lead metals
themselves are considered potent human carcinogens. Cad-
mium induces DNA damage and mutation through ROS
production and inhibition of DNA repair and methylation
[62]. It also incites disruption of E-cadherin cell-to-cell
adhesion which could lead to tumor formation. Lead and
its compounds are listed under group 2B of possible human
carcinogens in IARC reports [63], as they are found to induce
lipid peroxidation and inhibit enzymes and antioxidants
thereby putting the cell under an environment of oxidative
stress [64]. However, few have ventured into exploring the
genotoxicity of such QDs. One experiment with Apo E
knockout mice showed that such mice were more sensitized
to QD-induced inflammation, upregulating gene expressions
of cytokines, IL-6, Mip 2 and Mcp signaling molecules
[20].

3.7. Silver and Gold Nanoparticles (AgNPs and AuNPs).
AgNPs and AuNPs are the most marketable NPs and widely
used in consumer products. AgNPs are particulary known
for their antimicrobial qualities, while AuNPs are used in
bioimaging and diagnosis applications. They are also easily
synthesized from their salt compounds and are convenient
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to handle, which also makes them another popular choice
of NMs to work with. What is of concern is that several
studies have found AgNPs to be toxic in aquatic animals
[65] and AuNPs to possess some degree of toxicity in vitro
[66]. Many researchers have focused on AgNPs because of
the acute toxicity shown in vitro experiments. AgNPs were
found to induce DNA damage in human glioblastoma cells
as well as chromosomal aberrations in human fibroblast
cells [40]. Other genotoxic reactions include upregulation
of p53 and DNA repair protein Rad51 observed in mouse
embryonic stem cells and fibroblasts [41]. In the same study,
AgNP when functionalized with polysaccharide on its surface
was more DNA damaging than uncoated AgNPs. In long-
term rodent studies, oral administration of high-dose AgNPs
for 28 days resulted in liver damage but no significant
genotoxicity in erythrocytes and bone marrow [22]. A
number of studies have also shown that AgNP treatment
induced DNA damaging effects on aquatic and plant cells
with impairment of cell-division [39, 65]. Although less
dramatic than AgNPs, AuNPs are also able to induce DNA
damage in the form of single-strand lesions in human lung
fibroblasts [42].

3.8. Other Nanoparticles. There are a few research groups
working with new types of NPs. The rare earth metal
cerium oxide NPs (nanoceria) is one example. Researchers
have found nanaoceria to be a radical scavenger with
antiinflammatory effects [67] which causes no DNA damage
[44]. They are currently being developed for application
in human lens epithelium. Although this is a promising
NM for future applications, it has also been reported that
nanoceria exerts differential growth in soybean seedlings
[68]. Silica NPs, or often known as mesoporous silica, are
also popular materials for development of drug delivery and
cell-imaging systems [69, 70]. There are few genotoxicity
studies on silica NPs but a notable one by Sayes et al. [23]
has shown that there are no significant inflammatory or
genotoxic effects in mouse lungs on short-term exposure.
Metal NPs such as platinum NPs (PtNPs) and iron oxide
Fe2O3NPs are also popular alternatives. There is one report
on PtNP toxicity which showed an increase in DNA damage
concurrent with p53, p21 downregulation, and cell-cycle
arrest at the S-phase [43]. Fe and Fe2O3NPs are also
known to be toxic and can cause significant DNA damage
[36].

Other particles of note are the nanopolymers. Although
there is a wide variety of such nanopolymers, they are gener-
ally known as a family of compounds that consists of chain
units, which could be fashioned into nano-sized particles.
These are also largely being developed for use in drug delivery
[71]. Current genotoxicity studies suggest that some of these
nanopolymers show antiinflammatory properties and also
non or limited DNA damage [45, 72]. However, a recent
report has implicated long-term nanopolymer exposure to
pulmonary fibrosis and granuloma formation, resulting in
two fatal deaths [73]. This case cannot be taken in isolation
and others have raised the concern that the workplace
condition as well as health or other pre-dispositions of the
workers involved should be considered [74].

4. NMs and Carcinogenesis

While it has been shown in many in vitro experiments
that NMs are able to induce DNA damage and some
form of mutagenesis, there is still a lack of evidence for
tumorigenicity of NPs. Of note, in vivo studies involving
MWCNT has demonstrated formation of mesotheliomas
in rodents in works by Takagi and colleagues [75] and
Sakamoto et al. [76]. Wide spread deposition of MWCNTs
were observed in the peritoneal cavity where the nanotubes
were injected. In the study by Sakamoto et al., they have
even found mesotheliomas in the peritoneal cavity away from
the original site of injection, suggesting that MWCNTs may
easily translocate and also exert effects away from organ of
exposure. Both studies emphasized on the persistency, size
and shape on the carcinogenic potential of MWCNTs. While
such studies may provide some insight into the outcome of
NM toxicity, one must take into account the differences in
how the nanotubes were prepared as well as the experimental
design. Muller et al. conducted similar tests on MWCNTs
but reported no carcinogenicity after a 2 year period of
exposure [77]. They speculate that tumor formation could be
dependent on size and length of the nanotubes administered
and the p53 knockout mice used in the Takagi study
produced a more sensitive carcinogenic reaction. However,
NMs can induce oxidative stress and trigger inflammatory
responses, which could form the starting point for carcino-
genesis to occur. NMs that are highly reactive are also more
likely to absorb endogenous substances, react with proteins
and enzymes, trigger cytokine release. This would mediate
inflammatory responses and potentially initiate a series of
toxic responses far from the initial site of deposition [78, 79].
C60 fullerene, for example, was reported to cause photo-
induced DNA damage by interacting with biological reduc-
ing agents such as NADH to cleave supercoiled DNA [80].
Similarly, exposure to carbon nanotubes in atmospheric air
pollution has been associated with adverse cardiovascular
effects by causing aortic DNA damage, platelet aggregation
and enhances vascular thrombosis through inflammatory
events [81].

Biopersistence of NMs pose a certain degree of adverse
health effect. For instance, when the clearance rate is slower
than the accumulative rate, the NMs will remain in the lungs;
and those containing mutagenic substances will increase
the risk of developing cancer. To address this concern,
Sera et al. conducted a mutagenicity test using 3 different
strains of Salmonella and found C60 Fullerene to exert
mutagenic activity due to the oxidized phospholipids in rat
liver microsoms [82].

There are also certain shortcomings in the current
research field. The short-term nature of toxicology tests in
the treatment period for NMs generally lasts only up to
three days, which implies that testing is limited to acute
toxicity. In vitro and in vivo genotoxicity testing will have
to be conducted for longer periods to observe if there are
long-term effects of NMs such as tumour formation and
carcinogenesis. Treatment intervals will have to go beyond
days to weeks or even months in animal studies. It will also
be useful to look at the clearance of NMs from the body and
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to study if there is a preference for accumulation in certain
organs and any effect from biopersistence of such NMs.

On the public front, safety measures have been imple-
mented to safeguard the public health. The International
Agency for Research on Cancer (IARC) recently classified
TiO2 as a potential Group 2B human carcinogen. This deci-
sion was made on the experimental animal carcinogenicity
data [83]. There had been four previous epidemiological
studies conducted among the male production workers at
TiO2 industry from Western Europe and North America.
After comparing the risk for lung and kidney cancer with
the general population, they concluded that these data
were not supportive enough to conclude the association
between occupational exposure of TiO2 and cancer risk.
Hence, data collected were inadequate in classifying TiO2 as
potential carcinogen. However, there was sufficient animal
carcinogenicity data that provided evidence of TiO2-induced
carcinogenicity. Several TiO2 exposure routes were chosen
for experimental animal studies. These include oral, inhala-
tion, intratracheal, subcutaneous injection, and intraperi-
toneal administration. Researchers observed an increase in
tumor incidence in these experimental animals upon TiO2

exposure. After considering other relevant data such as
clearance kinetics of TiO2 and micronucleus formation, a
conclusion that TiO2 possess possible carcinogenicity to
human was made.

5. Conclusion

The field of nanotoxicology, besides investigations on the
adverse effects of NMs, also include continuous monitoring
and risk assessment of NMs. Despite the many nanotoxi-
cological studies that are ongoing, there are questions that
need to be answered and addressed. There is difficulty in
interpreting data in view of variable parameters utilized
in the study, for example, the sizes of the NMs and its
composing materials. The most critical research gap is the
lack of studies on real-time NM exposure. Moreover, there
is a need for long-term nanomaterials exposure assessment
for studies on tumourigenesis. At the industry level, close
monitoring and followup on the levels of emissions from
NM production industries are essential in protecting public
health and our environment. However, there still exists a
lack of appropriate epidemiological studies and equipment
for accurate collection of data in assessing the real risk
of NM exposure in the workplace. Despite the promising
applications of NMs, there are still doubts regarding their
safety. There is some certainty that NMs do pose a certain
degree of health risk that would require further investigation.
A proper guideline on NM usage is imperative to ensure the
safety of NMs for consumer usage and environment.
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DNA adducts play a central role in chemical carcinogenesis. The analysis of formation and repair of smoking-related DNA adducts
remains particularly challenging as both smokers and nonsmokers exposed to smoke are repetitively under attack from complex
mixtures of carcinogens such as polycyclic aromatic hydrocarbons and N-nitrosamines. The bulky DNA adducts, which usually
have complex structure, are particularly important because of their biological relevance. Several known cellular DNA repair
pathways have been known to operate in human cells on specific types of bulky DNA adducts, for example, nucleotide excision
repair, base excision repair, and direct reversal involving O6-alkylguanine DNA alkyltransferase or AlkB homologs. Understanding
the mechanisms of adduct formation and repair processes is critical for the assessment of cancer risk resulting from exposure to
cigarette smoke, and ultimately for developing strategies of cancer prevention. This paper highlights the recent progress made in
the areas concerning formation and repair of bulky DNA adducts in the context of tobacco carcinogen-associated genotoxic and
carcinogenic effects.

1. Introduction

Tobacco was traded from North America to the world
about 500 years ago. Since then, tobacco use by smoking
cigarettes, cigars, and pipes, or by chewing, has wreaked
havoc on mankind. Nearly 1.3 billion people are active
smokers worldwide [1], who also pose a threat of indirect
exposure to even more nonsmokers through secondhand
smoke (SHS, also known as environmental tobacco smoke,
ETS). Cigarette smoke accounts for 30% of all cancer deaths.
Based on the International Agency for Research on Cancer
(IARC), cigarette smoking is associated with cancers in many
organs/tissues such as lung, head, neck, and bladder [2].
The lung is particularly vulnerable as ∼90% of lung cancer
cases are caused by cigarette smoking. Cigarette smoke causes
other diseases as well, including pulmonary disorders, car-
diovascular diseases and stroke, and developmental defects.
There is also sufficient evidence in recent years that SHS
causes lung cancer [3]. In US nonsmokers, SHS is responsible
for about 3,000 lung cancer deaths, 46,000 cardiac-related
illnesses, and 430 sudden infant death syndrome (SIDS) per
year [4].

Four types of smoke have been classified so far [5]: (1)
Mainstream smoke (MSS), created by tobacco combustion
at approximately 1,200–1, 600◦C, when smokers inhale the
tobacco smoke from a burning cigarette, (2) Sidestream
smoke (SSS), emanating from the smouldering end of a lit
cigarette at ∼ 900◦C when no active smoking occurs while
the smoker pauses before taking the next puff, (3) SHS, a
mixture of about 85% of SSS and 15% of exhaled MSS, and
(4) Thirdhand smoke (THS), a newly emerged type, defined
as residual tobacco smoke adsorbed onto indoor surfaces
after active smoking has ceased, where the semivolatile and
nonvolatile components undergo chemical transformation
to produce new toxicants [6–8].

In the last 50 years, many studies have been per-
formed to identify chemical toxicants in cigarette smoke,
which may represent the most rich resource of exogenous
human mutagens and carcinogens. MSS contains more
than 4,000 chemicals. Among them, over 60 have been
classified by IARC as carcinogens [9]. These include 10
polycyclic aromatic hydrocarbons (PAHs), 6 hydrocarbons,
10 nitrosamines, 13 aromatic amines, 2 aldehydes, 3 phenolic
compounds, 4 volatile hydrocarbons, 3 nitro compounds,
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12 miscellaneous organic compounds, and 9 inorganic and
metals compounds [10]. This list contains some of the
strong animal and/or human carcinogens, such as PAHs, N-
nitrosamines, and aromatic amines, all of which react with
DNA to form adducts [11–13]. The most prevalent ones
in the vapor phase are aldehydes, benzene, and butadiene.
It should be emphasized that SSS or SHS also contains
several thousand individual compounds as does MSS [5],
and most of the above-mentioned carcinogens are also
present in SSS/SHS [12]. Since such a carcinogenic source,
that is, cigarette smoke, is preventable, and DNA adduct
levels correlate with cigarette consumption [13], tobacco
smoke provides a unique model for understanding the cause-
effect or environment-gene relationship in smoking-related
cancer development. However, the real assessment of such
relationships is very difficult due to multiple reasons [14].
For example, Metabolic activation imposes an additional
level of complexity for such assessment. In addition, cigarette
smoke contains co-carcinogens and tumor promoters that
are also crucial for tumorigenicity of smoke condensates
[12, 15, 16].

Although certain carcinogens in cigarette smoke, such
as formaldehyde and α,β-unsaturated aldehydes (enals),
directly react with DNA to form covalent adducts, most of
carcinogenic compounds are so-called procarcinogens that
must be metabolically activated to form ultimate carcinogens
[12]. These metabolites are usually electrophilic that react
with the nucleophilic sites on DNA bases. The well-studied
microsomal cytochrome P450 (CYP) system [17] activates
many tobacco carcinogens such as PAHs, N-nitrosamines,
aromatic amines, and benzene [18–20]. Therefore, carcino-
gen metabolism is often a double-edged sword in that it not
only detoxifies and excretes toxicants but may also convert
them into harmful reactive species. The individual variation
in metabolic activation such as genetic polymorphisms in
carcinogen-metabolizing genes is an important determinant
of DNA adduct levels and is used to identify smokers with
increased cancer risk [21, 22].

Most chemical carcinogens react with cellular DNA as the
ultimate target. Cigarette smoke condensates were initially
known to have mutagenic activity by the 1970s [23], and
adducts were detected in cellular DNA from smokers in the
1980s [24]. Since then, many tobacco carcinogen-derived
adducts have been identified in vitro and in vivo, owing
to the development of highly sensitive analytical detection
methods, such as 32P-postlabeling and mass spectrometry
(MS) [25, 26]. It has been shown that cigarette smokers
have higher levels of DNA adducts than nonsmokers [12, 13,
27, 28]. Studies have also shown that current smokers have
higher adduct levels compared with former smokers [13].
With some exceptions of inconsistency, many epidemiologic
and clinical studies have shown an association between
the in vivo levels of DNA adducts resulting from cigarette
smoke and the occurrence of tobacco-related cancers in
lung, head and neck, and bladder [13]. There are numerous
reviews specifically related to the relationships between
tobacco carcinogen exposure, DNA adduct formation, car-
cinogen/adduct mutagenic potential, and increased cancer
risk related to smoking [13, 19, 26, 27, 29–32].

Tobacco carcinogens generate a broad spectrum of DNA
lesions ranging from sugar damage, apurinic/apyrimidinic
(AP) sites, small modified bases (e.g., O6-mG and 8-
oxoG), and bulky base adducts to more deleterious lesions
such as DNA crosslinks and strand breaks. The so-called
bulky DNA adducts are formed by the covalent binding
of those chemical carcinogens with large size, such as
PAHs and aromatic amines, to various sites on DNA bases.
These adducts also include exocyclic DNA bases such as
the etheno, propano, and benzetheno adducts formed by
respective bifunctional compounds [33, 34]. These bulky
adducts represent a major and important class of DNA
damage originating from exposure to cigarette smoke. One
characteristic of these bulky adducts is that they tend to
significantly disrupt the DNA helical structure and block
Watson-Crick base pairing [35, 36]. They are usually highly
mutagenic, as exemplified by the PAH-DNA adducts [30]
and exocyclic DNA adducts [34, 37]. Some of them may
not be repaired (e.g., benzo[c]phenanthrene N6-dA adducts
[38]) or only poorly repaired (e.g., two dibenzo[a,l]pyrene-
induced DNA adduct [39]), thus leading to their persistence
in genomic DNA. Smokers with high levels of these bulky
adducts have been shown to be associated with an increased
risk of cancers [40, 41]. In fact, most of the compelling
data on the connection of DNA adducts with cancer have
been obtained with bulky DNA adducts and their respective
carcinogens. For example, PAH- and acrolein-DNA adducts
are preferentially formed in the same mutational hotspots
of p53 in the lung cancers of smokers [30, 42, 43]. This
tumor suppressor gene is frequently mutated in ∼40% of
lung cancer cases. There is also evidence that a high level
of bulky DNA adducts in tissues, such as those caused by
PAHs and vinyl chloride (VC), is associated with an increased
risk of tumor in humans and animals [40, 44–46]. It should
be pointed out that tobacco smoke also produces reactive
oxygen species (ROS) and induces oxidative stress [11, 47].
Those lesions that arise directly from ROS attack of a base
(e.g., 8-oxoG) or deoxyribose (e.g., base propenals) [48, 49]
could also play a role in tobacco carcinogenesis.

Cigarette smoking can cause complex biological
responses. If unrepaired, DNA adducts may block replication
and transcription. There is evidence that only a single BPDE-
DNA adduct can effectively block expression of a reporter
gene [50]. DNA damage can either activate checkpoint
signaling pathways leading to cell cycle arrest or induce cell
apoptosis by recruitment of immunologic and inflammatory
responses [31]. More importantly, persistence of DNA
adducts such as those formed by tobacco carcinogens PAHs
and N-nitrosamines plays a central role in tobacco-induced
carcinogenesis [27]. These adducts not only represent a
very early event by inducing specific genetic changes that
are a prerequisite to the initiation of cancer, but also occur
during the continuum of the carcinogenic process [31].
DNA adducts can lead to nucleotide misincorporation,
thus causing gene mutations. Mutations in the p53 gene are
more commonly observed in lung cancers from smokers
than nonsmokers [51, 52]. Exposure to smoking has been
associated with activating mutations in proto-oncogenes
(e.g., the ras gene family) and inactivation of tumor
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Figure 1: Schematic presentation of the formation, repair and mutagenic potential of tobacco carcinogen-induced bulky adducts in genomic
DNA. The formation of a bulky DNA adduct (marked in red), if not repaired or poorly repaired, results in multiple genetic changes such
as cell death and gene mutation. TLS (translesion DNA synthesis) can prevent a mutation by error-free incorporation opposite the adduct.
Error-prone incorporation at the adduct site by replicative or translesional DNA pols is the source for mutation. Only those adducts that
finally escape all the defense mechanisms may lead to biologically important mutations.

suppressor genes (e.g., p53 and p16) in cancers [53–56].
Microarray-based analyses also reveal that cigarette smoking
alters expression of many genes involved in other functions
[57]. In addition to point mutations, there are correlations
between DNA adduct levels and other somatic alterations,
for example, loss of heterozygosity (LOH) that may occur
at the very early stages of tobacco carcinogenesis [58, 59].
In addition, epigenetic changes such as abnormal promoter
methylation of certain genes also occur more frequently in
lung tumors from smokers than in never-smokers or may
appear in healthy individuals who start to smoke [60, 61],
highlighting the importance of both genetic and epigenetic
changes in tobacco carcinogenesis. Tobacco carcinogens
can also contribute to tumorigenesis by interacting with
proteins, RNA, and lipids, in addition to DNA.

To avoid tobacco carcinogen-induced DNA damage,
quitting smoking or avoiding exposure is the first and
foremost important approach. However, once such damage
is formed, DNA repair is the next major defense mechanism
(Figure 1). Organisms from prokaryotes to mammals have
evolved a number of repair pathways, including direct
reversal, base excision repair (BER), nucleotide excision
repair (NER), mismatch repair (MMS), and double-strand
break (DSB) repair [62–64]. In model systems, such as
cultured cells and genetically manipulated organisms, these
pathways have been shown to operate on specific types of
DNA lesions. NER is the major pathway for the repair of
various duplex-distorting bulky DNA lesions such as those
induced by PAHs. Small alkylated and oxidized lesions,
including those arising from endogenous sources, are excised
by the BER pathway which also repairs certain single-ring
exocyclic DNA adducts. For certain alkylated bases and
etheno adducts, they can be repaired through direct reversal

carried out by specialized repair proteins. In general, the
understanding of damage recognition and mechanism of
repair is important to gain insight into the specific roles
of tobacco DNA adducts in the development of cancer and
other chronic diseases since, at the end, the overall cellular
repair capacity in response to exposure is critically related
to the levels of DNA adducts in the genome or mutations
in genes. The role of individual variability in repair, for
example, polymorphisms in repair genes, has been related to
the increased cancer risk in smokers [22, 65, 66]. Ultimately,
it is the impaired or poor repair of DNA adducts (e.g.,
those bulky adducts and oxidized bases with cytotoxicity and
mutagenicity) that is expected to be most important in the
etiology of smoking-related cancer and other disorders.

Studies in the last decade have revealed that if a DNA
adduct is unrepaired or irreparable, cells may use translesion
DNA synthesis (TLS) to bypass the adduct to ensure the
continuum of DNA replication [67–69]. TLS is performed by
various specialized DNA polymerases (pols), mostly from the
Y-family, with the possibility of nucleotide misincorporation
[70, 71]. These enzymes possess an open and preformed
active site, enabling accommodation of a broad spectrum
of DNA adducts with different structures [69]. In studies
reported in literature, error-prone incorporations opposite
an adducted nucleotide appear to occur commonly or co-
exist with error-free incorporations [72–74]. However, in
some other cases, TLS pols perform error-free bypass on
damaged DNA templates such as the efficient and correct
nucleotide incorporation at the acrolein adduct γ-HO-PdG
by pol ι and subsequent extension of replication by pol κ [75].
The fidelity of TLS observed in these experiments tends to
depend on the individual pol tested as well as the structure of
the target adduct. In general, the primary roles of these pols
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and how they operate in the cell with regard to interacting
with replication and repair machineries remain to be further
understood.

This paper will focus on the formation and repair
of bulky/exocyclic DNA adducts induced by the major
tobacco carcinogens in relation to tobacco mutagenesis and
carcinogenesis. For small base lesions induced by tobacco
chemical carcinogens, see previous reviews by Singer [76]
and Shrivastav et al. [77]. In general, the literature so far
on the covered review topics has been extensive. Therefore,
only selected published data are used to illustrate the relevant
areas, ideas, and concepts. I regret that this review does not
permit acknowledgment of the many researchers who made
the original findings in these important areas.

2. Formation and Repair of Bulky DNA
Adducts by Tobacco Carcinogens

2.1. Formation of Bulky DNA Adducts: An Overview. Since
smokers are repetitively exposed to complex mixtures of
genotoxic carcinogens, the collective formation of DNA
adducts is very complex as reflected by their chemical
types and cellular levels. Although this paper is focused on
bulky DNA adducts, other types of DNA lesions by tobacco
carcinogens may be equally or more important than bulky
DNA adducts for a given carcinogen or cancer type. DNA
adduct levels are normally analyzed in target tissues in order
to elucidate the relationship between tobacco carcinogens
and cancer development. These levels should reach steady
state such that the number of newly formed adducts equals
the number of adducts lost every day which are related to a
number of factors including carcinogen reactivity, exposure
doses, timing of exposure, metabolic processes, and DNA
repair capacity [13]. Understanding of DNA adducts with
regard to their formation, isolation, and identification can be
critical in several ways: (1) to understand the mechanism of
tobacco carcinogens; for example, the analysis of formation
of DNA adduct at gene mutational hotspots [30, 78] has
provided important insight into the cancer etiology; (2) to
assess the biologically effective doses of tobacco carcinogens
[25]; (3) to assess DNA repair capacity (DRC) towards
the adducts [13, 79]; (4) to find biomarkers of tobacco
genotoxicity and uptake/metabolism of specific carcinogens
[12, 13].

Many types of DNA adducts, including those formed by
benzo[a]pyrene (B[a]P), 4-(methylnitrosamino)-1-(3-pyri-
dyl)-1-butanone (NNK), N ′-nitrosonornicotine (NNN),
and 4-aminobiphenyl (4-ABP), have been detected from
tissues of smokers as well as nonsmokers exposed to SHS
[11–13, 80–82]. The common tobacco carcinogens and
related metabolites that give rise to bulky DNA adducts are
listed in Figure 2. In tissues, the typical adduct levels are
at about 1 adduct in 106-107 normal bases [27, 83]. In
general, DNA adduct levels as low as 1 in 106–1012 normal
bases can be significant with definite biological consequences
[84]. Although 32P-postlabeling and immunoassay have been
extensively utilized for adduct analysis, the detection and
identification of DNA adducts at these or even lower levels
have been greatly facilitated by the highly sensitive/specific

and new types of techniques [11, 12, 25, 26] such as HPLC
with fluorescence, mass spectrometry (MS), and electro-
chemical detection, particularly the coupling of liquid chro-
matography (LC) to MS and electrospray ionization (ESI),
that is, LC-ESI-MS [25]. The number of compounds/DNA
adducts in Figure 2 is expected to grow when more of such
studies are carried out. It should be emphasized that SHS also
contains all of the common carcinogenic compounds listed
in Figure 2, albeit with varying concentrations. Some of the
significantly existing chemical carcinogens in SHS are NNK,
NNN, B[a]P, benz(a)anthracene, benzene, 1,3-butadiene, 4-
ABP, and 2-napthylamine [5].

In addition to being directly formed by tobacco carcino-
gens, DNA adducts can be generated through inflammation,
particularly by ROS and reactive nitrogen species (RNS). Due
to the direct surface exposure, cigarette smoking triggers an
inflammatory response in human lung and causes chronic
obstructive pulmonary disease (COPD) [85], which has been
shown to possess significant abnormalities in inflammatory
pathways [86–89]. Smokers are known to have elevated levels
of oxidative stress [11, 47], which is increasingly linked to
cancer and neurological diseases [90, 91]. Cigarette smoke
may induce oxidative stress by several mechanisms [11, 47]:
(1) it contains oxidizing compounds and ROS; (2) the ROS-
generating redox cycling by quinone-hydroquinone complex
as well as PAH quinones and their corresponding catechols;
(3) smoking may weaken the antioxidant defense system.
The elevated oxidative stress in smokers is accompanied by
lipid peroxidation (LPO) [11] which results from reactions
of reduced oxygen species with polyunsaturated fatty acids
(PUFAs). It is well documented that LPO produces enals,
including acrolein, crotonaldehyde, and trans-4-hydroxy-2-
nonenal (HNE) [92–94]. These compounds react with DNA
to produce etheno (ε)-adducts as well as propano adducts
[92–94]. This explains why chronic inflammation in humans
is accomplished by increased levels of such adducts [94].
It should be noted that these adducts are also present in
tissues of humans and untreated animals at very low levels
as background lesions [92–94].

To understand the chemistry between a carcinogen
and DNA bases is instrumental in revealing the molecular
mechanism of mutagenicity and carcinogenicity of the
carcinogen [18]. A single carcinogen can cause several
different types of DNA damage, mainly due to the process
of metabolism that can yield several or many reactive
metabolites. All the carcinogens listed in Figure 2 can form
more than one type of DNA adducts. For example, NNK
can form both simple methylated and bulky pyridyloxobutyl
(POB) adducts [80, 84]. A single electrophilic carcinogen
can form multiple adducts of the same nature by reacting
with all four DNA bases. For example, benzene metabolites,
hydroquinone (HQ) and para-benzoquinone (p-BQ), form
exocyclic adducts on dA, dC, and dG [95–98]. BPDE,
by way of another example, can generate both dG and
dA adducts. Different carcinogens preferentially react with
different sites on the bases [18]. For dG, PAHs predominantly
bind to its 2-NH2 group, alkylating agents such as tobacco-
specific nitrosamines (TSNAs) mainly react at the N-7 or O6

position, and aromatic amines tend to bind to the 8-carbon
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position [25]. All oxygen and nitrogen sites on DNA bases
are actually reactive with alkylating agents in vitro under
physiological conditions [18].

Of the DNA adducts formed by tobacco carcinogens,
exocyclic adducts have been extensively studied for their
chemistry of formation [34, 99]. Bifunctional electrophilic
compounds such as HQ and p-BQ, acrolein, and VC
metabolites, are all able to form exocyclic adducts [44]. The
common sites for forming an exocyclic ring are N-1 and N6

of dA, N-3 and N4 of dC, N-1 and N2 of dG as well as N2

and N-3 of dG (superscript indicates exocyclic oxygen or
nitrogen) [100]. Adducts may be promutagenic if formed at
coding sites of the bases, including O6, N-1, and N2 of dG,
N-1 and N6 of dA, O2, N-3, and N4 of dC, and O4 and N-
3 of T [101]. Structurally, exocyclic adducts are analogous
but can differ in ring structure such as size (e.g., 5- versus
6-membered), number (e.g., one ring versus two rings),
angularity (e.g., linear versus angular), substituents’ nature
(e.g., –OH versus –CH2OH), and location (e.g., α-HO-
PdG versus γ-HO-PdG) [34, 102]. The structural features of
specific adducts may define the specificity and efficiency of
their repair, as discussed below, as well as their mutagenicity.

2.2. Repair of Bulky DNA Adducts: An Overview. In the last
two decades or so, considerable progress has been made
in understanding the specificity, mechanism of action, and
in vivo importance of many repair enzymes and pathways.
This has been greatly facilitated by major advances in dis-
covery of new enzymes or novel activities, synthesis of site-
directed damage-containing oligonucleotides, construction
of damage-containing shuttle vectors and viral genomes for
in vivo studies, determination of high-resolution structures
of repair enzymes and damaged DNA, development of
gene mutant models, identification of protein interaction
networks, gene analyses such as mutation spectrum mapping
and single nucleotide polymorphisms (SNPs), and by the
latest studies using omic profiling technology. There are
many excellent reviews specifically related to the complete
process as well as specific repair pathways that restore DNA
to its normal state [62–64, 103–108].

Several major mechanisms have been shown to be
involved in the repair of bulky DNA adducts that can be
induced by tobacco carcinogens, as discussed below in detail.
It is important to determine which adducts are removed
efficiently or poorly, as those adducts that persist may cause
a greater long-term mutagenic potential. Excision repair,
whether it is base (BER) or nucleotide excision (NER),
has to be at least a two-step process in which the damage
recognition and excision is followed by DNA replication,
whereas direct reversal, catalyzed by O6-alkylguanine DNA
alkyltransferase (AGT, also known as MGMT) or AlkB
homologs (ABHs), restores the normal base without excision
[64]. Multiple repair mechanisms could be involved in the
removal of various DNA adducts produced by a single
compound. As will be described below, the benzetheno
adducts of HQ/p-BQ are substrates for AP endonuclease,
and the hydroxyphenyl dG adduct formed by the same
compounds is repaired by NER. In some cases, more than
one enzyme or mechanism can act on the same adduct,

which may serve as backups or operate with different
functions in the cell. For example, 3, N4-ethenocytosine (εC)
is excised by three different DNA glycosylases and repaired
by two different repair pathways, BER and ABH2. Although
the mismatch repair (MMR) pathway appears not to be
directly implicated yet as significantly as the above pathways
in response to the bulky adducts, MutS protein has been
shown to bind to the propano dG and M1G adducts [109],
suggesting that MutS can bind to exocyclic adducts and may
trigger a MMR-mediated response.

Although certain repair data come from research using
prokaryotic enzymes, this paper will concentrate on mam-
malian/human repair enzymes whenever possible. In prin-
ciple, the analogous enzymes and general mechanisms exist
in both prokaryotes and eukaryotes, and such conservation
has provided a solid foundation for our understanding of
mammalian repair. It should also be pointed out that much
of the repair data concerning tobacco carcinogen-derived
adducts was not directly obtained from tobacco-related
studies, but rather based on reports focusing on chemical
carcinogens per se.

2.3. Repair of Specific DNA Adducts by Different Pathways

2.3.1. Nucleotide Excision Repair (NER). NER is the
most versatile repair pathway in the cell and the primary
mechanism for the removal of chemical carcinogen-induced
bulky DNA adducts that significantly distort the DNA helix
structure [64, 107, 110, 111]. The molecular mechanism
of NER is now well understood. Its pathway in eukaryotes
consists of at least 30 gene products [112] and can be
reconstituted with purified key proteins in vitro [113, 114].
Mutations in some of these NER genes may lead to
xeroderma pigmentosum (XP), a genetic disorder with seven
complementation groups (from XPA to XPG), and a higher
incidence of skin cancer [64]. The steps in NER consist
of sequential assembly of proteins that perform different
functions: damage recognition by XPC-HR23B, opening of
a denaturation bubble by TFIIH, incision of the damaged
strand by XPG and ERCC1-XPF, displacement and excision
of the lesion-containing oligonucleotide (24–32 base long),
repair synthesis by DNA polymerase δ/ε, and DNA ligation
by ligase III. There are two subsets of the pathway: global
genomic repair (GGR) and transcription-coupled repair
(TCR) that differ in the mode of damage recognition and
are regulated by differential cellular mechanisms [105,
107, 110, 111]. GGR is involved in repair of DNA lesions
from the transcriptionally silent regions of the genome
and the nontranscribed strand of the active genes. GGR
probes for DNA lesions that cause structural distortion or
chemical alteration. TCR preferentially repairs the distorting
lesions on the transcribed strand in active genes in order to
avoid a stalled RNA polymerase II. The mammalian NER
activity appears to be mostly modulated by posttranslational
modifications and by protein-protein interactions.

NER activity can be measured in cell-free extracts by
the cleavage of site-directed oligonucleotide containing an
adduct or by the extent of DNA repair synthesis in damaged
plasmid DNA. Figure 3 shows the structures of important
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toxic and mutagenic bulky adducts as NER substrates
which are formed by those major carcinogens in cigarette
smoke, including PAHs, acrolein, 4-ABP, and benzene. NER
also processes endogenous bulky DNA adducts formed by
enals from LPO [115]. In addition, intra- and interstrand
crosslinks such as those generated by UV light and cisplatin
are usually repaired by NER [64]. These crosslinks could
also be formed by bifunctional tobacco chemicals such as
acrolein and crotonaldehyde [116]. Therefore, NER is a
critical repair pathway for protecting against the tobacco
carcinogen-induced mutagenesis and carcinogenesis.

(1) Formation and Repair of PAH-Derived DNA Adducts.
PAHs are thought to be the major contributors to the
etiology of smoke-induced cancers, particularly lung cancer.
B[a]P was the first carcinogen to be found in cigarette
smoke [117] and has been extensively studied as a sur-
rogate for PAHs. It is present in cigarette smoke at low
levels (10–50 ng/cigarette) but is higher than other PAHs
[11]. In one well studied metabolic pathway mediated
by successive P450/epoxide hydrolase/P450, B[a]P yields
active carcinogenic epoxides, mainly B[a]P-7,8-diol-9,10-
epoxide (BPDE) [18, 118]. The diol epoxide exists as two
diastereoisomers, anti- and syn-BPDE, each of which can be
resolved into (+)- and (−)-enantiomers. The isomer (+)-
anti-BPDE has the greatest tumorigenicity in vivo [119]. The
latter reacts at the N2 of dG to yield either trans- or cis-ring
opening of the epoxide ring, forming (+)-trans- and (+)-
cis-BPDE-N2-dG adducts [120, 121]. Similarly, (−)-anti-
BPDE forms (−)-trans- and (−)-cis-BPDE-N2-dG adducts.

Of these four stereoisomeric adducts, (+)-trans-BPDE-N2-
dG is the most abundant, which is also the major adduct
identified in vivo [122, 123] and was detected in 45%
of smokers’ lung [124]. A second path for the activation
of B[a]P involves P450-mediated activation to yield free
cations [125] that can induce unstable adducts leading to
AP sites. A third metabolic pathway is through aldo-keto
reductase superfamily-mediated oxidation of B[a]P-7,8-diol
to catechol that enters into a redox cycle to form a reactive
B[a]P-7,8-quinone (BPQ) [126, 127]. Although a recent
study did not support that BPQ forms stable DNA adducts
in mice [128], there is evidence that this pathway operates in
human lungs leading to ROS-mediated genotoxicity such as
causing G to T transversions that inactivate p53 [127, 129].
So far, the relative importance of these pathways in cancer
development remains to be determined.

BPDE-DNA adducts are recognized and repaired by E.
coli NER complex UvrABC nuclease [130] and human NER
[131–133]. Taking advantage of the stereochemistry involved
in the formation of these bulky adducts, a number of studies
addressed the effects of adduct conformation, base paring,
and sequence context on DNA repair. For example, using an
in vitro repair system with oligonucleotides containing one
of the four BPDE-N2-dG adducts described above Hess et al.
showed that the rates of human NER repair of these adducts
are dependent on their different stereochemical configura-
tions [131]. The rates of excision were found to vary over
100-fold among these dG adducts, and the cis-adducts of dG
are repaired more rapidly than the trans-adducts [131]. It
was later found that different conformations of these adducts
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are recognized differentially by the NER lesion recognition
complex XPC-HR23B, which can be correlated with the rel-
atively low repair of (+)-trans-BPDE-N2-dG [121]. Similar
correlations were observed with UvrABC nuclease [134]. To
further show the importance of local DNA conformation,
the nature of the base opposite a BPDE adduct is found
to be critical in modulating the repair rates [38]. As will
be discussed below is Section 2.5, the processing of BPDE-
DNA adducts by both UvrABC and human NER is also
sequence dependent. BPDE forms N6-dA adducts in native
DNA as well, although relatively inefficiently [135, 136],
which exhibit differential conformation and perturbation of
DNA duplex than the BPDE-dG adducts [35]. Using cell
extracts, human NER activity has been shown for the (+)-
or (−)-trans-anti-BPDE-dA adducts [38, 131].

Several early studies showed that repair of BPDE-
DNA adducts occurs much faster in the transcribed strand
than in the nontranscribed strand of HPRT or p53 genes,
indicating that these adducts are subject to TCR [137, 138].
These adducts block human RNA pol II elongation on the
transcribed strand, which could be a signal for initiating
TCR, also in a stereochemistry- and sequence-dependent
manner [139]. A later work shows that common genetic
variations in Cockayne syndrome A (CSA) and B (CSB)
proteins are associated with NER repair capacity of BPDE-
induced DNA damage in smokers [140]. Mutations with
CSA and CSB result in Cockayne syndrome with impaired
TCR [64]. Taken together, this strand preference in repair
may contribute to the mutational property of the human
lung cancer p53 gene in response to BPDE exposure: repair
of BPDE adducts along the nontranscribed strand of p53 is
consistently slower than repair in the transcribed strand, and
repair at the major damage hotspots in the nontranscribed
strand is 2–4 times slower than repair at other damage sites
[138].

Dibenzo[a,l]pyrene (DB[a,l]P) is another PAH that has
been found to be present in tobacco smoke particulates and
is the most potent carcinogen of the PAHs tested to date
in rodent systems. Similar to the B[a]P-derived adducts, the
bulky adducts formed by (±)-anti-DBPDE possess different
structures and adopt different conformations [141]. They
are differentially repaired by NER in human cells with some
being poorly removed, as shown by a recent study [39]. The
repair of DBPDE-DNA adducts by NER has been shown to
be slower than the repair of BPDE-DNA adducts [142]. In
general, the poor repair by NER of DBPDE-DNA adducts, at
least some of them, may account for the high carcinogenicity
of the parent compound.

(2) Formation and Repair of DNA Adducts of Aromatic Amine
4-ABP. Chemicals in this class such as 4-ABP bind to DNA
bases mainly at C-8 position. Adducts can also be formed
at N2- and O6- of dG and N6- of dA [30]. 4-ABP has been
established as a major human bladder carcinogen [143]. 4-
ABP forms DNA adducts after N-hydroxylation by P450
to the mutagenic metabolite N-hydroxy-4-aminobiphenyl
(N-OH-4-ABP). N-(deoxyguanosin-8-yl)-4-aminobiphenyl
(dG-C8-ABP) (Figure 2) is the major adduct of 4-ABP,
and the minor adduct is N-(deoxyadenosin-8-yl)-4-ami-

nobiphenyl (dA-C8-ABP) [144]. The major adduct has been
detected in the human cells after exposure to N-OH-4-ABP
[145]. This adduct was also identified from DNA of the
bladder biopsy samples from smokers and is quantitatively
related to smoking status [146]. dG-C8-ABP adducts have
been identified from human bladder cancer tissues [147,
148]. Moreover, higher levels of DNA adducts correlated
with more invasive tumors (higher tumor grades) [147]. The
unique binding pattern of 4-ABP in the p53 gene, that is, the
p53 mutational hotspots in bladder cancer at several codons
are also the preferential sites for 4-ABP adduct formation,
links 4-ABP to the etiology of bladder cancer [149].

Although the detailed molecular mechanism of the
repair of 4-ABP-DNA adducts is not clear, DNA fragments
modified with N-OH-4-ABP were shown to be incised by
E. coli NER complex, the UvrABC nuclease [150]. An early
study investigated the rate of disappearance of dG-C8-ABP
in human transitional cell carcinomas of the bladder and
showed that the majority of the adducts can be removed
within 48 hours after treatment with 4-ABP [151]. Another
study showed that dG-ABP was repaired rapidly while dA-
ABP persisted in human uroepithelial cells [144]. There is
evidence of the human NER pathway involvement in the
repair of these adducts, as the host cell reactivation (HCR)
assays performed in NER-deficient cells showed reduced
repair of DNA lesions from plasmid treated with 4-ABP
[152]. In addition, it was shown that loss of function of the
p53 gene in human bladder epithelial cancer cells reduces
the efficiency of repair of dG-C8-ABP, suggesting that p53
may modulate its repair in target cells [151, 153]. The
relationship between deficient DNA repair of 4-ABP-DNA
adducts and increased bladder cancer risk was supported
by the findings that such repair capacity was significantly
lower in bladder cancer cases than in controls, and ever-
smokers with low DNA repair capacity exhibited a 6-fold
increased risk compared with never smokers with normal
repair capacity [152].

(3) Formation and Repair of Propano Adducts of α,β-
Unsaturated Aldehydes (Enals). Enals can arise from both
cigarette smoking and endogenous LPO [154]. Cigarette
smoke contains relatively high concentrations of acrolein and
crotonaldehyde. HNE is a unique product of ω-6 of PUFAs
[92]. Acrolein is the simplest enal and is a model chemical for
this class of carcinogens. Acrolein is one of the most abun-
dant compounds in MSS (60–100 μg/cigarette) and is also
present in SSS at high concentrations [5]. It is highly reac-
tive without metabolic activation. Acrolein forms exocyclic
adducts on DNA bases, predominantly 1,N2-dG adducts
[155, 156]. The principal adduct is γ-hydroxypropano-2′-
deoxyguanosine (γ-OH-PdG) that exists as a mixture of
C8-OH epimers (Figure 3) [157], and the other adduct
is α-hydroxypropano-2′-deoxyguanosine (α-OH-PdG). The
mutagenicity of α-OH-PdG is well established, while the
mutagenicity of γ-OH-PdG has been reported with mixed
results [158, 159]. Both adducts were recently found in
human lungs using LC-ESI-MS/MS [160]. Acrolein-DNA
adducts have been detected in the tissues of cigarette smokers
with significantly higher levels than those of nonsmokers
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[161, 162]. Likewise, both crotonaldehyde and HNE also
form stereoisomeric propano dG adducts, and increased
crotonaldehyde-dG adduct levels were observed in smokers
[163]. HNE adducts have also been detected in rodent and
human tissues [163, 164]. The mutagenic potential of these
dG adducts were recently summarized by Minko et al. [157].

γ-HO-PdG is a substrate for E. coli UvrABC nuclease
[43, 165]. In humans, NER of this adduct has been reported
[158]. There is also biochemical evidence that the HNE-
DNA adducts are repaired by UvrABC [92] and mammalian
NER in cell-free extracts [92, 166]. A recent study revealed
that NER and recombination, but not MMR, are involved
in repair of HNE-treated phage DNA replicating in E. coli
[167]. Moreover, the repair rates were shown to be affected
by the adduct stereochemistry when four HNE-dG isomers
were tested [166]. Interestingly, although BER is able to excise
the 1,N2-εG adduct, it appears to have no in vitro activity
towards the structurally analogous adducts γ-OH-PdG, α-
OH-PdG, and PdG [168] and no in vivo protective role in
a mutagenesis assay based on the vector containing a γ-OH-
PdG [169].

Recent findings also pointed to the role of highly accurate
TLS in protecting cells from the potential genotoxicity of
the acrolein-DNA adducts [158, 165]. Previous in vivo site-
specific mutagenicity studies have shown an efficient error-
free bypass of the γ-HO-PdG adduct [165, 170]. Work from
E. coli indicated that NER, recombination repair, and error-
free TLS are all involved in the cellular response to this major
acrolein-dG adduct [165].

(4) Formation and Repair of In Vivo HQ-/p-BQ-Induced
Hydroxyphenyl Adducts. Benzene is a well-established
human carcinogen and is associated with an increased risk
of leukemia [171]. It is a significant volatile compound
in the vapor phase (12–48 μg/cigarette) [5]. In one major
metabolic pathway, benzene is converted by P450 to benzene
oxide which is further converted to phenol, catechol (CAT)
and various derivatives [20, 172] (Figure 4). One biologically
important stable metabolite is p-BQ, an oxidation product
of HQ [20, 172]. A number of bulky DNA adducts have
been detected in vitro and in vivo when exposed to HQ
or p-BQ [95–98, 173–177]. Reaction of p-BQ or HQ with
DNA in vitro has been shown to result in the formation
of two ring exocyclic benzetheno adducts on dC, dA, and
dG [95–98]. These adducts are highly mutagenic as tested
in vitro with human pols involved in TLS and in yeast by
site-directed mutagenesis [178]. The Bodell group has found
that the DNA adducts formed in animals after benzene
administration are identical to those produced in cells
treated with HQ, suggesting that HQ is the main benzene
metabolite causing adduct formation in vivo [177]. By
32P-postlabeling, the principal DNA adduct caused by HQ or
p-BQ corresponds to N2-(4-hydroxyphenyl)-2′-dG(N2-4-
HOPh-dG) [173, 177]. Exocyclic adducts were also detected
in vitro from reactions of trans,trans-muconaldehyde
(MUC), a reactive ring-opened diene dialdehyde formed
from a minor metabolic route [179, 180]. It is still unclear
as to what role the above covalent DNA adducts may play in
benzene-induced carcinogenesis, since benzene also induces

other types of DNA damage as well as chromosomal damage.
For example, oxidized bases such as 8-oxoG can be caused
through the quinone/hydroquinone redox cycling [11] (also
see Section 2.1). Benzene also generates DNA strand breaks
[181, 182] through direct attack by ROS or unstable DNA
adducts. As shown in Figure 4, catechol o-quinones can react
with DNA by 1,4-Michael addition to yield major N3A and
N7G adducts which are unstable and generate AP sites [183].

We recently reported the repair of N2-4-HOPh-dG E. coli
UvrABC nuclease [184]. The specificity of such repair was
also compared with those of DNA glycosylases and damage-
specific endonucleases of E. coli both of which were found
to have no detectable activity toward this adduct. We also
showed that p-BQ-modified plasmid is efficiently cleaved by
UvrABC, indicating the involvement of NER in repair of
benzene-derived DNA damage [184]. The role of NER in the
repair of HQ/p-BQ-induced DNA damage was also suggested
in another mutagenesis study using HQ- or p-BQ-treated
plasmid containing the supF reporter gene in NER-deficient
(XPA) human cells [185]. Note that HQ- and p-BQ-derived
exocyclic adducts are repaired by a different mechanism
called nucleotide incision repair (NIR), as discussed below.
In general, although benzene metabolites show relatively low
DNA binding activity in vivo, their induced DNA damage
and repair seem to be complex [186].

2.3.2. Base Excision Repair (BER). BER is the primary repair
mechanism for the removal of small DNA lesions such as
alkylated, oxidized, and deaminated bases from endogenous
sources or environmental carcinogens [64, 187–191]. The
steps of the BER pathway have been well characterized [64]:
it is initiated by a damage-specific DNA glycosylase that
recognizes a modified base and cleaves the N-glycosylic bond
between the base and the sugar moiety. Glycosylases can
be divided into monofunctional, for example, alkylpurine-
DNA glycosylase (AAG, also MPG, APNG, and ANPG) and
thymine-DNA glycosylase (TDG), and bifunctional (with
an AP lyase activity), for example, OGG1, endonuclease III
homolog 1 (NTH1), and endonuclease VIII-like glycosylases
(NEILs). Each DNA glycosylase has its unique specificity,
but overlapping activities are common among various
DNA glycosylases that may have different structures and/or
catalytic mechanisms [191]. After glycosylase, the resulting
AP site is processed by 5′ AP endonuclease, AP lyase,
and DNA polymerase activities to cleave the AP site, trim
strand break intermediates, and catalyze repair synthesis.
A DNA ligase finally completes the process by sealing the
remaining nick. The basic BER mechanism described above
is complicated by the identification of subpathways (i.e., the
short-patch and long-patch BER) in mammalian systems
[192]. There is also a network of protein-protein interactions
involving numerous proteins inside and outside of BER,
which is thought to play a key role in coordination of
BER components as well as in regulation of cellular BER
functions [193–195]. Evidence has emerged to support that
BER deficiency is an important contributing factor of cancer
susceptibility, as shown in both animal models and human
studies [196].
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Figure 4: Multiple benzene metabolites, different types of DNA lesions, and proposed biological effects. Benzene has a complex metabolism
and the listed metabolites are not a complete list. The adducts formed include those identified in vitro and in vivo, stable and unstable,
bulky and oxidized adducts. DSBs are one of the most severe DNA lesions caused directly and indirectly by benzene metabolites. Repair of
benzene-DNA adducts may include multiple mechanisms such as BER, NER, and NIR. Only those adducts that finally escape all the defense
mechanisms such as repair, or are misrepaired, may lead to mutations. Persistence or coexistence of different types of lesions could form a
broad-based attack on the genomic stability. It is also known that a number of benzene metabolites can inhibit topoisomerase II (topo II)
activity, which may represent a potential mechanism for benzene’s clastogenic effects [326].

Surveying the activities of known glycosylases indicates
that many of them are able to excise tobacco carcinogen-
induced DNA adducts, including the common alkylated and
oxidized bases and some exocyclic adducts. The tobacco
carcinogen-derived exocyclic DNA adducts listed in Figure 5
are known substrates for respective glycosylases as described
below. It should be noted that a crucial role of BER is
to repair an AP site which is mutagenic because of its

noncoding nature [197, 198]. As stated above, certain
tobacco carcinogens generate unstable DNA adducts that are
an important source of the AP sites in the genome.

(1) Formation and Repair of Etheno DNA Adducts. Etheno (ε)
adducts are the most extensively studied exocyclic adducts
[34, 199] which are formed by the attack of bifunctional
aldehydes or epoxides at a nitrogen of the base, followed
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by dehydration and ring closure [34]. Cigarette smoke is a
significant source for these adducts as shown by the urinary
levels of εC [200] and 1,N2-εG [201] in smokers. These
adducts could be formed by VC in cigarette smoke (5–
30 ng/cigarette) as well as LPO products [94]. VC is processed
by P450 yield unstable chloroethylene oxide (CEO), which
quickly converts to chloroacetaldehyde (CAA) [202, 203].
Both CEO and CAA can form ε-adducts. In experimental
animals and in humans exposed to VC, liver angiosarcomas
are the most common type of tumors. CAA has been studied
extensively in terms of forming ε-adducts, [18, 99], and the
quantitative relationships in double-stranded DNA treated
with CAA are as follows: 3,N4-εC ≥ 1,N6-εA > N2,3-εG ≫
1,N2-εG [204]. The mutagenic properties of these adducts
have been established [37], and there is evidence that ε-
adducts may be responsible for ras and p53 mutations in liver
tumors of VC-exposed humans [33].

Studies on repair of exocyclic adducts have largely been
focused on BER, except for propano-dG adducts that are
repaired by NER. ε-Adducts are repaired by BER, initiated
mainly by two human DNA glycosylases: AAG and TDG
[34]. In E. coli, they are repaired by functional homologs
of AAG and TDG: AlkA (m3A-DNA glycosylase II) and
mismatch uracil-DNA glycosylase (Mug), respectively [34].

Excision of εA. Human AAG excises this adduct from
double-stranded [205, 206] and single-stranded DNA [207].
The crystal structure of human AAG bound to DNA contain-
ing an εA has been solved [208, 209]. AAG is also the major
activity against εA in vivo, as shown in Aag−/− knockout
mice [210, 211]. Increased mutations were observed in the
hprt gene, and levels of εA were significantly higher and
persisted longer in DNA from Aag−/− mice than those from
wild-type mice when treated with vinyl carbamate [210,

211]. Moreover εA and εC accumulated to higher levels in
Aag−/− mice following stimulation of colonic inflammation,
indicating that the repair of such adducts formed by LPO
is important for protection against chronic inflammation-
induced ROS and carcinogenesis [212]. As described below,
the AlkB/ABH pathway is also involved in the repair of εA
and εC adducts. NER is not involved in its repair [213].

Excision of εC. We and Saparbaev et al. independently found
that the εC activity resides in both human TDG and E. coli
Mug proteins [214, 215]. The main biological role of TDG
appears to remove thymine from a T : G mismatch resulting
from the deamination of 5-methylcytosine (5-mC) in a CpG
site, which could be involved in active DNA demethylation
when in combination with a deaminase that converts 5-
mC to T leading to a T : G mismatch [216]. In vitro assays
have shown that the activity of TDG is most efficient when
T : G or εC : G is in a CpG sequence context [217, 218].
Recently, the crystal structure of TDG (the catalytic domain)
complexed with DNA containing an AP site was reported
[219]. Other studies have also shown low excision of εC
by human single-strand-selective monofunctional uracil-
DNA glycosylase (SMUG1) [220] and methyl-CpG binding
domain protein (MBD4 or MED1) [221].

Excision of εG adducts. In rodents, N2,3-εG represents the
predominant ε-adduct and is readily induced in hepatic
nonparenchymal cells by VC, the target cells for this com-
pound [222]. There is a correlation between the levels of
this adduct and the incidence of VC-induced angiosarcoma
[222]. E. coli AlkA excises N2,3-εG from CAA-treated DNA
[223]. Both in vitro [224] and animal studies [222] showed
that the human removal of N2,3-εG is slow. It was also
shown that repair capacity would be different in various
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cell types in liver in that the expression of AAG mRNA was
induced in the hepatocytes of rat exposed to VC, while the
nonparenchymal cells had only 20% of the AAG mRNA of
hepatocytes, indicating that the target cells for VC had much
lower expression of this glycosylase [225]. It should be noted
that N2,3-εG is also an endogenous adduct arising from LPO
[225]. 1,N2-εG, an isomer of N2,3-εG, is a substrate for both
E. coli Mug and human AAG as tested in vitro [207, 226].

Excision of hydroxymethyl ε-adducts. We recently studied in
vitro repair of two exocyclic adducts formed by acrolein
metabolite glycidaldehyde (GDA), a potent mutagen and
animal carcinogen. 7-(Hydroxymethyl)-1,N6-ethenoadenine
(7-hm-εA), the main adduct, can be found in skin cells
of mice treated topically with GDA [227]. Minor adducts
with guanosine and deoxyguanosine were also found [228].
The 8-hm-εC adduct has only been identified in vitro [229].
These ε analogs are expected to be as promutagenic as the
corresponding ε-adducts, and 8-hm-εC has been shown to
miscode when tested with mammalian DNA pols [230].
Biochemical assays have shown that 7-hm-εA is primarily
repaired by AAG [231]. While 8-hm-εC is excised by E.
coli Mug and human TDG [232], these excision activities
were from half-to a few-fold lower than the corresponding
ε activities, which could be attributed to the extra –CH2OH
group on the ε-ring [231].

2.3.3. Direct Reversal of DNA Damage

(1) Formation and Repair of Pyridyloxobutyl (POB)-DNA
Adducts of TSNAs. Tobacco-specific nitrosamines (TSNAs)
are exclusively found in cigarette smoke and are formed
through N-nitrosation of nicotine during tobacco curing and
processing [233]. Common TSNAs found in cigarette smoke
particles include NNK, NNN, and N-nitrosoanatabine
(NAB). NNK has a strong affinity for the lung and is a
systematic lung carcinogen [234]. NNK is among the most
potent lung cancer carcinogens in tobacco smoke [27].
TSNAs require activation by the P450 system [80]. In one
pathway, NNK is activated to form mutagenic O6-mG [235].
In addition, NNK- and NNN-generated reactive intermedi-
ates form bulky POB-DNA adducts, including the 7- and O6-
positions of dG and the O2-position of dC and T [84]. Four
of them have been recently characterized and detected in
NNK- or NNN-treated animals [236]. One of them, O6-[4-
(3-pyridyl)-4-oxobut-1-yl]-2′-dG (O6-POB-dG) [237–239]
(Figure 2), will be discussed here, which has been shown to
be mutagenic in both E. coli and human cells using a site-
specific mutagenesis assay and is considered a critical lesion
in NNK/NNN carcinogenesis [240]. Higher levels of adducts
are found in lung and tracheobrunchial tissues of smokers
than in nonsmokers, by the detection of 4-hydroxy-1-(3-
pyridyl)-1-butanone (HPB), a product from acid hydrolysis
of the POB-DNA adducts [80]. Most recently, 1-(N-methyl-
N-nitrosamino)-1-(3-pyridinyl)-4-butanal (NNA) was iden-
tified from thirdhand smoke (THS) as the major product
resulting from the reaction of nicotine with nitrous acid
(HONO), along with NNK and NNN [241] (see Section 3.2).

Both O6-mG and O6-POB-dG adducts have been shown
to be substrates for AGT [106, 237, 242]. However, the
repair of the bulky POB adducts has been much less
studied compared to O6-mG. AGT primarily repairs O6-
alkylguanine adducts and protects against mutagenicity of
respective alkylating agents [106]. It is not an enzyme but
an alkyl group acceptor. Repair occurs by transfer of the
alkyl group at the O6 position of G to a cysteine residue
at its active site of the protein, which results in a protein
conformational change that signals for its degradation [243].
AGT reaction is stoichiometric with O6-mG acting as a
suicide substrate; therefore, the cellular repair capacity is
limited by the constitutive levels of AGT that can be also
depleted under overdose of alkylating agents [106].

O6-POB-dG has been shown to be repaired by AGT
both in vitro [237] and in vivo [244]. This adduct is
efficiently repaired by mammalian AGTs but poorly repaired
by bacterial counterparts, AdaC and Ogt [235, 244]. Since
both O6-mG and O6-POB-dG may have implications in
NNK-induced carcinogenesis, the relative repair rates of
these two adducts by AGT should be an important factor
in determining the levels and biological importance of these
two lesions. Studies by Mijal et al. [235] demonstrated that
human AGT showed an ∼2-fold preference for the removal
of O6-mG over O6-POB-dG, rodent AGTs exhibited the
same rate, and the bacterial proteins reacted poorly with
O6-POB-dG. These data indicate the high importance of
protein structure with respect to substrate efficiency. In
conclusion, AGT is expected to be critical in the repair
of O6-alkylguanine adducts formed by tobacco-derived N-
nitrosamines. It should be noted that cytotoxicity and
mutagenesis studies suggest an NER involvement in the
removal of NNK-derived DNA damage [236, 245]. A very
weak but time-dependent in vitro NER activity was also
detected using oligonucleotide containing an O6-POB-dG
and reconstituted human excision nuclease [236].

(2) Repair of Etheno Adducts by AlkB Homologs. It was
reported in 2005 that E. coli AlkB protein and its human
homolog, ABH3, repair εA and εC in vitro [246, 247]. Later,
ABH2 was shown to exhibit robust activity for εA and
is the principal dioxygenase for removal of εA in vivo as
shown byAbh2−/− mouse studies [248]. Further experiments
showed that ABH2, but not ABH3, is able to complement
the E. coli alkB mutant which is defective in the repair
of ε-adducts [248]. AlkB is a member of the superfam-
ily of iron-/α-ketoglutarate-dependent dioxygenases. Using
bioinformatics, eight mammalian homologs of AlkB, ABH1
to ABH8, have been identified [249]. The direct reversal
mechanism for their action involves a unique iron-mediated
reaction with cofactor α-ketoglutarate that could epoxidize
the exocyclic double bond of the ε-adducts [246, 247]. The
epoxide generated can be hydrolyzed to form the lesion-
free base and glyoxal. In addition to εA and εC, these
proteins also repair other methylated/ethylated bases [250,
251]. They can act on both single- and double-stranded DNA
substrates and may play different/complementary roles to the
glycosylases as mentioned above. In general, single-strand



Journal of Nucleic Acids 13

N

N

O

N

N

N
H

HO
N

N N

N N

N

NO

HOHO

N

NIR substrates

1,N6-pBQ-dA 3,N4-pBQ-dC 1,N2-pBQ-dG

Figure 6: Structures of smoking-induced bulky DNA adducts that are substrates for NIR.

specificity suggests repair of lesions in single-stranded DNA
regions that are transiently generated during replication and
transcription.

Given that DNA glycosylases also act on ε-adducts (see
Section 2.3.2(1)), at least two repair pathways may act on
these adducts in vivo. This may explain why the incidences
of carcinomas were similar between wild-type and Aag-
knockout mice treated with vinyl carbamate [252]. Genetic
studies using AlkA-proficient and -deficient cells show that
AlkB is important for counteracting the mutagenicity of the
ε-adducts [246]. A study comparing the repair efficiency of
AlkB versus AlkA in E. coli shows that AlkA seems to be
the more important enzyme in response to exposure to CAA
[246]. Similar data were obtained from knockout mice [248],
which showed that the Abh2 activity is not sufficient for the
removal of spontaneously produced εA adducts in Aag−/−

mouse liver, whereas mouse Aag activity is sufficient to repair
spontaneously produced εA lesions in Abh2−/− mouse liver.
These results suggest that both AAG and ABH2/3 proteins
can play a role in the cellular response to the exposure of
tobacco carcinogens that generate these ε-adducts.

2.3.4. Nucleotide Incision Repair (NIR). The exocyclic ben-
zetheno p-BQ adducts are bulkier than the ε-adducts, with
an additional five-membered ring and a hydroxy group. As
might be expected, such bulky adducts hinder replication
in vitro and in vivo and cause frameshift deletions and base
mispairing [178]. In the past years, we have studied repair
of three major in vitro adducts formed by HQ and p-BQ
(designated as pBQ adducts), 1,N6-pBQ-dA, 3,N4-pBQ-dC,
and 1,N2-pBQ-dG (Figure 6). Our initial study discovered
that these adducts are recognized by the major human AP
endonuclease (APE1, also known as HAP1, APEX, and Ref-
1) as well as E. coli exonuclease III and endonuclease IV
[253, 254]. Mechanistic studies showed that human APE1
hydrolyzes the phosphodiester bond 5′ next to the adduct,
leaving the p-BQ derivative on the 5′-terminal of the 3′

fragment as a “dangling base” [253, 255, 256]. This mode of
incision was later named nucleotide incision pathway [257,
258], which also acts on several oxidized DNA bases. While
the AP site is the preferred substrate for APE1, cleavage of the
pBQ-dC adduct requires the same catalytic center as the AP

site as shown from mutant APE1 proteins [256]. Molecular
dynamics simulations [36] suggest that APE1 utilizes a
reaction mechanism for phosphodiester bond cleavage of
DNA containing pBQ-dC similar to that reported for the AP
site [259]. Given that these adducts have not been reported
to be present in vivo, the biological role of these adducts as
well their repair by NIR awaits further investigation.

2.3.5. Summary. The repair mechanisms for representative
bulky DNA adducts discussed above are summarized in
Figure 7. It should be emphasized that most of the repair
studies in the past have applied a single compound for
modification or exposure, and results from such studies
cannot be simply extrapolated to real exposures. However,
the information on repair specificity and efficiency from such
studies provides the framework for further evaluation of
potential relationships among repair deficiencies, carcinogen
mutagenicity, and human susceptibility to cigarette smoke.
Also, as stated above, tobacco carcinogens are able to generate
other specific DNA lesions in addition to bulky DNA
adducts. The importance of bulky DNA adducts relative
to other types of DNA lesions needs further investigation,
and in any case, a combined action from different types
of DNA/chromosomal damage, as demonstrated in Figure 4
for benzene’ biological effects, is expected to be the basis of
genotoxicity conferred by many tobacco carcinogens.

2.4. Molecular Structure of DNA Adducts and DNA Repair. A
crucial question in repair is how repair proteins recognize
DNA adducts, since repair specificity has both biochemical
and biological implications. A related question is “what are
the factors responsible for good and poor repair?” To date, we
have learned a great deal with regard to what structural fac-
tors of adducts and repair proteins determine the specificity
and rate of repair, mainly based on biochemical data atomic
resolution structures of adducted DNA and repair proteins
[64, 102, 260, 261].

The study of how a DNA adduct affects the structure of
DNA and how it interacts with its repair protein is essential in
order to develop a theory for both why only some adducts are
repaired and the specific mode of repair. When surveying the
multiplicity of DNA substrates for NER, the primary repair



14 Journal of Nucleic Acids

Repair pathway

BPDE adducts
(PAHs)

dG-C8-ABP
(4-ABP)

PdG adducts
(Enals)

HOPh-dG
(Benzene)

M1G, HNE-G
POB adducts
(NNK, NNN)

C
ig

ar
et

te
sm

ok
e

AGTRepair pathway NIR MMR ABHs HR
NHEJ

DSBs

ε-adducts
(Vinyl chloride)

NER BER

AP sites

Unstable
adducts

Small base
modifications

Cross-links

pBQ adducts
(Benzene)

ROS

LPO

Figure 7: Summary of specificity of repair of tobacco carcinogen-induced bulky DNA adducts by the major DNA repair pathways. Some
of the nonbulky DNA lesions and their repair mechanisms are also presented. For example, DSBs caused by cigarette smoke are repaired by
nonhomologous end joining (NHEJ) and homologous recombination (HR). Note that overlapping substrate specificity is common.

pathway for many bulky DNA adducts, one basic question
is how NER recognizes these chemically diverse substrates
through the common structural features of the recognition
unit XPC-HR23B. Moreover, what is the basis for the fact
that the repair rates of different bulky adducts by NER can
vary by several orders of magnitude [111, 262]? It should
be recognized that, as described above, the complexity of
these adducts is enormous, including those adducts that are
formed by compounds with stereochemical properties (e.g.,
BPDE, acrolein, and HNE). Recognition and repair rates of
such stereoisomeric adducts generally reflect or depend on
adduct conformation. In the case of BPDE-N2-dG adducts,
both their removal by human NER [131] and patterns of
helix opening by XPC-HR23B [121] are stereochemistry
dependent. Recently, crystal structures of NER proteins,
that is, bacterial UvrB [263] and yeast Rad4 (human XPC
homolog) [264], complexed with damaged DNA, have been
described, both of which suggest a mode of action involving
strand separation and nucleotide flipping for the bulky DNA
lesions.

As for BER, a number of high-resolution structures of
glycosylases, including those complexed with DNA lesions,
have provided a valuable insight into adduct selection as well
as mechanisms of base flipping and catalysis [260, 261, 265].
In addition, molecular modeling studies such as molecular
dynamics simulations have offered additional information
about the structural features of DNA substrates and their
interactions with repair enzymes [36, 266]. Some common
features of recognition by DNA glycosylases can be summa-
rized based on the reported structural studies: (1) adduct
shape, hydrogen-bonding potential, and electric charge
distribution are key for recognition; (2) base unstacking is
present at the lesion site; (3) the target nucleotide has to be
flipped out of the DNA duplex and fit in the active site of
a glycosylase [261]. Similarly, AP endonucleases flip an AP

site out into their active sites, as shown by the co-crystal
structures [259, 267]. Early on, we had some puzzling
questions for this pathway and its glycosylases. For example,
why are structurally related adducts repaired differentially?
for instance, BER excises the 5-membered unsaturated
exocyclic εG but not the 6-membered propano-dG [34, 157].
Also, why can lesions with largely diverse structures be
processed by the same protein, as seen by human APE1
acting on both AP site and pBQ-dC [253, 255, 256]? In
general, the key to the specificity of recognition has been
known to be not only the primary adduct structure, but
the localized effect of each adduct on DNA structure as well
as on thermodynamics, and, moreover, the structure and
function of the repair protein. Since most repair enzymes act
on adducts in double-stranded DNA, each adduct may cause
differing distortion and flexibility as a result of factors such
as being in the major or minor groove, syn or anti, planar or
angular, adjacent base pair tilting, propeller twist, and helical
twist [102]. Ultimately, it is hoped that we can predict repair
specificity/efficiency as well as identify structural hallmarks
of mutagenic lesions in the genome, using appropriate
computational and/or screening approaches. This can only
be done after a large amount of structural and theoretical
data have been acquired, which relate adduct structural
features with outcomes of repair and mutagenesis.

2.5. Nucleic Acid Sequence, Mutational Hotspots, and DNA
Repair. The sequence-dependent repair infers that local
DNA structures adjacent to an adduced nucleotide are
important determinants of repair specificity and efficiency.
The study of the role of sequence in base modification was
started mainly in the 1980s in terms of sequence selectivity
for mutational events which were generally induced by
environmental agents [268]. Extensive work on relating
sequence-dependent adduct formation and mutation has
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been done using chemical modification (e.g., BPDE) of
genomic DNA, followed by determination of the mutation
pattern and spectra [268]. These data were among the
first used to substantiate the concept of “hotspots”; that
is, for a given reagent, there was site specificity for DNA
modification. An example is that in vivo, only the second
guanine residue in codon 12 (GGA) of the H-ras gene
was modified by an alkylating agent, leading to G : C to
A : T mutations [269], which is consistent with other studies
demonstrating the sequence-dependent formation of O6-
alkylguanine in DNA [270, 271].

In addition to preferential DNA adduct formation at
specific sites, poor repair is another major determinant of
mutational hotspots [30]. Many studies have highlighted
the importance of sequence context in influencing the rate
and extent of repair [268]. Examples among the tobacco
carcinogen-induced bulky DNA adducts are BPDE-DNA
adducts [134, 138, 272–274], POB-DNA adducts [242], εA
[275], and εC [232], whose repair efficiencies could vary
over manyfold when present in different neighbor sequences.
These examples involve repair systems including at least
NER, BER, NIR, and AGT [268]. A review by Singer and
Hang commented on many enzymes in these pathways with
regard to the role of adduct, neighbor bases, and repair
rate [268]. Also, Donigan and Sweasy recently summarized
the known sequence context-specific activities of several
glycosylases and polymerase β in BER [276]. It can be
concluded now that sequence-dependent repair tends to be
predominant, instead of being a random phenomenon.

Mechanistically, the structural factors that modulate
sequence-dependent repair have been well studied with
certain adducts such as BPDE-DNA adducts [274, 277].
An NMR study using a sequence containing a natural GG
mutational hotspot showed that the presence of the major
BPDE-derived dG adduct at one of the two neighboring G
positions resulted in significantly different local structural
distortions, especially bending or kinking at the adduct posi-
tion and destabilization of Watson-Crick hydrogen bonding
of the flanking base pairs [35]. Using the same sequences,
Kropachev et al. demonstrated that such hydrogen bonding
destabilization elicits the most significant NER response,
while the flexible kink is less important in such interaction
[274]. It is also apparent that the chemical nature of a DNA
adduct itself can affect the effect of neighbor sequences. For
example, the repair of a POB adduct by AGT is more strongly
influenced by its neighbor bases than that of the smaller
methylated base substrate [242].

Regardless of the nature of the specific structural dif-
ferences discussed above, current evidence also supports
that thermodynamic stability of lesion-containing oligonu-
cleotides plays an important role in sequence-dependent
repair [268, 274, 278]. In the case of BPDE-DNA adducts, the
degree of local thermodynamic destabilization was related to
the degree of recognition of duplex sequences containing a
bulky adduct by the NER machinery [262, 274, 279]. Both of
our studies on sequence-dependent repair of εA [275] and
AP site [280] also demonstrated a role of thermodynamic
properties in influencing double-strandedness of the sub-
strates and repair their efficiency.

Recent studies have discovered a strong coincidence of
mutational hotspots in human lung cancers and the sites
of preferential binding of BPDE [42, 281] and acrolein [43]
in the p53 gene. The overall prevalence of p53 mutations is
higher in cigarette smokers than in nonsmokers [51, 52].
A number of hotspots have been found along p53 in lung
cancer which are generally G to T transversions [30]. It
has been reported that in PAH- or acrolein-treated cells the
same positions of their mutation hotspots are also major
hotspots for mutations observed in human lung cancers
from smokers, strongly suggesting a role of DNA adducts in
etiology of these cancers [30]. As discussed above, poor/slow
repair of DNA adducts at these sites may be a major factor
for their occurrence and persistence at these mutational
hotspots. To further support this nation several groups in
the mid-1990s examined the in vivo repair rates along a
gene fragment using the ligation-mediated PCR technique
[282]. As for BPDE adducts in human HPRT and p53
genes, Wei et al. [272] found that repair rates can differ
markedly from site to site over a time period, as measured
by the percentage of adduct remaining. Moreover, very slow
repair was observed at certain positions that are frequently
mutated after BPDE treatment [272]. These studies clearly
indicate a correlation between inefficient DNA repair and the
occurrence of mutation hotspots. Finally, in addition to site-
specific preferential formation of DNA adducts and sequence
context of DNA repair, the biological selection of induced
mutations is also considered important for the hotspot
phenomenon, which gives cells with specific mutation(s)
a growth advantage and results in dominant mutations in
cancer cells [283, 284].

2.6. Interindividual Variations in Response to Tobacco Car-
cinogens and Cancer Risk. It has long been recognized that
only a small percent of cigarette smokers develop cancer,
for example, ∼11%–24% of smokers develop lung cancer
[285], which suggested that interindividual variability in key
cellular processes is crucial in response to tobacco carcino-
gens. Many molecular and epidemiological studies have been
revealing a multifactorial nature of such variability [286–
289]. One top aim of the target cancer prevention programs
is to identify smokers and nonsmokers exposed to SHS
with higher susceptibility. The interindividual differences
discussed below will be focused on those genotypes and
phenotypes involving DNA repair capacity (DRC) in relation
to the mutagenicity and carcinogenicity of tobacco-induced
bulky adducts.

Considerable progress has been made towards a bet-
ter understanding of the association between individual
tobacco carcinogens and tumor development in specific
organs/tissues [12], as exemplified by the following cases:
NNK and PAH are potent lung carcinogens; aromatic
amines such as 4-ABP are the main cause of bladder cancer
in smokers; benzene induces acute myelogenous leukemia
(AML). Whether reduced or deficient DRC for tobacco
carcinogen-derived DNA damage is associated with somatic
mutation and susceptibility to cancer has been a subject
of investigation. A commonly used approach is to measure
the repair or levels of specific DNA adducts which serve as
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an intermediate end-point of genotoxicity [14]. Decreased
repair activities for bulky DNA adducts have been observed
in cells/tissues of cancer patients. For example, epidemiologic
studies using the HCR assay showed that low cellular DRC in
response to BPDE-induced DNA damage is associated with
increased risk of lung, head, and neck cancers [65, 286, 290].
Biochemical studies also showed that reduced repair of εA
and εC adducts was present in lung adenocarcinomas [291].
In principle, the phenotypes of DNA repair must be char-
acterized for mutagenic adducts and any newly identified
adducts in smokers and nonsmokers exposed to SHS.

Deficient repair towards tobacco smoking-related DNA
adducts may occur under various mechanisms. A common
one is polymorphisms in relevant DNA repair genes, such
as those identified in the NER, BER, and AGT pathways
[289, 292, 293]. It has been shown that cellular levels of
DNA adducts such as those arising from BPDE exposure can
be affected in some of those genetic variants [132, 294]. In
the last decade, although mixed or discrepant results have
been reported, positive results on numerous polymorphisms
in DNA repair genes, along with those in metabolic genes,
have been revealed and are continuously being found in the
context of cigarette smoking and cancer [22, 295, 296]. It
seems that polymorphisms in tobacco metabolism and/or
repair should lead to differences in both local carcinogen
levels and/or DNA adduct levels in vivo [14]. Another
mechanism that can cause the loss of DNA repair capacity
is LOH; for instance, LOH at the human 8-oxoG-DNA
glycosylase (OGG1) gene locus is a frequent event in lung
cancer, which would increase the mutational load from 8-
oxoG due to ROS in smokers [297].

DRC could also be influenced by nongenetic factors that
cause a phenotypic reduction/ablation of repair activities.
Examples of such factors include those that are disease
related, for example, NER deficiency in XP and Cockayne
syndrome patients [64, 140], and those that are repair-
inhibition based. For the latter, carcinogen-mediated effects
on proteins play an important role. Two types of tobacco
chemicals can cause protein damage and inhibit repair. There
are at least 30 metals in cigarette smoke, including arsenic,
cadmium, nickel, and chromium, which have been shown
to inhibit various DNA repair enzymes and pathways [298–
302]. For instance, both arsenic and nickel compounds
interfere with the repair of BPDE-DNA adducts [298, 299].
Cadmium and chromium (VI) are also known as effective
DNA repair inhibitors and play a similar role in influencing
adduct levels in smokers [303, 304]. Therefore, coexposure
to these heavy metals by smokers may enhance the mutagenic
potential of genotoxic tobacco carcinogens [305]. In addition
to metals, certain tobacco carcinogens themselves have been
found to inhibit DNA repair, as exemplified by acrolein
inhibiting NER repair of BPDE-DNA adducts [43]. Similar to
metals, the coexistence of these chemicals in cigarette smoke
is also expected to lead to more persistent or severe DNA
damage as a result of suppressed DNA repair.

In addition to tissue differences in bioactivation of
tobacco carcinogens [306, 307], recent studies in rodents
suggest that the DRC in a given organ/tissue/cell type may
play a role in organoselectivity of tobacco carcinogens.

For example, both AGT [308] and NER [309] activities
are related to the interorgan differences in response to
NNK treatment, which could be an important factor in
determining organ-specific susceptibility to NNK-induced
carcinogenesis. Another example is benzene which targets
the bone marrow. DNA adduct levels in the bone marrow
of benzene-treated mice are significantly higher than those
in liver, as shown by tissue distribution studies [310].
Interestingly, although no repair capacity has been tested
for a particular benzene adduct in vivo, when treated with
alkylating agents, the DRC of primary human hematopoietic
CD34+ cells from bone marrow was significantly lower than
more differentiated CD34− cells of the same donor [311]. In
general, the tissue- or cell type-specific responses to tobacco
exposure and their mechanisms are not well understood and
await more extensive investigation.

3. From the Known to the Unknown:
Future and Perspective

3.1. Uncharacterized Adducts and Repair. The bulky DNA
adducts discussed here are only a small list of represen-
tatives derived from tobacco carcinogens. We need not
only more information on these important bulky adducts,
but also more knowledge of those other adducts that are
still not understood. (1) There are many other chemicals
in cigarette smoke that have not yet been evaluated for
DNA adduct-forming ability. For instance, there are 18 N-
nitrosamines and 106 aldehydes present in cigarette smoke
[10]. (2) Chemicals may be neglected only because of their
lower concentrations in cigarette smoke. For example, some
PAHs exist in cigarette smoke at low amounts relative to
B[a]P. Some of these compounds may even have stronger
carcinogenic effect [30]. (3) The research attention tends
to be more focused on the effect of the major adducts of
a chemical carcinogen. However, in some cases, the minor
adducts are substantially more mutagenic than the major
ones. For example, the biological response of N-nitrosamines
could be correlated with minor forms of DNA damage
[312]. However, the repair specificity and kinetics of these
DNA lesions are still unknown. (4) Many bulky adducts
have been identified in vitro under physiological conditions
but have not been detected yet in vivo. Examples include a
number of exocyclic adducts formed by benzene metabolites
(Figure 4). Although many in vitro studies have been focused
on the HQ- and p-BQ-derived benzetheno adducts [313]
and MUC-DNA adducts [179], no conclusion can yet be
drawn on whether they are formed in cells/tissues. (5)
In some cases, bulky DNA adducts are detected from the
tissues of exposed humans or animals using 32P-postlabeling,
but their chemical structures have not been elucidated.
These adducts were generally described in the litrature as
“aromatic or hydrophobic adducts”. (6) Endogenous DNA
adducts can be formed as a result of cigarette smoke, which
is currently attributed to the formation of LPO products
[92–94]. Further research is needed to learn the dose-
response relationship with regard to the formation of these
adducts as well as their relative importance in smoking-
induced carcinogenesis. The complexity of such analysis
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is that the same DNA adducts, for example, the ε-DNA
adducts, are generated by both tobacco carcinogens and
endogenously formed compounds, even though they can
be chemically different [49]. (7) Although the majority
of studies on adducts and cancer have focused on stable
ones, many adducts formed by tobacco carcinogens are
chemically unstable, for example, the benzene-derived CAT-
4-N3A and CAT-4-N7G [183], and the potential effects of
such adducts versus stable adducts are largely unknown. (8)
Many DNA adducts have been detected, some in cells/tissues,
but not yet characterized with respect to their repair. An
example is that the epoxides of 1,3-butadiene [314, 315],
a tobacco carcinogen in both MSS and SSS, cause the
formation of N-1-(2,3,4-trihydroxybutyl) adenine adduct
in human samples [316], but its repair is unknown. (9)
Sometimes cellular repair has been detected using repair-
deficient cells/animals in combination with mutagenesis
assays, but detailed biochemical properties of such repair
have not been elucidated. In other cases, repair studies have
only been performed in vitro, such as the p-BQ-derived
benzetheno adducts [253, 255]. Although animal studies
have limitations with significant differences from humans,
many important experiments on the formation and repair of
carcinogenic adducts can only be performed in appropriate
animals. The major difference is that in vivo, enzymes may be
inducible and become saturated at the carcinogen dose used,
and in the genome, there can be preferential repair as well as
organ and cell variations and there may be cooperative repair
mechanisms which have not been well understood. This is
only a partial list of the reasons why repair specificity and
efficiency discovered in vitro have to be validated in vivo.

3.2. SHS and THS Carcinogens and DNA Adducts. To inves-
tigate the relationship between cigarette smoking and DNA
damage, understanding of the chemical and biophysical
properties of various forms of tobacco smoke is also critical.
For instance, although a great deal is known about the
chemistry and toxicity of MSS and SHS, little is known
about the identity and molecular toxicology of toxicants
produced de novo in THS [6, 7]. However, it has been well
established that indoor surfaces significantly adsorb semi-
and nonvolatile SHS compounds, for example, nicotine, 3-
ethenylpyridine, naphthalene, cresols, and phenol which are
slowly reemitted into the air [317–320]. Therefore, all of
these compounds can be significant components in THS.
Moreover, compounds sorbed onto a surface can undergo
chemical transformations by reacting with common reactive
atmospheric species. Recent indoor chemistry studies have
elegantly revealed that nicotine reacts with ozone (O3) to
yield aldehydes and possibly myosmine [317] and with
nitrous acid (HONO) to form NNA, NNN, and NNK [241]
(Figure 8). NNA was identified as the major product, which
is absent in freshly emitted tobacco smoke but found in
in vitro reaction of nicotine with NaNO2 [321]. NNA has
a mutagenic activity similar to that of NNN [322], but its
tumorigenic activity in animals was not conclusive [323,
324]. So far, nothing has been tested for its potential to form
DNA adducts, but it is expected to be reactive with DNA
due to its aldehyde group. Therefore, it would be important
to assess its intake and biological properties. Based on their
chemical structure, all of the by-products shown in Figure 8
are anticipated or have already been known to form DNA
adducts.
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As stated earlier, SSS and SHS, the precursors of THS,
contain thousands of chemicals, including nicotine and
well-defined carcinogens, partitioned between the gas and
particulate phases. The secondary analysis by Schick’s group
of animal experimental data from the past documents of
Philip Morris available at University of California, San
Francisco (UCSF) concluded that the mature and “aged”
SSS is several-folds more toxic than the fresh SSS [325].
Such evidence constitutes compelling and sufficient rationale
to determine the chemical composition of unique toxicants
produced in THS de novo and to detect new/different types
of DNA adducts formed by “aged” SSS. In conclusion, this is
a new and important research area with regard to developing
strategies and methods to identify the chemical components
SHS aging and THS and to assess currently unknown
genotoxic potential and biomarker availability through DNA
adduct studies.

3.3. Future Directions. Understanding the mechanisms of
formation and repair of bulky DNA adducts is critical for
analysis and management of tobacco-induced mutagenesis
and carcinogenesis. It is hoped that continued studies
will provide more information about the structural and
biological implications of specific bulky DNA adducts and
the broader range of their effects during the pathogenesis.
Future efforts should be made to identify and characterize
novel compounds and adducts, such as those produced in
aged SHS and THS, to identify those highly mutagenic
adducts that are refractory to DNA repair, to find adducts
as reliable biomarkers for measuring exposure, especially for
SHS and THS, to explore new potential biological functions
of adducts, such as their interactions with cellular signaling
networks, impact on stem cells of target tissues, and roles in
epigenetic changes, and to find effective ways to inhibit DNA
adduct formation in target organs. Innovative study designs
along with more comprehensive approaches (e.g., systems
biology) and new technology development (e.g., high-
throughput analysis) will be important for achieving these
goals. Ultimately, a better knowledge of the mechanisms by
which the chemical carcinogen exposure increases cancer risk
in smokers and individuals exposed to SHS/THS could lead
to new strategies for cancer prevention and could serve as
the experimental evidence for framing and enforcing tobacco
control policies in order to minimize health hazards and
protect vulnerable populations.
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SSS: Sidestream smoke
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THS: Thirdhand smoke
PAH: Polycyclic aromatic hydrocarbon
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O6-mG: O6-Methylguanine
8-oxoG: 7,8-Dihydro-8-oxoguanine
DSB: Double-strand break
ROS: Reactive oxygen species
LPO: Lipid peroxidation
AGT: O6-Alkylguanine-DNA alkyltransferase
ABH: AlkB homolog
NER: Nucleotide excision repair
GGR: Global genomic repair
TCR: Transcription-coupled repair
BER: Base excision repair
NIR: Nucleotide incision repair
MMR: Mismatch repair
AP: Apurinic/apyrimidinic
Mug: Mismatch-specific uracil-DNA

glycosylase
TDG: Thymine-DNA glycosylase
AlkA: E. coli 3-methyladenine DNA glycosylase

II
AAG: Alkylpurine DNA glycosylase
OGG1: 8-Oxoguanine DNA glycosylase
APE1: Major human AP endonuclease
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4-(Methylnitrosamino)-1-(3-pyridyl)-1-butanone (NNK) and N ′-nitrosonornicotine (NNN) are tobacco-specific nitrosamines
present in tobacco products and smoke. Both compounds are carcinogenic in laboratory animals, generating tumors at sites
comparable to those observed in smokers. These Group 1 human carcinogens are metabolized to reactive intermediates that
alkylate DNA. This paper focuses on the DNA pyridyloxobutylation pathway which is common to both compounds. This DNA
route generates 7-[4-(3-pyridyl)-4-oxobut-1-yl]-2′-deoxyguanosine, O2-[4-(3-pyridyl)-4-oxobut-1-yl]-2′-deoxycytosine, O2-[4-
(3-pyridyl)-4-oxobut-1-yl]-2′-deoxythymidine, and O6-[4-(3-pyridyl)-4-oxobut-1-yl]-2′-deoxyguanosine as well as unstable
adducts which dealkylate to release 4-hydroxy-1-{3-pyridyl)-1-butanone or depyriminidate/depurinate to generate abasic sites.
There are multiple repair pathways responsible for protecting against the genotoxic effects of these adducts, including adduct
reversal as well as base and nucleotide excision repair pathways. Data indicate that several DNA adducts contribute to the overall
mutagenic properties of pyridyloxobutylating agents. Which adducts contribute to the carcinogenic properties of this pathway are
likely to depend on the biochemistry of the target tissue.

1. Introduction

Tobacco use has been linked to a variety of human cancers,
including lung, oral cavity, esophagus, pharynx, larynx,
urinary bladder, pancreas, and liver cancers [1]. Lung cancer
alone is responsible for the deaths of 1.3 million people
annually worldwide [2]. It is the leading cause of cancer
deaths in the United States, with 80%–90% of this cancer
associated with tobacco use [1]. Environmental tobacco
smoke (second-hand smoke) has also been associated with
human lung cancer but the risks are significantly lower than
those associated with smoking [1].

There are more than 5000 identified chemicals present in
cigarette smoke [1, 3–5]. More than 60 of these compounds
are demonstrated chemical carcinogens in animal models [1,
3, 4, 6]. An important group of tobacco carcinogens are the
tobacco-specific nitrosamines. These compounds are formed
from tobacco alkaloids like nicotine during the curing
process of tobacco [7]. 4(Methylnitrosamino)-1-(3pyridyl)-
1-butanone (NNK) and N ′-nitrosonornicotine (NNN) are

two of the most potent tobacco-specific nitrosamines present
in tobacco products and smoke [8]. Both compounds are
carcinogenic in laboratory animals, generating tumors at
sites comparable to those observed in smokers [8]. NNK is
a potent lung carcinogen, which also induces liver and nasal
tumors [9–11]. This compound induces lung adenocarci-
nomas in rodents at lifetime doses that are comparable to
those experienced by smokers [8]. Adenocarcinoma is now
the most common type of lung cancer observed in humans,
having surpassed squamous cell carcinoma [12–16]. This
shift in histology has been attributed not to improvements
in diagnoses but rather to changing cigarette design, which
has changed smoking behavior resulting in increased uptake
of tobacco-specific nitrosamines by smokers [14]. Metabolic
products of NNK have been detected in urine of smokers and
individuals exposed to second-hand smoke, indicating that
humans are exposed to and metabolize this carcinogen [17–
20]. NNN is carcinogenic to the esophagus, nasal cavity, and
respiratory tract in laboratory animals [8]. This nitrosamine
is present in higher amounts than any other esophageal
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Scheme 1: Pathways of bioactivation of NNK, NNN, and model pyridyloxobutylating agent, NNKOAc.

carcinogen in tobacco smoke [8]. It and/or its glucuronide
conjugate have been detected in the urine and toenails of
smokers and smokeless tobacco users [21–25]. Based on
animal studies, NNK and NNN are listed as Group 1 human
carcinogens by the International Agency for Cancer Research
[6, 8].

NNK and NNN require metabolism to exert their toxico-
logical properties [8]. NNK-induced carcinogenesis requires
cytochrome P450 catalyzed metabolic activation to DNA
reactive metabolites [26]. NNK is metabolized to either a
methylating or a pyridyloxobutylating agent (Scheme 1). The
methylation pathway generates well-characterized methyl
DNA adducts, such as 7-methylguanine (7-mG), O6-
methylguanine (O6-mG), and O4-methylthymidine (O4-
mT) [27–31]. The dominant mutagenic adduct is O6-mG
[32, 33]. The repair mechanisms and genotoxic properties
of this adduct have been extensively reviewed [34–37] and
will not be a focus of this paper. The formation, repair, and
genotoxic properties of the pyridyloxobutyl adducts will be
discussed below.

NNN also has two pathways to form DNA adducts,
2′- and 5′-hydroxylation [8]. (S)-NNN, the dominant
enantiomer in tobacco products [38], undergoes primarily
2′-hydroxylation whereas (R)-NNN undergoes both 2′-
and 5′-hydroxylation [39]. 2′-Hydroxylation generates the
same pyridyloxobutylating agent as methyl hydroxylation
of NNK (Scheme 1). 5′-Hydroxylation generates a reactive

metabolite that can also alkylate DNA (Scheme 1) [40, 41].
However, no data exist for the levels of these adducts in
vivo. For the purpose of this paper, we will focus on the
pyridyloxobutylation pathway.

2. Structure of Pyridyloxobutyl DNA Adducts

The pyridyloxobutylation pathway leads to a variety of addu-
cts, four of which have been recently identified (Scheme 2).
They are 7-[4-(3-pyridyl)-4-oxobut-1-yl]-2′-deoxyguano-
sine (7-pobdG) [42], O2-[4-(3-pyridyl)-4-oxobut-1-yl]-2′-
deoxycytosine (O2-pobdC) [43], O2-[4-(3-pyridyl)-4-oxo-
but-1-yl]-2′-deoxythymidine (O2-pobdT) [43], and O6-[4-
(3-pyridyl)-4-oxobut-1-yl]-2′-deoxyguanosine (O6-pobdG)
[42–44]. Both 7-pobdG and O2-pobdC readily release the
corresponding nucleobases, 7[4-(3-pyridyl)-4-oxobut-1-yl]-
guanine (7-pobG) and O2-[4-(3-pyridyl)-4-oxobut-1-yl]-
cytosine (O2-pobC), respectively, leaving behind an abasic
site [42, 43]. In addition, some pyridyloxobutyl DNA
adducts are unstable and dealkylate to release 4-hydroxy-1-
(3-pyridyl)-1-butanone (HPB) (Scheme 2) [31, 45]. HPB-
releasing adducts include O2-pobdC [43] and 7-pobdG [42].
Quantitation of the specific pyridyloxobutyl DNA adducts
in calf thymus DNA treated with a model pyridyloxobuty-
lating agent, 4-(acetoxymethylnitrosamino)-1-(3-pyridyl)-
1-butanone (NNKOAc, Scheme 1), demonstrates that HPB-
releasing adducts are the major adducts present in pyridy-
loxobutylated DNA [46]. They represent approximately 65%
of the total adducts formed. The relative levels of the
specific adducts making up the remainder are 7-pobG >
O6-pobdG > O2-pobdT ≥ O2-pobC.

Conflicting evidence exists for the formation of phos-
phate adducts in pyridyloxobutylated DNA. HPB is not
released from pyridyloxobutylated DNA when heated under
basic conditions [45]. This observation is not consistent
with the presence of pyridyloxobutyl phosphate esters.
However, the 3′-termini of NNKOAc-induced strand breaks
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are resistant to 32P-endlabeling in the presence of T4 DNA
polymerase even after incubating with endonuclease IV
which removes 3′-phosphate or 3′-phosphoglycolate groups
[47]. This observation suggests that there may be an adduct
on the 3′-phosphate group. However, the nucleobase adduct,
O6-pobdG, has been reported to inhibit 3′-exonuclease
degradation of DNA [48]. Therefore, it is possible this adduct
or other pyridyloxobutyl DNA adducts inhibits endonuclease
IV as well. Also supporting the formation of pyridyloxobutyl
phosphate adducts is the detection of a 4-(3-[5-3H]pyridyl)-
4-hydroxy-2-butylcobalam complex when enzymatic digests
of DNA from [5-3H]NNK-treated animals were reacted with
cob(I)alamin followed by sodium borohydride [49]. This
reaction product accounted for up to 22% of the total
pyridyloxobutyl adducts detected. Cob(I)alamin selectively
reacts with alkyl phosphate adducts [50]. However, the
pyridyloxobutyl group might be more reactive with this
reagent than a simple alkyl group and the product may
be formed from adducts other than alkyl phosphates. This
possibility requires further testing.

3. Levels of Pyridyloxobutyl DNA Adducts in
NNK- or NNN-Treated Rodents

Pyridyloxobutyl DNA adducts have been observed in DNA
isolated from the tissues of NNK- or NNN-treated animals.
HPB-releasing adducts have been detected in target tissues
and have been shown to persist [8, 52]. They have also
been linked to tumor formation in the rat [53]. More
recent studies have reported the levels of specific adducts
in target and nontarget tissues of NNK- or NNN-treated
rodents. One of the first studies demonstrated that O6-
pobdG was present at very low levels in lung and liver
DNA from [5-3H]NNK-treated A/J mice [54]. Subsequent
experiments have employed sensitive LC-MS/MS assays [55,
56] for their detection of DNA from in vivo sources. Table 1
displays the levels of pyridyloxobutyl DNA adducts detected
in lung and liver DNA following four subcutaneous doses
of NNK [51]. In this study, the relative adduct distribution
was O2-pobdT ≥ 7-pobG > O2-pobC � O6-pobdG in
lung DNA and O2-pobdT = 7-pobG ≥ O2-pobC �
O6-pobdG in liver DNA. The levels of 7-pobG, O2-pobC
and O2-pobdT were higher in liver relative to lung DNA
wherease the levels of O6-pobdG were higher in lung relative
to liver. O2-pobdT was also the dominant adduct detected
when rats were chronically treated with a lower dose of
NNK (10 ppm in drinking water) (Table 2) [57, 58]. The
relative distribution of pyridyloxobutyl DNA adducts was
O2-pobdT > 7-pobG � O2-pobC � O6-pobdG in lung
DNA and O2-pobdT � 7-pobG > O2-pobC in liver DNA;
O6-pobdG was not observed in liver DNA from these animals
[57]. Pyridyloxobutyl DNA adducts were also observed
in nasal respiratory mucosa, nasal olfactory mucosa, oral
mucosa, and pancreas from NNK-treated rats [59]. The
relative levels of total pyridyloxobutyl DNA adducts is lung >
liver > nasal respiratory mucosa > nasal olfactory mucosa ≈
oral mucosa ≈ pancreas [59].

Similar studies have been performed in NNN-treated
rats [60, 61]. Chronic treatment of F344 rats with (R)-
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NNN or (S)-NNN in the drinking water (10 ppm, 1–
20 weeks) led to adduct formation in lungs, liver, nasal
respiratory mucosa, nasal olfactory, and oral mucosa [60,
61]. Target tissues (nasal olfactory, respiratory mucosa, and
esophagus) had the highest levels of pyridyloxobutyl DNA
adducts whereas the nontarget tissues (lung and liver) had
the lowest levels. The enantiomers gave different levels of
pyridyloxobutyl DNA adducts in the various tissues. (R)-
NNN produced the highest levels in lung nasal olfactory
and nasal repiratory tissue whereas (S)-NNN generated
higher levels in esophagus, liver, and oral mucosa [60, 61].
These tissue-dependent differences are likely due to tissue
differences in the cytochrome P450 enzymes responsible for
the bioactivation of these two enantiomers [60, 61].

As with NNK, O2-pobdT was a major adduct observed
in DNA from various NNN-exposed tissues such as nasal
ofactory mucosa (O2-pobdT > 7-pobG � O2-pobC >
O6-pobdG), respiratory mucosa (O2-pobdT > 7-pobG �
O2-pobC > O6-pobdG), and oral mucosa (O2-pobdT ≈
7-pobG � O2-pobC > O6-pobdG) as well as liver and lung
(O2-pobdT � 7-pobG ≥ O2-pobC). In the rat esophagus,
7-pobG was the dominant adduct (7-pobG ≥ O2-pobdT ≈
O2-pobC). O6-pobdG was not detected in lung, liver or
esophageal DNA [60].
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Table 1: Adduct levels in NNK-treated rats [51].

Tissue NNK Dose (mmol/kg)a 7-pobG O2-pobdT O2-pobC O6-pobG

Mean± S.D., N = 5 (fmol/mg DNA)

Lung

saline control N.D.b N.D. N.D. N.D.

0.025 933± 89 1120± 66 483± 36 251± 26

0.1 1800± 478 2020± 483 840± 169 487± 101

Liver

saline control N.D. N.D. N.D. N.D.

0.025 3550± 1600 3530± 725 2930± 521 28± 17

0.1 12200± 1600 12300± 1690 7800± 1680 140± 25

aAdministered by s.c. injection daily for 4 days.
bN.D.: not detected (detection limit, 3 fmol/mg DNA).

4. Formation of Pyridyloxobutyl DNA
Adducts in Humans

While there is no information regarding the levels of the
four individual pyridyloxobutyl DNA adducts in humans,
HPB-releasing adducts have been detected in human tissue
samples. Levels of these adducts were significantly higher
(P < .0001) in self-reported smokers who had lung cancer
than in self-reported nonsmokers who had lung cancer
(404±258 versus 59±56 fmol HPB released/mg DNA, resp.)
[62]. Since HPB-releasing adducts accumulate in normal
lung tissues of lung cancer patients but not in normal
smoking controls [62, 63], these data support a hypothesis
that smokers who accumulate pyridyloxobutyl DNA adducts
may be at increased risk of lung cancer.

5. Repair Pathways for Pyridyloxobutyl
DNA Adducts

DNA adduct repair protects a cell against the toxic and
genotoxic effects of DNA damage. There are multiple
pathways involved in the removal of alkylated DNA bases
generated by reactive alkanediazohydroxides. These include
direct base repair by alkyltransferases and excision of the
DNA damage by base excision repair (BER) or nucleotide
excision repair (NER). Mismatch repair is involved in the
detection and repair of mismatched DNA adducts. Below is
a review of the pathways thought to be involved in the repair
of pyridyloxobutyl DNA damage.

5.1. Adduct Reversal. O6-Alkylguanine DNA alkyltransferase
(AGT) is a suicide protein that repairs O6-alkylguanine
adducts by facilitating the transfer of the alkyl group from
the O6-position of guanine to a cysteine residue in the
protein’s active site [35]. This alkylation reaction inactivates
the protein and triggers a conformational change [64] which
leads to its degradation [65]. Consequently, the initial repair
capacity of a cell is determined by its constitutive levels of
AGT.

While O6-pobdG is readily repaired by mammalian
AGTs, it is not a good substrate for the bacterial AGTs ada

and ogt [66]. The ability of AGT orthologs to repair this
bulky O6-alkylguanine adduct is likely determined by the size
of the protein’s adduct binding site. Rodent AGT has the
largest binding site and repairs O6-pobdG faster than human
AGT which has a smaller binding pocket [66]. The bacterial
AGTs have an even smaller binding pocket, explaining the
inability of these proteins to repair this damage [66]. This
adduct reversal pathway is a major repair pathway for
O6-pobdG in mammalian cells [54, 66, 67].

5.2. Base Excision Repair. Base excision repair (BER) is
another important pathway for the repair of nitrosamine-
derived DNA damage. This pathway is involved in the repair
of single strand breaks, small alkyl guanine damage, and
oxidized DNA bases as well as abasic sites [68, 69]. It is a
multistep process that is initiated when damaged bases are
removed by glycosylases, leaving abasic sites in DNA. The
abasic sites are removed by an endonuclease. The missing
nucleoside is then replaced and ligation occurs. It is likely
that NNK-derived methyl adducts such as 7-methylguanine
and N3-methyladenine are removed by base excision repair
[70]. The ability of pyridyloxobutyl adducts to serve as sub-
strates for BER glycosylases has not been studied. It is possi-
ble that they could serve as substrates since the structurally
similar adduct, O6-butylguanine, appears to be repaired
in part by BER in vivo [71]. It is likely that abasic sites
formed by the depurination/depyrimidination of 7-pobG
and O2-pobC, respectively, are repaired by this pathway.

While little is known about the role of BER in the repair
of pyridyloxobutyl DNA damage, two observations suggest
that BER may be important. First, incubation of lysate
from NNKOAc-treated cells with formamidopyrimidine gly-
cosylase prior to the COMET assay results in a small but
significant increase in strand breaks [72]. This observation
indicates that there are pyridyloxobutyl DNA adducts that
are substrates for this glycosylase. Second, loss of XRCC1,
an important scaffold protein in BER [73], increases the
mutagenic and toxic effects of NNKOAc [67]. The loss of
this protein does not affect the rate of removal of specific
pyridyloxobutyl DNA adducts from DNA [67]. However,
the observed increase in toxicity and mutagenicity indicates
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Table 2: Comparative DNA adduct levels in lung and liver of F344 rats treated with 10 ppm NNK in the drinking water and sacrificed at
various intervals [57, 58].

Adduct Levels fmol/mg DNA (mean± S.D.)

Lung

Week 1 2 5 10 16 20

O6-mG 976± 342 1020± 423 2550± 263 1020± 314 729± 57.5 1910± 615

O6-pobdG 45± 7a 50± 5a 46± 13a 44± 14a 34± 17a 20± 5a

7-pobG 750± 95 1180± 131 1360± 214a 2220± 864 1700± 175a 1060± 169

O2-pobdT 1080± 99 2020± 150 3890± 648 8260± 2730a 6720± 606a 5070± 1060a

O2-pobC 240± 23 250± 18 400± 87a 730± 211 810± 152 940± 175

Liver

Week 1 2 5 10 16 20

O6-mG 3830± 865 7120± 2080 2310± 946 564± 250 637± 59 891± 379

O6-pobdG n.d. n.d. n.d. n.d. n.d. n.d.

7-pobG 490± 104a 880± 182a 1050± 90 1460± 625 1170± 86a 730± 225

O2-pobdT 650± 121a 1230± 272a 2190± 174 3740± 1170a 3540± 643a 2680± 643a

O2-pobC 170± 43a 140± 25a 240± 17 580± 214 350± 152 490± 146

n.d., not detected.
aSignificantly different from O6-mG, P < .05.

that XRCC1 plays an important role in protecting a cell
against the harmful effects of these adducts. Together, these
observations provide evidence for the role of BER in the
repair of pyridyloxobutyl DNA damage.

5.3. Nucleotide Excision Repair. Another important pathway
for the repair of bulky DNA damage is nucleotide excision
repair (NER) [74, 75]. Like BER, NER is a multiprotein
mediated repair pathway. However, in this pathway a whole
section of the damaged DNA strand is removed in several
steps. A new strand is then synthesized by DNA polymerase
using the undamaged strand as a template.

Several pieces of experimental data support the impor-
tance of NER in the repair of pyridyloxobutyl DNA adducts.
In one study, [α-32P]TTP was incorporated into NNKOAc-
treated plasmid DNA when incubated with extracts from
normal human lymphoid cells in an ATP-dependent fashion
[76]. This activity was significantly lower in cell extracts from
XPA- and XPC-deficient cell lines. XPA and XPC are two
important proteins involved in the initiation of the NER
pathway [74, 75] so their absence significantly impacts the
efficiency of NER.

A second study examined the removal of specific
pyridyloxobutyl DNA adducts from DNA in NNKOAc-
treated Chinese hamster ovary cells [67]. The rate of removal
of these adducts was compared between the parental cell
line, AA8, which has functional NER but not AGT, and
UV5 cells which lacks both functional NER [loss of ERCC-2
(XPD)] and AGT [77]. O2-pobdT was the only adduct
whose removal was affected by the loss of ERCC-2. Its
repair was significantly slower in the absence of this protein,
suggesting the importance of NER in the removal of this
adduct. Since there were several reports indicating that larger

O6-alkylguanine adducts appear to be preferentially repaired
by nucleotide excision repair [78–82], O6-pobdG repair was
also expected to be reduced in cells lacking NER. However,
O6-pobdG was a poor substrate for this pathway in CHO
cells as well as in an in vitro human NER repair assay [67].

5.4. Mismatch Repair. Mismatch repair (MMR) is another
important guard against genotoxic stress. In the case of
alkylating agents, this pathway plays a critical role in the
cytotoxicity mediated by these compounds [70, 83–85].
When alkylation is extensive, MMR is involved in triggering
cell death which protects against the mutagenic activity
of these agents. For example, MMR recognizes O6-mG-
T mismatch that occur when AGT is overwhelmed [83].
Unrepaired O6-mG is toxic [36]; absence of MMR removes
the toxicity of methylating agents indicating that this repair
pathway is involved in the mechanism of toxicity [34]. MMR
is initiated when the MSH2-MSH6 heterodimer (MutSα)
binds to the mismatch. The MLH1-PMS2 heterodimer then
binds to MutSα and triggers removal of the mismatched base.
In the case of damaged bases, the mismatch process enters a
futile cycle if the adduct is not repaired since polymerases
repeatedly insert the wrong base opposite the modified
base. This futile cycle can trigger apoptosis [70, 85]. This
futile cycle can be thwarted by homologous recombination,
a multiprotein pathway that uses the sister chromatid as
the template to circumvent replication-halting DNA adducts
[85, 86].

The role of mismatch repair in a cell’s response to pyridy-
loxobutyl DNA adducts has not been explored. Preliminary
data indicate that O6-pobdG may not be a very toxic adduct.
Repair of O6-pobdG by human AGT in bacteria did not
influence the toxicity of the model pyridyloxobutylating
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Table 3: Levels of O6-mG and O6-pobG in lung and livers of NNK-treated wild-type and AGT knockout micea [88].

pmol adducts/μmol guanine

AGT status lung liver

O6-mG 24 h 4 weeks 24 h 4 weeks

Wildtype 42± 12 55± 9 17± 11 5.3± 0.7

Knockout 65± 19 110± 20 210± 110 380± 80b

O6-pobG

Wildtype 1.7± 0.5 0.8± 0.2 1.4± 0.5 ≤0.3

Knockout 2.9± 0.6 2.5± 0.3 2.7± 1.2 4.9± 1.4

aMice received either a single dose of NNK (∼250 mg/kg) and sacrificed 24 h postinjection or three weekly doses of NNK (∼250 mg/kg each week) and
sacrificed 1 week after the third treatment. Numbers represent the average of five samples± SD.
bThree samples ± SD. Two other samples were analyzed and these two animals had O6-mG levels of 26 and 31 pmol O6-mG/μmol guanine. The liver 7-mG
adduct levels for all five animals were similar: 134± 17 pmol 7-mG/μmol guanine.

agent, NNKOAc [87]. This observation differs starkly from
that observed with methylating agents where the toxicity
of a methylating agent is markedly reduced when AGT is
expressed [87]. Similar results were observed in CHO cells;
AGT expression only minimally reduced the cytotoxicity of
NNKOAc while repairing almost 100% of the O6-pobdG
formed by this pyridyloxobutylating agent [67]. The reduced
toxicity of O6-pobdG may cause it to more greatly contribute
to the overall mutagenic activity of a pyridyloxobutylating
agent since cell death protects against the mutagenic activity
of DNA alkylating agents.

5.5. In Vivo Repair. For both NNK and NNN, the relative
distribution of the four pyridyloxobutyl DNA adducts in
tissues from exposed rats was significantly different from that
observed in DNA treated with a model pyridyloxobutylating
agent in vitro [56, 57, 59–61]. This difference likely results
from the active repair of specific adducts. Further support
for this hypothesis is the observed tissue variation in relative
adduct distribution [57, 59–61].

One adduct that appears to be well-repaired in vivo is
O6-pobdG [56, 57, 59–61]. The levels of this adduct are
very low relative to the other adducts (Tables 1 and 2).
In NNK-treated animals, the levels of O6-mG were much
greater than the levels of O6-pobdG and in the range of the
other pyridyloxobutyl DNA adducts [58]. This observation
suggests that the larger adduct, O6-pobdG, is more readily
repaired than O6mG in vivo. AGT is one pathway clearly
responsible for the repair of O6-pobdG in vivo [54]. However,
other repair pathways may also be involved since this adduct
does not accumulate in lungs of AGT knockout mice whereas
O6-mG does (Table 3) [88]. This conclusion is further
supported by data in wild-type mice which indicates that
AGT is inactivated in mouse lung following exposure to NNK
[89].

The most persistent adduct in vivo is O2-pobdT [56, 57,
59–61]. This adduct is a minor adduct in the absence of
repair (7-pobG > O6-pobdG > O2-pobdT ≥ O2-pobC) [46].
This is somewhat surprising since this adduct is repaired by

NER in cell line models [67]. A recent study indicated that
NER is reduced in the lungs of NNK-treated mice providing
an explanation for the persistence of this adduct in vivo [90].
The mechanism of this reduction is unknown.

6. Mutagenic Activity of Pyridyloxobutyl
DNA Adducts

Pyridyloxobutylating agents are mutagenic in a variety of
test systems [67, 87, 91, 92]. However, our knowledge of
which pyridyloxobutyl adducts are causing mutations is
still rudimentary. Site-specific mutagenesis studies have only
been performed for one adduct, O6-pobdG [93]. In bacteria,
it produces exclusively GC to AT transitional mutations.
In human kidney cell line 293 cells, it produces primarily
GC to AT transitional mutations with some GC to TA
transversions and deletions as well as a number of more
complex mutations.

A few studies have begun to link the overall muta-
genic activity of pyridyloxobutyl DNA damage to specific
adducts through exploring the impact of various DNA
repair pathways on the mutagenic properties of the model
pyridyloxobutylating agent, NNKOAc. The earliest studies
were performed in bacteria. NNKOAc is mutagenic in
Salmonella typhimurium tester strains TA100, TA1535, and
TA98, but not TA102 [92]. Reversion of TA100 and TA1535
requires mutations at a GC base pair and reversion of TA98
requires a frameshift mutation near a CG base pair [94].
TA102 has an AT base pair at the site of reversion [94]. Based
on these observations, it was concluded that pyridyloxobutyl
DNA adducts formed at GC base pairs were mutagenic, at
least in bacteria. However, we cannot rule out that adducts
at AT base pairs are not mutagenic in this study since TA102
has an active NER system [94] that could be repairing any
mutagenic adducts at AT base pairs. TA100, TA1535, and
TA98 lack UvrB and, as a result, do not have an functional
NER system [94].

One candidate adduct for the mutagenicity observed in
TA100 and TA1535 is O6-pobdG. This adduct is poorly
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repaired by bacterial AGT [66]. Consistent with its possible
role in NNKOAc-induced mutagenicity is the observation
that the mutagenic activity of NNKOAc was reduced by
roughly 80% in bacteria expressing human AGT [87]. These
studies were performed in S. typhimurium strain YG7108
which is a derivative of TA1535 that lacks both bacterial AGT
genes, ada and ogt [95]. Since the levels of O6-pobdG were
reduced in the strain expressing human AGT by about 66%
[87], these data are consistent with the hypothesis that O6-
pobdG is a significant contributor to the mutagenic activity
of pyridyloxobutylating agents at GC base pairs. Other
contributors may include O2-pobC and 7-pobG. However,
these two adducts are not substrates for human AGT.

NNKOAc also induced mutations in the hprt gene
in Chinese hamster ovary (CHO) cells [67]. Analysis of
the mutational spectrum indicated that the bulk of the
mutations occurred at AT base pairs [67]. Most of the AT
mutations were AT to CG transversion mutations. There
were also a small portion of AT to TA transversions and
AT to GC transitional mutations. Approximately 20% of the
mutations were at GC base pairs with the majority of these
being GC to AT transitional mutations.

Loss of NER through ERCC-2 mutation results in an
increase in mutation frequency induced by NNKOAc in
CHO cells [67]. This loss reduced the rate of O2-pobdT
repair in these cells. In addition, there was a corresponding
increase in the frequency of AT to TA mutations relative to
the control cell line. Therefore, it is likely that O2-pobdT
triggers AT to TA mutations. This conclusion is supported
by the observation that another O2-alkyl-2′-deoxythymidine
adduct, O2-ethyl-2′-deoxythymidine, also induces AT to TA
mutations [96]. Loss of BER through loss of XRCC1 also led
to an increase in AT to TA mutations [67], suggesting that
this repair pathway is involved in repair of pyridyloxobutyl
DNA damage at AT base pairs. One possibility is that O2-
pobdT is a substrate for BER glycosylases and the result
abasic sites are responsible for observed increase in AT to TA
mutations observed in the cells lacking BER. This hypothesis
is supported by the report that site-specifically incorporated
abasic sites primarily induce transversion mutations with
AT to TA mutations being more abundant than AT to GC
mutations [97].

Expression of human AGT in CHO cells did not
significantly impact the mutation frequency of NNKOAc
[67]. However, mutations at GC base pairs represented
only approximately 20% of the detected mutations. There
was a reduction in the GC to AT mutations in these cells
but this reduction did not significantly affect the mutation
frequency. Since there was almost complete repair of O6-
pobdG, these data support the hypothesis that O6-pobdG is
responsible for the GC to AT transitional mutations triggered
by pyridyloxobutyl DNA adducts.

In vivo studies investigating the mutagenic properties
of the pyridyloxobutylation pathway are limited. Mutations
were observed in the 12th codon of K-ras in lung tumors
of A/J mice receiving multiple doses of NNKOAc [98].
Since these mutations were GC to AT transitions and
GC to TA transversions, it is likely that O6-pobdG is
responsible, in part, for these mutations. Both NNK and

NNN have been shown to be mutagenic in target tissues in
lacZ and lacI transgenic mice [88, 99–101]. The resulting
transgene mutation spectra have only been reported for
NNK [88, 101]. NNK induced an increased rate of GC to
AT transitional mutations at non-CpG sites as well as AT
to TA transitional mutations and a mixture of transversion
mutations (AT to GC, AT to CG, GC to CG, and GC to TA).
Since NNK both methylates and pyridyloxobutylates DNA,
it is difficult to associate specific mutations with specific
adducts. However, it is clear that the mutational spectrum is
substantially more complicated than that observed for simple
methylating nitrosamines like dimethylnitrosamine, which
primarily induces GC to AT transitional mutations at non-
CpG sites [102–104].

Collectively, the data presented above indicate that
there are several mutagenic DNA adducts formed upon
pyridyloxobutylation of DNA. These include O6-pobdG and
O2-pobdT. Other adducts likely contribute as well. Which
adducts contribute to the carcinogenic properties of this
pathway are likely to depend on the biological system. If
mutations at AT base pairs are required to produce proteins
with oncogenic function, the formation of O2-pobdT and
its repair is probably important for tumor initiation by this
pathway. On the other hand, if mutations at GC base pairs
are important for triggering the carcinogenic process, the for-
mation and persistence of O6-pobdG will be linked to tumor
formation. For example, GC to AT and GC to TA mutations
were observed in the 12th codon of K-ras in lung tumors of
A/J mice receiving multiple doses of NNKOAc [98]. It is likely
that O6-pobdG is responsible, in part, for these mutations.
Future studies are required to better define the toxicological
properties of all pyridyloxobutyl adducts and to determine
the repair pathways responsible for protecting against their
genotoxic effects. An understanding of these fundamental
biochemical issues may help in understanding the individual
differences in susceptibility to lung cancer risk associated
with tobacco use.
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Smoke constituents can induce DNA adducts that cause mutations and lead to lung cancer. We have analyzed DNA adducts and
polymorphisms in two DNA repair genes, for example, XRCC1 Arg194Trp and Arg399Gln genes and XRCC3 Thr241Met gene, in
34 lung cancer cases in respect to 30 subjects with benign lung cancer disease and 40 healthy controls. When the study population
was categorized in base to the number of risk alleles, adducts were significantly increased in individuals bearing 3-4 risk alleles
(OR = 4.1 95% C.I. 1.28–13.09, P = .009). A significant association with smoking was noticed in smokers for more than 40 years
carrying 3-4 risk alleles (OR = 36.38, 95% C.I. 1.17–1132.84, P = .040). A not statistically significant increment of lung cancer risk
was observed in the same group (OR = 4.54, 95% C.I. 0.33–62.93, P = .259). Our results suggest that the analysis of the number
of risk alleles predicts the interindividual variation in DNA adducts of smokers and lung cancer cases.

1. Introduction

Lung cancer is a leading cause of cancer death in the world
[1]. Advances in the treatment of locally advanced lung
cancer had no impact on overall 5-year survival rates from
this disease that remains only of 15%. Although the rates of
lung cancer mortality have started to decrease in countries
where smoking habits have been modified, the projections
are not optimistic because of the recent surge in tobacco
consumption among young people. In addition, even if
smoking habits could be modified significantly, the long
lag time between peak of tobacco consumption and the
development of lung cancer will assure a long life for this
epidemic.

The role of tobacco smoking in the aetiology of lung
cancer has been widely evaluated [2]. Many compounds
present in the smoke of cigarettes, such as the polycyclic

aromatic hydrocarbons (PAH), induce DNA adducts after
metabolic activation [3]. Unrepaired DNA adducts can
cause mutations, including mutational hot spots in p53
tumour suppressor gene [4], and lead to unregulated cell
growth and cancer. Increased DNA adduct levels have been
suggested to be predictive of lung cancer risk, reflecting both
the environmental exposure to carcinogens than individual
susceptibility [5–8].

It has been hypothesized that interindividual difference
in lung cancer risk may be due to differences in DNA repair.
In support of this hypothesis, different studies have indicated
that DNA variation in DNA repair genes may influence
cancer susceptibility [9]. Our group has conducted a number
of studies that have shown associations between DNA
polymorphisms in DNA repair genes, mainly in XRCC1 (X-
ray repair cross complementing) and XRCC3 genes, cancer,
and/or DNA adducts [10–14] and unpublished results.
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Thus, we have decided to extend our analysis to the
individuals included in a lung cancer case-control study.

In this study, we have analyzed the levels of DNA adducts
and DNA polymorphisms in two DNA repair genes, for
example, XRCC1 Arg194Trp and XRCC1 Arg399Gln, and
XRCC3 Thr241Met polymorphisms, representing the base
excision repair (BER) and the double-strand breaks repair
(DSB) pathways, in lung cancer cases in respect to individuals
with benign lung disease and to healthy controls. Then, we
decided to investigate the combination of the variant allele/s
of XRCC1 Arg194Trp and Arg399Gln polymorphisms with
the wild type allele of XRCC3 Thr241Met. The analysis
of the effects of different combinations of DNA repair
polymorphisms on DNA adducts has been done under the
assumption that the combination of polymorphisms can
have additive or more than additive effects on DNA adduct
formation.

2. Materials and Methods

2.1. Study Population. Peripheral blood samples were col-
lected, after written informed consent to participate in the
present study, from 34 nonsmall cell lung cancer patients
(26 males and 8 females, mean age 63.4 years) and from
30 (22 males and 8 females, mean age 63.5 years) subjects
with benign lung diseases admitted to the National Cancer
Institute and San Martino Hospital, Genoa, Italy. 40 controls
(25 males and 15 females, mean age 63.4 years) were
recruited from a group of blood donors. Lung cancer cases
were asked to participate in the study after the diagnosis,
but before radio and chemotherapy. The group of benign
lung diseases was formed by subjects affected by Chronic
Obstructive Pulmonary Disease (COPD), asthma, and pneu-
moconiosis. A standard questionnaire was administered to
all volunteers by personal interview at the time of blood
collection. Smoking status was defined as smoker, within the
last year, former smoker, at least one year before diagnosis,
and nonsmoker.

2.2. DNA Adduct and Polymorphism Analyses. Peripheral
blood lymphocytes (PBLs) were separated from 5 mL freshly
collected whole blood by centrifugation on a Ficoll gradient.
PBL DNA was extracted and purified using a method
that requires RNA and protein digestion and extraction
with organic solvents [13]. DNA samples were stored at
−80◦C until laboratory analysis. PBL DNA adducts were
analysed using the nuclease P1 modification of the 32P-
postlabelling technique [13]. DNA samples (1–5 μg) were
digested with micrococcal nuclease (32.17 mU) and spleen
phosphodiesterase (21.6 mU). Hydrolized DNA was treated
with nuclease P1 (110 mU) for 30′. The nuclease P1 resis-
tant DNA samples were then labelled by incubation with
25 μCi of carrier-free [γ-32P]ATP (3000 Ci/mM) and T4-
polynucleotide kinase (112.5 mU). The obtained 32P-labelled
samples were analysed using 1.0 M sodium phosphate, pH
6.8. DNA adduct resolution was achieved using 4.0 M lithium
formate, 7.5 M urea, pH 3.5 and 0.65 M lithium chloride,
0.45 M Tris base, 7.7 M urea, pH 8.0. Chromatograms were

finally developed using 1.7 M sodium phosphate pH 5.0.
Detection and quantification of PBL DNA adducts and
normal nucleotides (nn) were obtained by storage phosphor
imaging techniques employing intensifying screens [15].
After background subtraction, the levels of DNA adducts
were expressed such as relative adduct labelling (RAL)
= screen pixel in adducted nucleotides/screen pixel in
nn.

Polymerase Chain Reaction followed by enzymatic diges-
tion was used for the genotyping of XRCC1 Arg194Trp and
Arg399Gln, and XRCC3 Thr241Met [12].

2.3. Statistical Analysis. Logistic regression analysis was car-
ried out to calculate Odds Ratios (ORs) adjusted for different
covariates (i.e., age, sex, smoking, and DNA polymorphisms,
as appropriate) categorizing DNA adduct levels by RAL
median value (above/below 0.1 DNA adducts per 108 nn).
A multiple regression analysis has also been performed
grouping individuals according to the number of at risk
alleles. A P-value less than or equal to 5% was considered
significant. All the analyses were performed by the statistical
package SPSS.

3. Results and Discussion

Genotype and allele frequencies were calculated by counting,
and genotype distributions were in Hardy-Weinberg equi-
librium. Genotype frequencies were, respectively: XRCC1
Arg194Arg = 88.8%, Arg194Trp = 11.2%, XRCC1 Arg399Arg
= 38.5%, Arg399Gln = 49%, Gln399Gln = 12.5%, XRCC3
Thr241Thr = 40%, Thr241Met = 41%, and Met241Met =
19%, in keeping with those reported previously [9].

Characteristics of the study population are summarized
in Table 1. PBL DNA adducts were increased in former and
current smokers in respect to nonsmokers. The highest levels
of DNA adducts were detected in individuals that reported to
smoke for more than 40 years. A slightly increment of DNA
damage was observed in benign lung disease and lung cancer
patients in respect to controls.

Multiple regression analysis shows an increased fre-
quency of PBL DNA adducts in smokers for more than 40
years (OR= 5.28, 95% confidence interval (C.I.) 1.00–27.72,
P = .049). A significant trend with increasing number of
smoked cigarettes was found (P for trend <.05). After the
previous cited adjustments, no differences were observed
comparing controls with benign lung diseases and lung
cancer patients.

When the associations of DNA adducts with DNA
polymorphisms were considered, a null association with
XRCC1 Arg194Trp and Arg388Gln polymorphisms was
found (OR= 4.08, 95% C.I. 0.77–21.48, P = .098 and
OR= 1.32, 95% C.I. 0.34–5.18; P = .689, resp.). Conversely,
a statistically significant inverse effect was observed with
XRCC3 Thr241Met polymorphism (OR= 0.17, 95% C.I.
0.05–0.61, P = .006).

Then, we investigated the combination of the variant
allele/s of XRCC1 Arg194Trp and Arg399Gln polymor-
phisms with the wild type allele of XRCC3 Thr241Met.
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Table 1: Means of DNA adducts ± standard error (SE) for different variables considered in the study plus the parameter estimates of the
multivariate regression model.

N a Meansb ± S.E. Odds Ratio C.I. P-value

Gender

Womanc 31 1.2 ± 0.3 1

Male 73 1.3 ± 0.2 0.65 0.19–2.16 .480

Age (years)

Per unit 104 1.3 ± 0.2 1.02 0.97–1.06 .516

Smoking habit

Nonsmokerc 21 0.8 ± 0.4 1

Former smoker 44 1.0 ± 0.3 1.60 0.39–6.58 .517

Smoker <40 years 11 1.5 ± 0.7 2.38 0.41–13.90 .336

Smoker ≥40 years 27 2.0 ± 0.5 5.28 1.00–27.72 .049

Status

Controlsc 40 1.0 ± 0.3 1

Benign lung disease 30 1.3 ± 0.4 0.93 0.28–3.03 .898

Lung cancer 34 1.5 ± 0.4 1.17 0.39–3.47 .783

XRCC1 Arg194Trp

Arg/Argc 87 1.1 ± 0.2 1

Arg/Trp 11 2.6 ± 1.1 4.08 0.77–21.48 .098

XRCC1 Arg399Gln

Arg/Argc 37 0.9 ± 0.2 1

Arg/Gln 47 1.4 ± 0.3 0.93 0.36–2.39 .882

Gln/Gln 12 1.8 ± 1.0 1.32 0.34–5.18 .689

XRCC3 Thr241Met

Thr/Thrc 40 1.5 ± 0.4 1

Thr/Met 41 1.2 ± 0.3 0.38 0.15–0.97 .043

Met/Met 19 0.7 ± 0.4 0.17 0.05–0.61 .006

Number of risk alleles

0-1c 25 0.8 ± 0.4 1

2 31 1.0 ± 0.3 0.92 0.31–2.69 .877

3-4 38 2.0 ± 0.5 4.1 1.28–13.09 .009
aSome figures do not add up to the total because of missing values.
bLevels per 108 normal nucleotides.
cReference level.

The choice was based on the different association of XRCC1
and XRCC3 polymorphisms with lung cancer risk, for
example, positive for XRCC1 Arg194Trp and Arg399Gln and
negative for XRCC3 Met241Met [9, 16, 17]. The analysis
of the effect of different combinations of DNA repair
single nucleotide polymorphisms on DNA adducts has been
performed under the assumption that the combination of
different polymorphisms can have additive or more than
additive effects.

When the study population was categorized in base to
the number of risk alleles, the levels of DNA adducts were
statistically significantly increased in individuals bearing
three-four risk alleles (OR=4.1 95% C.I. 1.28–13.09, P =
.009). A significant association with smoking was noticed
in smokers for more than 40 years carrying 3-4 risk alleles
(OR=36.38, 95% C.I. 1.17-1132.84, P = .040). A not

statistically significant increment of lung cancer risk was
observed in the same group (OR= 4.54, 95% C.I. 0.33–62.93,
P = .259). A significant trend with increasing the number
of risk alleles was also observed (P for trend <.05). Any
association with benign lung diseases was not found.

Tobacco smoking is recognised as the primary pre-
ventable cause of human cancer. Therefore, many studies
have explored the influence of smoking on the levels of
DNA adducts in nucleated blood cells in order to identify an
early and sensitive biomarker of effective intake of tobacco
carcinogens [18].

In our study, we have analyzed PBLs as surrogate and
more accessible tissues than bronchial biopsies, and we
compared the levels of DNA adducts in patients with lung
cancer in respect to those with benign lung diseases and
controls. Our aim was to evaluate whether the levels of
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Table 2: Means of DNA adducts ± standard error (SE) case-control status considering the number of DNA repair risk alleles plus the
parameter estimates of the multivariate regression model.

N a Meansb ± S.E. Odds Ratio C.I. P-value

0-1 risk alleles

Smoking habit

Nonsmokerc 6 1.7± 1.5 1

Former smoker 12 0.4± 0.1 0.08 0.00–9.76 .302

Smoker <40 years 2 0.3± 0.2 0.33 0.00–67.26 .686

Smoker ≥40 years 5 1.3± 1.1 0.16 0.00–27.05 .480

Status

Controlsc 13 1.3± 0.7 1

Benign lung disease 4 0.4± 0.1 1.23 0.08–19.30 .884

Lung cancer 8 0.5± 0.2 0.43 0.05–4.00 .458

2 risk alleles

Smoking habit

Nonsmokerc 7 0.4± 0.1 1

Former smoker 10 0.7± 0.4 2.46 0.12–50.98 .560

Smoker <40 years 5 0.8± 0.6 0.86 0.03–28.37 .933

Smoker ≥40 years 9 1.7± 0.6 20.91 0.62–709.04 .091

Status

Controlsc 12 0.5± 0.2 1

Benign lung disease 7 1.1± 0.6 1.11 0.12–10.00 .928

Lung cancer 12 1.3± 0.5 2.39 0.25–22.62 .447

3-4 risk alleles

Smoking habit

Nonsmokerc 5 0.4± 0.2 1

Former smoker 20 1.7± 0.7 9.47 0.52–173.16 .130

Smoker ≥40 years 9 2.9± 1.3 36.38 1.17–1132.84 .040

Status

Controlsc 12 1.5± 0.6 1

Benign lung disease 15 2.1± 0.9 0.45 0.06–3.69 .460

Lung cancer 11 2.3± 1.1 4.54 0.33–62.93 .259
aSome figures do not add up to the total because of missing values.
bLevels per 108 normal nucleotides.
cReference level.

DNA adducts were associated with benign or malignant lung
chronic diseases. The question of the utility of PBLs as a
valid surrogate for a specific organ like lung, representing the
events occurring in the target tissue, is still open [19]. Nev-
ertheless, some studies have indicated that the use of PBLs
such as a biological marker, may help in the identification of
subjects at elevated risk [6–8]. PBLs are considered suitable
to monitor environmental and occupational carcinogen
exposure and to estimate the burden of DNA adducts in
respiratory tissue [5, 20–22]. In fact, increased amount of
PBL DNA adducts have been found among subjects heavily
exposed to air pollution [21]. The relationship with target
tissue DNA adducts may vary between type of carcinogen
and target tissue although significant correlations have been
seen between the levels of DNA damage in PBLs and
bronchial mucosa [20].

Uppermost, we have considered the effect of smoking
on DNA adduct levels. Our findings show that the levels
of DNA adducts of smokers were higher than those of
former and nonsmokers. Our finding shows that PBL
DNA adduct may reflect exposures to carcinogens, such
as those contained in tobacco smoke better than other
surrogate tissues, such as leukocyte DNA adducts. However,
discrepant results have been also reported with PBLs [18].
This is probably due to methodical differences in the 32P-
DNA postlabelling protocol applied from research laborato-
ries.

Next results show that the effect of smoking on DNA
damage was more marked in the subjects that reported to
smoke for more than 40 years. Although detailed infor-
mation on smoking history, for example, number of pack
of cigarettes smoked per years was missing, our findings
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support the hypothesis that the formation of DNA adducts
is significantly influenced by chronic carcinogen exposure.
Furthermore, when study population was subgrouped for
the number of risk alleles, a significant association with
smoking was observed in the subjects carrying three or more
risk alleles who reported to smoke for more than 40 years.
Conversely, no effect of smoking was observed in smokers
bearing one or less risk allele.

The contribution of duration of exposure to cigarette
smoke has important implications for both research studies
and prevention strategies. It has been shown that the age
at first exposure and duration are associated influences to
the levels of DNA adducts [23]. Smoking during adolescence
has been shown to produce physiological changes leading to
increased persistence of DNA adducts less, and subjects who
begin smoking very early in life tend to be heavy smokers
[23]. Two large epidemiological studies demonstrated that
duration is more important than intensity of cigarette smok-
ing in predicting lung cancer risk [24, 25]. Herein reported
results support in part this hypothesis, thus shedding light
on the mechanisms involved in the aetiology of smoking
related cancers. It is likely that a plateau of the formation
of DNA adducts is reached at these time points [5]. In
fact, the persistence of DNA adducts in PBLs is less than
one decade, which is the maximum lifespan for long-living
lymphocytes.

Our next results show that DNA adduct levels were com-
parable in individuals with benign lung disease or with lung
cancer and in controls. However, when specific combinations
of variant alleles were investigated, a not significant increased
lung cancer risk was observed in individuals bearing the same
number of risk alleles.

In a meta-analysis of cancer and bulky DNA adducts
[26], DNA damage has been reported to be predictive
of lung cancer, particularly in smokers. In Veglia’s meta-
analysis, smokers presented a significant difference between
lung cancer cases and controls, with patients having 83%
higher amount of DNA adducts than controls. We know
that the interpretation of the meta-analysis is limited by
the fact that in case-control studies, the level of biomarker
may reflect the presence of cancer disease rather than its
aetiology. However, an exception is represented by three
cohort studies, in which DNA adducts have been found
to be prospectively predictive of lung cancer outcome [6–
8]. The importance of these studies is based on the fact
that biomarker measurement in PBLs collected several years
before cancer onset ruled out the possibility that the higher
levels of DNA damage were reflecting metabolic changes
associated with cancer.

No increment of DNA adducts has been found in subjects
with different benign bronchial pathologies, such as COPD,
asthma, and pneumoconiosis, characterized by important
inflammatory processes in respect to controls. However, such
inflammatory phenomena can influence DNA adduct levels
in lung target cells by increasing the biologically effective
dose of PAH [27]. This hypothesis is consistent with a
previous case-control study where the levels of DNA adducts
in individuals with inflammatory diseases were significantly
higher than those of controls [28].

DNA damage primarily reflects exposures to carcinogens
but is modulated by inherited and acquired susceptibilities.
Age, gender, and life-style and dietary habits have been
reported to influence levels of DNA adducts [5, 29, 30]. DNA
adducts may be also influenced by the individual’s ability
to remove DNA adducts undergoing from interindividual
variability [31]. Although the main pathway for removal
of bulky DNA adducts is nucleotide excision repair, it has
been shown that BER and DSB repair mechanisms may
participate in bulky DNA adduct repair, supporting the
association of XRCC1 and XRCC3 polymorphisms with
such kind of DNA damage [32, 33]. In this study we
observed an effect of XRCC3 Thr241Met polymorphism
on DNA adducts. Positive nonstatistically significant asso-
ciations with XRCC1 Arg194Trp and Gln399Gln geno-
types were found whereas an inverse significant association
was detected in XRCC3 Met241Met carriers. Our findings
are in keeping with previous studies showing that the
variant alleles of the XRCC1 Arg399Gln polymorphism
is associated with DNA adducts [10, 12, 13]. A recent
pooled analysis has shown a protective effect conferred
by XRRC3 241Met allele carriers against lung cancer
[16]. However, other studies have reported higher levels
of DNA damage in individuals with XRCC1 Arg194Arg
and XRCC3 Met241Met genotypes [12, 33]. Our results
suggest that case-control studies are more indicative for the
determination of genetic susceptibility than cross-sectional
studies.

To study the effect of different combinations of DNA
repair single nucleotide polymorphisms on DNA adducts,
we have investigated the combination of the variant allele/s
of XRCC1 Arg194Trp and Arg399Gln polymorphisms with
the wild type allele of XRCC3 Thr241Met. This was based
on the different association of XRCC1 and XRCC3 poly-
morphisms with lung cancer risk, for example, positive
for XRCC1 Arg194Trp and Arg399Gln and negative for
XRCC3 Thr241Met [9, 16, 17, 34]. Our findings show
that the combination of different polymorphisms can have
additive effects on the levels of DNA adducts. In fact,
when the number of risk alleles was analyzed, DNA adducts
were higher in individuals carrying three-four risk alleles.
Furthermore, when our population was categorized in base
to the number of risk alleles, the association between
smoking and lung cancer risk tended to be present in the
same individuals bearing three-four risk alleles. Although
statistical significances were seen in our analyses, our study
is underpowered, and larger studies are needed to confirm
the associations between DNA polymorphisms, cancer, and
DNA adducts.

Furthermore, a previous report has shown that smoking
is strong harmful factor that can eliminate the effect of
DNA polymorphisms of DNA repair genes on lung cancer
susceptibility [34]. Smoking could lead to cancer due to its
toxic effect regardless of whether individuals have polymor-
phisms with low repair proficiency. Thus, the examination of
the effect of different combinations of DNA polymorphisms
for the prediction of lung cancer susceptibility could be
more useful in nonsmokers exposed to relatively minor
environmental factors.
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4. Conclusions

The results of the present study support the utilisation of
PBLs as surrogate and more accessible tissues than bronchial
biopsies. In fact, we have observed a stronger effect of
smoking on DNA adducts of 40 years smokers. When study
population was subgrouped for number of risk alleles, the
association with smoking was concentrated in carriers of 3-
4 risk alleles that reported to have smoked for more than
40 years. A nonsignificant increased lung cancer risk was
observed in individuals bearing the same number of risk
alleles. Our results suggest that analysis of risk alleles can
predict the interindividual variation in DNA adduct levels
observed in smokers and lung cancer cases.
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Hydroxyl radicals are potent mutagens that attack DNA to form various base and ribose derivatives. One of the major damaged
thymine derivatives is 5-formyluracil (fU), which induces pyrimidine transition during replication. In order to establish the
structural basis for such mutagenesis, the crystal structures of two kinds of DNA d(CGCGRATfUCGCG) with R = A/G have
been determined by X-ray crystallography. The fU residues form a Watson-Crick-type pair with A and two types of pairs (wobble
and reversed wobble) with G, the latter being a new type of base pair between ionized thymine base and guanine base. In silico
structural modeling suggests that the DNA polymerase can accept the reversed wobble pair with G, as well as the Watson-Crick
pair with A.

1. Introduction

Hydroxyl radicals, activated from hydrogen peroxide and
hydrogen superoxide anion under light radiation, are well
known as potent mutagens that attack DNA and convert
them to many different kinds of base and ribose derivatives
[1, 2]. Every aerobic organism possesses several enzymes
to remove such toxic oxides, as well as to recover the
damaged DNA. However, when an excess amount of the
radicals attacks DNA, the thymine base is oxidized at the
5-methyl group to form 5-formyluracil base (hereafter 2′-
deoxy-5-formyluridine residue is referred to as fU) as a
major product. (The four characters, A, T, G, and C, rep-
resent the respective nucleotide residues in DNA sequence.

The other abbreviations used are fU for 5-formyluracil
or 2′-deoxy-5-formyluridine residue, dfUTP for 2′-deoxy-
5-formyluridine 5′-triphosphate, HPLC for high pressure
liquid chromatography, fUA for d(CGCGAATfUCGCG),
and fUG for d(CGCGGATfUCGCG).) It was demonstrated
that 2′-deoxy-5-formyluridine triphosphate (dfUTP) was
incorporated against both A and G templates, possibly
forming fU:A and fU:G base pairs during in vitro DNA
replication [3, 4]. On the other hand, it was reported
that dfUTP-induced pyrimidine transitions, G:C→A:T and
A:T→G:C, as well as a gene transversion from G:C to T:A,
could occur in vivo [5, 6]. These results suggest that fU can
behave as C, A, and G in addition to its original property of
T.
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Table 1: Crystallization conditions.

Crystals fUA1 fUA2 fUA3 fUA4 fUG1 fUG2 fUG3

Droplet

Sodium cacodylate buffer solution (mM) 20 20 20 20 20a 20 20

pH 6.5 6.0 7.0 6.0 8.1 7.0 7.0

DNA (mM) 0.5 0.5 0.5 0.5 0.5 0.5 0.5

Spermine 4HCl (mM) 6 6 6 6 6 6 6

Sodium chloride (mM) 6 40 40 6 — 40 40

Potassium chloride(mM) 60 — — 40 — — —

Magnesium chloride(mM) 6 10 — — — 10 10

Barium chloride(mM) — — 10 — — — —

MPD (% in v/v) 5 5 5 5 5 5 5

Hoechst 33258 (mM) — — — — — 0.5 —

DAPI (mM) — — — — — — 0.5

Reservoir solution

MPD (%) 40 40 40 40 40 35 40

Temperature (K) 277 277 277 277 277 277 277

MPD: 2-methyl-2,4- pentanediol.
Hoechst 33258: 2′-(4-hydroxyphenyl)-6-(4- methyl-1-piperazinyl)-2,6′-bi-1H-benzimidazole.
DAPI: 4′,6-diamidino-2-phenylindole.
aBuffer solution of fUG1 is 3-[4-(2-Hydroxyethyl)-1-piperazunyl]propanesulfonic acid.

In order to reveal the interaction geometry of the
modified base fU, we performed X-ray analyses on fU-
containing DNA duplexes. The fU residues were introduced
into the self-complementary Dickerson-Drew-type dode-
camer sequence, which is expected to be easy to crystallize.
The DNAs used in this study are d(CGCGAATfUCGCG) and
d(CGCGGATfUCGCG) and will be referred to as fUA and
fUG, respectively. The fU base faces either an adenine or a
guanine at the two sites in each duplex. Four fUA crystals and
three fUG crystals were obtained under different conditions.
Their crystal structures have been successfully determined
at resolutions ranging from 1.5 to 3.0 Å. In the preliminary
papers [7, 8], magnesium ion effects on crystallizations of
fUA were discussed, but the detailed structure of base-pair
formations and its biological significance were not published.
In this paper we describe the structures of the base pairs
formed between fU and G and between fU and A, based
on which the pyrimidine transition induced by the oxidized
thymine base will be discussed.

2. Materials and Methods

2.1. Oligodeoxyribonucleotide Synthesis. fUA and fUG were
synthesized by the solid phase phosphoramidite method
as described previously in [9] and were purified by
reverse-phase column chromatography and reverse-phase
and anion-exchange HPLCs. After NaIO4 treatment, the
oligonucleotides with fU were further purified by reverse-
phase and anion-exchange HPLCs.

2.2. Crystallization and Data Collection. Initial screenings of
crystallization conditions were performed using the hanging

drop vapor diffusion method, equilibrating 2 μl droplets
against 1 ml of the reservoir solution. The optimized
conditions for growing the four different crystals of fUA
(fUA1, fUA2, fUA3, and fUA4) and three different crystals of
fUG are given in Table 1. As the fUG1 crystal was too small,
two kinds of dyes, Hoechst 33258 and DAPI, were added to
stabilize the duplex formation (fUG2 and fUG3).

Crystals suitable for X-ray data collections were picked
up from their mother liquors using a nylon loop (Hampton
Research) and transferred into liquid nitrogen. All X-ray
experiments for the seven crystals were performed with
synchrotron radiation at the Photon Factory in Tsukuba.
Diffraction patterns of the fUA crystals, which were recorded
on imaging plates, were processed subsequently using the
programs DENZO and Scalepack [10] and those of the fUG
crystals, recorded on Quantum 4 CCD, with the program
DPS/MOSFLM [11]. Low-resolution data around the 10 Å
resolution shell were truncated because they did not fit well
into the diffraction profile. The crystal data and the statistics
of data collection are summarized in Table 2.

2.3. Structure Determination and Refinement. Initial phases
were derived by molecular replacement with the program
AMoRe [12] using the atomic coordinates of the correspond-
ing unmodified DNA duplex (PDB ID 355D, see [13]) as
structural probes. The molecular structures were constructed
and modified on a graphic workstation with the program
Coot [14] in the CCP4 program suite [15]. The atomic
parameters were refined with the program Refmac [16] in
CCP4 [15] with maximum-likelihood techniques, followed
by interpretation of an omit map at every nucleotide residue.
Newly defined patches were prepared for partially applying
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Figure 1: The final 2|Fo|-|Fc|maps around the fU residues in the fUA2 (a), the fUG2 (b), and the fUG3 (c) crystals. The maps are contoured
at 1σ level by the program DINO [18]. Those of the fUG1 crystal are omitted due to similarity to (c). Values indicate possible hydrogen bond
distances. Characters N, O, and W indicate nitrogen, oxygen, and water oxygen atoms, respectively.
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Table 2: Crystal data and statistical information on data collection and processing and on structure determination.

Crystals fUA1 fUA2 fUA3 fUA4 fUG1 fUG2 fUG3

Wavelength (Å) 1.00 0.90 1.00 1.00 1.00 1.00 1.00

Beamline (at PF) BL-18B BL-6B BL-18B BL-6B BL-18B BL-18B BL-18B

Oscillation ranges(◦) 5 3 5 5 3 2 2

Frames 72 60 34 36 60 90× 2c 90

Space group P212121 P212121 P212121 P212121 P212121 P212121 P212121

a (Å) 25.8 26.0 25.2 25.3 24.6 25.3 25.0

b (Å) 39.3 39.5 41.2 41.7 40.0 40.3 40.5

c (Å) 65.0 65.7 65.4 66.0 68.5 66.0 66.8

Za 1 1 1 1 1 1 1

Matthews coefficient (Å3 Da−1) 2.15 2.20 2.22 2.28 2.28 2.28 2.29

Solvent content (%) 42.9 44.2 44.6 45.9 46.0 46.1 46.3

Resolution (Å) 1.57 1.5 1.7 1.8 3.0 1.95 2.6

Completeness (%) 97.1 99.4 97.7 99.3 99.3 99.9 99.9

Rb
merge (%) 3.1 4.8 2.9 2.8 11.4 4.0 6.3

Observed reflections 87588 66227 31872 45728 16654 72307 38399

Unique reflections 9502 10301 7779 6881 1531 5312 2342

Redundancy 9.22 6.43 4.10 6.65 10.9 13.6 16.4

Structure refinementf

Resolution range (Å) 10.0−1.57 10.0−1.55 10.0−1.85 10.0−1.80 15.0−3.02 10.0−1.95 10.0−2.70

R-factor (%)d 18.3 18.3 21.6 19.3 18.8 20.3 21.1

Rfree (%)e 23.2 22.5 26.0 23.1 22.9 26.1 27.8

R.m.s. deviation

Bond distances (Å) 0.027 0.028 0.019 0.021 0.005 0.019 0.007

Bond angles (◦) 3.8 3.6 3.2 3.4 0.9 3.1 1.0

No. of ions 1Mg2+, 1K+ 1Mg2+ — — — 1Mg2+ 1Mg2+

No. of additive molecules — — — — — 1Hoechst33258 1DAPI

No. of water molecules 150 185 82 142 27 123 45

PDB-ID 1G75 1G8N 1G8U 1G8V 3AJJ 3AJK 3AJL
a
Number of duplexes in the asymmetric unit. bRmerge = 100×∑h j |Ih j − 〈Ih〉|/

∑
h j Ih j , where Ih j is the jth measurement of the intensity of reflection h and

〈Ih〉 is its mean value. cTwo data sets were taken for a crystal by changing exposure time to compensate overloaded reflections. dR-factor = 100 ×∑ ||Fo| −
|Fc||/

∑ |Fo|, where |Fo| and |Fc| are the observed and calculated structure factor amplitudes, respectively. eCalculated using a random set containing 10% of
observations that were not included throughout refinement [17].

structural restrains to the modified residue. Water, ion, and
dye molecules were assigned and included in the refinements.
The program CNS [17] was used in the final refinements of
fUG1 and fUG3 to stabilize the base pairs containing X with
hydrogen bonds. The statistics of structure refinements are
summarized in Table 2. Examples of the quality of the final
electron density maps are depicted in Figure 1. Helical and
local base-pair parameters [19], as well as the torsion angles
and pseudorotation phase angles of sugar rings [19], were
calculated using the program 3DNA [20]. Some of them are
shown in Table 3 and Figure 4.

2.4. Coordinates. Atomic coordinates and structure factors
have been deposited in the Protein Data Bank with accession

codes 1G75, 1G8N, 1G8U, 1G8V, 3AJJ, 3AJK, and 3AJL for
fUA1, fUA2, fUA3, fUA4, fUG1, fUG2, and fUG3, respectively.

3. Results

3.1. Quality of X-ray Analyses. All the crystals are isomor-
phous to the orthorhombic form of the unmodified duplex
crystal. Crystallization of fUA was easy as expected, and the
crystals obtained diffracted within the 1.5−1.8 Å resolution
range. In every crystal, the formyl group of the fU8 residue
on one of the two chains was disordered between the
two alternative conformers, anti and syn, while that in the
other chain adopted only the syn conformation. Relative
occupancies of the disordered oxygen atoms, estimated
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Table 3: A comparison of the local base-pair parameters at the modified pairs, calculated with the program 3DNA [20].

Pair fUA1 fUA2 fUA3 fUA4 fUG1 fUG2 fUG3 Ave Unm

Shear (Å) fU8:R 0.01 −0.03 −0.05 −0.08 −2.00 −2.24 −2.19 −0.94 −0.11

R:fU20 0.05 0.08 −0.04 −0.01 1.90 −2.08 2.15 0.29 −0.04

Stretch (Å) fU8:R −0.19 −0.13 −0.08 −0.10 0.15 0.00 0.08 −0.04 −0.12

R:fU20 −0.10 −0.11 −0.16 −0.16 0.13 −0.58 0.10 −0.13 −0.11

Stagger (Å) fU8:R 0.10 0.11 −0.06 0.08 −0.33 −0.08 0.03 −0.02 −0.00

R:fU20 0.09 0.00 0.00 0.10 −0.06 0.10 −0.05 0.03 0.01

Buckle (◦) fU8:R −6.04 −4.89 −2.68 −4.97 −5.62 −10.56 −9.96 −6.39 −1.56

R:fU20 8.11 6.02 9.91 9.34 6.78 8.68 4.50 7.62 4.72

Propeller (◦) fU8:R −12.4 −12.4 −12.5 −11.9 −9.1 −16.3 −13.3 −12.6 −16.4

R:fU20 −14.3 −14.5 −15.2 −15.3 −18.8 −14.6 −13.9 −15.2 −15.3

C1′ · · ·C1′ fU8:R 10.4 10.5 10.4 10.4 11.0 11.2 11.0 10.5(WC) 10.5

(Å) R:fU20 10.5 10.6 10.3 10.4 11.1 10.6 11.1 11.1(rw) 10.5

R: a purine residue, A or G, Ave: average, Unm: unmodified duplex [14], WC: Watson-Crick type and rw: reversed wobble.

(a) (b) (c) (d)

(e) (f) (g)

Figure 2: The overall structures of DNA duplexes containing fU, (a) fUA1, (b) fUA2, (c) fUA3, (d) fUA4, (e) fUG1, (f) fUG2, and (g) fUG3.
The fU residues are colored red. Hoechst33258 and DAPI are omitted for clarity.
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Figure 3: Superimposition of the fUA1(green), fUA2(blue), fUA3

(red), fUA4(violet), fUG1(gray), fUG2(brown), and fUG3(cyan)
duplexes onto the unmodified duplex (black) for comparison of the
duplex conformations.

from the electron densities, were assumed in the structure
refinements. (The residue numbering is 1 ∼ 12 for one chain
and 13 ∼ 24 for another chain.)

On the other hand, fUG was difficult to crystallize.
Attempts to crystallize fUG under conditions similar to
those for fUA, that is, at neutral or slightly acidic pH,
were unsuccessful. Small single crystals of fUG2 appeared
at basic pH (pH 8.1) but they poorly diffracted X-rays.
Cocrystallization with several dyes was then attempted with
the hope of stabilizing duplex formation. This approach
led to the successful crystallization of fUG2 and fUG3

although the resolution of the fUG3 crystal was still quite
low. Hoechst 33258 and DAPI were found to be bound
in the central region of the minor grooves of fUG2 and
fUG3, respectively, in a manner similar to the other DNA
duplexes containing such dyes [21–27]. Interestingly, during
refinements of fUG2, it was found that the two fU bases
moved to different directions, one toward the minor groove
side and the other toward the major groove side from
the canonical Watson-Crick-type pairing position, and the
resulting electron density also showed the same movements.
In the case of fUG1 and fUG3, however, the two fU bases
moved to the same direction toward the minor groove side,
and the electron densities, though poor, also supported the
movements.

3.2. Overall Structures. The local helical parameters show
that all the fUA and the fUG duplexes adopt the B-form
conformation even in complex with dyes, as shown in
Figure 2. Superimpositions of the present structures onto
the unmodified duplex structure are shown in Figure 3
and yield an average root mean square deviation of 1.4 Å.
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(Å

)

Residue number

fUA1

fUA2

fUA3

fUA4

fUG1

fUG2

fUG3

Figure 4: The minor groove widths in the fU-substituted and
unmodified duplexes. The minor groove calculations were per-
formed with the program 3DNA [20]. The widths are wider at the
central regions in fUG2 and fUG3 compared with those in fUA1,
fUA2, fUA3, fUA4, and fUG1 because Hoechst33258 and DAPI are
bound in the grooves.

Closer inspection of the superimposed structures reveals no
drastic differences between the modified and the unmodified
duplexes. However, the minor groove widths (see Figure 4)
indicate that fUG2 and fUG3 are wider at the center
compared with those of the other DNA duplexes. These
changes in the DNA conformation are presumably due
to the binding of DAPI and Hoechst33258 rather than
the fU introductions. Another feature is that, at residues
3−5, the minor groove width is wider. This is typical of
Dickerson-Drew-type DNA duplexes that are packed in the
orthorhombic cell. The widening occurs because the duplex
accepts the end of a neighboring duplex along the c axis
through two hydrogen bonds to form a C:G:G:C quartet.
The other end (the residues 8-10) is not widened. However,
the corresponding width of every fUG crystal is wider, as
discussed later.

3.3. Hydrogen Bonding Schemes of Base Pairs. In every crystal,
the two DNA strands are associated to each other through
base-pair formations, and all the bases, except for the
modified bases and their counter bases positioned on the
opposite strands in the duplexes, form the canonical Watson-
Crick base pairs. All the pairing geometries of fU residues are
shown in Figure 5. As depicted in Figure 1(a), the electron
densities clearly show that the fU residues in fUA2 are paired
with the opposite A residues in the Watson-Crick geometry.
Those of other fUA crystals also show the same paired
structures. These results indicate that the oxidized T residue
(fU) still has an ability to form a Watson-Crick-type base pair
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molecules are bound in the binding pocket of the enzyme, the
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of the two bases. The guanine N2 and C2 atoms of the wobble fU:G
pair (red) are too close to the protein atoms.

with A. The formyl groups of fU could either adopt the anti
or syn conformations depending on the surrounding water
structure.

On the other hand, the most interesting features can
be seen in the interaction geometries between fU and G
in the fUG crystals. In the fUG2 crystal, the fU20 residue
forms a typical wobble pair with G5 through the N3H· · ·O6

and O2 · · ·HN1 hydrogen bonds, and the formyl group is
disordered between syn and anti conformations. However
the fU8 residue forms a new type of pair with the opposite
G17 residue through the two hydrogen bonds, O4 · · ·HN1

and N3 · · ·HN2. In the pairing, the G base moves to the
major groove side and the fU8 base moves to the minor
groove side. Compared to the wobble pair, these bases move
in the reverse direction. An atom was located on the electron
density map (see Figure 1), and it is within hydrogen distance

of the O4 and O5 atoms of fU8 and the O6 atom of G17. As
the density of the atoms was of almost the same level as those
of other water molecules, a water molecule was temporarily
positioned at the peak for further structure refinements. In
other words, it seems that a water molecule is trapped in
the space surrounded by the three oxygen atoms to stabilize
the pair formation. In the fUG3 crystal, the two fU residues
at the different sites also form the respective pairs with
the opposite G residues. The geometries are, however, both
in the new reversed wobble type, as shown in Figure 1(c).
Water molecules are also assigned at the positions similarly
surrounded by the three oxygen atoms, as described above,
though the corresponding electron density at the fU20 site is
rather poor due perhaps to low resolution. Furthermore, in
the fUG1 crystal obtained at pH 8.1 without the help of dyes,
the electron density, though again at low resolution, suggests
that the two fU residues form pairs with the opposite G
residues in a similar manner to those found in fUG3 obtained
with DAPI. Therefore it is considered that the presence of
dyes stabilizes duplex structure but does not affect the pairing
modes.

4. Discussion

Figure 6 summarizes the pairing modes with their chem-
ical structures, found in the fUA and fUG crystals. It is
noteworthy that an oxygen atom always exists at the center
almost equidistant from the three surrounding oxygen atoms
(O4 and O5 of fU and O6 of G) in the reversed wobble
geometry. Because of this pairing, the N1 atom of fU should
be deprotonated and the O4 atom of fU might be ionized so
that the central pocket must accept a hydronium ion instead
of a water molecule to stabilize the pair formation. This is
consistent with the fact that the fUG1 crystal was obtained
in alkaline state without the help of dyes. The pKa value
decreases from 9.7 to 8.1 in response to the formylation by
T oxidization [29]. A sodium ion but not a potassium could
also be accommodated, judging from the size of the pocket.

A comparison of the local base-pair parameters at the
modified pairs is given in Table 3. As the sequence is basically
palindromic, the duplex has a twofold axis at the centre
of the duplex perpendicular to the helical axis. Therefore,
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the base pairs at fU8 and fU20 exhibit buckle angles and
shear distances with signs (+/−) different between the
positions related by the twofold symmetry, but propeller
twist angles with the same sign though their absolute values
are affected by crystal packing. All of the fU:A pairs satisfy
these conditions. (The shear values fluctuate around zero in
the standard B-form duplex.) The fUG duplexes also adopt
this geometrical rule, except for the shear parameter. In
the fUG2 duplex, the two fU:G pairs have the shear values
with the same sign (fU8 −2.24 Å and fU20 −2.08 Å). This
means that the G17 and G5 bases which are paired with
fU8 and fU20 move in the different directions along the
X-axis [see the definition in [19]] , that is, G17 shifts up
toward the major groove side and G5 shifts down toward the
minor groove side (or fU8 moves down toward the minor
groove and fU20 moves up toward the major groove). These
movements are just ascribed to the reversed wobbling and the
normal wobbling, respectively. Another feature of the fU:G
reversed wobbling can be seen in the C1′-C1′ distance which
is longer by 0.6 Å, as compared with those of the Watson-
Crick pairing. This expansion is also reflected in the wider
minor groove widths found in every fU:G duplexes.

The present work has clarified a total of three interaction
modes, a Watson-Crick type for fU:A pairing and two wobble
types (wobble and reversed wobble) for fU:G pairing. It has
been believed that the DNA polymerase accepts base pairs
only with the Watson-Crick geometries. The wobble pairing
easily occurs between G and T, but the DNA polymerase
[30] eliminates such a pair by sieving the shape of the
pairs. In order to examine the possibility that a reversed
wobble pair could also be accepted by the enzyme the
pairing geometry was modeled into the enzyme in silico.
As seen in Figure 7, the reversed wobble pair is reasonably
accommodated without atomic collisions by slightly rotating
the pair. On the contrary, a wobble pair, rotated in the
opposite direction, would still collide with atoms of the
enzyme. Thus, it could be concluded that G forms a pair
with fU in the ionized form and A forms a Watson-Crick
pair with fU and that the reversed wobble pair is allowed to
be bound in the DNA polymerase. This tolerance explains
the occurrence of mis-incorporation during replication and
leads to pyrimidine transition mutagenesis.

Methoxyamine is also well known as a potent mutagen.
N6-methoxyl-adenine [31, 32] and N4-methoxyl-cytosine
[33–35] residues in the damaged DNAs adopt the imino
tautomer to form mismatched base pairs, which mimic the
Watson-Crick pair geometries. In contrast, fU derived from
thymine oxidation forms a reversed wobble pair, which is also
acceptable to the DNA polymerase.

The focus of the present work is on pyrimidine transition
mutation and not gene transversion. The atomic mechanism
of the latter will be revealed by similar X-ray studies.
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Base analogs are powerful antimetabolites and dangerous mutagens generated endogenously by oxidative stress, inflammation, and
aberrant nucleotide biosynthesis. Human inosine triphosphate pyrophosphatase (ITPA) hydrolyzes triphosphates of noncanonical
purine bases (i.e., ITP, dITP, XTP, dXTP, or their mimic: 6-hydroxyaminopurine (HAP) deoxynucleoside triphosphate) and thus
regulates nucleotide pools and protects cells from DNA damage. We demonstrate that the model purine base analog HAP induces
DNA breaks in human cells and leads to elevation of levels of ITPA. A human polymorphic allele of the ITPA, 94C->A encodes
for the enzyme with a P32T amino-acid change and leads to accumulation of nonhydrolyzed ITP. The polymorphism has been
associated with adverse reaction to purine base-analog drugs. The level of both spontaneous and HAP-induced DNA breaks is
elevated in the cell line with the ITPA P32T variant. The results suggested that human ITPA plays a pivotal role in the protection
of DNA from noncanonical purine base analogs.

1. Introduction

Modified bases in DNA pose a severe threat for genome
integrity [1], (Figure 1). DNA could be directly damaged by
environmental factors such as ionizing radiation, chemical
mutagens or endogenous factors, such as oxidative stress
and inflammation [2–4]. Many of these factors also damage
nucleotides in DNA precursor pools [5–7]. Additionally,
cellular metabolism per se also contributes to the contam-
ination of pools by nucleobase-analogs. Base-analogs in
the deoxyribonucleoside triphosphate form are incorporated
into DNA by DNA polymerases and are the source of
genetic changes [8]. Potent repair systems remove not only
the lesions from DNA, but also the harmful triphosphates
from the DNA precursor pools (Figure 1, [1, 8]). Defects
of these protection mechanisms lead to hypermutagenesis
[9] or hyperrecombination [10–12] and result in genome
instability, which predisposes individuals to diseases like
cancer [13, 14]. Base-analogs are clinically important and
are widely used as immunosuppressants as well, antiviral

and anticancer agents. The determination of the reasons for
individual sensitivity/resistance is of high priority.

The major mutagenic modified purine bases include 8-
oxoguanine and 2-hydroxyadenine [15]. The 8-oxoguanine
in deoxyribonucleoside triphosphate form can be incor-
porated into DNA by replicative as well as specialized
DNA polymerases [16–18]. It can form base pairs with
cytosine and adenine and, therefore, can lead to transversion
mutations [19]. The MutT protein of E. coli hydrolyzes
8-oxodGTP to 8-oxodGMP, preventing incorporation into
DNA [17]. Mutational inactivation of this gene leads to
a 10.000-fold increase in the rates of transversions [20],
but no elevation of DNA fragmentation is detected in
mutT strains [21]. The 2-hydroxyadenine also has strong
mutagenic potential [3]. Deamination of normal purines,
as well as disregulation of the purine biosynthesis, leads
to contamination of nucleotide pools with deoxyinosine
triphosphate and deoxyxanthine triphosphate. Inflamma-
tion induces various types of base damage from oxidative
stress and elevated lipid peroxidation [22]. The latter can
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generate mutagenic derivatives of adenine and guanine, HAP
and its 2-amino derivative in vitro [23]. HAP might be
generated by monooxygenation of adenine [24]. HAP also
can be generated by adenylosuccinate synthase, an enzyme
of the de novo purine biosynthesis pathway wherein hydrox-
ylamine is provided instead of aspartate in the reaction with
IMP [25]. Thus, HAP can be a natural contaminant of
dNTP pools [23, 26], however the literature does not report
direct measurements of HAP derivatives in nucleotide pools.
HAP is strongly mutagenic in bacteria and yeast [26, 27].
The dHAPTP is incorporated into DNA by various DNA
polymerases in vitro [28, 29]. Overwhelming indirect genetic
evidence in microorganisms suggests that the mutagenic
effect is mediated by dHAPTP incorporation into DNA [26].
There is only fragmentary information about the effects of
endogenous and exogenous base-analogs, such as HAP, in
multicellular eukaryotes.

There are a number of evolutionarily conserved enzy-
matic systems that sanitize the nucleotide pool by selectively
breaking deoxynucleoside triphosphate forms of base-analog
DNA precursors, either to monophosphate [17, 30] or to
nucleoside [31, 32] or diphosphate [33]. Additional systems
affect quality of dNTP pools [34]. One of them, NUDT16,
destroys abnormal diphosphates [35]. Polymorphisms in the
genes encoding protective enzymes are associated with an
increased risk of cancer [36], a predisposition to base-analog-
associated adverse drug reactions [37] or a modulation of
response to therapy in hepatitis C patients [38].

ITPA is a prominent enzyme protecting from base-
analogs [27, 39]. ITPA orthologs from humans, yeast
(encoded by the HAM1 gene), and bacteria (encoded by
the rdgB gene) control levels of ITP, dITP and dHAPTP
by hydrolyzing ITP/dITP to PPi and IMP/dIMP [27, 30,
40]. One report documents that yeast ITPA can hydrolyze
pyrimidine analogs as well [41]. ITPA is highly conserved
among species [26, 40, 42]. In E. coli, the rdgB mutation
is synthetically lethal with the recA mutation abolishing
homologous recombination [27, 39]. The rdgB mutation
sensitizes to the mutagenic and recombinogenic effects of
HAP in molybdenum-cofactor defective strain background
(another system protecting from HAP [43–45]) because of a
massive accumulation of breaks in DNA [27, 39, 46]. DNA
damage is caused by intermediates in the repair of base-
analogs in DNA by Endo V encoded by the nfi gene. This has
been proven by the viability of triple rdgB recA nfi mutants
[27].

HAP is very mutagenic in yeast but does not induce
recombination [48]. A defect in the yeast homolog of ITPA,
Ham1, leads to elevated HAPmutagenesis, but it does not
affect spontaneous mutagenesis [49]. The natural substrate,
dITP, seems to be non-mutagenic when it is incorporated
in DNA, because hypoxanthine base pairs properly with
cytosine [50], and yeast apparently do not possess an enzyme
able to recognize hypoxanthine, xanthine and HAP in DNA
similar to Endo V. Therefore, DNA with these bases is
not nicked and no recombination and DNA breakage are
seen. The situation in yeast might be atypical. Inosine and
xanthine in DNA are recognized in most organisms by
a specialized repair system initiated by the orthologs of

Direct DNA damage

Replication

Mutations

Repair

Mutations,
DNA strand breaks,
chromosome anomalities

Incomplete or
inaccurate repair

Incorporation of base analogs
from nucleotide pools

dNTP damage

dATP, dGTP,
dCTP, dTTP Pool cleansing

enzymes
dATP, dGTP,
dCTP, dTTPdXTPs

X
Y

X

X

Figure 1: Base-analog DNA cycle. Environmental and intrinsic
mutagens can damage DNA directly or can damage DNA precursor
pools. When cleansing is inefficient, base-analogs are incorporated
into DNA. Damaged bases lead to mutations in replication cycles or
can be correctly repaired by base excision repair. Intermediates of
this repair can lead to mutagenesis, DNA breaks, and chromosome
changes.

endonuclease V [51] and elicit DNA repair reactions that
lead to DNA fragmentation and genomic instability when the
level of analogues is high [3, 39, 46].

The repair of purine base-analogs in humans has not
been studied. Mutations in the human ITPA gene lead to
the accumulation of ITP in erythrocytes but do not show
a clear disease phenotype, perhaps due to compensation
by other cleansing enzymes [52, 53]. Human ITPA P32T
variant, abolishing the ITPA activity in erythrocytes, has been
associated in most publications with adverse reactions to
purine analogues used in the treatment of blood cancers,
transplant, and inflammatory bowel diseases [37, 54–59].
The ITPA P32T variant causes sensitivity to mercaptopurine
used for the treatment of acute lymphoblastic leukemia [60].

Knockout of the Itpa gene in mice is lethal primarily
because of heart failure [53]. Primary embryonic fibroblasts
exhibit moderate chromosome instability phenotype [61],
and the inviability of the Itpa knockout mice suggests that
the enzyme performs essential functions in addition to the
prevention of the misincorporation of purine base-analogs
in DNA. If we assume that the role of ITPA is the same
in humans, the ITPA P32T variant should result in an
incomplete loss of activity, at least in the heart. Indeed, ITPA
with the change possesses enzymatic activity but is thermally
unstable [62, 63], suggesting a possibility that the levels of the
protein and its activity could vary among tissues.

In this study, we demonstrate by comet assay that
the model purine base-analog, HAP, induces DNA strand
breaks in three different human cell lines. This suggests that
there is active recognition of incorporated base-analogs and
nicking of DNA. The inducibility of the system of HAP
repair was indicated by the shape of HAP dose response
on the frequency of DNA strand breaks. We suggest and
provide the evidence that one component of the repair
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Figure 2: Verification of the genotype of the P32T cell line. Electropherogram of the DNA sequence of the region with C94A mutation is
shown. The experiment was performed as described in Section 2.
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Figure 3: Accumulation of ITP in the P32T cell line. Areas of
chromatogram corresponding to ITP and IMP are enlarged in
boxes above the actual printout. Whole-cell lysates corresponding
to 100 μg of protein were deproteinized by acid extraction with
1 N HCl followed by alkali treatment with an equal volume of 1 N
NaOH. The samples were centrifuged at 14,000 RPM for 10 min.
The volume of aqueous fraction (supernatant) was adjusted to
500 uL with HPLC-grade water. The samples were run on an Alltech
hypersil BDS C18 5u column. The HP 1100 HPLC connected to an
autosampler and a DAD detector (which was set at 262 nm) was
used. Flow rate was kept constant at 1.1 mL/min, and a gradient
flow was used: 0 to 5 minutes, 100% (a). 5−5 : 10 ramp up to 100%
(b), 5 : 10−8 : 10, 100% (b), 8 : 10−8 : 20 ramp down to 100% (a). In
the preliminary experiments we have determined the retention of
pure 0.5 mM solutions of ITP (∼2.6) and IMP (∼5.2).
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Figure 4: Specificity of polyclonal antibodies against ITPA in
Western blot. Western blots were performed as described in
Section 2. Antibodies against ITPA react largely with ITPA (a band
closer to 20 kDa marker, see compared with lane where pure ITPA
was loaded, and predicted molecular mass was 21.4 kDa) and, less
intense, with an unrelated protein running at 30 kDa. The level of
ITPA, but not of this non-specific protein, is decreased almost 10-
fold in the soluble fraction of the P32T cell line. In the control
reprobing experiment the amount of GAPDH was the same in all
three cell lines (not shown). The position of the immunoreactive
band was shifted up, closer to the 30 kDa marker in the lane with the
6 His-tagged pure ITPA-P32T (predicted molecular mass 23.6 kDa
[47]). We also analyzed the extracts of 293 cell lines transfected with
expressing ITPA-EGFP fusion protein (51.4 kDa) and have found
that the major band was detected at a position corresponding to
50 kD.

system is ITPA. Consistent with this, the level of spontaneous
and base-analog-induced DNA damage was elevated in cell
line P32T with compromised ITPA activity. The levels and
distribution of ITPA P32T as determined by immunostaining
have been changed in the P32T cell line. The results suggest
that patients with the 94C->A polymorphism in the ITPA



4 Journal of Nucleic Acids

0

(a)

3.3 mM

(b)

Figure 5: HAP does not induce massive chromosome fragmentation. The untreated HCT116 metaphase spreads (a) and HCT116 metaphase
spreads obtained at the end of treatment by 3.3 mM HAP (b) were counterstained with DAPI (grey). Bar—10 μm.

in addition to drug intolerance might possess increased
predisposition to diseases resulting from DNA repair defects.

2. Materials and Methods

2.1. Human Cell Cultures. The normal, diploid, human
lung fibroblast cell line, WI-38, (ATCC CCL-75) was kindly
provided by Dr. Vera Gorbunova (University of Rochester,
NY). The human fibroblast cell line (Coriell Institute
Biorepository (GMO1617), called here P32T, is homozygous
for a C>A transversion of nucleotide 94 (94C>A) in exon
2 of the ITPA gene. This leads to a proline to threonine
substitution at codon 32 (P32T). These untransformed cell
lines were cultivated as a monolayer in MEM (Invitrogen,
USA) supplemented with 10% fetal calf serum (GIBCO)
and 1 mM sodium pyruvate (Invitrogen, USA) at 37◦C in
a 5% CO2 atmosphere. For the fibroblasts, cells at early
passages (<25 passages) were used in all experiments to avoid
complications of replicative senescence because WI-38 cells
have a mean lifespan of approximately 45 to 60 population
doublings.

The epithelial colorectal cancer cell line HCT116 (ATCC,
CCL247, kindly provided by Dr. Robert E. Lewis, UNMC),
was cultivated in DMEM (Invitrogen, USA) containing 10%
fetal calf serum at 37◦C in a 5% CO2 atmosphere. The
colorectal cancer HCT116 cells are defective in mismatch
repair due to a nonsense mutation in the MLH1 gene
[64]. For the experiment addressing the specificity of our
antibodies against ITPA, we transfected colorectal carcinoma
293 cells by pEGFP plasmid (obtained from Dr. A. Rizzino,
UNMC) with ITPA cloned into BamH1-EcoRI sites in frame
with EGFP.

2.2. Characterization of P32T Fibroblast Cell Line. We verified
the presence of the 94C->A change in the ITPA gene by
sequencing of exon 2 amplified from genomic DNA (as exon
2−4 fragment) or from RNA. For genomic DNA isolation,
1× 106 cells were harvested for fibroblasts bearing wild-type
(WI-38) or mutant (P32T) ITPA, and DNA was isolated

according to the Fermentas Inc. protocol: (http://www.fer-
mentas.com/en/support/application-protocols). Briefly, cell
pellets were lysed with SDS and Proteinase K. After incu-
bation with NaCl, DNA was phenol:chloroform extracted
and precipitated with ethanol. DNA pellets thus obtained
were resuspended in nuclease-free water. For RNA extraction
we have used the RNeasy kit (Qiagen, USA). The cDNA
synthesis was performed using the qScript DNA synthesis kit
(Quanta Biosciences #95047-025).

For amplification of the specific ITPA region encompass-
ing the site of the 94C->A change, either genomic DNA or
cDNA was diluted 100-fold and exons 2 through 4 were
amplified using Exons 2, 3, 4 forward and reverse primers
and conditions [65]. Sequencing of the genomic fragment
was performed by the same primers and the sequence
of the cDNA fragment was performed using ITPA-sN
5′TCATTGGTGGGGAAGAAGATC and ITPA-sC 5′AAG-
CTGCCAAACTGCCAAA. The sequencing confirmed that
the P32T cell line possesses 94C->A transversions (Figure 2).

We also detected the hallmark accumulation of ITP in
the P32T cell line by HPLC, confirming that ITPA activity
is compromised in this cell line [65] (Figure 3).

2.3. The Alkaline Comet Assay. All the required chemicals
were purchased from Trevigen, Inc. (USA). The comet assay
was carried out under alkaline conditions, as described in
the attached Trevigen instructions. Cells (WI-38, HCT116
and P32T) with or without H2O2 or HAP treatment were
suspended in 1% low melting point agarose in 1xPBS, pH
7.4, at 37◦C and immediately pipetted onto a CometSlide.
The agarose was allowed to set at 4◦C for 10−30 min and the
slide was immersed in a lysis solution at 4◦C for 50 min to
remove cellular proteins. Slides were then placed at 0.3 M
NaOH and 1 mM EDTA for 45 min at room temperature
before electrophoresis at 300 mA for 60 min at 4◦C. The
slides were then washed two times for 10 min each with
water and then dehydrated in 70% ethanol for 5 min before
staining with 1xSYBR Green I staining solution. To prevent
background DNA damage, handling samples and all the steps
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Figure 6: HAP induces DNA breaks in human cells. The effect of
HAP and 100 μM hydrogen peroxide on the frequency of single-
stranded breaks recorded at the end of treatment in WI-38, HCT116
and P32T cell cultures by single-cell electrophoresis at pH > 13.
(a) Analysis of the concentration-dependent effects of HAP and
hydrogen peroxide on the frequency of DNA strand breaks in
WI-38, HCT116 and P32T cells. The damaging DNA-agent dose
responses are plotted on the x-axis. The mean percent DNA in the
comet tail is plotted on the y-axis as a ratio of the amount of DNA in
the comet tail/the amount of DNA in the whole comet. The insert
in the upper part of the plot is a linear plot of this correlation for
each culture. Results are shown as means± standard error of results
of six different experiments. The level of statistical significance was
set at P < .05. (b) Micrographs of WI-38 (a, b, c), HCT116 (d, e,
f), and P32T (g, h, i) cells treated with different doses of HAP: 0 (a,
d, g), 0.66 mM (b, e, h) and 3.3 mM (c, f, i) for 24 hr. Bar—10 μm.
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Figure 7: Intracellular localization and induction of ITPA. (a)
The effect of HAP on ITPA levels and distribution in the WI-
38, HCT116 and P32T cells. Immunofluorescence of ITPA in
the WI-38, upper row, HCT116, middle row and P32T, lower
row. Immunostaining and counterstaining were performed with
antirabbit monoclonal antibody (green) and DAPI (blue), respec-
tively. Bar—10 μm Representative images are shown. (b) Details
of immunofluorescence pattern of ITPA in the HAPtreated WI-38
(upper row, 1.32 mM HAP) and P32T (lower row, 0.66 mM HAP)
cells. Left column—DAPI only, middle column—detection of ITPA
antibodies, and right column—merged picture.

included in the preparation of the slides for the comet assay
were conducted under yellow light or in the dark.

The slides were examined using an epifluorescence
microscope “Nikon Eclipse 80i.” A total of 100 comets
per slide were scored. Comets were randomly captured at
a constant depth of the gel, avoiding the edges of the
gel, occasional dead cells, and superimposed comets. The
percent (%) of DNA in the comet tail was used in this
study as the measure of DNA damage. Consistent with the
Trevigen Inc. application guide, the average content of DNA
in the comet tail of untreated normal cells is less than
ten percent. The amount of DNA in the comet tail was
estimated by computerized image analysis of selected comets
using CometScore software. Six independent experiments
were performed. Then, the average and standard error was
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Figure 8: HAP treatment leads to the increase of ITPA levels in
HCT116 cell extracts. Western blots were performed as described in
Section 2. Two controls are in the left part: first lane—His-tagged
pure ITPA (30 kDA), second lane:—pure ITPA (23 kDa). Third,
fourth, and fifth lane shows the levels of ITPA (23 kDA) in extract
of untreated cells, and cells treated by 0.66 mM HAP and 1.32 mM
HAP. To estimate the induction of ITPA, we measured the ratio
of the intensity of the band corresponding to monomeric ITPA to
nonspecific bands. Estimated by this method, the induction relative
to the control was 2.2 times at 0.66 mM and 2.6 times at 1.32 mM.

determined. The statistical significance of differences was
estimated by Student’s t-criterion.

2.4. Chromosome Analysis. For metaphase chromosome
spreads, WI-38, HCT116, and P32T cells (treated for 23 h
with DMSO or HAP in DMSO) were arrested in metaphase
by a 1 h treatment with 0.5 μg/ml colcemide (Gibco URL,
USA), treated hypotonically with 0.075 M KCl, fixed three
times in a 3 : 1 methanol-acetic acid mixture, spread on
glass slides, and air dried. Twenty spreads for each culture
were analyzed by CytoVision software (Genetix Corp., CA);
only the total number and size of the chromosomes were
determined.

2.5. Western Blot Analysis. HCT116, WI-38, and P32T
cells were cultivated until subconfluence (5× 105 cells per
plate). The cells were harvested and resuspended in the
lysis buffer (1xPBS containing a protease inhibitor cocktail
(Roche Biochemicals, IN, USA), pH= 7.4). Each pellet was
mechanically sheared using a pestle. The lysate was cleared by
centrifugation and protein content determined by Bradford
reagent from BioRad. The lysate equivalent to 100 μg of
protein was boiled in Laemli’s buffer (Invitrogen, USA). The
protein samples were resolved on a 10%−20% Tris-Glycine
gel (Invitrogen, USA) by SDS-PAGE and transferred to nitro-
cellulose membranes. Membranes were blocked overnight
in commercially available blocking buffer (Thermo Sci-
entific, USA). Membranes were then incubated in 1 : 500
dilutions of primary antibody against ITPA (the in-house
polyclonal antibodies against ITPA are described elsewhere
[55]) and GAPDH (Cell Signaling #2118) for one hour at
room temperature. The membranes were then washed with
commercially available washing buffer (Thermoscientific,
USA) five times for 10 min each. This was followed by
incubation with secondary antibody (1 : 1500 dilution) (Cell
signaling #7074) for 40 min at room temperature. This was
followed by washing (5 times for 10 min each) and detection

by the ECL system (ThermoScientific, USA) according to
the manufacturer’s instructions. The results are presented
in Figure 4. A major visible band, corresponding to ITPA
(compare with lane with pure ITPA), is prominent in WI-
38 fibroblasts, and cancer HCT116 cell extracts (gray arrow)
but is less pronounced in P32T cells, as we described before
[55]. The intensity of the non-specific 30 kDa band is similar
in all three cell lines. The position of the immunoreactive
band was shifted up, closer to the 30 kDa marker, in lane with
6 His-tagged pure ITPA-P32T (predicted molecular mass
23.6 kDa [47]). We also analyzed the extract of 293 cell lines
transfected with a plasmid expressing the gene for ITPA-
EGFP fusion protein (51.4 kDa) and have found that a major
band was detected at a position corresponding to 50 kDA.
The data unequivocally prove that antibodies react primarily
with ITPA.

For the analysis of ITPA induction by HAP by Western
blots we cultivated HCT116 cells with or without HAP
until subconfluence (5× 105 cells per plate). The cells were
harvested and resuspended in the lysis buffer (50 mM Tris,
pH= 8.0, 1 mM PMSF, 10% (v/v) glycerol, 0.5% Triton X-
100) and disrupted and processed as before with the fol-
lowing modifications to improve the quality and resolution.
The lysate equivalent to 30 μg of protein was boiled in
Laemli’s buffer containing 100 mM DTT and loaded on a
10%−20% Tris-Glycine gel by SDS-PAGE. After trial run
and Coomassie staining the amount of extracts was further
adjusted to produce equal amount of loaded protein in the
control and treatment and run in the new gel. After transfer,
nitrocellulose membranes were blocked overnight in 5% dry
milk/1x PBST. Membranes were incubated in 1 : 2000 dilu-
tions of primary antibody against ITPA described above for
one hour at room temperature. The membranes were washed
with 1x PBST three times for 15 min each, and, incubated
with secondary HRP-linked antibody (1 : 100000 dilution)
(Cell Signaling #7074) for 1 hour at room temperature.
Membrane was washed three times for 15 min each and
signals were detected by SuperSignal West Femto Maximum
Sensitivity Substrate (ThermoScientific, USA) according to
the manufacturer’s instructions.

2.6. Immunocytochemistry. Cells (WI-38, HCT116 and
P32T) with or without HAP treatment were fixed with
methanol acetic acid mixture (3 : 1). All procedures were
performed at room temperature. To prevent non-specific
binding in the consequent antibody detection, samples were
blocked in 1xPBS containing 5% BSA and 0.05% Tritone
X-100. We have used the primary antibodies against ITPA
described in the previous section and a goat-antirabbit
antibody Alexa Fluor 488 nm conjugated (Thermoscientific,
USA). Both antibodies were diluted 1 : 1000 in 1xPBS con-
taining 5% BSA and 0.05% Triton X-100. Slides were washed
three times in 1xPBST buffer between incubations with
primary and secondary antibodies and after incubations.
After washing, the cells were counterstained with DAPI,
mounted in antifade medium and analyzed by fluorescent
microscopy. No fluorescence was detected when primary
antibodies were omitted from the protocol, and very low
signal was detected when preimmune rabbit serum was used
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in place of primary antibody, suggesting that fluorescence
signals were absolutely dependent on antiITPA antibodies.
Three independent repeats of this experiment have been
done.

2.7. Microscopy and Image Analysis. After the comet assay
or immunocytochemistry procedures, cells were examined
on a Nikon Eclipse 80i microscope. Images were recorded
separately by a CCD device Photometrics CoolSnap cf and
merged using Adobe Photoshop software.

3. Results

3.1. HAP Does not Cause Chromosome Hyperfragmentation
in Three Human Cell Lines. It has been reported previously
that treatment of human epidermoid carcinoma cells with
1 mM HAP lead to massive chromosome fragmentation (Fig-
ure 2 in [66]). We examined HAP effects on chromosomes in
WI-38, HCT116, and P32T lines. We studied chromosome
spreads of untreated WI-38, HCT116, and P32T cells
versus the same cells treated with 3.3 mM HAP. There were
no more chromosomal abnormalities after treatment with
3.3 mM HAP than in the untreated HCT116 chromosome
spreads (Figure 5). We did not observe any striking differ-
ences in the rates of chromosomal abnormalities in WI-38
and P32T chromosome spreads as well (data not shown).
It is possible that the cell line used in earlier studies was
hypersensitive to HAP.

3.2. The Increase in HAP Dose Proportionally Elevated the
Rate of DNA Breaks in WI-38, HCT116, and P32T Cells.
We investigated the effect of 24 h treatment by different
HAP concentrations on the frequency of single-stranded
breaks in WI-38, HCT116 and P32T cell cultures by single
cell electrophoresis at pH > 13. Under our experimental
conditions and with doses of mutagens used, no substantial
cell killing occurred. The percent of DNA in the comet tail
(thereafter named tail DNA) of the total DNA was used in
the study as the estimate of the amount of single-stranded
breaks. The mean tail DNA was statistically significantly
different in the three lines: 8.42% in untreated normal WI-38
fibroblasts, 12.4% in colorectal cancer cell culture HCT116,
and the highest 17.6%, in P32T fibroblast cell culture, a
large change for this type of assay two-fold increase over
normal fibroblasts (Figure 6(a)). The increased level of tail
DNA in untreated cells likely indicates persistent unrepaired
endogenous damage in HCT116 and P32T cells.

WI-38 normal fibroblasts were quite resistant to HAP:
the highest concentration of 3.3 mM HAP increased tail DNA
two-fold to 20.5%, much less than the positive control hydro-
gen peroxide (42.8% tail DNA) (Figure 6(a)). The induction
curve had quite a gentle slope with a small hump/plateau
of resistance when the dose increased from 0.66 to 1.32
(seen clearly in the insert in Figure 6(a)). The comet tails in
WI-38 cells after treatment with 0.66 mM−3.3 mM of HAP
were the shortest among the variables studied (Figure 6(b)).
The response of the HCT116 cells to the hydrogen peroxide
treatment was similar to that of the WI-38 cells (tail DNA

was 42.9%). HAP produced more DNA damage than in
WI-38 cells. An initial eight percent increase at 0.66 mM
was followed by the plateau of around 25% tail DNA at
doses 1.32 mM−2.64 mM (Figure 6(a), insert). This apparent
resistance to the induction of breaks was finally concurred by
3.3 mM of HAP and tail DNA reached 30.3% (Figure 6(a)).
P32T cells were most sensitive to HAP, while the sensitivity
to hydrogen peroxide was similar to other cell lines (43.4%).
The lowest dose of HAP induced as much tail DNA in
P32T as the highest dose in normal fibroblasts (21%). The
1.98 mM HAP produced 30.7% tail DNA in P32T, exceeding
the maximum of tail DNA induced by HAP in other
cell cultures studied at the same dose. After 3.3 mM HAP
treatment of these cells, the level of tail DNA reached 52.7%
and the tail was much longer than in WI-38 and HCT116
under the same conditions (Figures 6(a) and 6(b)). In
summary, HAP induced DNA breaks in human cells. HAP
was moderately active in normal WI-38 fibroblasts, HCT116
cancer cells were more sensitive than WI-38 cells and P32T
ITPA-deficient fibroblasts were the most susceptible.

3.3. ITPA Cellular Levels and Distribution Change Differently
after HAP Treatment of WI-38, HCT116 and P32T Lines. The
presence of the plateau in the dose-response curves for HAP
indicated that wild-type cells might possess an inducible pro-
tection system, which is activated at 0.66−1.32 mM HAP. One
possible candidate is ITPA and we studied ITPA distribution
after HAP treatment in WI-38, HCT116 and P32T cells by
whole-cell immunostaining with specific antibodies against
ITPA (specificity of antibodies has been verified by Western
Blot, because of the shift of detected GFP-tagged ITPA to
higher position, Figure 4).

ITPA was not readily detected in untreated WI-38
fibroblasts, and cells were stained very weakly (Figure 7(a)).
The detected ITPA amount increased after the treatment with
0.66 mM and 1.32 mM HAP. The untreated HCT116 cancer
cells were stained with antibody against ITPA somewhat
more efficiently than WI-38 cells (Figure 7(a)). The ITPA
amount increased after 0.66 mM and 1.32 mM HAP treat-
ment, the latter dose producing strikingly bright cytoplasm
(Figure 7(a)). Maybe this phenomenon simply relates to the
smaller size of cytoplasm relative to nucleus. Some ITPA
was detected in untreated ITPA-deficient P32T fibroblasts,
similar to HCT116 cells (Figure 7(a), lower row). After
treatment with 0.66 mM HAP, the ITPA amount increased,
so induction occurred at lower dose.

Fluorescence in all cases was mostly in cytoplasm and
was generally uneven. The brighter fluorescent regions in
WI-38 cells were of three types. One type resembled a net
structure adjacent to nuclei. Another type was small granules
localized in nuclei (Figure 7(b), upper row). The third was
one big bright granule, typically at the border of nuclei and
cytoplasm or localized in the nuclei close to its edge. In
HCT116, the heterogeneity was less pronounced and the net
structure was not observed (compare to Figure 7(a)). It is
possible that it is undetectable due to a small cytoplasmic
part of the cell and very bright fluorescence. In P32T
fibroblasts the distribution was different. Net-like structure
has not been observed. Some brighter regions adjacent to
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nuclei were present but they were unstructured (Figure 7(b),
lower row).

We also have used Western blot analysis in HCT116
cells to confirm and quantify induction of ITPA by HAP
(Figure 8). Clearly, HAP treatment leads to up to 2.6-fold
elevation of the amount of ITPA.

4. Discussion

4.1. Response of Human Cells to Base-analog HAP Treat-
ment. It is known that HAP is mutagenic, clastogenic and
carcinogenic in hamster cells [67, 68]. Using Comet assay
we have shown that HAP produced DNA breaks in the
human cell lines tested. The most logical explanation of
this and other currently available data is that the base-
analog was incorporated into DNA and either human Endo
V homolog (encoded by the LOC284131, see description of
closely related mouse homolog in [51]) or other an unknown
glycosylase/endonuclease recognized incorporated HAP and
incised DNA strands (Figure 1).

Analysis of the dose-response curves revealed a
hump/plateau region indicative of the induction of a
cellular protective response/repair system. The HAPtreated
WI-38 fibroblasts with wild-type ITPA had the lowest rates
of DNA breaks, and untreated WI-38 cells had the lowest
levels of spontaneous breaks among cell lines studied. The
hump in the dose-response curve indicated that there is an
induction of the repair activity at 0.66−1.32 mM HAP.

We found moderately elevated levels of spontaneous
breaks in HCT116. It remains to be determined whether this
effect is related to the defect of a mismatch-repair system.
The levels of DNA breaks by HAP in HCT116 cells were
higher than in WI-38 fibroblasts and the analysis of the dose-
response curve indicated that the repair system most likely
was activated completely only by 1.32 mM HAP.

The P32T ITPA-deficient fibroblasts were the most
sensitive to the induction of DNA breaks by HAP treatment.
We propose that deoxyribonucleoside triphosphates of HAP,
usually removed by ITPA in wild-type cell lines, remain in
the detectable amount in the DNA precursor pools of ITPA
P32T fibroblasts. They are incorporated in DNA causing the
excess of DNA breaks. This observation correlates well with
the accumulation of ITP only in this cell line (Figure 3).
It is known that ITPA P32T produced ectopically protects
bacteria and yeast from HAP to the same extent as wild-
type ITPA, but the level of ITPA P32T in human cell
extracts is much lower than in normal fibroblasts [62].
Apparently, the human repair system does not work properly
in P32T cells alleviating DNA damage by downstream repair
enzymes. The spontaneous level of DNA breaks in this
cell line was the highest, raising the possibility that there
is persistent endogenous DNA damage in these cells. It
is tempting to speculate that the damage is caused by
endogeous dITP/dXTP.

The next set of experiments explored one possible
component of the HAPinduced repair system.

4.2. ITPA Levels and Distribution in HAP Treated Human
Cells. We have analyzed in detail the levels and intracellular

distribution of ITPA. We confirmed that the enzyme is
located mainly in cytoplasm [69]. We have found that
ITPA levels increased significantly upon treatment with HAP
in all the investigated cells, although it was significantly
lower in the ITPA P32T fibroblasts than in WI-38 and
HCT116 cells. P32T ITPA-deficient fibroblasts responded by
the production of ITPA to much lower doses of HAP, because
the destruction of HAPTP is less efficient in these cells and
effective concentrations of substrates for the ITPA are higher.

The antibody staining revealed a net-like structure
adjacent to nuclei and other, granular structures in the
WI-38 normal fibroblasts, when ITPA is induced by HAP.
This is consistent with previous analyses of the localization
of ITPA to purine biosynthetic complexes. It has been
shown previously that human enzymes involved in de novo
purine biosynthesis (for example, hTrifGART protein, and
formylglycinamidine ribonucleotide synthase, PRPP ami-
dotransferase, hPAICS, adenylosuccinate lyase and hATIC),
colocalize and cluster in human cell cytoplasm [70]. This
is consistent with the hypothesis that these clusters rep-
resent a “purinosome”—an organoid essential for purine
biosynthesis. Usually these clusters localized throughout
the whole cytoplasm volume but there were one or two
big clusters on the border of nuclei and cytoplasm. One
possible interpretation of our results is that ITPA, the
enzyme of purine “salvage” pathway, constitutes a part of
this purinosome. The candidate structure is a big fluorescent
granule. Further colocalization experiments are needed to
test our hypothesis.

Hypothetically, the net-like structure described here may
represent a factory checking quality of dNTP pools. It is
possible that this abnormal ITPA distribution is one of the
reasons for a lack of ITPA function in P32T individuals,
despite almost normal activity of the enzyme [62].

Taken together, our results suggest that human cells
possess a repair system for purine base-analogs similar, in
part, to bacteria. The genetically active derivative of HAP
is deoxyribonucleoside triphosphate. Cells are protected
from dHAPTP by hydrolysis by ITPA. Some dHAPTP is
presumably incorporated into DNA, and subsequent repair
of HAP leads to DNA strand breaks.
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Reactive oxygen species (ROSs) are produced during normal cellular metabolism, particularly by respiration in mitochondria, and
these ROSs are considered to cause oxidative damage to macromolecules, including DNA. In our previous paper, we found no
indication that depletion of mitochondrial superoxide dismutase, SOD2, resulted in an increase in DNA damage. In this paper,
we examined SOD1, which is distributed in the cytoplasm, nucleus, and mitochondrial intermembrane space. We generated
conditional SOD1 knockout cells from chicken DT40 cells and analyzed their phenotypes. The results revealed that SOD1 was
essential for viability and that depletion of SOD1, especially nuclear SOD1, increased sister chromatid exchange (SCE) frequency,
suggesting that superoxide is generated in or near the nucleus and that nuclear SOD1 functions as a guardian of the genome.
Furthermore, we found that ascorbic acid could offset the defects caused by SOD1 depletion, including cell lethality and increases
in SCE frequency and apurinic/apyrimidinic sites.

1. Introduction

Superoxide is produced during normal cellular metabolism,
particularly by respiration in mitochondria, and reactive
oxygen species (ROSs) derived from superoxide are consid-
ered to cause oxidative damage to macromolecules including
DNA [1, 2]. Superoxide dismutases (SODs) convert super-
oxide into hydrogen peroxide and molecular oxygen [3].
SODs are classified into three species in vertebrate cells:
copper- and zinc-dependent SOD or SOD1, manganese-
dependent SOD or SOD2, and copper-dependent SOD or
SOD3 [4]. SOD1 is present in the cytoplasm, the nucleus,
and the intermembrane space of mitochondria [5–7], SOD2
is present in the mitochondrial matrix [8, 9], and SOD3 is a

secreted protein found in the extracellular matrix of tissues
[4, 10].

The importance of SOD2 in organisms has been clearly
shown with Sod2 knockout mice. In one case, Sod2 knock-
out mice survived only up to three weeks of age and
exhibited several novel pathologic phenotypes, including
severe anemia, degeneration of neurons, and progressive
motor disturbances [11]. Moreover, the Sod2 knockout mice
older than seven days exhibited extensive mitochondrial
injury within degenerating neurons and cardiac myocytes.
In the second case of Sod2 knockout, mice were born
alive but died within ten days with severe cardiomyopathy
[12]. In our previous study, we investigated the events
occurring shortly after the loss of SOD2 in vertebrate
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cells by generating conditional SOD2 knockout cells using
chicken DT40 cells [13]. By monitoring the frequency of
sister chromatid exchange (SCE), a very sensitive assay
for detecting DNA lesions [14], we found that depletion
of SOD2 had no impact on the integrity of genomic
DNA.

In the case of SOD1, high levels of SOD1 have been
detected in the central nervous system, liver, and kidney in
mammals. In some cases, SOD1 is referred to as cytoplasmic
SOD because of its high distribution in the cytoplasm, but it
is also detected in cellular organelles including nucleus [5, 6].
Recent studies show that SOD1 may act as a nuclear protein
as well. SOD1 interacts with estrogen receptor α(ERα),
a ligand-activated transcription factor, and influences the
expression of estrogen responsive genes [15]. Moreover,
since it is reported that SOD1-deficient mice show increased
mutagenesis and cancer risk [16, 17], it seems likely that
SOD1 functions in the nucleus besides the regulation of
transcription. However, little attention has been paid to the
role of SOD1 in the nucleus, especially as a guardian of the
genome.

In this study, we generated conditional SOD1 knockout
cells from DT40 cells and examined their phenotypes. Our
results indicated that SOD1 is essential for viability in DT40
cells, and that nuclear SOD1 functions as a guardian of the
genome by scavenging superoxide generated in or near the
nucleus.

2. Materials and Methods

2.1. Plasmid Construction. DNA containing SOD1 exons I–
V was obtained by PCR from DT40 genomic DNA using the
Easy-DNA Kit (Invitrogen, Carlsbad, California, USA) and
Ex-Taq polymerase (Takara Bio Inc., Otsu, Shiga, Japan). The
chicken targeting constructs for SOD1, SOD1-blastcidinr and
SOD1-puromycinr, were made by replacing the exons I–III
with blastcidin (Bsr) or puromycin (Puro) selection marker
cassette. To construct an expression plasmid carrying a
human SOD1 cDNA with the tet-off promoter (hSOD1), the
human SOD1 cDNA was obtained by reverse transcription-
PCR (RT-PCR) from HeLa cells using SuperScript III Reverse
Transcriptase (Invitrogen) and inserted into the pUHG 10-3
vector [18].

To construct a plasmid carrying a localization signal
combined with hSOD1, hSOD1 cDNA alone, or hSOD1
cDNA combined with either nuclear localization signal
(NLS) derived from SV40 large tumor antigen or nuclear
export signal (NES) derived from chicken, HDAC3 [19] was
inserted into the EGFP-C1 vector (BD Biosciences, San Jose,
California, USA).

2.2. Cell Culture. Cells were cultured in Roswell Park Memo-
rial Institute medium (RPMI)1640 supplemented with 10%
fetal bovine serum, 1% chicken serum, and 100 μg/mL
kanamycin at 39◦C. To generate a growth curve, cells (1 ×

105) were inoculated and cultured at 39◦C for the specified
time periods, and the number of cells was counted in
a representative field using a Bürker-Türk line counting
chamber. Ascorbic acid phosphoric ester magnesium salt
(APM) (Wako Pure Chemical Industries Ltd., Osaka, Japan)
was dissolved in phosphate buffered saline (PBS; 137 mM
NaCl, 2.68 mM KCl, 8.04 mM Na2HPO4, and 1.47 mM
KH2PO4) and then diluted with culture medium at the time
of assay.

2.3. Gene Disruption. For gene targeting, DT40 cells (1 ×
107) were electroporated with a Gene Pulser (BioRad, Her-
cules, California, USA) at 550 V and 25 μF in the presence of
30 μg linearized targeting constructs. Drug-resistant colonies
were selected in 96-well plates with medium containing
30 μg/mL blasticidin S or 0.5 μg/mL puromycin. Gene dis-
ruption was confirmed by Southern blotting, genomic PCR,
and RT-PCR.

2.4. Southern Blotting. Southern blotting was performed
according to the manual of Rediprime II Random Prime
Labelling System (GE Healthcare UK Ltd. Amersham Place,
Little Chalfont, Buckinghamshire, UK). Genomic DNA
(40 μg) was digested with Nde I, separated in a 1% agarose
gel, transferred to a nylon membrane (GE Healthcare UK
Ltd.) using 20× standard saline citrate (20 × SSC; 3 M NaCl,
0.3 M sodium citrate), and then hybridized with the 771 bp
32P-labeled probe indicated in Figure 1(b).

2.5. Western Blotting. Cells that had been cultured in the
presence or absence of doxycycline (Dox), a derivative of
tetracycline, for 0, 24, 48, 72, and 96 hours were harvested,
washed with PBS, precipitated, and suspended in SDS sample
buffer (50 mM Tris-HCl (pH 6.8), 10% glycine, 2% SDS,
0.1% bromophenol blue and 0.1 M DTT). Samples prepared
from 7.5 × 104 cells were fractionated in a linear 4% to
14% gradient SDS-polyacrylamide gel. Proteins were trans-
ferred onto a Immun-Blot PVDF Membrane (BioRad) and
immunoblotted with primary antibodies (anti-Cu/Zn Super-
oxide Dismutase (Assay Designs, Inc., Ann Arbor, Michigan,
USA)), anti-LaminB1 (Invitrogen), anti-α-tubulin (Sigma-
Aldrich, St. Louis, Missouri, USA), and anti-β-actin (Sigma-
Aldrich), followed by a horseradish peroxidase-conjugated
antirabbit or antimouse IgG secondary antibody (New
England Biolabs, Ipswich, Massachusetts, USA). Bands were
visualized using enhanced chemiluminescence (ECL) (GE
Healthcare).

2.6. Cell Cycle Analysis. Cells were prepared using the
CycleTEST PLUS DNA Reagent Kit (Becton Dickinson,
Franklin Lakes, New Jersey, USA). Subsequent flow-
cytometric analysis was performed with FACScan (Becton
Dickinson). Data were analyzed using CellFIT software
(Becton Dickinson).

2.7. Superoxide Assay. Intracellular generation of ROS was
detected by BES-So-AM (Wako Pure Chemical Industries
Ltd.), a highly specific fluorescent probe for superoxide [20].
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Figure 1: Generation of SOD1−/− cells expressing human SOD1 from the tet-off promoter. (a) Schematic representation of the generation
of DT40 SOD1−/− + hSOD1 cells. (b) Schematic representation of the SOD1 genomic locus and configuration of the targeted locus. (c)
Southern blot analysis for the confirmation of the status of the SOD1 wild-type (WT), WT + human SOD1 (+/+), heterozygous (+/−), and
homozygous (−/−) cells, using NdeI digested genomic DNA and the probe indicated in (b). (d) Dox-dependent disappearance of human
SOD1, as confirmed by western blot analysis, with α-tubulin used as the loading control. (e) Growth curves of indicated genotype cells.
Indicated mutant cells were cultured in the presence or absence of 1 μg/mL Dox. Dox had no effect on the growth or viability of wild-type
cells.

The agent was dissolved in dimethyl sulfoxide and diluted
with culture medium at the time of assay. Cells were treated
with 5 μM (final concentration) BES-So-AM for 20 min.
After washing twice with PBS, the cells were suspended in
PBS, and fluorescent intensity was measured using FACScan
(Becton Dickinson).

2.8. Measurement of Sister Chromatid Exchange. To measure
the frequency of sister chromatid exchange (SCE), cells (1∼
2 × 106) were cultured for two cycle periods in medium
containing 10 μM BrdU with or without paraquat (Sigma-
Aldrich) and pulsed with 0.1 μg/mL colcemid (Wako Pure
Chemical Industries Ltd.) for 2 hours. The cells were
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harvested and treated with 75 mM KCl for 18 min at room
temperature and then fixed with methanol-acetic acid (3 : 1)
for 30 min. The cell suspension was then dropped onto ice-
cold wet glass slides and air-dried. The cells on the slides were
incubated with 10 μg/mL Hoechst 33258 in phosphate buffer
(pH 6.8) for 20 min and rinsed with MacIlvaine solution
(164 mM Na2HPO4, 16 mM citric acid, pH 7.0). The cells
were then exposed to black light (λ = 352 nm) at a distance
of 1 cm for 20 min, incubated in 2X SSC (0.3 M NaCl, 0.03 M
sodium citrate) at 58◦C for 20 min, and then stained with 3%
Giemsa solution for 20 min.

2.9. Aldehyde Reactive Probe (ARP) Slot Blot Analysis. AP
sites were measured as previously described in [21] by alde-
hyde reactive probe (ARP, Dojindo Molecular Technology,
Gaithersburg, MD, USA) labeling and slot blot (PMID:
9443396).

3. Results

3.1. Generation of Conditional SOD1-Knockout Cells. To
investigate the events occurring shortly after depletion
of SOD1, we generated cells in which the expression of
the SOD1 gene could be turned off by Dox treatment,
using chicken DT40 cells. First, DT40 wild-type cells were
transfected with a plasmid expressing a human SOD1 cDNA
driven by the tet-off promoter (Figure 1(a)). Then, SOD1
genes were disrupted as shown in Figure 1(b). Disruption
was confirmed by Southern blotting (Figure 1(c)) using
the probe shown in the Figure 1(b). Treatment of these
cells with Dox suppressed expression of the hSOD1 protein
(Figure 1(d)). The hSOD1 protein level reached a limit of
detection at 96 hours after Dox addition as measured by
western blotting, even in the case of overexposure (data not
shown).

Even in the absence of Dox, the growth rate of
SOD1−/− + hSOD1 cells was slightly lower than that of
wild-type cells. Although fibroblasts derived from the SOD1
knockout mouse are reportedly viable [22], the SOD1
gene knockout DT40 cells developed in this study died
after depletion of SOD1. As mentioned above, hSOD1
disappeared within 96 hours after Dox addition, and cells
ceased exponential growth on the 5th day and died soon after
(Figure 1(e)).

3.2. Analyses of Cell Death in SOD1-Depleted Cells. We
next analyzed the mode of cell death of hSOD1-depleted
cells. Flow cytometric analysis showed that hSOD1-depleted
cells died gradually without arresting in a specific phase
of the cell cycle (Figure 2(a)). Microscopic observation
revealed the appearance of apoptotic bodies (Figure 2(b)). In
agreement with this observation, cleavage of the apoptotic
marker lamin B1 was detected from two days after Dox
addition (Figure 2(c)). Interestingly, five days after Dox
addition, the proportion of cells in the M phase decreased,
with a concomitant increase in the number of cells with
“hypercondensed chromatin” (Figure 2(b)), resembling the

hypercondensed chromatin, that appears in colcemid-treated
cells arrested for long periods in the M phase [23].

3.3. Depletion of SOD1 Increases Superoxide Levels and Affects
Genome Integrity. To understand the influence of hSOD1
depletion on the level of superoxide in the cell, intracellular
levels of superoxide were measured using BES-So-AM, a
fluorescent probe used to detect cell-derived superoxide with
high selectivity [20]. The intracellular level of superoxide
in the hSOD1-depleted cells cultured in the presence of
Dox for 108 hours was twofold higher than that in the
SOD1−/− + hSOD1 cells expressing hSOD1 (Figure 3(a)).

Since SOD1 reportedly exists in the nucleus, we next
addressed its possible function in genome integrity. When
DNA damage occurs, under normal conditions, the genome
is repaired immediately and properly using appropriate DNA
repair pathways. When cells are treated with DNA damaging
agents such as Mitomycin C or UV irradiation, elevated sister
chromatid exchange (SCE) frequencies can be observed at
much lower doses of the agents than those to cause lethality
because some DNA repair pathways include recombination
processes [14, 24, 25]. Therefore, SCE is considered a very
sensitive indicator of the existence of DNA lesions. SCE
frequencies were measured to detect whether or not SOD1
participates in protecting DNA from attack from superoxide.
SCE frequency in hSOD1-depleted cells cultured in the
presence of Dox for 120 hours was increased approximately
fourfold compared with that in hSOD1-expressing cells
(Figure 3(b)).

Oxidative DNA damage is repaired mainly by a base-
excision repair pathway that generates apurinic/apyrimidinic
(AP) sites during its repair process [26]. Therefore, an
increase in AP sites indicates an increase in oxidative DNA
damage. As shown in Figure 3(c), the number of AP sites
in SOD1-depleted cells was about twofold that in hSOD1-
expressing cells. These phenotypes observed in SOD1-
depleted cells, elevated SCE frequency and increased AP sites
suggest that SOD1 could serve to provide protection for
genomic DNA against ROS.

3.4. Ascorbic Acid Offsets the Absence of SOD1. Defense
mechanisms against oxidative stress caused by ROS involve
both enzymatic and nonenzymatic antioxidants. Ascorbic
acid is a representative non-enzymatic antioxidant and its
phosphoric ester magnesium salt (APM) is known to exert
anti-mutagenic effects by scavenging organic radicals [27,
28].

The phenomena observed in SOD1-depleted cells seem
to be caused directly or indirectly by the increase in
superoxide, but do not appear to be due to the depletion
of SOD1 protein itself. To test this, SOD1-depleted cells
were cultured in the presence of APM (Figure 4(a)). SOD1-
depleted cells proliferated normally in the presence of APM,
and no growth defect was observed after culturing cells
longer than 10 days (data not shown). It must be noted
that the suppression of expression of SOD1 by Dox is not
affected by APM addition (Figure 4(a); lower panel). The
superoxide level in the cells cultured in the presence of Dox,
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but also with APM for 108 h, was reduced to the level of
the cells expressing hSOD1 (Figure 3(a)). Furthermore, APM
completely compensated for depletion of SOD1 with regard
to the number of AP sites and SCE frequency (Figures 3(c)
and 4(b)).

3.5. Nuclear Localization of SOD1 Is Important for Its Function
in Reducing DNA Lesions. Mitochondria are the major
superoxide-producing organelles in the cell and contain an
intrinsic SOD, SOD2. In our previous study, we found
that depletion of SOD2 had no impact on SCE frequency.
It is possible that superoxide produced in or near the
nucleus could cause DNA lesions, and that SOD1 in the
nucleus could therefore reduce these lesions. To confirm
the above possibility, we generated cells expressing hSOD1
fused with a nuclear localization signal (NLS) or nuclear
export signal (NES) and green fluorescent protein (GFP)
for visualization. The expression vectors GFP-NLS-hSOD1,
GFP-NES-hSOD1, and GFP-hSOD1 were transfected into
SOD1−/− + hSOD1 cells. Their expression and localization
were confirmed by GFP, which tagged the N-terminal
of hSOD1 (Figure 5(a)). The hSOD1 without localization
signals was distributed throughout the cell. In contrast, the
hSOD1 fused with NLS was found mainly in the nucleus
and the hSOD1 fused with NES was found mainly in the
cytoplasm. Although, in the presence of Dox, cells expressing
NLS-hSOD1 or NES-hSOD1 grew slightly slower than the
cells expressing hSOD1, NLS-hSOD1 and NES-hSOD1 did
suppress lethality (Figure 5(b)).

To test whether DNA damage could be increased by
excluding nuclear SOD1, SCE frequency was measured
in the cells expressing NES-hSOD1 as well as the cells
expressing NLS-hSOD1 or hSOD1 without any localization
signal. As mentioned above, the SOD2−/− + hSOD2 cells did
not show any difference in SCE frequency between Dox-
treated and untreated cells (Figure 5(c)). Cells expressing
NES-hSOD1 showed a slight increase in SCE frequency
in the presence of Dox while cells expressing NLS-hSOD1
or hSOD1 showed no difference in SCE frequency in the
presence or absence of Dox. The limited increase in SCE
frequency in the cells expressing NES-hSOD1 compared with
that in SOD1-depleted cells may be due to the incomplete
exclusion of SOD1 from the nucleus (Figure 5(a)). The
importance of nuclear SOD1 for protecting DNA from
lesions was more clearly shown when these cells were treated
with a superoxide-generating agent, paraquat. As shown
in Figure 5(d), the cells expressing NES-hSOD1 showed a
prominent increase in SCE frequency in the presence of Dox,
but the cells expressing NLS-hSOD1 or hSOD1 did not.

4. Discussion

In this study, we analyzed the phenotypes of conditional
SOD1 knockout cells after depletion of SOD1 in order to
understand the cellular functions of SOD1. We found that
SOD1 was essential for viability and that nuclear SOD1
protected the genome. In addition, we found that ascorbic
acid recovered cell viability and suppressed increases in SCE

frequency and AP sites, two phenotypes observed in SOD1-
depleted cells.

The lethality of the SOD1-depleted cells seems to conflict
with the previous observation that an SOD1 knockout mouse
is viable, albeit with a shortened life span [29, 30]. This
conflict could be explained as follows. The detrimental effects
seen in the SOD1 knockout mouse caused by SOD1 depletion
could have been opposed by the effects of other antioxidants,
including ascorbic acid, which the mouse produces in the
liver [31] in sufficient quantities for the retention of viability.
In addition, the concentration of oxygen in the tissues or
cells in vivo is much lower than that in the cell cultures. In
fact, lowering the oxygen concentration in the cell cultures
partially retarded the lethality in SOD1-depleted DT40 cells
(data not shown).

The main source of superoxide production is the mito-
chondria. During energy transduction, a small number of
electrons “leak” to oxygen prematurely, forming the oxygen
free radical superoxide, which has been implicated in the
pathophysiology of a variety of diseases [32]. In spite of these
implications, superoxide is not highly reactive [33], and it is
membrane impermeable, so it is highly compartmentalized
within the cell, that is, there is no flux between the pools
of matrix and cytoplasmic superoxide [34, 35]. However,
more reactive secondary ROS, such as hydrogen peroxide
and hydroxyl radicals, are derived from superoxide, and these
are able to penetrate biological membranes [33, 35]. The
hydroxyl radical is known to react with all components of the
DNA molecule, damaging both the purine and pyrimidine
bases, and also the deoxyribose backbone [36]. It therefore
seems reasonable that nuclear DNA is damaged more by ROS
derived from unscavenged superoxide than by superoxide
itself. However, the fact that SOD2-depleted DT40 cells
showed no increase in the frequency of SCE indicates that
ROS derived from unscavenged, mitochondria-generated
superoxide seem to have little impact on the integrity of
genomic DNA.

Superoxide is also generated by several enzymes, such
as NADPH oxidase, xanthine oxidase, flavoenzymes, and
cytochrome P-450, in addition to enzymes of the mitochon-
drial respiratory chain [35, 37]. The relatively ubiquitous
distribution of SOD1 in the cell seems to indicate that SOD1
scavenges superoxide at the site where it is generated. In this
context, it is interesting that the cells expressing NES-hSOD1
showed a relatively high frequency of SCE. This suggests
that nuclear SOD1 could function to mitigate DNA lesions
caused directly or indirectly by superoxide generated in or
near the nucleus. At present, it is not clear how superoxide
is generated there, but NADPH oxidase is one candidate.
NADPH oxidase produces superoxide in phagocytes, and
a significant proportion of the NADPH oxidase subunits
in unstimulated cells is present as a fully preassembled
and functional ROS-generating complex associated with
the intracellular cytoskeleton, particularly in a perinu-
clear distribution [35]. Furthermore, the highest level of
NADPH oxidase complex-dependent superoxide generation
has been detected in the nuclei-enriched fraction among
several subcellular fractions differentiated by centrifugation
[37].
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Figure 2: Phenomena appearing after depletion of SOD1. (a) Cell cycle analysis of SOD1−/− cells. Cell cycle was analyzed using flow
cytometry. Distribution patterns of asynchronous culture of Dox-treated cells for the indicated timepoints. The percentages of cells in
each cell cycle phase and dead cells are shown on the right side of each panel. (b) Categorization of Giemsa-stained cells. Cells not having
interphase nucleus, mitotic chromosomes, or hypercondensed chromosomes are classified into others in which apoptotic cells are included.
Cells were harvested and treated with 75 mM KCl and fixed with methanol-acetic acid (3 : 1). The cell suspension was dropped onto wet
glass slides, air dried, and stained with Giemsa solution (upper row). Percentages of cells exhibiting select phenomena were based on the
categorization detailed in the boxes above the micrographs. At least 500 cells were counted in each sample. (c) Western blotting analysis of
Lamin B1, with β-actin used as loading control.
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Figure 3: Increases in superoxide, SCE frequency, and AP sites upon depletion of SOD1. (a) Superoxide level. Levels of superoxide were
measured with BES-So-AM. The intensity of SOD1−/− + hSOD1 cells not treated with Dox was used as the standard (a.u.; arbitrary unit
= 1). Error bars indicate standard errors based on three independent experiments. (b) SCE frequency. Schematic representation of cell
treatment is depicted in upper panel. Cells were cultured for two cell cycles in a medium containing BrdU. Histograms represent SCEs in
wild-type cells and in SOD1−/− cells treated with Dox for the indicated timepoints. The mean and standard error are shown in the upper
right corner. (c) AP sites. Scanning densitometric analysis of slot blots of endogenous AP sites was performed as described previously in
[21]. Some cells were treated with Dox and/or APM for 112 hours. Bars indicate standard errors.
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Figure 4: Suppression of lethality and increase in SCE frequency in cells depleted of SOD1 by APM (a) Upper panel: growth curves of cells
of the indicated genotypes. Cells were cultured with or without 1 μg/mL Dox and/or 200 μM APM. Lower panel: disappearance of hSOD1
was confirmed by western blotting. (b) SCE frequencies of cells treated with Dox and APM for 0, 120, or 240 hours. A total of 100 metaphase
cells was counted in each sample. Bars indicate standard errors.
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Figure 5: Exclusion of SOD1 from nuclei increases SCE. (a) Distribution of SOD1 with NLS or NES localization signal. Upper panels show
the subcellular localization of GFP-hSOD1 with and without localization signals. The middle and lower panels indicate Hoechst staining
and merged images, respectively. (b) Growth curves of SOD1−/− + hSOD1 cells complemented with indicated hSOD1. Cells were cultured
in the presence or absence of 1 μg/mL Dox. (c) SCE frequency. SCE frequencies of SOD1−/− + hSOD1 cells expressing the indicated hSOD1
or those of SOD2−/− + hSOD2 cells cultured in the presence or absence of 1 μg/mL Dox for 120 hours were measured. Bars indicate standard
errors. ∗; student t-test, P < .01. (d) SCE frequency in the presence of paraquat. Paraquat was added at a final concentration of 100 μM to the
culture medium 20 hours prior to harvesting. SCE frequencies of SOD1−/− + hSOD1 cells expressing the indicated hSOD1 in the presence
or absence of 1 μg/mL Dox for 120 hours were measured. Bars indicate standard errors. ∗; student t-test, P < .01.

SOD1 is a very abundant protein in the cell and may play
roles other than the dismutation of superoxide. For example,
SOD1 interacts with ERα, a ligand-activated transcription
factor, and influences the expression of estrogen responsive
genes [15]. Therefore, it is conceivable that some of the
observed phenotypes of SOD1-depleted cells are caused by
depletion of SOD1 protein itself and not by a defect in
superoxide dismutase activity. However, this possibility is
unlikely, since ascorbic acid suppressed all of the phenotypes
of SOD1-depleted cells, including cell lethality.

Although depletion of SOD1 causes DNA lesions, as
indicated by increases in SCE frequency and AP sites, the
major cause for lethality in SOD1-depleted cells is not the
increase in DNA lesions, since the increases in SCE frequency

and AP sites are moderate and since NES-SOD1 suppresses
lethality. The appearance of “hyper condensed chromatin”
suggests hindrance of microtubules formation. Noteworthy,
the level of superoxide and SCE frequency increased in
SOD1 depleted cell around 108–120 h after addition of
Dox (Figures 3(a) and 4(b)). In contrast, apoptotic cells
appeared at 96 hours after addition of Dox. We speculate
that superoxide level begins to increase earlier than 96 hours
after addition of Dox although it is too little to be detected.
Since ascorbic acid suppressed the phenotypes observed at
96 hours after addition of Dox, an increase in superoxide
even at a low level may influence something more sensitive
cellular components other than nuclear genome. Preliminary
experiments indicated disordered microtubules construction
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in SOD1-depleted cells (data not shown). The next direction
for our study will therefore to address the major cause for the
lethality seen in SOD1-depleted cells.

5. Conclusions

SOD1 is essential for cell viability, and depletion of SOD1
causes elevated SCE and increased AP sites. Ascorbic acid
suppresses the increase in SCE frequency and AP sites
in SOD1-depleted cells. Since elevated spontaneous and
paraquat-induced SCE is suppressed by nuclear but not
cytoplasmic SOD1, this study represents the first evidence
that nuclear SOD1 has a role in guarding the genome
against oxidative stress. Taken together, these results clearly
demonstrate the importance of the nuclear distribution of
SOD1 and ascorbic acid in the maintenance of genome
stability.
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The D. melanogaster mus308 gene, highly conserved among higher eukaryotes, is implicated in the repair of cross-links and of O-
ethylpyrimidine DNA damage, working in a DNA damage tolerance mechanism. However, despite its relevance, its possible role
on the processing of different DNA ethylation damages is not clear. To obtain data on mutation frequency and on mutation spectra
in mus308 deficient (mus308−) conditions, the ethylating agent diethyl sulfate (DES) was analysed in postmeiotic male germ cells.
These data were compared with those corresponding to mus308 efficient conditions. Our results indicate that Mus308 is necessary
for the processing of oxygen and N-ethylation damage, for the survival of fertilized eggs depending on the level of induced DNA
damage, and for an influence of the DNA damage neighbouring sequence. These results support the role of mus308 in a tolerance
mechanism linked to a translesion synthesis pathway and also to the alternative end-joinig system.

1. Introduction

Among the genes identified so far in Drosophila melanogaster
that play a role in DNA damage repair, mus308 presents
some unique properties, because its cDNA sequence shows
motifs characteristic of DNA helicase and DNA polymerases
[1]. The putative product of this gene was indeed isolated
as a new DNA polymerase, homologue to the Escherichia
coli DNA polymerase I, carrying as well a DNA helicase
domain at the N terminus region [2]. Orthologues of this
gene have been found in Caenorhabditis elegans [1], Ara-
bidopsis thaliana [3, 4], and mammals [3, 5–9]. In humans,
three genes encoding proteins with sequence similarities to
Mus308—one similar to Mus308 helicase, HEL308 [3], and
two similar to the Mus308 polymerase, POLQ [5, 7] and
POLN [6]—have been identified to date. POLQ, the most
studied of these proteins, has also an ATPasehelicase domain
at the N terminus and is able to perform DNA synthesis
past an abasic site, following the A-rule [10]; however,

there are contradictory results about its fidelity in a normal
nondamaged template [10, 11].

The mus308 gene is involved in the repair of cross-linking
adducts [12, 13] and also of monofunctional damage [13],
probably persistent and difficult to repair by other systems,
such as the O-ethylpyrimidine damage induced by N-ethyl-
N-nitrosourea (ENU) in postmeiotic male germ cells [14]. In
addition, at least parts of ENU- and diethyl sulphate- (DES-)
induced damages were repaired by Mus308 in female germ
cells of Drosophila [15]. This protein works in a damage
bypass mechanism [1, 13], which was originally related to
homologous recombination, HR [14, 16]. Nevertheless, the
isolation of the DNA polymerase encoded by this locus
[2], its possible ability for DNA synthesis through abasic
sites [10, 11], and the requirement of a functional Mus308
protein to prevent damage-induced DNA strand breaks
in vivo in somatic cells of Drosophila [17], pointing to
a translesion synthesis (TLS) mechanism as the activity
of this protein [17]. In summary, along these years the
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work of our laboratory have demonstrated that Mus308
works in the repair/processing of cross-links and oxygen
ethylation damage [13–15, 17] whereas N-ethylation damage
is apparently not substrate of this system, because no effect
of methyl methanesulphonate (MMS) was detected either
in germ cells [13] or in somatic ones [17]. Additionally, its
mechanism of action is poorly understood, because it could
be related to HR [14, 16] or to TSL [17]. Because of this,
we have proposed that the mus308 locus works in a bypass-
mediated tolerance mechanism, BTM [15, 17].

Given the conservation of mus308 among higher eukary-
otic organisms, this locus is likely a part of a repair system
relevant to DNA damage processing. Therefore, it would
be important to elucidate what types of DNA damage,
apart from cross-links and O-ethylpyrimidine adducts, are
substrate of this system and to get information about which
of the two possible mechanisms of action, HR or TLS, is
actually involved in the damage bypass process.

To have more information about the role of Mus308 in
the processing of DNA ethylation damage, we have studied
here the effect of DES in postmeiotic male germ cells,
analysing maternal repair and using the vermilion system
[18]. This system combines the analysis of induced mutation
frequencies, both at a single locus (vermilion, with a specific
locus test) and at multiloci (700 loci in the X-chromosome,
with the recessive lethal test), with the generation and
analysis of mutation spectra [18]. Our data, together with
other already published, indicate that Mus308 protein is
involved in the processing of all types of oxygen ethylation
damage, that it is also involved in the processing of nitrogen
ethylation damage, that it prevents cell death at least when
the amount of DNA damage is high, and that this protein
could be working in a TLS mechanism as well as in an
alternative end-joining system (alt-EJ).

2. Material and Methods

2.1. Chemicals. DES (CAS no. 64–67-5), obtained from
Sigma Quı́mica (Spain), was dissolved in a solution of
3% ethanol-1% Tween-80 in 33.1 mM phosphate buffer
(16.5 mM Na2HPO4, 16.6 mM KH2PO4, pH 6.8), containing
5% sucrose.

2.2. RL Test and Isolation of Vermilion Mutants. 1-2-days
old brown (bw) males, in groups of 30 individuals, were
placed in glass tubes, with eight layers of glass microfiber
paper (Whatmann, GF/A) at the bottom, soaked with
0.9 ml of different DES concentrations. Negative controls
were carried out treating males only with the solvent
solution. After 3 hours treatment, males were mated to
In(1)scS1L sc8R In(1)dl” − ” 49, y, scS1sc8, v; bw; mus308D2

(I , v; bw;mus308) virgin females (for marker descriptions
see [19]). Protocols for fractionation the progeny in mature
sperm and spermatids for the recessive lethal (RL) test
and for isolation of F1 and F2vermilion (v) mutants were
described elsewhere [14].

At least five different experiments were carried out for
each concentration and, since there were no differences

among them, data were pooled. Statistical analysis of RL
results was performed comparing mutant frequencies in
treated flies with their respective negative controls, using the
Fisher exact test.

The influence of mus308 in the repair or processing
of ethylation-induced damage was measured through the
mutability index (MI) [20], and the statistical analysis of
Aguirrezabalaga et al. [13] was carried out to determine
whether MI values significantly differed from 1.

2.3. Molecular Analysis of Mutations. For each transmissible
vermilion mutant, a homozygous strain was established to
carry out the molecular analysis. All the isolated mutants
were analysed.

The isolation of DNA and PCR amplifications were as
described [21]. Mutant vermilion genes were cloned in the
M13mp19 vector or in a pUC18 plasmid [22]. Sequencing
reactions for the coding region were carried out using
the dideoxy method, with a set of 10 internal primers.
A fragment of about 1.8 Kb, localized upstream of the
coding region, was analyzed as described before [21] in
those mutants which did not show changes in the coding
sequence. In order to exclude Taq polymerase-introduced
errors, at least two plaques or colonies from independent
PCR reactions were sequenced for each mutant.

Statistical analyses of differences between mutation spec-
tra were carried out using the hypergeometric test for
comparison of samples from mutational spectra [23, 24].

3. Results and Discussion

3.1. RL and Vermilion Mutation Frequencies. The RL and ver-
milion mutation frequencies, both spontaneous and induced
by the different DES concentrations under mus308 deficient
(mus308−) conditions, are presented in Table 1. Pooled data
from mature sperm and spermatids are shown, because
no differences between them were found in any case (not
shown).

All chemically induced RL mutation frequencies are
statistically higher than the spontaneous one, although
their values decrease as DES concentration increases. Com-
parisons with the results previously obtained in mus308
proficient (mus308+) conditions [25] reveal two relevant
differences (Table 1). First, the spontaneous RL frequency is
statistically lower in mus308− than in mus308+ conditions.
Second, in mus308− conditions, a decrease in RL frequencies
is induced as DES concentration increases, whereas the
opposite, that is an increase was detected in efficient repair
conditions. Consequently, the value of the mutability index
(MI) for 10 mM DES is statistically higher than 1 whereas for
15 mM and 25 mM the MIs are lower than 1 (Table 1).

To analyse the dose range between 10 and 15 mM
DES, and to compare both repair conditions in the same
experiment, a new and small experiment was carried out
with 12 mM concentration. The obtained results confirmed
that when the amount of DNA damage is low or moderate,
hypermutability is obtained (4.8% and 8.2% RL mutation
frequencies in mus308+ and in mus308−, respectively, with
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Table 1: Recessive lethal (RL) and v mutation frequencies induced by DES on postmeiotic male germ cells of D. melanogaster, under mus308
deficient (mus308−) and efficient (mus308+) conditions. Values of mutability index (MI) and their statistical signification are also presented.

F1 Analysis F2 Analysis

Repair
status

Treat. Dose
(mM)

Offspring ν mutants Freq. (×10−4) Offspring(a) ν mutants Freq. (×10−4) %RL
MI(b)

(Mmus 308−/
Mmus 308+)

mus308− Control 24002 0 0 15698 0 0 0.17

DES 10 19582 0 0 12576 0 0 3.04∗∗∗ 1.55∗∗∗

15 154737 2 0.13 56093 11 1.96 2.91∗∗∗ 0.13∗∗∗

25 10092 0 0 6925 0 0 0.51∗∗∗ 0.01∗∗∗

mus308+ Control 8678 0 0 6766 0 0 0.28

DES(c) 10 54175 0 0 13090 2 1.53 2.13∗∗∗

15 23209 4 1.72 9101 13 14.28 20.78∗∗∗

25 15853 6 3.78 4703 5 10.63 29.22∗∗∗

(a)The F2 offspring is the number of nonsterile treated X-chromosomes
(b)MI: mutation frequency induced in mus308−/mutation frequency induced in mus308 +

(c)Data from Sierra et al. [25]. One experiment was carried out mating the treated males to I,v;bw females to check the validity of these previous data for
comparisons.
∗P < .05; ∗∗P < .01; ∗∗∗P < .001.

Table 2: Molecular characterization of v mutants induced by DES in postmeiotic male germ cells, under mus308− conditions.

Mutant Brood Position Mutation Change Sequence (5′–3′)(a)

D8-4 F2-1B 92–556 464 bp deletion

D8-5 F2-1B 566 CG-TA Leu-Phe ACAG C TCCTG

D8-6 F2-1B 6 TA-AT Ser-Arg TCAG T TCGC

129 TA-CG intron tcag t tctg

323 TA-CG intron tgag t aggt

398 CG-AT Gln-Lys CAAG C AGAT

416 GC-TA Asp-Tyr GTTC G ACTC

D8-7 F2-1B 1167 GC-AT Trp-STOP AAGT G GAGA

D8-8 F2-2C 648 CG-TA Ser-Phe GCAT C TGGT

D8-9 F2-1A No mutation

D8-11 F2-1C −944 AT-TA TATA A ATAT

−243 TA-AT TCAG T TATT

D8-12 F2-1A 492 GC-AT Arg-Gln AACC G AGTG

D8-14 F2-2A 494 GC-AT Val-Met CCGA G TGGT

D8-18 F2-2A 1128 TA-CG Leu-Pro TTGC T CACC

1168 GC-AT Trp-STOP AGTG G AGAT

D8-19 F2-2A 596 AT-GC Thr-Ala GGAG A CCAT

D8-21 F2-2A 974 CG-TA Arg-STOP GAAG C GACG

D8-23 F2-2A 656 CG-TA Gln-STOP TTTT C AGTC

D8-26(b) F2-2A promotor

D8-27 F2-1C 322 GC-AT intron gtga g tag

D8-29 F2-2C 875 CG-TA Gln-STOP GTTT C AGGA

D8-30 F1-2B 974 CG-TA Arg-STOP GAAG C GACG

D8-31 F1-2C −323 TA-AT TCAG T TATT

−945–935 10 bp deletion
(a)Since for some mutation types the damaged base could not be identified, the sequence surrounding the detected change in the coding strand is presented.
Intron sequences are shown in lower case letters, exon sequences in capitals.
(b)See text for details.
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Table 3: Relative and absolute mutation frequencies (F1 and F2 values expressed as mutation frequencies ×10−5) of the different mutation
types constituting the mutation spectra induced by DES in postmeiotic male germ cells, in mus308− and mus308+ conditions.

Chemical Mutation type
mus308− mus308+(a)

Relative frequency Absolute frequency (×10−5) Relative frequency Absolute frequency (×10−5)

% F1 F2 % F1 F2

DES GC-AT 47.8 0.5 7.9 73.3 6.8 49.0

AT-GC 17.4 — 5.3 3.3 — 3.3

AT-TA 17.4 0.5 4.0 10.0 1.9 3.3

AT-CG — — — 6.7 1.0 3.3

GC-TA 8.7 — 2.6 — — —

Deletions 8.7 0.5 1.3 6.7 — 6.5
(a)Data of mus308 + conditions are from Sierra et al. [25]. One experiment was carried out mating the treated males to I,v;bw females to check the validity of
the previous data for comparisons.

a statistically significant MI of 1.7). It is noticeable that the
very high rise in mutation frequency was detected between
10–12 mM and 15 mM DES in efficient repair conditions, but
it is not unusual to find such a narrow window of increased
activity in a chemical [26].

The obtained results demonstrate that Mus308 detects
and processes DES-induced DNA damages. On one hand,
low effectiveness DES doses, such as 10–12 mM (inducing
low mutation frequencies), cause DNA damage, mostly
oxygen alkylations [27], that seems to be processed through
an error-free pathway, as pointed by the observed hyper-
mutability. On the other hand, with high effectiveness
DES doses (such as 15 and 25 mM), able to induce also
considerable nitrogen alkylations [27], the obtained results
indicate hypomutability; this fact, together with a decreased
induced fertility, suggest that a functional Mus308 protein is
necessary for the survival of the fertilized eggs.

The analysis of vermilion mutation frequencies (Table 1)
show that, under mus308− conditions and considering all
concentrations together, 2 mutants were isolated in F1 (0.11×
10−4 mutation frequency) while most v mutants, 11, were
isolated among the F2 offspring (1.46 × 10−4 mutation
frequency). Other 5 v mutants were isolated from mass
cultures, but they are not included in the mutation frequency
estimations. Additionally, another mutant induced by DES
was identified by genetic analysis as a translocation between
the X and Y chromosomes that does not include the v
locus. A comparison of these data with those obtained
under mus308 proficient conditions [25] reveals that the F1

and F2 induced mutation frequencies are much lower in
mus308− than in mus308+ conditions, indicating that the
hypomutability observed with RL frequencies also extends to
v mutation frequencies.

These results are in agreement with those previously
obtained with ENU in the same cell type and under the same
repair conditions. In that case, hypermutability was observed
with a concentration that induced a moderate level of DNA
damage (1 mM ENU), and similar results were found in RL
and vermilion mutation frequencies analysis [14].

Results obtained here are consistent with a HR-mediated
bypass of DNA damage if at least part of this damage induces
cell mortality. However, a bypass tolerance system mediated
by TLS could be also implicated in the processing of DES

induced damaged. Thus, a DNA polymerase could process
error-free some DNA damage, like oxygen alkylation, when
the amount of DNA damage is low, but the processing of
other types of induced DNA lesions, especially when they
are present in high amounts (because other repair systems
are saturated or inactive), like nitrogen alkylation, could be
error-prone [28].

Moreover, there is another tolerance system, the alter-
native end-joining process (alt-EJ), independent of ligase 4
[29]. mus308 was very recently discovered to be involved in
this system [30], which processes DNA double strand breaks
generated by replication blockage. Our results are compatible
also with this system because nitrogen alkylations can be the
source of DNA strand breaks [27].

3.2. Mutation Spectra. Details of DES-induced mutants are
shown in Table 2. In D8-9 no mutation was found, and the
same mutation was present in the independent mutants D8-
21 and D8-30, as previously reported for other vermilion
spectra [14, 18, 21, 31, 32]. In D8-26 no mutation was
detected in the coding region nor in the proximal part of
the promoter, but the distal part of the promoter could
not be amplified, suggesting the presence of a mutation.
Additionally, D8-6 presented five different mutations none
of which was found in any other mutant. No mutants were
isolated either from the 24002 F1 and 15698 F2 flies analysed
in the concurrent control experiments or in the historical
control; therefore, we consider that the observed mutations
were induced by DES. The v mutation spectrum, constituted
by the 23 obtained mutations, is summarized in Table 3
and includes two deletions (8.7%) and 21 base pair changes,
distributed as follows: 11 GC-AT (47.8%) and 4 AT-GC
(17.4%) transitions, and 4 AT-TA (17.4%) and 2 GC-TA
(8.7%) transversions.

The pairing up of these mutations with the several
adducts induced by DES indicates that: (i) the GC-AT
and AT-GC transitions in the DES spectrum should be,
respectively, the consequence of the O6-ethylguanine and
O4-ethylthymine adducts [33–36], induced by this chemical
[37–39]; (ii) AT-TA transversions are most probably due
to N-ethylation [40], like the rest of transversions and
the deletions [25, 27], because DES does not ethylate
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O2-thymine [37]. The two found deletions occur between
direct repeats and, as the translocation, they can be indirectly
generated from N-ethylation, as described before [27].

Comparison of the relative mutation frequencies of
this mus308− spectrum with those previously obtained
under mus308+ conditions (Table 3) reveals clear differences
(P = .07, with the hypergeometric test, and lower if the
translocation is considered), including a strong decrease in
the frequency of GC-AT transitions, and increases in the
frequencies of AT-GC transitions, transversions and dele-
tions under mus308 − conditions. These results confirm that
Mus308 is processing O6-ethylguanine and O4-ethylthymine,
as indicated before [14], and reveal that this protein is also
processing N-ethylation damage.

O6-ethylguanine, like O6-methylguanine, is a stable DNA
lesion [37] that can mispair with T to produce GC-AT
transitions as indicated but can also pair correctly with
C [41] or can even block DNA polymerases [41, 42].
Therefore, O6-ethylguanine can fit as a substrate of Mus308.
O4-ethylthymine is a DNA damage with a long half-life
[37], difficult to repair in mammals [43–45]. Although it
is not considered a lethal lesion [33, 36], it is able to block
DNA replication in mammalian cells in a NER deficient
background [46]. NER is apparently implicated in its repair
in Drosophila [27, 32], although rather inefficiently, because
AT-GC transitions are one of the most frequently ENU-
induced damages in the repair-active premeiotic germ cells
of this organism [21, 31]. Therefore, this adduct fits with the
proposed requirements for the substrates of Mus308 [13, 14].

Since at least part of the N-ethylation damage can be
persistent and can block DNA synthesis [37], its detection as
substrate of Mus308, especially when the level of DNA dam-
age is very high and repair is difficult, is not unexpected or
strange. Additionally, it can be considered that N-ethylation
is a source of DNA strand breaks [27], and this type of DNA
damage is substrate of Mus308 in the alt-EJ system [30].

The sequence specificity of DES- induced mutations
was studied determining the base pairs 5′ and 3′ of the
damaged nucleotide (Table 2). The results of this analysis
show that AT pairs are present at 5′ in 64% of GC-AT
mutations in mus308− conditions whereas 64%–70% of this
type of mutations is preceded by GC pairs at 5′ in mus308+

conditions [25] and in NER deficient conditions [27],
respectively. This means that the neighbouring sequences 5′

to O6-ethylguanine change depending on the Mus308 status,
which is in good accordance with the proposed polymerase
function of Mus308, specially considering that no influence
of surrounding sequences was found before for this chemical
in this locus [25, 27], nor were expected for an SN1/SN2
alkylating agent [47].

In summary, the results presented in this paper demon-
strate that Mus308 processes oxygen and nitrogen alkyla-
tions, and they support its role in a tolerance mechanism
that is especially relevant in case of high DNA damage levels,
because it prevents cell death. Additionally, these results
suggest that this protein could act through a TLS pathway,
because of (i) the detected neighbouring sequence influence,
and (ii) its DNA polymerase activity. Finally, these results
also agree with the Mus308 role in the alt-EJ system, for the

processing of DNA damage-inducing strand breaks, which
can be compatible with the TLS pathway [30].
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Although the Comet assay, a procedure for quantitating DNA damage in mammalian cells, is considered sensitive, it has never
been ascertained that its sensitivity is higher than the sensitivity of other genotoxicity assays in mammalian cells. To determine
whether the power of the Comet assay to detect a low level of genotoxic potential is superior to those of other genotoxicity
assays in mammalian cells, we compared the results of Comet assay with those of micronucleus test (MN test). WTK1 human
lymphoblastoid cells were exposed to methyl nitrosourea (MNU), ethyl nitrosourea (ENU), methyl methanesulfonate (MMS),
ethyl methanesulfonate (EMS), bleomycin (BLM), or UVC. In Comet assay, cells were exposed to each mutagen with (Comet
assay/araC) and without (Comet assay) DNA repair inhibitors (araC and hydroxyurea). Furthermore, acellular Comet assay
(acellular assay) was performed to determine how single-strand breaks (SSBs) as the initial damage contributes to DNA migration
and/or to micronucleus formation. The lowest genotoxic dose (LGD), which is defined as the lowest dose at which each mutagen
causes a positive response on each genotoxicity assay, was used to compare the power of the Comet assay to detect a low level of
genotoxic potential and that of MN test; that is, a low LGD indicates a high power. Results are summarized as follows: (1) for all
mutagens studied, LGDs were MN test � Comet assay; (2) except for BLM, LGDs were Comet assay/araC � MN test; (3) except
for UVC and MNU, LGDs were acellular assay � Comet assay/araC � MN test � Comet assay. The following is suggested by the
present findings: (1) LGD in the Comet assay is higher than that in MN test, which suggests that the power of the MN test to detect
a low level of genotoxic potential is superior to that of the Comet assay; (2) for the studied mutagens, all assays were able to detect
all mutagens correctly, which suggests that the sensitivity of the Comet assay and that of the MN test were exactly identical; (3) the
power of the Comet assay to detect a low level of genotoxic potential can be elevated to a level higher than that of MN test by using
DNA resynthesis inhibitors, such as araC and HU.

1. Introduction

Many methods have been used to identify genotoxic sub-
stances, including the detection of DNA damage, chromo-
some aberrations, and gene mutations both in vitro and
in vivo. The Comet assay, which can detect single-strand
breaks (SSBs) as initial damage and those developed from
alkali-labile sites under alkaline condition (pH > 12.6), is
a rapid and sensitive procedure for detecting genotoxicity
in mammalian cells [1, 2]. When the sensitivity of a

genotoxicity testing method is regarded as high, it means
that it can detect wide variety of compounds with unknown
genotoxic potential and that the assay can detect a low level
of genotoxic potential by known genotoxic compounds. The
former is very important in order to avoid pseudonegative
results. In general, therefore, compounds with unknown
genotoxic potential are assayed at a high dose, including
maximum tolerated (subtoxic) dose. The genotoxic dose
response curve for genotoxic compounds is thought to
reach zero without having a no-response level at a low
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dose. This statement forms the basis of the “nonthreshold
concept” in the risk assessment, which describes the absence
of a threshold in genotoxic potential. The “nonthreshold
concept” for genotoxic compounds means that these agents
could have an influence on humans even at very low-levels
[3]. Therefore, it is important to detect low level genotoxicity.

Although the Comet assay is considered highly sensitive
[1, 2], it has not been well ascertained whether its sensitivity
to detect genotoxicity is higher than that of other procedures.
Although the Comet assay is essentially a method of detecting
single-strand breaks (SSBs), we have shown that a low level
of SSB as the initial damage cannot be detected by the Comet
assay because these SSBs disappear following a repair event
and that SSBs as initial DNA damage can be well detected
in the acellular Comet assay (acellular assay) [4]. The Comet
assay can directly detect not only SSBs as initial DNA damage
but also SSBs that develop from alkali-labile sites under
alkaline condition (pH > 12.6) and that formed during
repair of base adducts or alkylated bases, which are not initial
DNA damage [5]. The micronucleus test (MN test) is a
standard procedure that can detect structural chromosome
aberrations derived from initial damage in the S phase and/or
numerical chromosome aberrations due to aneugenic effects
in the M phase [6, 7]. Pfau et al. [8] conducted combined
experiments with MLC5 cells including Comet assay and MN
test and showed that the genotoxicity of heterocyclic amines
was observed at concentrations that were 2000-fold lower on
MN test than on Comet assay. However, Van Goethem et
al. showed that the lowest genotoxic concentrations of pure
cobalt powder, a cobalt-containing alloy, and cobalt-tungsten
carbide were lower on Comet assay than on MN test [9].
Hartmann et al. [10] tested 36 pharmaceutical compounds
with unknown genotoxic potential comparatively in the
Comet assay and MN test using V79 Chinese hamster cells
and reported that more compounds were positive in the
MN test than in the Comet assay. Kawaguchi et al. [11]
conducted combined experiments with TK6 and WTK1 cells
including the Comet assay, chromosome aberration assay,
and TK mutation assay and showed that the genotoxicity of
kojic acid was observed at �2500 μg/mL on Comet assay and
the chromosome aberration test and at �1250 μg/mL on TK
mutation assay. However, the exposure conditions used in
some of those studies differed among different assays (Pfau
et al. [8] exposed cells for 30 min and 24 h in the Comet
assay and MN test, resp.) and model mutagens with well-
characterized action mechanisms were not used, making it
difficult to systematically compare the sensitivities of those
assays including the Comet assay. In our series of studies
using well-known mutagens, we showed that SSBs as initial
damage can be well detected by acellular assay but not by
Comet assay under standard condition [4] and that the
response of Comet assay to mutagens inducing DNA damage
that can be repaired by the excision repair system tended
to be affected by p53 status [12]. Here, to discuss whether
that the power of the Comet assay to detect a low level
of genotoxic potential is superior to that of MN test, we
conducted combined experiments with TK6 cells including
(standard) Comet assay, acellular assay, and MN test under
identical exposure conditions.

2. Materials and Methods

2.1. Chemicals. Methyl methanesulfonate (MMS) and ethyl
methanesulfonate (EMS) were obtained from Sigma Chem-
icals Inc., St. Louis, MO (U.S.A.). Methyl nitrosourea
(MNU) and ethyl nitrosourea (ENU) were purchased from
Nacalai Tesque, Inc., Kyoto (Japan). They were dissolved
in dimethyl sulfoxide (DMSO, Wako Pure Chemical Indus-
tries, Ltd., Osaka). Bleomycin (BLM, Wako Pure Chemical
Industries, Ltd.) was dissolved in physiological saline. The
DNA repair inhibitors hydroxyurea (HU) and cytosine-1-
β-D-arabinofuranoside (araC), purchased from Wako Pure
Chemical Industries, Ltd., were dissolved in physiological
saline. Regular (GP-42) and low melting point (LGT) agarose
were obtained from Nacalai Tesque, Inc. and were diluted to
1% in physiological saline.

2.2. Cells. TK+/− heterozygote of the TK6 human lym-
phoblastoid cells exhibiting wild-type p53 (generously
donated by Dr. Honma, National Institute of Health Sciences,
Tokyo) were used. Cells were maintained in logarithmic
growth using RPMI 1640 medium (Nissui Pharmaceutical
Co., Ltd.) supplemented with 10% horse serum (SAFC
Biosciences), 200 μg/mL sodium pyruvate, and 200 μg/mL
streptomycin at 37◦C under a 5% CO2 atmosphere.

2.3. Cell Treatment with Mutagens. Cells were centrifuged
and resuspended in a culture medium at a concentration of
5×105 cells/mL, and 1 mL of cell suspensions containing each
chemical mutagen were incubated for 2 h in the presence
(Comet assay/araC) or absence (Comet assay) of the DNA
repair inhibitors araC (1.8 mM) and HU (10 mM). (The two
inhibitors were used at concentrations that did not induce
significant reductions in cell viability [12].) On Comet
assay and Comet assay/araC, exposed cells were sampled
immediately after chemical treatment, and the percentage
of viable cells was measured by the trypan blue exclusion
test. Relative survival (survival under each concentration
compared with that of an untreated control) was obtained.
For UVC irradiation, 1 mL of cell suspension in saline (5 ×
105 cells/mL) in a 6-cm dish was irradiated with a germicide
lamp (National GL15, 15W, Matsushita Electric Industrial
Co., Japan), as the UVC source from a distance of 15 cm.
Irradiated cells were incubated for 2 h in fresh medium with
(Comet assay/araC) or without (Comet assay) DNA repair
inhibitors (araC and HU) and then sampled.

2.4. Comet Preparation. Treated cells were suspended in
1% agarose-LGT at 5 × 105 cells/75 μL, and 75 μL of cell
suspension was immediately deposited on a fully frosted slide
(Matsunami Glass Ind., Ltd., Osaka, Japan) which was coated
with 1% agarose GP-42 and then covered with another slide
glass. Although 0.5% LGT agarose is generally used, 1% LGT
agarose (Nacalai Tesque, Inc.) was used in this study. In the
case of LGT agarose obtained from Nacalai Tesque, Inc., 0.5%
LGT is too soft to be used routinely in this assay. Although
DNA migration tended to be lower in 1% LGT than in 0.5%
LGT, there was no qualitative difference in the responses of



Journal of Nucleic Acids 3

this assay in 0.5% and 1% (Figure 4), which is why 0.5% LGT
agarose was used.

The slides were placed so as to allow the agarose to gel.
The samples on the slides were then immediately exposed
to a lysing solution (pH 10) of 2.5 M NaCl, 100 mM EDTA
disodium (Na2EDTA), 10 mM Trizma, 1% sarkosyl, 10%
DMSO, and 1% Triton X-100 and incubated at 4◦C for
1 h. The slides were then placed on a horizontal gel elec-
trophoresis platform and covered with pH > 13 alkaline
solution composed of 300 mM NaOH and 1 mM Na2EDTA.
The slides were left in solution at 0◦C for 20 min to allow
unwinding of the DNA and expression of alkali-labile sites
to occur. The power supply was set at 1 V/cm and 250 mA.
The DNA was subjected to electrophoresis at 0◦C for 20 min,
and the slides were rinsed with 400 mM Trizma (pH 7.5) to
neutralize the excess alkalinity. Each slide was stained with
50 μL of 20 μg/mL ethidium bromide (Wako Pure Chemical
Industries, Ltd.) and covered with a coverslip. One hundred
cells on two slides per dose (two slides were prepared for each
dose) were examined and photographed (black and white
ASA 400 Fuji film) at 200x magnification using a fluorescence
microscope (Olympus) equipped with G filter. The whole
length of the Comet (“migration”) was measured.

The measures of DNA migration include many parame-
ters [13]: % of damaged cells (i.e., cells with tails), damaged
categories (classified into various types or intensities based
on shape), length of DNA migration (total or tail), and tail
moment (e.g., amount of tail DNA x tail length). Although
the use of % tail DNA is recommended [13], we used the
whole length of the Comet as a unique parameter. Although
the Comet image length is likely to be quantitatively inferior
to % tail DNA, its qualitative power to differentiate positive
and negative responses is not unsuitable and no parameters
are unacceptable [13]. In this study, the responses on Comet
assay were not analyzed quantitatively. LGDs for two versions
of the Comet assay and MN test were obtained from
qualitative analysis of the results (differentiation between
positive and negative responses at each dose). Therefore, use
of the whole length of the Comet as a unique parameter is
not considered to have affected the results of this study.

The effect of chemical treatment on migration was ana-
lyzed using ANOVA and Dunnett test. The lowest genotoxic
dose (LGD) was defined as the lowest dose where DNA
migration increased significantly. In this study, LGD was used
to compare the power of each assay to detect a low level of
genotoxic potential of each mutagen; that is, low LGD shows
high power.

2.5. Acellular Comet Assay (Acellular Assay). Slides for the
Comet assay from untreated TK6 cells were prepared as
outlined above and the slides were lysed immediately in a
lysing solution at 4◦C for one hour as described above. Lysed
slides were neutralized in 400 mM Tris HCl buffer (pH 7.5)
for 15 min and exposed to RPMI 1640 medium with 10%
horse serum containing different concentrations of the test
agents for 2 h at 37◦C in the dark. After the treatment period,
the slides were rinsed by immersion in cold distilled water,
and then the slides were electrophoresed at pH > 13 and

0◦C for 20 min after unwinding of the DNA at pH > 13 for
20 min. The power supply was set at 1 V/cm and 250 mA. In
the Comet assay, although SSBs could be differentiated from
alkali-labile lesions derived from base lesions; SSBs could be
detected by electrophoresis at pH 12.1 and both SSBs and
alkali-labile lesions by electrophoresis at pH > 13 [14]. DNA
damage detected under the acellular condition at both pH
12 and pH > 13 were shown to be SSBs but not alkali-
labile lesions, and there were no differences in the responses
of the acellular assay at pH > 13 from those at pH12 [15],
which is why electrophoresis was conducted at pH > 13.
For UVC irradiation, neutralized slides were irradiated by
a germicide lamp (National GL15, 15W, Matsushita Electric
Industrial Co., Japan) from a distance of 15 cm. Irradiated
slides were incubated for 2 h in 400 mM Tris HCl buffer
immediately after UVC-irradiation, and then the slides were
electrophoresed at pH > 13 as described above.

2.6. Micronucleus Test (MN Test). Cells were exposed to each
mutagen as described above. At the end of a treatment
period, the cells were washed with Hanks’ BSS and cultured
for 24 h in medium containing cytochalasin B at 3 μg/mL,
and then cells were sampled. For UVC irradiation, 1 mL of
cell suspension in saline (1 × 106 cells/mL) in 6-cm dish
was irradiated by a germicide lamp (National GL15, 15W,
Matsushita Electric Industrial Co., Japan) as the UVC source
from a distance of 15 cm. Irradiated cells were incubated
for 24 h in medium containing cytochalasin B at 3 μg/mL,
and then cells were sampled. The collected cells were
suspended in 0.075 M KCl hypotonic solution for 15 min,
the cell suspension was concentrated to a volume of 1 mL,
mixed with 1 mL of 10% neutral buffered formalin solution
and then concentrated to a volume of 100 μL. The cell
suspension was further mixed with 100 μL of 0.05 w/v%
aqueous solution of acridine orange, and then 50 μL of cell
suspension was placed on a slide glass and mounted with 24×
48 mm cover slips. Binuclei cells with micronuclei (MNBNC)
per 2000 binuclei cells (BNC) and BNC per 2000 cells were
scored with the aid of fluorescence microscope (Olympus at
600x magnification) equipped with a B filter. The prevalence
of MNBNC was analyzed statistically by χ2 test. The lowest
genotoxic dose (LGD) was defined as the lowest dose at
which MNBNC increased significantly.

3. Results

Results of the Comet assay and Comet assay/araC are shown
in Figure 1. Results of acellular assay and MN test are shown
in Figures 2 and 3, respectively. LGDs are summarized in
Table 1.

Both in Comet assay and Comet assay/araC, BLM,
alkylating agents (MMS, EMS, MNU, and ENU), and UVC
increased DNA migration significantly. In general, detection
of DNA migration was greater on Comet assay/araC than on
Comet assay. Both in the Comet assay and Comet assay/araC,
relative survivals were >70% in the dose range of studied
mutagens (data not shown). On acellular assay, BLM and
alkylating agents, but not UVC, increased DNA migration
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Figure 1: Comet assay and Comet assay/araC in TK6 cells. Slides for Comet assay were prepared immediately after the exposure to chemical
mutagens for 2 h with or without araC/HU, or 2 h culture with or without araC/HU after UVC irradiation. Electrophoresis was conducted
at pH > 13. Reproducibility was ascertained by three independent experiments, and representative data are shown. The error bars indicate
standard errors of the mean. ∗Significant difference from untreated control: P < .05.

Table 1: LGDs for Comet assay, Comet assay/araC, acellular assay, and MN test using TK6 cells.

Mutagen
LGD (μg/mL or J/m2) Ratio of LGD

Comet assay Comet assay/araC acellular assay MN test (Comet assay: MN test)

UVC 20 2.5 — 15 1.3

MNU 25 3.125 6.25 12.5 2

ENU 250 62.5 31.3 125 2

MMS 40 20 10 20 2

EMS 125 62.5 62.5 125 1

BLM 12.5 6.25 0.0625 5 2.5

significantly. On MN test, BLM, alkylating agents, and UVC
increased MNBNC significantly.

For BLM, LGDs were 12.5 μg/mL, 6.25 μg/mL, 0.0625 μg/
mL, and 5 μg/mL in the Comet assay, Comet assay/araC,
cellular assay, and MN test, respectively; that is, LGDs were
acellular assay < MN test < Comet assay/araC < Comet
assay. For MMS, LGDs were 40 μg/mL, 20 μg/mL, 10 μg/mL,

and 20 μg/mL on Comet assay, Comet assay/araC, acellular
assay, and MN test, respectively; that is, acellular assay <
Comet assay/araC=MN test < Comet assay. For EMS, LGDs
were 125 μg/mL, 62.5 μg/mL, 62.5 μg/mL, and 125 μg/mL
on Comet assay, Comet assay/araC, acellular assay, and
MN test, respectively; that is, acellular assay = Comet
assay/araC < MN test = Comet assay. For MNU, LGDs
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Figure 2: Acellular assay in TK6 cells. Slides for Comet assay were exposed to each chemical mutagen for 2 h or irradiated with UVC, and then
electrophoresis was conducted at pH > 13 immediately after exposure to the chemical mutagen or 2 h after UVC irradiation. Reproducibility
was ascertained by three independent experiments and representative data are shown. The error bars indicate standard errors of the mean.
∗Significant difference from untreated control: P < .05.

were 25 μg/mL, 3.125 μg/mL, 6.25 μg/mL, and 12.5 μg/mL on
Comet assay, Comet assay/araC, acellular assay, and MN test,
respectively; that is, Comet assay/araC < acellular assay <
MN test < Comet assay. For ENU, LGDs were 250 μg/mL,
62.5 μg/mL, 31.3 μg/mL, and 125 μg/mL on Comet assay,
Comet assay/araC, acellular assay, and MN test, respectively;
that is, acellular assay < Comet assay/araC < MN test <
Comet assay. For UVC, LGDs were 20 J/m2, 2.5 J/m2, and
15 μg/mL on Comet assay, Comet assay/araC, and MN test,
respectively; that is, Comet assay/araC < MN test < Comet
assay.

4. Discussion

The present results are summarized as follows: (1) for all
mutagens studied, LGDs were MN test � comet assay; (2)
except for BLM, LGDs were Comet assay/araC � MN test;
(3) except for UVC and MNU, LGDs were acellular assay
� Comet assay/araC � MN test � Comet assay. Therefore,
despite the belief in the high sensitivity of Comet assay, its
power in detecting a low level of genotoxicity was lower

than that of MN test. Although the development of initial
damage into alkali-labile sites following repair events is an
important factor supporting the sensitivity of Comet assay, it
is easily assumed that DNA resynthesis and rejoining events
following SSB formation reduce the sensitivity of Comet
assay in detecting DNA damage such as alkylated bases and
bulky base adducts. In this study, we used two methods of
canceling the effects of DNA resynthesis and/or rejoining
events. One is acellular assay [16] and the other is the use
of DNA repair inhibitors (araC and HU) [5, 17]. Acellular
assay is a modified version of Comet assay, in which slides
with gels prepared from untreated cells are exposed after lysis
to test agents and then processed according to the standard
protocol of the Comet assay. In the acellular assay, since lysed
cells are exposed to test compounds, there are no biological
events acting on the formation and/or disappearance of SSBs
[4, 16]. In our previous study, where positive responses on
Comet and acellular assays were detected at pH 12 and
>13, there were no apparent pH effects on acellular assay,
suggesting that SSBs as initial DNA damage are detected on
acellular assay at pH 12 and pH > 13 [15].
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Figure 3: MN test in TK6 cells. TK6 cells were exposed to each chemical mutagen for 2 h or irradiated with UVC and were incubated for
24 h with cytochalasin B, and then slides for MN test were prepared. Reproducibility was ascertained by three independent experiments and
representative data are shown. ∗Significant difference from untreated control: P < .05.

When SSBs as initial DNA lesions are not rejoined, they
would be responsible for DNA migration on Comet assay.
For SSB-inducers such as BLM [18]; therefore, migration
would be observed on acellular assay, while rejoining of SSBs
before the preparation of the Comet assay would reduce
positive response on Comet assay. If the level of SSBs as initial
DNA damage is high enough to persist until the preparation
of the Comet assay, migration would be observed in Comet
assay. While BLM led to positive responses at �0.0625 μg/mL
on acellular assay, it led to negative responses at �1.25 μg/mL
on Comet assay. This discrepancy would be explained as
follows. Although rejoining of BLM-induced SSBs before the
preparation of the Comet assay reduces positive responses on
Comet assay, rejoining of BLM-induced SSBs does not occur
on acellular assay where none of the cellular functions remain
active. The induction of SSBs by BLM at �1.25 μg/mL would
be too low to persist until the preparation of the Comet
assay, which would be responsible for the negative and
positive responses at �1.25 μg/mL on Comet and acellular
assays, respectively. The Comet assay detects SSBs as initial
damage and SSBs formed through repairing process of
initial damage other than SSBs [1, 2, 4], while MN test

detects structural chromosome aberrations that are derived
from primary damage in the S phase and/or numerical
chromosome aberrations due to aneugenic effects in the M
phase [6, 7]. Therefore, even if the SSB-induction level by
BLM is too low to persist until the preparation of the Comet
assay, SSBs that can persist until the start of the S phase
could form micronuclei, which could explain why LGDs are
detected on the order of MN test � Comet assay.

Comet assay detects SSBs produced as initial damage
as well as those generated during the repair of initial
damage such as alkylated bases, bulky base adducts, and
pyrimidine dimers [1, 2]. Therefore, in the case of mutagens
forming DNA adduct, the sensitivity of the Comet assay
is supported by the conversion efficiency of initial damage
into alkali-labile sites through the repair processes [1, 2].
Pyrimidine dimers, which are well known to be induced by
UVC, are removed by the nucleotide excision repair, which
involves incision of the DNA strand, excision of the damaged
nucleotide, gap filling by DNA resynthesis, and rejoining by
ligation. As shown by the negative responses on acellular
assay, it is considered that UVC does not induce SSBs as
initial damage [4]. As shown by the positive responses
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Figure 4: Comet assay in 0.5% LGT and 1% LGT. Chinese hamster CHO cells were exposed to each chemical mutagen for 1 h, and then slides
for Comet assay were prepared immediately after the exposure. Electrophoresis was conducted at pH > 13. 4NQO, 4-nitroquinoline-1-oxide;
AMD, actinomycin D ∗Significant difference from untreated control: P < .05.

on acellular assay; however, it is considered that not only
alkylated bases as initial damage but also SSBs as initial
damage are induced by alkylating agents [4]. (SSBs as initial
damage would not contribute markedly to positive responses
on Comet assay [4].) SSBs that are formed during the
process of repairing pyrimidine dimers and alkylated bases
are responsible for the DNA migration observed on Comet
assay [4]. SSB-rejoining, which reduces DNA migration, can
be canceled by incubation with DNA synthesis inhibitors
such as HU and araC, which block DNA resynthesis [5, 17].
LGDs of UVC and alkylating agents were MN test < Comet
assay, suggesting that SSBs formed from pyrimidine dimers
and alkylated bases that do not persist until the preparation
of the Comet assay can form micronuclei. However, LGDs
of UVC and alkylating agents were detected in the order
of Comet assay/araC < MN test, suggesting that not all
unrejoined SSBs form micronuclei and that the inhibition

of the rejoining step during excision repair can elevate the
power of the Comet assay to detect a low level of genotoxic
potential to a level higher than that of MN test.

LGDs of BLM and studied mutagens except for BLM
were 2.5-fold and �2-fold higher on Comet assay than
on MN test, respectively, which would suggest that the
power of the Comet assay to detect a low level of genotoxic
potential tended to be lower than that on MN test for
mutagens that easily produce SSBs as the initial damage.
This suggests that SSBs as initial damage might make a
greater contribution to micronucleus formation than to
DNA migration, considering our previous discussion that
SSBs as the initial damage would not contribute markedly
to positive responses on Comet assay [4]. Furthermore, it
is considered that the second step of repair events includes
gap filling by DNA resynthesis followed by ligation, which
reduces the sensitivity on Comet assay to a level below that of
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MN test, though the progression of initial damage to alkali-
labile sites during the repair process is an important factor
contributing to the sensitivity on Comet assay.

In conclusion, the power of Comet assay to detect a
low level of genotoxicity is lower than that of MN test,
which concurs with the results reported by Pfau et al. [8].
For the studied mutagens, all assays (except for acellular
assay for UVC) were able to detect all mutagens correctly,
suggesting that the sensitivities of Comet assay and MN test
were exactly identical. For the studied mutagens; however,
LGDs on Comet assay were higher than those on MN test,
suggesting that the power of MN test to detect low level
of genotoxic potential is superior to that of Comet assay.
Higher LGDs on MN test would depend on the selection
of different spectra of damage by the Comet assay and MN
test; that is, the formation of SSBs during repairing process is
an important factor leading to positive responses on Comet
assay and whether cells with unrepaired DNA damage can
enter the S phase to form structural chromosome aberrations
would be an important factor leading to positive responses
on MN test. Furthermore, whether LGDs on Comet assay
are lower or higher than those on MN test would depend on
which compounds are examined. Despite the lower power of
the Comet assay to detect a low level of genotoxic potential,
one of the most important advantages of the Comet assay
is that DNA damage can be measured in any cell type [19],
while the MN test is limited to cells having mitotic activity.
Furthermore, the power of Comet assay to detect a low level
of genotoxicity can be elevated to a level higher than that of
MN test by using DNA resynthesis inhibitors, such as araC
and HU.
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Human O6-alkylguanine-DNA alkyltransferase (hAGT) is a DNA repair protein that reverses the effects of alkylating agents by
removing DNA adducts from the O6 position of guanine. Here, we developed a real-time fluorescence hAGT activity assay that
is based on the detection of conformational changes of the thrombin-binding aptamer (TBA). The quadruplex structure of TBA
is disrupted when a central guanine is replaced by an O6-methyl-guanine. The sequence also contains a fluorophore (fluorescein)
and a quencher (dabsyl) attached to the opposite ends. In the unfolded structure, the fluorophore and the quencher are separated.
When hAGT removes the methyl group from the central guanine of TBA, it folds back immediately into its quadruplex structure.
Consequently, the fluorophore and the quencher come into close proximity, thereby resulting in decreased fluorescence intensity.
Here, we developed a new method to quantify the hAGT without using radioactivity. This new fluorescence resonance energy
transfer assay has been designed to detect the conformational change of TBA that is induced by the removal of the O6-methyl
group.

1. Introduction

Alkylating agents are chemotherapeutic anticancer drugs
that produce their cytotoxic effect by generating adducts at
multiple sites in DNA [1]. A subset of alkylating agents,
which includes nitrosoureas and temozolamide, have a
preference for alkylating guanine at the O6 position, which is
the most relevant in terms of mutagenesis and carcinogenesis
[2–9]. In particular, 1,3-bis-(2-chloroethyl)-1-nitrosourea
(BCNU) attacks initially at the O6 guanine position, causing
its rearrangement in a cyclic intermediate thus giving rise
to N1,O6-ethanoguanine [10]. Finally, a cross-link with
the opposite cytosine is formed, and, as a consequence,
DNA replication is blocked, producing G2/M arrest [11].
In addition to the well-known side effects and limitations
of chemotherapeutic agents, these substances also present
problems of acquired tumor resistance. In particular, the
DNA-repair human O6-alkylguanine DNA alkyltransferase

(hAGT or MGMT) is responsible for removing alkyl adducts
from the O6 position of guanines, thereby blocking the
cytotoxic effects of the alkylating agents and making a crucial
contribution to the resistance mechanism [12–14]. It is well
established that tumor cells show greater expression of this
protein than healthy cells. Thus, this increased expression
appears to be predictive of a poor response to chemother-
apeutic drugs. This effect has been observed in a large
number of cancers, ranging from colon cancer, lung tumors,
breast cancer, pancreatic tumors, non-Hodgkin’s lymphoma,
myeloma, and glioblastoma multiforme, among others [15–
17]. In addition methylation of the hAGT promoter and
consequently the complete depletion of hAGT, it has been
associated with longer survival in patients with gliomas
undergoing combined radiation-chemotherapy treatment
[18, 19]. Therefore, pharmacological inhibition of hAGT has
the potential to enhance the cytotoxicity of a diverse range of
anticancer agents [20].
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hAGT is a 22-kDa (207 AA) DNA-binding protein that
contains a highly conserved internal cysteine, which acts as
the acceptor site for alkyl groups. The S-alkyl-Cys formed
is not regenerated and the protein, which behaves as a
suicidal enzyme, inactivates itself in the dealkylation process
[21, 22]. This single turnover of hAGT renders it vulnerable
to inactivation. On the basis of this observation, intense
research effort has been devoted to the identification of
small molecules capable of inhibiting hAGT activity and
significantly enhancing the cytotoxic effect of BCNU in
prostate, breast, colon, and lung tumor cells [20].

Several methods are available to characterize the mech-
anism of action of hAGT and its activity. Moreover, they
also have the capacity to evaluate the capacity of small
molecules to inhibit hAGT. Most of these methods are based
on radioactivity assays while others are based on multiple-
step enzymatic reactions [23–26].

G-quadruplexes are a family of four-stranded DNA
structures stabilized by the stacking of guanine tetrads, in
which four planar guanines form a cyclic array of hydrogen
bonds [27]. These G-rich regions are connected by lateral,
central, or diagonal loops of diverse sizes and composition
that form base-pairing alignments, which in turn stack
with the terminal G-tetrads, thus further stabilizing G-
quadruplex structures [28]. Another key element in G-
quadruplex formation is the presence of monovalent cations,
which stabilize the negative electrostatic potential created by
the guanine O6 oxygen atoms within the quadruplex core
[29, 30]. However, most divalent cations have the capacity
to induce the dissociation of G-quadruplex structures [31].
Finally, modifications in the base composition of the tetrads
are poorly tolerated by these structures. As an example,
inosine [32] and O6-methylguanine [33], both nonnatural
bases can form a smaller number of hydrogen bonds and thus
destabilize the G-quadruplex.

Given the potential relevance of hAGT as a prognostic
marker of cancer and as a therapeutic target, and that
its substrate O6-methylguanine disrupts the formation of
G-quadruplex structures [33], here, we developed a new
fluorescence activity assay for hAGT. For this purpose, we
selected the thrombin-binding aptamer (TBA) as our G-
quadruplex model. TBA is a well-known 15 mer that adopts
a chair-like structure consisting of two G-tetrads connected
by two lateral TT loops and a central TGT loop [34]. The
modification of its sequence in positions 5 or 6 by replacing
a guanine of the tetrad for an O6-methylguanine disrupts
folding, leaving it in an extended conformation. Giving that
the two conformations bring the two ends of TBA together
take them further apart, our working hypothesis was that the
incorporation of fluorescence probes results in a measurable
change in intensity. The final aim of this fluorescence assay
was to measure the DNA repair activity of hAGT and thus
facilitate the search for new and more potent inhibitors
which enhance chemotherapeutic drugs. Although several
methods have been described to quantify hAGT activity [23–
26], none of them use the conformational change of G-
quadruplex for this purpose. Here, we describe the devel-
opment of a straightforward, rapid, one-step fluorescence
resonance energy transfer (FRET) assay.

2. Materials and Methods

2.1. Chemicals. 5′-Fluorescein CE phosphoramidite (6-
FAM), 3′-Dabsyl CPG, O6-methylguanine (O6-MeG) and
Gdmf phosphoramidites were purchased from Link tech-
nologies (UK) and Glen Research (USA). O6-methylguanine
was protected with the isobutyryl group [35]. Standard
phosphoramidites and ancillary reagents were purchased
from Applied Biosystems (Europe).

The matrices for MALDI-TOF experiments were 2′,4′,6′-
trihydroxiacetophenone monohydrate (THAP) and ammo-
nium citrate dibasic.

Solvents for chromatographic analysis were prepared
using triethylamine, acetic acid, and acetonitrile as mobile
phase. All other chemicals were of analytical reagent grade
and were used as supplied. Ultrapure water (Millipore, USA)
was used in all experiments.

2.2. Instrumentation. Semipreparative reverse phase (RP)
HPLC was performed on a Waters chromatography system
using Nucleosil semipreparative 120 C18 (250 × 8 mm)
columns. Analytical RP-HPLC was performed using an
XBridge OST C18 2.5 μm column and a Nucleosil Analytical
column 120 C18 (250 × 4 mm). Oligonucleotides were
detected by UV absorption at 260 nm. Mass spectra were
recorded on a MALDI Voyager DETM RP time-of-flight
(TOF) spectrometer (Applied Biosystems, USA) with a
nitrogen laser at 337 nm using a 3-ns pulse. Fluorometric
measurements were performed on a spectrofluorometer
multidetection microplate reader Biotek FL × 800 and a
Jasco FP6200. Molecular absorption spectra between 220 and
550 nm were recorded with a Jasco V650 spectrophotometer.
The temperature was controlled with a Jasco ETC 272T
Peltier device. Hellma quartz cuvettes (0.5 and 1.0 cm path
length, 500 or 1000 μL volume) were used.

2.3. Oligonucleotide Synthesis. Oligonucleotide sequences
(shown in Table 1) were synthesized on an ABI 3400
DNA Synthesizer (Applied Biosystems, USA) using a 200-
nmol scale synthesis and following the standard proto-
cols. We used dimethylformamidino-protected guanine Gdmf

phosphoramidite for all the syntheses. 5′-Fluorescein CE
phosphoramidite (6-FAM), O6-methylguanine (O6-MeG)
and Gdmf phosphoramidites were from commercial sources.
The isobutyryl group was used to protect the amino group
of O6-MeG [35]. The quencher group was introduced at
the 3′ end using the controlled pore glass functional-
ized with a 3′-Dabsyl derivative CPG. O6-MeG-containing
oligonucleotides were deblocked using concentrated aqueous
ammonia overnight at room temperature following the man-
ufacturer’s instructions. The resulting products were desalted
by Sephadex G-25 (NAP-10, GE Healtcare, USA) and puri-
fied by reversed-phase HPLC using Nucleosil columns. The
yields and purities obtained for the products were around
85% for 5-O6-MeG-TBA and 6-O6-MeG-TBA, and >98%
for the rest of the sequences. The length and homogene-
ity of the oligonucleotides were checked by MALDI-TOF.
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Table 1: Sequences of TBA oligonucleotide derivatives used in the development of the hAGT fluorescence assay. MeG represents O6-
methylguanine. MB represents the fluorophore group (FAM), labelled in the 5′ end, and the quencher group (Dabsyl), labelled in the 3′

end of the sequence.

Abbreviation Sequence

TBA 5′-GGT TGG TGT GGT TGG-3′

5-O6-MeG-TBA 5′-GGT T MeGG TGT GGT TGG-3′

6-O6-MeG-TBA 5′-GGT TG MeGTGT GGT TGG-3′

C-TBA 5′-CCA ACC ACA CCA ACC-3′

MB-TBA 5′-FAM-GGT TGG TGT GGT TGG-Dabsyl-3′

MB-5-O6-MeG-TBA 5′-FAM-GGT T MeGG TGT GGT TGG- Dabsyl-3′

MB-6-O6-MeG-TBA 5′-FAM-GGT TG MeG TGT GGT TGG- Dabsyl-3′

3-HP-TBA 5′-A CCT TTT GGT TGG TGT GGT TGG-3′

6-HP-TBA 5′-C CAA CCT TTT GGT TGG TGT GGT TGG-3′

9-HP-TBA 5′-A CAC CAA CCT TTT GGT TGG TGT GGT TGG-3′

5-O6-MeG-TBA [M] = 4731.7 (expected 4737.8), 6-O6-
MeG-TBA [M] = 4729.9 (expected 4737.8), MB-5-O6-MeG-
TBA [M] = 5828.49 (expected 5826.0), MB-6-O6-MeG-TBA
[M] = 5826.80 (expected 5826.0).

The DNA-strand concentration was determined by
absorbance measurements (260 nm) by calculating extinc-
tion coefficients. Oligonucleotide samples were kept at
4◦C until further use. Double-stranded O6-MeG-TBA was
formed by annealing equimolar concentrations of comple-
mentary oligonucleotide strands at 72◦C for 5 min and then
allowed to slowly cool to room temperature.

2.4. Melting Temperature Studies. Melting curves were mea-
sured by monitoring the absorbance hyperchromicity at 295
and 495 nm in a JASCO V650 spectrophotometer equipped
with a Peltier temperature-controlling unit. UV/Vis absorp-
tion spectra were recorded at 1◦C/min intervals, with a 1-
min equilibration time at each temperature; the sample was
heated over the range 20–80◦C. The buffer solutions used
were 10 mM sodium cacodylate pH 7.0 and 100 mM KCl.
Sample concentration was around 4 μM. Each sample was
allowed to equilibrate at the initial temperature without any
external control of temperature for 5 min before the melting
experiment began. The melting temperatures (Tm) are the
average value of at least one pair of Tm experiments.

2.5. CD Spectra. Samples were prepared as described for
the melting experiments by UV spectroscopy. Measurements
were conducted in 10 mM sodium cacodylate pH 7.0 and
100 mM KCl. Sample concentration was between 1–4 μM.
The CD spectra were recorded on a Jasco J-810 spectropo-
larimeter attached to a Julabo F/25HD circulating water bath
in 1 cm path-length quartz cylindrical cells. Spectra were
recorded at room temperature using a 100 nm/min scan rate,
a spectral band width of 1 nm and a time constant of 4 s. All
the spectra were corrected with the buffer blank and plotted
using Origin software.

2.6. Human Recombinant hAGT Protein. Full-length hAGT
was overexpressed and purified as previously described [36].

Briefly, hAGT protein cloned in the pet-21a (+) (Novagen)
vector was expressed in the E. coli strain Rosetta. Once the
culture reached an OD600 value of 0.98, hAGT was induced
by adding 1 mM IPTG (Sigma) and left for 4 h at 30◦C.
The pellet from a 1-L culture was disrupted by sonication
and centrifuged. The supernatant was filtered, loaded into
a HiTrap FF column (GE Healthcare) with buffer 350 mM
NaCl, 20 mM Tris pH 8, 20 mM imidazole, and 1 mM BME,
and then eluted with an imidazole (Fluka) gradient up to
500 mM in the same buffer. Finally, the protein was loaded
into a Superdex 75 16/60 column (GE Healthcare) with the
following buffer: 200 mM NaCl (Merck), 20 mM Tris pH 8.0
(Merck), 10 mM DTT (Sigma) and 0.1 mM EDTA (Sigma).
The protein was concentrated to 2 mg/mL in this buffer and
kept at −20◦C in the presence of 40 % glycerol. The same
protocol was used for the purification of the inactive mutant
hAGT-C145S, cloned in the pet-28a (+) vector (Novagen),
and expressed in the E. coli strain BL21.

2.7. HPLC hAGT Assay. Assays were conducted using
double-stranded 5-O6-MeG and 6-O6-MeG TBA paired with
TBA complementary sequence or using single-stranded 5-
O6-MeG and 6-O6-MeG TBA.

In order to measure the dealkylation of O6-MeG, 50 pmol
of the O6-MeG-TBA substrates were incubated with a range
of concentration of hAGT (16 nM to 1.6 μM) to a final
volume of 120 μL in a reaction buffer (200 mM NaCl,
50 mM Tris pH 8.0, 1 mM DTT, and 5 mM EDTA). Several
incubation times were tested (30, 60, 90, 120, 360, and 1440
min) at 37◦C and the reaction was stopped by heating the
samples at 72◦C for 5 min. The reaction products were
analyzed by HPLC on a Nucleosil analytical column at 60◦C
or room temperature, depending on the substrates used
in the experiment (double- or single-stranded TBA). The
HPLC flow rate was 1 mL/min, and a gradient of 10%–40%
acetonitrile for 20 min was used.

2.8. Fluorescence Assay for hAGT Activity. The fluorescence
assay was performed in a multidetection microplate reader
biotek FLx800 in optical 96-well Optical btm reaction plates
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Figure 1: Scheme of fluorescence-based hAGT assay. The sub-
strate is the thrombin-binding aptamer modified by an O6-
methylguanine (Me) in extended conformation, with a fluorophore
and quencher in the opposite ends of the sequence. The refold of the
G-quadruplex structure of TBA is dependent on the removal of the
methyl adduct by alkyl-guanine-DNA-O6-alkyltransferase (hAGT).
This repair moves the quencher and the fluorophore molecules in
close proximity and blocks fluorescence.

(Nunc, USA). Full-length hAGT recombinant protein (207
amino acids) was used for the assay and the hAGT-C145S
inactive mutant was used as a negative control. The reaction
was performed in a total volume of 50 μL in each well,
incubating increasing concentrations of hAGT (5, 10, 20,
40, 60, and 80 nM) enzyme in reaction buffer (200 mM
NaCl, 50 mM Tris pH 8.0, 1 mM DTT, 5 mM EDTA, and
20 mM KCl). The assay of hAGT was then initiated by the
addition of 5 μL of different concentrations (5, 10, 25, and
50 nM) of fluorescently labelled MB-O6-MeG-TBA substrate
and this solution was then placed in a microplate reader
system. Fluorescence was measured every minute for 20 min
or 40 min at excitation and emission wavelengths of 485 and
535 nm, respectively. Averages over three readings were taken
for each condition tested. Each experiment was performed in
triplicate.

3. Results and Discussion

The aim of this study was to develop a real-time hAGT
activity assay based on the detection of differences between
extended and folded conformations of TBA. Our working
hypothesis was that the quadruplex structure of TBA is
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Figure 2: CD spectra of MB-TBA and MB-5-O6-MeG-TBA at
25◦C. Buffer conditions: 10 mM sodium cacodylate pH 7.0 and
100 mM KCl, sample concentration 1 μM.

disrupted when a central guanine is replaced by an O6-
methylguanine. The TBA sequence also contains a fluo-
rophore and a quencher group attached to 5′ or 3′ end,
respectively. In the presence of O6-methylguanine, methy-
lated TBA unfolds and the fluorophore and the quencher
become physically separated beyond the Förster distance.
When the repair protein hAGT is added to the methylated
aptamer, the enzyme removes the methyl group from the
mutated guanine, thus allowing TBA to fold back into its
chair-like conformation. As a result, the quencher comes
closer to the fluorophore and blocks its fluorescence, as
illustrated in Figure 1. This loss of fluorescence is quantified
as a direct measurement of hAGT activity.

3.1. Synthesis of Modified G-Quadruplex Sequences. The G-
quadruplex sequences used in this study are shown in
Table 1. Oligonucleotide synthesis was performed by the
solid-phase 2′-cyanoethyl-phosphoramidite method [37].
Ammonia treatment was performed at room temperature
overnight to minimize decomposition of O6-methylguanine.
For the same reason, the dimethylformamidino group was
selected for the protection of 2′-deoxyguanosine [38]. The
sequences were characterized by HPLC and mass spectrom-
etry, which provided the expected molecular weights. The
yields of the isolated molecular beacon oligonucleotides after
HPLC purification and desalting were in the range of those
obtained for unmodified oligonucleotides.

3.2. Thermal Stability of Methylguanine-Modified TBA. In
order to induce the unfolding of the quadruplex structure
of TBA, we introduced an O6-methyl-guanine at position
5 or 6 of TBA. Melting curves of the modified sequences
were performed by UV spectroscopy and compared with
the unmodified sequence. These experiments were carried



Journal of Nucleic Acids 5

G1

G1

G1

G1

G2

G5

G6

G8

G11

T1

T1T3

T7 T9

T4

(a)

G1

G1

G1

G1

G2

G5

G6

G8

G11

T1

T1T3

T7 T9

T4

T16
T17

T18

T19
C20

C21

A22

(b)

G1 G1

G1 G1

G1

G2 G5 G6

G8

T1

T1

T3 T4

T7 T9
T16

T17

T18

T19

C20 C21 A22 A23 C24 C25

(c)

G1 G1

G1 G1

G1

G2 G5 G6 G8

T1

T1

T3 T4 T7 T9
T16

T17

T18

T19

C20C21A22A23C24C25 C27A26 A28

(d)

Figure 3: Schematic representation of the structure of several derivatives of thrombin-binding aptamers (TBAs) prepared in this study.
TBA sequence is shown in black, and T4 loop with different sizes of the complementary sequences are shown in red. (a) Native TBA;
(b) TBA-hairpin containing three overhanging complementary nucleotides (3-HP-TBA); (c) TBA-hairpin containing six overhanging
complementary nucleotides (6-HP-TBA); (d) TBA-hairpin containing nine overhanging complementary nucleotides (9-HP-TBA). Between
3–6 complementary nucleotides are required to disrupt the intramolecular quadruplex to form an intramolecular duplex.

out at pH 7 in buffer containing 10 mM sodium cacody-
late and 100 mM KCl, which is predicted to stabilize G-
quadruplexes structures. We did not observe a melting
temperature at 295 nm for 5-O6-MeG-TBA or 6-O6-MeG-
TBA and the corresponding molecular beacons (see Figures
S1–S4 in Supplementary Data Material available online at
doi: 10.4061/2010/632041). The absence of this transition is
consistent with the disruption of the quadruplex structure.
These results contrast with the melting temperature of native
TBA (Tm 48◦C) and MB-TBA (Tm 46◦C). Moreover, circular
dicroism of methylated-TBA derivatives did not show the
presence of the maximum at 295 nm, which is characteristic
of the antiparallel quadruplex of TBA (Figure 2 and Figure
S5). These results confirmed that methylation of guanine in
either of the two positions of the TBA sequence prevents the
formation of the chair structure. This observation confirms
our working hypothesis.

Given that the DNA repair activity exerted by hAGT
is higher in double-stranded DNA than single-stranded
DNA [39], we studied the stability and the quadruplex
formation of elongated self-complementary TBA derivatives
(see Table 1). We designed several TBA oligonucleotides
elongated in their 3′ end with a subset of self-complementary
sequences of diverse sizes. The purpose of these elongations
was to check whether the extended sequences have the
capacity to form a double strand helix of different lengths
and strengths with themselves without disrupting the chair-
like structure. For 6-HP-TBA and 9-HP-TBA, we found that
the corresponding Tm at 260 nm were 63oC and 71.8◦C,
respectively. This observation confirms our hypothesis of
a double helix structure that increases in strength as the

sequence length increases. However, we did not detect a
melting temperature of these two sequences at 295 nm.
The absence of a transition at 295 nm is consistent with
the absence of an antiparallel quadruplex structure. In
contrast, 3-HP-TBA, corresponding to an overhang of only
3 nucleotides, gave a melting temperature of 46◦C at 295 nm,
which is slightly but similar to that obtained for natural TBA.
This result indicates that 3-HP-TBA forms an antiparallel
quadruplex instead of a duplex because the overhang is too
short to break the chair-like structure. Circular dichroism
confirms the quadruplex structure of 3-HP-TBA and the
absence of quadruplex structure in 6-HP-TBA and 9-HP-
TBA (Figure S6). Models of all these structures are shown
in Figure 3.

3.3. HPLC Analysis of DNA Repair Activity of hAGT. In order
to observe the efficiency of hAGT to remove alkyl groups
from single-stranded oligonucleotides, we performed several
assays to determine the optimal conditions of the reaction.

For this purpose, the full-length hAGT was first over-
expressed and purified as described previously [36]. Increas-
ing concentrations of the protein were incubated with
double-stranded 5-O6-MeG and 6-O6-MeG TBA, annealed
with its complementary sequence. Figure 4(a) shows the
HPLC profile of the final product of the reaction with
double-stranded 5-O6-MeG-TBA. In order to separate the
two strands of the TBA substrate (Figure 4(a) top right
panel), HPLC analyses were done at 60◦C. After incubation
with hAGT, we detected a peak with a shorter retention time,
which corresponds to the restored TBA sequence caused by
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Figure 4: HPLC analysis of hAGT activity over double- and single-stranded TBA before and after incubation with hAGT. (a) Repair of
double-stranded 5-O6-MeG-TBA by hAGT. The peak labelled as cTBA corresponds to the complementary sequence of 5-O6-MeG-TBA.
The top right panel shows HPLC chromatogram in absence of hAGT. The gradient was from 10%–40% acetonitrile for 20 min at 60◦C. (b)
Repair of single- stranded 5-O6-MeG-TBA by hAGT. The inserted panel shows HPLC chromatogram in the absence of hAGT. Gradient used:
10%–40% acetonitrile, 20 min at room temperature.
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Figure 5: Fluorescence intensity of the real-time hAGT assay, measured at excitation and emission wavelengths of 485 nm and 535,
respectively. (a) Illustration of the different controls with 5 nM MB-5-O6-MeG-TBA: (1) Positive control of MB-5-O6-MeG-TBA in the
absence of hAGT; (2) Intensity in presence of the inactive mutant hAGT-C145S; (3) Decrease in fluorescence when adding 40 nM active
hAGT; and (4) basal fluorescence of 5 nM of MB-TBA. (b) Decrease in intensity caused by the activity of hAGT at a range of concentrations
(0, 20, 40, and 60 nM), in all of them the basal fluorescence of MB-TBA was subtracted.

the removal of the methyl group. We obtained the same
results when we used double-stranded 6-O6-MeG-TBA as a
substrate (data not shown). As expected, hAGT activity was
not affected by the position of the alkyl group within the
sequence. We then tested hAGT activity over single-stranded
methylated TBA in the previously optimized conditions
and obtained similar results to those shown in Figure 4(b).
The top right panel shows the HPLC chromatogram in the
absence of hAGT. In this case, the HPLC analyses were
performed at room temperature because the substrate was
single-stranded TBA. Our results confirmed that hAGT has

the capacity to remove methyl groups from single- or double-
stranded TBA with the same efficacy. Therefore, we selected
single-stranded TBA as substrate for the development of our
fluorescence assay.

3.4. Fluorescence hAGT Activity Assay. On the basis of the
results obtained in the melting temperature and the HPLC
experiments, we tested the effectiveness of our proposed
model to the DNA repair activity of hAGT by means of
fluorescence. First of all, we determined the minimum
amount of TBA required to achieve a detectable and reliable
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difference in intensity compared to the background. As
expected, the negative control natural TBA quadruplex gave
low background fluorescence, because of the proximity of
the fluorophore and the quencher groups in the chair-like
structure (Figure 5(a)). Although the fluorescence of MB-
TBA was low, this fluorescence was subtracted from the
fluorescence value in each experiment. The concentration
of 5 nM of fluorescently labelled MB-O6-MeG-TBA was
considered the optimal concentration as the fluorescence
signal was intense and only a small amount of hAGT protein
was required to achieve a substantial decrease in fluorescence
in 20–40 min. In the optimal conditions, the presence
of hAGT produced a remarkable decrease in fluorescence
intensity, caused by the demethylation of the O6 position
of guanines, thereby allowing the TBA to form its typical
quadruplex structure, which brings together the fluorophore
and the quencher groups, as occurred in the negative control.
The rate of decrease in fluorescence intensity correlated
directly with the amount of hAGT in the reaction mixture
(Figure 5(b)). Moreover, the inactive mutant hAGT-C145S
did not exhibit any decrease in fluorescence (Figure 5(a)).
This result was expected because of the inability of this
mutated protein to repair the modified TBA. Figure 5(b)
shows the fluorescence intensities for the real time hAGT
assay. All these observations are consistent with the hypothe-
sis and design of our FRET method.

4. Conclusion

Although radioactivity has been widely used in the search
of potential inhibitors of hAGT [23, 24], this technique
does not allow real-time data acquisition and, in addition,
requires radioactive materials. Here, we developed a sensitive
fluorescence method that allows the quantification of hAGT
activity in a single step and in a straightforward manner.
Although another fluorescence method has already been
developed for this purpose [25], it requires the addition
of a restriction enzyme, followed by the addition of an
exonuclease after the hAGT activity reaction. Consequently,
although it is a real-time assay, a three-step reaction is
required before observing an increase in fluorescence. In
contrast, in our assay, a change in fluorescence is detected
in a single step (homogeneous), and this method does not
depend on the activity of two additional enzymes.

Our assay is based on the detection of conforma-
tional changes of TBA in the presence or absence of O6-
methylguanines in its structure. The quadruplex structure
of TBA is disrupted when a central guanine is replaced by
an O6-methylguanine. Fluorophore groups can be added to
the modified sequence in order to detect the conformational
changes by fluorescence. The variation in fluorescence can
be quantified as a direct measurement of hAGT activity. In
addition, this technique requires lower amounts of substrate
and does not call for the use of radioactive materials.
Furthermore, this method can be easily transferred to a high
throughput experiment for the evaluation of small molecules
as potential hAGT inhibitors [36]. Research in this direction
is currently underway in the laboratory.
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BME: 2-mercaptoethanol
Dabsyl: 3-(N-4′-sulfonyl-4-(dimethylamino)-

azobenzene)-3-aminopropyl
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EDTA: Ethylenediaminetetraacetic acid
FAM: Fluoresceine
AGT: O6-alkylguanine-DNA alkyltransferase
hAGT: Human AGT
HPLC: High performance liquid chromatography
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O6-MeG: O6-methylguanine
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TEAA: Triethylammonium acetate
TFA: Trifluoroacetic acid
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Telomerase is a reverse transcriptase specialized in telomere synthesis. The enzyme is primarily nuclear where it elongates telomeres
but recent reports have shown that it also localizes to mitochondria. The function of TERT in mitochondria is largely unknown but
the available findings point to a role in mitochondrial DNA metabolism. This paper discusses the available data on mitochondrial
telomerase with particular emphasis on its effects upon the organellar DNA.

1. Introduction

Telomerase is a reverse transcriptase well recognized for
its function at telomeres, protein-DNA structures essential
for the stability of linear chromosomes. The enzyme is
composed minimally of two different subunits, a catalytic
core (TERT) responsible for DNA catalysis and an RNA
component (TERC) that is used as template for telomeric
DNA synthesis. Whereas the RNA is present in both somatic
and germ cells constitutively, expression of TERT is tightly
regulated. Telomerase activity is high during embryogenesis
and in the vast majority of tumors but is low or non-existent
in most adult somatic cells [1]. Both TERT mRNA and
protein have been reported in telomerase-negative cells albeit
at low levels [2, 3].

In recent years many different reports have indicated
that the reverse transcriptase component of telomerase has
additional cellular functions beyond telomere stabilization.
For instance, TERT has been shown to play a role in
chromatin remodeling and in DNA damage response and
to act as a transcriptional modulator of the Wnt/beta-
catenin signaling pathways [4, 5]. More recently it was
shown to acquire properties of an RNA-dependent RNA
polymerase when in a complex with the RNA component

of the mitochondrial endoribonuclease MRP; such activity
is not involved in the maintenance of telomeres but rather in
regulation of gene expression [6].

In line with the idea that TERT has extratelomeric
functions, we were the first to show that the human protein
(hTERT) is also mitochondrial [7, 8]. The mitochondrial
localization of endogenous and ectopically expressed hTERT
was subsequently reproduced by others [9–12]. The presence
of hTERT in mitochondria was surprising given the well-
established role of telomerase in telomere maintenance and
the lack of a telomeric structure on the mitochondrial
DNA (mtDNA). However, it was not entirely unexpected as
cytoplasmic localization of telomerase had been previously
reported [13–17] and, as described above, other func-
tions outside telomere maintenance have been increasingly
ascribed to hTERT.

This paper focuses on the localization of TERT to
mitochondria and its putative role in mtDNA metabolism.
We review findings regarding the effects of mitochon-
drial hTERT upon genotoxic stress and recent evidence
demonstrating the impact of TERT (or lack thereof) to
mitochondrial biology under nonstress conditions. The
impact of mitochondrial telomerase to aging and telomere
maintenance is not discussed as it has been reviewed
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elsewhere [18]. More information about the noncanonical
and/or extratelomeric activities of telomerase can be found
in other recent reviews [19–21].

2. Mitochondrial Localization of TERT

2.1. Endogenous and Ectopically Expressed TERT Are Mito-
chondrial. The first evidence that TERT was a mitochondrial
protein came from studies done by us initially identifying a
mitochondrial-targeting signal (MTS) at its N-terminus [7].
Using software packages that predict MTSs, we identified
the first 20 amino acid residues of TERT to be a putative
mitochondrial targeting peptide. We found the MTS to be
conserved among higher eukaryotes such as plants, fish, and
mammals but not present in lower species such as yeast
and tetrahymena [7]. Fusion of EGFP to the C-terminus
of full-length wild-type (WT) human TERT showed that
the recombinant protein was localized to mitochondria.
Addition of only the MTS to the N-terminus of EGFP
rendered the fluorescent protein completely mitochondrial
and mutations of two amino acid residues within the MTS
abolished hTERT’s mitochondrial localization, indicating
that the MTS was sufficient and required to target hTERT
to mitochondria [7, 8]. Telomerase enzymatic activity was
also detected in purified mitochondrial extracts from various
human cells [7], collectively providing strong evidence that
hTERT was a mitochondrial protein. Subsequently, others
have confirmed the presence of endogenous hTERT in mito-
chondria by immunofluorescence and Western blotting [9–
12]. Of note, a recent study showed that hTERT is found in
purified mitochondria of primary umbilical vein endothelial
cells [12], underscoring that the mitochondrial localization
of hTERT is not an artifact of protein overexpression or
associated with cellular transformation. In this context, our
unpublished work shows that a fraction of endogenous rat
and mouse TERT is mitochondrial as well (Green et al. in
preparation).

The content of hTERT in cancer cells has been estimated
to range from 20 to 50 molecules [22]. According to recent
reports [11, 12] and to our unpublished data, we estimate
that ∼10−20% of the total cellular hTERT is mitochondrial
under nonstress conditions, which is equivalent to 3−10
molecules of hTERT/mitochondrion at least in cancer cells.
It is not surprising then that many have missed the
mitochondrial localization of TERT. The unequal subcellular
distribution of dually targeted proteins is a wide spread
phenomenon and has been termed “eclipsed distribution”
[23]. Many of these proteins have been shown to have distinct
functions in the different subcellular compartments [23–26]
similar to what is predicted for TERT activity.

2.2. Submitochondrial Localization of TERT. To gain insight
into the molecular function of a mitochondrial protein
it is necessary to define its submitochondrial localization
since its presence in the mitochondrial membrane (inner or
outer) or in the matrix would predict different biological
functions. Haendeler et al. [11] identified the submito-
chondrial localization of hTERT by immunoblots and co-
immunoprecipitations. The authors isolated mitochondria

from Hek293, treated the purified organelles with proteinase
K, and probed for hTERT by Western blots. Using this
approach they concluded that hTERT was mostly localized
to the mitochondrial matrix. Their claims were substan-
tiated by experiments demonstrating that overexpressed
myc-tagged hTERT co-immunoprecipitated with TOM20,
TOM40, and TIM23 [11]. TOM20, TOM40, and TIM23 are
protein translocases of the outer (TOM20 and TOM40) and
inner (TIM23) mitochondrial import machinery [24]. These
results are consistent with experiments showing that hTERT
binds mtDNA (see below), which resides in the matrix.

3. Regulation of hTERT’s
Subcellular Distribution

It is now recognized that the dual targeting of proteins
can be regulated, induced, or rebalanced in response to
cellular signaling or to changes in extracellular conditions
[26]. While much is still unknown about how the subcellular
distribution of TERT is achieved, the available data suggest
that it is tightly regulated. In this section, we review
published information regarding the signals that target TERT
to the nucleus and mitochondria and the role of oxidative
stress in redistributing hTERT within the cell. An excellent
review about mechanisms, regulation, and function of dual
targeting of proteins has been recently published [26].

3.1. TERT’s Targeting Signals. It is clear that at basal levels
TERT is primarily nuclear with only a small fraction present
in mitochondria. However, it is currently unknown what
regulates the intracellular distribution of TERT. In addition
to its N-terminal MTS, hTERT has a nuclear export signal
(NES) spanning amino acids 978−987 [14, 27]. Several
nuclear localization signals (NLSs) are predicted but they
have not yet been mapped out onto the protein [14]. No
splicing variants involving the MTS or the NES of hTERT
have been reported neither have variants that change its
subcellular distribution been identified. It therefore seems
likely that the dual targeting of TERT is based on a single
translation product containing different targeting signals.
In such a case, the balance between the mitochondrial and
nuclear pools of the protein may be determined by various
competing factors, including the affinity of each signal for its
target or, alternatively, the accessibility of the target signal for
specific receptor binding [26].

3.2. Regulation of TERT’s Distribution by Oxidative Stress.
The intracellular distribution of hTERT changes upon
specific stimuli, and many different proteins have been
associated with its shuttling between nucleus and cytoplasm
(including mitochondria) [10, 12, 14, 16, 28–32]. Under
oxidative stress, the distribution of hTERT is regulated
by posttranslational modifications. Indeed, Src kinase has
been shown to control the export of hTERT from the
nucleus into the cytoplasm upon oxidative stress [10, 16].
Dephosphorylation of hTERT by the phosphatase Shp-2
reversed this process [28]. Increased localization of hTERT to
mitochondria upon oxidative stress was also reported [10].
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High levels of mitochondrial hTERT were observed within
hours of exposure to hydrogen peroxide (H2O2) but several
days were required in the case of hyperoxia. Although it took
weeks, this redistribution of hTERT under hyperoxia was
found to be a reversible process [10]. Together these data
suggest that the intracellular redistribution of hTERT under
oxidative stress likely relies on de novo protein synthesis but
the current data do not exclude protein relocalization. Carry-
ing out similar experiments in the presence of cycloheximide
will help clarify this issue.

Büchner et al. [12] recently suggested that Src kinase also
controls mitochondrial levels of hTERT upon oxidative stress
similar to what has been shown for nuclear hTERT. The
authors found that while levels of WT hTERT decreased in
mitochondria upon H2O2 exposure, no changes occurred in
a mutant version of hTERT (Y707F) that is not phospho-
rylated by Src kinase. They concluded that oxidative stress
resulted in the Src-dependent mitochondrial downregulation
of hTERT [12].

While it is possible that Src is involved in regulating
nuclear and mitochondrial levels of hTERT under oxidative
stress, the above data should be taken with some caution.
The conclusions were based on targeting WT and Y707F
hTERT to mitochondria by cloning it into a mitochondrial
shooter vector, which essentially adds another MTS to the
N-terminus of hTERT [11]. However, no data showing the
degree of mitochondrial localization of this construct was
provided, which is required for proper interpretation of
the data since levels of hTERT were assayed in total lysates
prior to and after H2O2 treatment [12]. If under oxidative
stress TERT indeed relocalizes to mitochondria, lack of
complete mitochondrial localization of mitoTERT may skew
interpretation of the results. Assaying levels of mitoTERT
in isolated mitochondria under the same experimental
conditions [11] could easily address this concern.

Regardless of the role of Src, the downregulation of
mitochondrial hTERT could also stem from increased degra-
dation of hTERT, decreased affinity of the mutant protein
for the mitochondrial import machinery, or promotion of
protein folding, which would compete for translocation
[23–26]. Clearly, additional studies are required to better
understand how the intracellular distribution and mitochon-
drial localization of hTERT are regulated, and whether the
other stimuli reported to induce the subcellular shuttling
of hTERT also influence the balance between mitochondrial
and nuclear localization of the protein.

4. hTERT and Its Role in mtDNA Metabolism

Direct proof that TERT works in mtDNA metabolism
is still missing but the ability of hTERT to modulate
mtDNA damage induced by various agents, coupled with
the recent demonstration that hTERT binds to mtDNA,
strongly supports such a function. In this section we review
evidence that mitochondrial hTERT promotes, protects, or
does not interfere with mtDNA damage induced by different
types of genotoxins. Taken together, the data indicate that
the modulation of mtDNA damage caused by TERT is
genotoxin-dependent and likely related to the type of lesion

present on the mtDNA. The exact mechanism(s) through
which hTERT modulates mtDNA damage has yet to be
elucidated. We also discuss findings about the interaction of
hTERT with the organellar DNA. However, we do not touch
on the role of hTERT in stress-mediated cell death as this has
been recently reviewed [18].

4.1. Mitochondrial hTERT Modulates Oxidative Damage
on the mtDNA. As reviewed above, oxidative stress alters
hTERT levels in mitochondria. Why under such conditions
mitochondrial hTERT levels fluctuate is not clear but the
available data suggest that it may respond to oxidative
damage to mtDNA. Major controversy is observed regarding
modulation of oxidative stress-mediated mtDNA damage,
with evidence demonstrating that hTERT either exacerbates
or protects against this type of insult [7, 8, 10]. The reasons
for the opposing results are still unclear but they could
reflect differences in the cellular backgrounds, in antioxidant
defenses, and/or in the dose/length of the stress (see below).

We were the first to show that hTERT modulates mtDNA
damage caused by H2O2 (200 μM for either 15 minutes or
1 hour). Specifically, we demonstrated that cells expressing
WT hTERT were more sensitive to H2O2-mediated mtDNA
damage than the telomerase negative controls. Using 7
different cell lines expressing ectopic or endogenous hTERT
and the respective non-hTERT isogenic controls, we showed
that levels of mtDNA damage were significantly increased
by the presence of the WT protein [7]. The promotion of
damage was specific for hTERT because when hTERT was
cloned flanked by lox p and excised using cre recombinase
the effects were reversed [8]. All cells showed similar kinetics
of H2O2 breakdown; however, we detected an increase in
bioavailable iron in cells overexpressing hTERT [7]. Iron can
drive Fenton chemistry and more iron could increase the
levels of hydroxyl radical generation, potentially explaining
our results [7].

Subsequently, we established that the promotion of
H2O2-induced mtDNA damage was strictly dependent
on the presence of hTERT in mitochondria [8]. Stable
expression of a nonmitochondrial mutant (R3E/R6EhTERT)
completely abolished the promotion of mtDNA damage
caused by 200 μM H2O2, leading to levels of lesions that
were either not different from or even below their non-
hTERT counterparts. Similar findings were observed using
a catalytically inactive hTERT mutant, indicating that the
promotion of mtDNA damage relied on reverse transcriptase
activity. These results were obtained in different cellular
backgrounds, demonstrating that the effects of mitochon-
drial hTERT were general and did not rely on a particular
cell type. Together, these data led to the conclusion that
telomerase must be active and in mitochondria to promote
H2O2-induced mtDNA damage [7, 8].

Interestingly, work by Ahmed et al. in 2008 contradicts
these findings. Using MRC-5 and MRC-5 stably express-
ing hTERT, they showed less damage in cells expressing
exogenous hTERT when compared to the non-hTERT
counterpart after treatment with 500 μM H2O2 for 3 hours.
A similar trend was observed for cells put under hyperoxia
conditions (40% oxygen) for up to 70 days. While levels of
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hyperoxia-induced mtDNA damage plateaued in MRC-5
cells from days 20 to 70, in MRC-5 hTERT the mtDNA
damage was entirely eliminated after day 40, when hTERT
was solely mitochondrial localized [10]. These data suggest
that (i) mtDNA repair was either not operating or was
overwhelmed in MRC-5 cells by the (likely) constant levels of
damage induced by hyperoxia and (ii) that repair or turnover
of hyperoxia-induced mtDNA damage was modulated by
hTERT but only when the protein was in mitochondria. It is
worth noting that the protection afforded by hTERT in this
study could result from upregulation of antioxidant defenses
since an increase in at least one antioxidant enzyme was
detected in MRC-5 hTERT by gene expression profiles [10].

4.2. Effects of hTERT on mtDNA Damage Induced by Other
Genotoxins. Methyl methanesulfonate (MMS) is a methy-
lating agent that preferentially alkylates the N-7 position of
guanine. This lesion is converted into an abasic site and
transiently into a single DNA strand break (SSB, [33]).
Such lesions are repaired on the mitochondrial genome
through the base excision repair pathway (BER, [34]). When
hTERT overexpressing cells and their non-hTERT isogenic
counterparts were exposed to MMS, no differences in the
levels of either nuclear or mtDNA damage were observed. On
the contrary, the trend pointed to a decrease in damage in
both genomes in the presence of WT hTERT, which did not
reach statistical significance [8].

As observed with H2O2, mtDNA damage induced by
etoposide was promoted by hTERT. Indeed, a slight but
significant enhancement in mtDNA damage was observed
in NHF hTERT cells exposed to 1 μM etoposide, which was
not observed in NHF controls [8]. Etoposide, like H2O2, not
only causes DNA double-strand breaks (DSBs) but induces
oxidative stress as well [35]. Note that the majority of
DNA breaks provoked by H2O2 are SSBs. In mitochondria,
oxidized DNA and SSBs are repaired by BER whereas to
date no system to correct DSBs has been identified in the
mammalian organelle [34].

Mitochondrial hTERT was also proposed to protect
mtDNA against UV damage. Using in vitro assays it was
shown that preincubation of isolated DNA with in vitro
translated hTERT protected the DNA against UV expo-
sure. To show that this effect was physiologically relevant
and involved the mitochondrial function of TERT, lung
fibroblasts from WT and TERT knockout (KO) animals
were exposed to increasing doses of UV and mitochondrial
function accessed based on the MTT assay. Significantly
less MTT conversion was observed in the KO cells with
increasing doses of UV, leading to the conclusion that mito-
chondrial TERT protects mtDNA in vitro and mitochondrial
function in vivo from UV damage [11]. Since nuclear
TERT is also absent in the KO animals, further studies
are required to define whether the protection afforded by
TERT against UV damage indeed relies on its mitochondrial
activity.

Likewise, expression of WT hTERT alleviated mtDNA
depletion caused by low doses of ethidium bromide (EtBr)
treatment. This rescue effect was more pronounced with
expression of a mitochondrially targeted hTERT [11].

Potential mechanisms through which hTERT could be
protecting the mtDNA from damage induced by UV and
EtBr that cause, respectively, pyrimidine dimers and inter-
and intrastrand crosslinks are unknown. Repair systems
to remove these complex lesions have not been identified
in mitochondria [34]. Based on the notion that mtDNA
molecules containing nonrepairable lesions are targeted for
degradation, one could speculate that hTERT may promote
mtDNA turnover. Such activity is consistent with our
previously proposed role for hTERT in mitochondrial quality
control [8]. Other proposed that means through which
TERT may modulate mtDNA damage are (i) modulation
of BER, (ii) increase in intracellular bioavailable iron, (iii)
changes in antioxidant defenses, and/or (iv) processing of
mitochondrial DSBs. More studies are required to define
the exact mechanism(s) through which TERT alters mtDNA
damage and, importantly, what kinds of lesions are impacted
by TERT.

4.3. hTERT Associates with mtDNA. If TERT was involved
in mtDNA metabolism, one would predict that it binds
mtDNA. Indeed, recent studies demonstrate that hTERT
interacts with the mitochondrial genome. Using chromatin
immunoprecipitations in cultured cells, Haendeler and col-
leagues demonstrated that hTERT interacts with mtDNA,
consistent with its presence in the mitochondrial matrix.
Surprising, however, was the fact that only two regions
of the mtDNA were pulled down with hTERT: ND1 and
ND2 of complex I [11]. Why only these two regions were
identified as bound to TERT, which has been shown to
have preference for telomeric DNA sequences [36], is not
clear. While mtDNA does not have a telomeric structure,
it does contain 22 telomeric-like repeats distributed across
the two strands of the genome [7]. Such sequences could
potentially be recognized by mitochondrial TERT and justify
the preference for ND1 and ND2 binding. However, analysis
of these gene sequences revealed no TTAGGG repeats
(data not shown). Other potential explanations for hTERT
association with mtDNA may relate to the oxidative state
of the mitochondria during the experiments or the use
of transient hTERT expression. Regardless, the binding of
hTERT to the mitochondrial genome certainly strengthens
its putative role in mtDNA metabolism. It will be interesting
to define whether other regions of the mtDNA bind to TERT
when the protein is stably expressed and, more importantly,
whether such interaction changes upon genotoxic stress.

5. TERT and Mitochondrial Biology

MtDNA integrity is intimately related to mitochondrial
function. Once mtDNA is damaged, expression of critical
protein components of the electron transport chain (ETC)
is decreased leading to increased reactive oxygen species
(ROS) generation and decreased mitochondrial membrane
potential (ΔΨm). Such events lead to a vicious cycle of
mitochondrial damage, ultimately affecting mitochondrial
import, calcium homeostasis, and ATP production among
other processes [37–39]. Consistent with a role for TERT in
mtDNA metabolism, recent work has shown that the absence
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of hTERT is associated with mitochondrial dysfunction. For
instance, cells lacking hTERT showed higher mitochondrial
ROS and decreased respiratory chain efficiency when com-
pared to controls [10, 11, 27]. This section reviews evidence
regarding the impact of hTERT on various mitochondrial
parameters under basal conditions. Together the data rein-
force the emerging role of hTERT in mitochondrial biology.

5.1. hTERT and ROS Production. Using mitoSOX and dihy-
drorhodamine (DHR) to detect mitochondrial superoxide
(O2

•−) and cellular peroxides (such as H2O2) it was shown
that fluorescence from both dyes was decreased in MRC-5
hTERT cells when compared to MRC-5. These data indicate
that the presence of hTERT was associated with decreased
mitochondrial ROS production [10]. In agreement, overex-
pression of WT hTERT in Hek293 decreased levels of ROS
when compared to empty-vector control or a catalytically
inactive mutant [11]. In complementary experiments, siRNA
knockdown of hTERT in HUVEC and Hek293 cells showed
increased production of O2

•− and H2O2, confirming the
notion that hTERT lowers the basal levels of ROS generation
[10, 11].

Recently, we showed that expression of a mutant hTERT
(NES-hTERT) that is unable to shuttle between subcellular
compartments exhibited decreased mtDNA integrity and
increased mitochondrial ROS [27]. These data are consistent
with the above-mentioned work [10, 11] and suggest that
nonnuclear hTERT is associated with improved mitochon-
drial function. However, our data did not rule out the
possibility that the mitochondrial defects observed upon
expression of NES-hTERT were associated with the senescent
phenotype of the cells or to the defect in shuttling of hTERT
itself [27]. It is important to note that these data were
collected under nonstress conditions and therefore do not
contradict our previous findings which were obtained under
H2O2 exposure [7, 8]. Although it would be interesting to
submit NES-hTERT-expressing cells to oxidative stress, the
data obtained will need to be interpreted with caution given
the high degree of telomere damage and premature senes-
cence triggered by expression of this mutant hTERT [27].

5.2. hTERT and Respiratory Chain Activity. The energy
released by the transport of electrons through the ETC
also provides protons used to establish an electrochemical
gradient across the inner mitochondrial membrane [39].
Using JC-1 and confocal microscopy, it was shown that
MRC-5 hTERT cells had significantly higher ΔΨm at nor-
moxic conditions when compared to its isogenic non-hTERT
control [10]. However, this seemed in apparent contradiction
with the lower levels of ROS in these cells given there is more
chance of ROS generation when the ΔΨm is high [40, 41].
The authors suggested that the mitochondria of hTERT cells
are tightly coupled, which explains the low ROS levels [10].
Indeed we recently showed that cells expressing WT hTERT
have highly coupled mitochondria [27].

The activity of the ETC was directly evaluated using
cells expressing either WT hTERT or a catalytically inactive
mutant. Overall succinate-dependent respiratory function

was 30% lower in the mutant while complex I activity
was higher in cells carrying the WT protein. The increased
respiratory capacity detected in cultured cells was confirmed
in vivo. Respiratory function in intact heart and liver
mitochondria isolated from WT and KO TERT animals
was analyzed. Complex I activity was lower in the heart
of the KO animals; however, no changes were detected in
liver mitochondria. These data led to the hypothesis that
in vivo the impact of mitochondrial TERT may be more
prominent in cells that have high-energy requirements and
less regenerative capacity [11].

The improvement in complex I function was attributed
to the direct binding of hTERT to ND1 and ND2, which
could potentially increase expression of these proteins [11].
Recent data in yeast suggest that enhanced mitochondrial
respiration may be mediated by increased number of oxida-
tive phosphorylation (OXPHOS) complexes per organelle as
opposed to increasing the total number of mitochondria per
cell [42]. It will be interesting to test whether this is the case
in mammalian cells and, if so, which OXPHOS complexes are
modulated by hTERT in mitochondria.

Two TERT KO mouse models have been generated, and
no gross defects have been observed in early generations
[43, 44], inconsistent with a major role for TERT in mtDNA
metabolism. It is important to note that results observed
with cells grown in culture were mild, and it is possible that
subtle differences have been overlooked when not specifically
investigating mitochondrial function in these animals. Alter-
natively, it is feasible that compensatory mechanisms were
activated in the KO animals. Interestingly, late generation
mTERT KO animals had accelerated infertility, which was
initially ascribed to the short telomeres present in the
animals. However, mice heterozygous for TERT, while having
very short telomeres, did not show the same phenotype,
leading the authors to conclude that the dosage of TERT
was important for genomic stability [45]. It is known that
proper mitochondrial function plays an important role in
fertility [46]. In light of the latest findings, it is tempting
to speculate that the impact of the lack of mitochondrial
TERT contributed to the infertility previously observed in
the KO animals. Certainly, it seems worth revisiting the
mouse models available to address whether mitochondrial
abnormalities are present in these animals. Of particular
interest will be to measure mitochondrial function in the
KO animals under conditions that require a high-energy
demand. Of note, TERT KO animals have been submitted to
physical exercise, and an important role for telomerase has
been ascertained in the heart and in aortic endothelial cells
[47, 48]. However, no direct assessment of mitochondrial
function such as cytochrome c oxidase activity or ATP
production was conducted nor was a connection to mito-
chondrial biology or to telomerase function in mitochondria
established [47, 48], all worth addressing in future studies.

6. Concluding Remarks

Mitochondrial function is key to cellular homeostasis, and
maintenance of mitochondrial quality has major impact in
health and disease. A role for TERT in mitochondria is clearly
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emerging although its exact mechanism of action remains
largely unknown. Years of work done in vitro and in vivo
have established telomerase as a main player in aging and
cancer primarily due to its action upon the telomeres. The
mitochondrial localization and function of TERT bring yet
another layer of complexity to the already intricate scenario
of telomerase multitasking in the cell. More experiments are
certainly required to differentiate the mitochondrial effects
of TERT as dependent on its nuclear versus mitochondrial
localization and to establish the biological significance of
TERT in mitochondria in vivo. The next years will be very
exciting for both the mitochondrial and telomerase fields as
more details about the function of TERT in the organelle are
unveiled. Such studies will allow for a better understanding
of the overall role of telomerase in cellular function and will
lay foundation for new therapeutic approaches to aging, age-
and mitochondrial-related diseases, and cancer.
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Replication protein A (RPA) is the main eukaryotic single-strand (ss) DNA-binding protein involved in DNA replication and
repair. We have identified and developed two classes of small molecule inhibitors (SMIs) that show in vitro inhibition of
the RPA-DNA interaction. We present further characterization of these SMIs with respect to their target binding, mechanism
of action, and specificity. Both reversible and irreversible modes of inhibition are observed for the different classes of SMIs
with one class found to specifically interact with DNA-binding domains A and B (DBD-A/B) of RPA. In comparison with
other oligonucleotide/oligosaccharide binding-fold (OB-fold) containing ssDNA-binding proteins, one class of SMIs displayed
specificity for the RPA protein. Together these data demonstrate that the specific targeting of a protein-DNA interaction can be
exploited towards interrogating the cellular activity of RPA as well as increasing the efficacy of DNA-damaging chemotherapeutics
used in cancer treatment.

1. Introduction

Replication protein A (RPA) is an essential protein involved
in numerous DNA metabolic pathways including replication,
repair, and recombination. RPA’s activity in these pathways
is in part a function of its single-stranded DNA (ssDNA)
binding activity. RPA is a heterotrimeric protein comprised
of 70-, 34-, and 14-kDa subunits [1] and binds to DNA
through interactions with a series of OB-folds that display a
high affinity for ssDNA [2]. OB-folds are found in numerous
proteins, specifically those that perform their function
through the interaction with single-stranded nucleic acid
structures including tRNA synthetases, telomeres, and repli-
cation and repair intermediates [3]. The human telomeric
DNA-binding proteins, POT1 and TPP1, both use OB-folds
to recognize and bind the 3′ ssDNA overhang of telomeres

[4, 5]. The breast cancer susceptibility protein, BRCA2,
has three OB-folds that confer binding to ssDNA, which
stimulates RAD51-mediated recombination [6]. The OB-
fold, also referred to as a Greek key motif [3], consists of
two three-stranded antiparallel β-sheets in which one strand
is shared between them, forming a β-barrel structure. An
α-helix is typically located between strands 3 and 4, which
packs against the bottom of the β-barrel [7]. The RPA 70-kDa
subunit contains four putative OB-folds, two of which (A and
B) comprise the central DNA binding domain (DBD-A/B),
which contributes the majority of the ssDNA binding activity
of the heterotrimeric protein. While other DNA binding
domains within RPA include zinc ribbons and helix-turn-
helix motifs [8], the OB-folds of DBD-A/B possess aromatic
amino acid residues (F238 and F269 in DBD-A and W361
and F386 in DBD-B) that provide critical base-stacking
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interactions [9]. A recombinant construct containing the
DBD-A/B of RPA has been expressed, purified, and shown
to be sufficient to bind DNA [9].

The importance of RPA in DNA replication has been
demonstrated by genetic studies in yeast [10], genetic
knockdown studies in human cells [11] and more recently
in chemical genomic studies with an SMI of RPA [12]. RPA
plays multiple roles in DNA replication including assembly
of prereplication complexes and stabilization of ssDNA
following helicase-catalyzed unwinding [13]. Moreover, very
recent data demonstrating that RPA can unwind duplex DNA
has led to a model where RPA may help in maintaining
double-stranded DNA stability throughout replication [14].
Inhibition of any one of these steps is likely to have
deleterious effects on DNA replication and ultimately cell
viability.

RPA inhibition with a recently identified SMI of RPA,
TDRL-505, has been demonstrated to synergize with cis-
platin in a human lung cancer cell model [12]. This effect is
likely to be a function of alterations in DNA repair, specif-
ically nucleotide excision repair (NER), though effects on
homologous recombination cannot be ruled out. Cisplatin
[cis-diamminedichloroplatinum (II)) is commonly used as
a chemotherapeutic drug in cancer treatment that forms
cytotoxic intra- and interstrand DNA-cisplatin adducts.
DNA-cisplatin adducts are repaired mainly through the NER
pathway, and RPA has been shown to preferentially bind
to duplex cisplatin-damaged DNA compared to undamaged
DNA through the development of ssDNA [15–17]. RPA is
also responsible for the recognition of interstrand cross-links
caused by cisplatin treatment [17, 18]. Cisplatin resistant
cancers have been linked to enhanced DNA repair, and thus
the ability to impact DNA repair efficiency via modulation
of RPA’s DNA-binding activity is of potential clinical use
to treat cancer in conjunction with platinum agents [19].
Etoposide, a common chemotherapeutic drug that induces
replication fork stalling by inhibiting topoisomerase II, was
also demonstrated to synergize with the RPA SMI TDRL-
505 [12]. This synergistic activity is predicted to increase
the toxic effects exerted by etoposide both in the context
of DNA replication and repair. RPA’s role in homologous
recombination may be mediating this effect where DNA
double-strand breaks are processed to generate a 3′ ssDNA
overhang to which RPA binds to help catalyze RAD51-
dependent strand exchange [20]. In Saccharomyces cerevisiae,
mutations within the DNA binding domain and protein-
protein interaction regions of ScRPA lead to highly decreased
meiotic recombination [21].

To further investigate the mechanisms of small molecule
inhibition of RPA, we have analyzed the in vitro activity of a
series of SMIs and their interactions with various RPA con-
structs. We assessed binding and interaction with full-length
heterotrimeric RPA and a construct comprised of just DBD-
A/B. The data presented suggest different modes of binding
and interactions between the various classes of compounds
and RPA, indicating that they potentially target different
OB-folds or different regions of the protein structure. We
also present data demonstrating that one class of SMIs does
appear to have limited specificity; however another class of

SMIs is highly specific for the RPA protein-DNA interaction
and does not inhibit the interaction between ssDNA and
other OB-fold-containing proteins.

2. Materials and Methods

2.1. Materials. Phosphocellulose matrix was obtained from
Sigma. Radiolabeled nucleotides were purchased from
Perkin-Elmer Life Science (Boston, MA). All oligonucleotide
substrates were purchased from Integrated DNA Technology
(Coralville, IA) and gel purified by 12% polyacrylamide, 7 M
urea preparative denaturing gel electrophoresis. The 3Pc3
sequence is 5′-GGA GAC CGA AGA GGA AAA GAA GGA
GAG AGG-3′, the 34-mer is 5′-CTA GAA AGG GGG AAG
AAA GGG AAG AGG CCA GAG A-3′, and the 15-mer is 5′-
GGT TAC GGT TAC CCC-3′.

2.2. Small Molecule Inhibitors. TDRL-505 was obtained from
Exclusive Chemistry (Obninsk, Russia) and CheSS19 was
prepared as described in [22]. (+/−) isobornyl haloesters
were prepared by the following general procedure. Briefly,
to an ice-cooled solution of (+/−)-isoborneol (1.00 g,
6.48 mmol) in dry CH2Cl2 (25 mL) in a Schlenk tube under
N2 was added dicyclohexylcarbodiimide (1.60 g, 7.76 mmol),
followed by the corresponding haloacid (7.15 mmol) and
4-dimethylaminopyridine (77 mg, 0.63 mmol). The clear
colorless solution was stirred 18–24 hours at which time
TLC analysis indicated complete consumption of isoborneol
(Rf 0.26, 9 : 1 hexanes/EtOAc), and precipitates of dicyclo-
hexylurea were evident. Diethyl ether (25 mL) was added,
precipitating the bulk of the dicyclohexylurea. The mixture
was filtered and the filter cake washed with ether (2×25 mL).
The filtrate which had developed additional precipitate was
refiltered and the solvent removed by rotary evaporation.
Kugelrohr distillation of the residue afforded the haloesters as
colorless oils of greater than 90% purity. Details concerning
the synthesis and chemical characterization of MCI13E and
MCI13F are presented in Supplementary Material available
online at doi:10.4061/2010/304035.

2.3. Protein Expression and Purification

RPA. Human full-length, untagged heterotrimeric RPA
(RPA) was purified as previously described in [17].

DBD-A/B. The sequence encoding the RPA p70 DNA-
binding domains A and B was subcloned from the
hrRPA plasmid (provided by Dr. Marc Wold, University
of Iowa) into the pET15b (Novagen) vector, and the
protein was expressed in BL21(DE3) cells (Stratagene) as
previously described in [9]. Briefly, cells were grown to an
OD600 of 0.8, induced with 0.5 mM isopropyl-1-thio-β-D-
galactopyranoside (IPTG) at 37◦C for 2-3 hours. Small-scale
DBD-A/B preparations were obtained from 1 L cultures, and,
following induction, cells were harvested by centrifugation at
700 × g for 30 minutes at 4◦C. The pellets were suspended in
Buffer A (20 mM Tris, pH 7.5, 10% glycerol, 500 mM NaCl,
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10 mM β-mercaptoethanol (BME), and 1μg/mL phenyl-
methanesulfonyl fluoride (PMSF), leupeptin, and pepstatin)
at 1 mL/gram of cells. The cells were lysed by sonication and
insoluble material sedimented at 15, 000 × g for 30 minutes
at 4◦C. The supernatant was then loaded onto a 10 mL phos-
phocellulose column, equilibrated with Buffer A, and the
flow-through material collected. Imidazole was added to the
flow-through to a final concentration of 5 mM, which was
then loaded onto a 2 mL nickel-NTA-agarose column. The
column was then washed with Buffer A containing 50 mM
imidazole after which protein was eluted from the column
using a gradient from 50–500 mM imidazole. Fractions were
analyzed for protein content using Bradford and SDS-PAGE
analysis in addition to assessment of DNA binding activity
as determined by anisotropy. Fractions containing the DBD-
A/B protein were pooled and dialyzed overnight in Buffer B
(1 mM HEPES, pH 7.2, 10 mM dithiothreitol (DTT), 50 mM
NaCl, and 1 μg/mL PMSF, pepstatin, and leupeptin) and
aliquots stored at −80◦C.

2.4. Fluorescence Polarization. Fluorescence polarization
experiments were preformed as previously described in
[23]. Reactions contained 20 nM F-dT12, and increasing
concentrations of RPA and DBD-A/B as indicated in the
figure legends. SMIs were diluted in H1 buffer (10 mM
HEPES, pH 7.2, 1 mM DTT, 0.01% NP-40, and 100 mM
NaCl), and the final DMSO concentration was kept below
1%.

2.5. Electrophoretic Mobility Shift Assay (EMSA)

RPA and DBD-A/B Binding. EMSAs were performed as
previously described in [16] using a purine rich ssDNA
substrate (3Pc3). Briefly, reactions contained 12.5 nM 5′-
[32P]-labeled 3Pc3 ssDNA and the indicated concentrations
of RPA or DBD-A/B. Protein was preincubated with the
indicated concentration of SMI for 30 minutes at 37◦C. DNA
was then added and reactions incubated for additional 5
minutes at room temperature in a final reaction volume
of 40μL. Reactions were then resolved on a 6% native
polyacrylamide gel and electrophoresed at 170 volts for 1
hour. Gels were dried and quantified via phosphorimager
analysis and ImageQuant software (Molecular Dynamics).

E. coli SSB Binding Assay. These EMSAs were performed
similarly to those for the RPA constructs, with the following
exceptions. Reactions contained 25 nM of 5′-[32P]-labeled
3Pc3 ssDNA and 3.3 nM (assuming homotetramer forma-
tion) SSB protein (Enzymatics, Beverly, MA). Reactions
(20μL) were carried out in 20 mM HEPES, pH 7.5, 1 mM
DTT, 0.01% NP-40, 100 mM NaCl and resolved by 6% native
polyacrylamide gel electrophoresis at 25 mA for 2 hours. Gels
were dried and quantified via phosphorimager analysis as
described above.

Schizosaccharomyces pombe Pot1(DBD) Binding Assay.
EMSAs were performed as described above for EcSSB.
Reactions contained 25 nM of 5′-[32P]-labeled 15-mer

ssDNA and 20 nM Pot1(DBD) protein (generously provided
by Dr. Deborah Wuttke, University of Colorado, Boulder).
Reactions (20μL) were carried out in 20 mM HEPES, pH
7.5, 1 mM DTT, 0.01% NP-40, 100 mM NaCl, at room
temperature, and resolved by 6% native polyacrylamide gel
electrophoresis at 25 mA for 2 hours. Gels were dried and
quantified via phosphorimager analysis as described above.

2.6. Analysis of Reversible Inhibition. To assess the reversibil-
ity of select SMIs, the indicated SMI was preincubated with
RPA or the DBD-A/B construct for 30 minutes at room tem-
perature. The resulting solution was dialyzed versus 500 mL
H1 buffer at 4◦C using 0.5 ml, 12,000 molecular weight
cut-off dialysis cassettes (Pierce). The resulting protein
was recovered and concentration determined by Bradford
analysis. Analysis of DNA binding activity was performed
either by EMSA or FP. In each series of experiments, there
was no loss of DNA binding activity in vehicle control-
treated protein.

3. Results

3.1. TDRL-505 Targets the Central OB-Folds of RPA. Pre-
vious work from our laboratory has identified two classes
of RPA SMIs [12, 22, 24]. The first class of SMIs was
identified from screening and analysis of structure activity
relationships (SARs) of the ChemDiv library [12]. From this
analysis, TDRL-505 was identified and contains a substituted
dihydropyrazole with a 4-oxo-butanoic acid at N1, a bro-
mophenyl substituent at C3, and 2-chloro 7-ethoxyquinoline
at C5 (Figure 1(a)). Previous in vitro analysis suggested that
this SMI was potentially interacting with the central OB-folds
found in RPA p70, DBD-A/B, as it was capable of blocking
RPA binding to a 12-base ssDNA [12]. RPA binding to this
short of DNA substrate is primarily through the DBD-A/B
domain. In addition, molecular modeling analysis revealed
a thermodynamically favorable interaction between TDRL-
505 and this domain [12]. DBD-A/B extends from amino
acids 181–432. It has been purified and retains DNA binding
activity, albeit at approximately 5% of that observed for
the full-length heterotrimer [25]. A similar construct of this
region, containing amino acids 181–422, was crystallized
in complex with a (dC)8 DNA substrate and the structure
solved in addition to a DNA-free structure of the 181–432
amino acid region [26, 27]. In order to examine the effect
of TDRL-505 on the DBD-A/B region alone, we subcloned
amino acids 181–432 of human RPA p70. The DBD-A/B con-
struct was overexpressed and purified to near homogeneity,
via metal affinity chromatography, as determined by SDS-
PAGE (Figure 2(a)). DNA-binding activity was assessed by
EMSA and 125 nM DBD-A/B selected for analysis, which
represented approximately 50% DNA binding of the 34-base
DNA substrate (data not shown). Increasing concentrations
of TDRL-505 resulted in a concentration-dependent decrease
in DNA binding activity as assessed by EMSA (Figure 2(b)).
Quantification of the results demonstrates a half-maximal
inhibition of approximately 40μM (Figure 2(c)), about twice
that observed for the intact heterotrimer [12]. These data
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Figure 1: Chemical structure of RPA small molecule inhibitors. (a) TDRL-505; (b) CheSS19; (c) MCI13E; (d) MCI13F.
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Figure 2: TDRL-505 inhibits RPA DBD-A/B-DNA interactions. (a) SDS-PAGE analysis of purified RPA DBD-A/B. DBD-A/B was purified
as described in “Section 2” and analyzed by electrophoresis on a 12% NuPAGE Bis-Tris Gel. The gel was stained with Coomassie blue.
(b) EMSA analysis of TDRL-505 inhibition of DBD-A/B DNA binding activity. Assays were performed as described in “Section 2” with
increasing concentrations of TDRL-505 from 10–100 μM in reactions with 12.5 nM DNA and 125 nM DBD-A/B. Products were analyzed
by nondenaturing gel electrophoresis, dried, and imaged by phosphorimager analysis. The arrow indicates the position of the free DNA
and the bracket the position of the bound DBD-A/B-DNA complex. (c) Quantification of EMSA binding data from Panel (b). The signal
representing the RPA-bound and free fractions of DNA was quantified using ImageQuant software, and values represent the mean and SD
of triplicate determinations.

support a model whereby TDRL-505 inhibits RPA’s DNA
binding activity via blocking the protein-DNA interactions
at the central OB-folds in RPA p70.

3.2. CheSS19 Inhibits Both WT RPA and RPA AB Region
Interactions with DNA. The second class of SMIs we iden-
tified contain a bicyclic-isobornyl ester which was initially
identified as a hit in a screen of the NCI diversity set and

analogs identified in a subsequent screen of the NCI develop-
mental therapeutics general library [24]. Initial SAR analysis
indicated that variation in the bridging structure had mini-
mal effects on RPA inhibitory activity while creating reactive
anhydrides greatly increased activity [22]. To ascertain if
the tricyclic anhydride, CheSS19 (Figure 1(b)), also inhibited
DNA binding via an interaction with the central DBD-A/B,
we compared its inhibitory activity towards the DBD-A/B
construct and full-length heterotrimeric RPA using EMSA
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Figure 3: Irreversible inhibition of RPA DBD-A/B-DNA-binding activity by CheSS19. (a) EMSA analysis of CheSS19 inhibition of RPA
DBD-A/B. Assays were performed as described in the legend to Figure 2. Reactions contained 12.5 mM DNA, 50 nM DBD-A/B and 0, 25,
50, 100 and 200 μM CheSS19 (Lanes, 2-6, resp.) (b) CheSS19 inhibition of full-length heterotrimeric RPA as assessed by EMSA. Reactions
were identical to those in panel (a) except contained 25 nM full-length RPA. (c) Quantification of the binding data presented in panels (a)
and (b). (d) Fluorescence polarization analysis of CheSS19 inactivated RPA DBD-A/B. RPA DBD-A/B was preincubated with vehicle (1%
DMSO) or CheSS19 (1 pmol in 1% DMSO) for 30 minutes at 37◦C. Following incubation, the reaction mix was dialyzed versus H1 buffer
overnight at 4◦C. The protein was recovered, and DNA-binding activity measured by FP analysis of binding to an F-dT12 substrate was
performed as described in “Section 2”. Bar 1: DNA control, Bar 2: control vehicle-treated DBD-A/B, and Bar 3: CheSS19-treated DBD-A/B.
Control vehicle did not show inhibition of binding before dialysis similarly to Figure 5 Lane 3. The data represent the mean and range of two
independent experiments.

analysis. The results demonstrate that CheSS19 inhibits the
DNA binding activity of the DBD-A/B construct with similar
potency to the heterotrimeric RPA preparation (Figures
3(a)–3(c)). Our prior observation that CheSS19 irreversibly
inhibited full-length RPA prompted us to examine its
interaction with the smaller DBD-A/B construct to refine
where it covalently binds [22]. In this experiment, DBD-
A/B was incubated with CheSS19 and then the reaction mix

dialyzed overnight to remove dissociable inhibitor. Following
dialysis, the protein was assessed for binding in a fluorescence
polarization assay. Data demonstrates that dialyzed DBD-
A/B that had been preincubated with CheSS19 was able
to inhibit DBD-A/B DNA-binding activity as compared to
protein incubated with DMSO vehicle (Figure 3(d)). These
results are consistent with CheSS19 inhibiting DBD-A/B in
an irreversible manner.
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3.3. Analysis of Isobornyl Haloesters. While the anhydride
groups in the active CheSS series are effective at inhibiting
RPA, no cellular activity was observed following treatment
with this series of compounds (data not shown). This is
potentially a result of the highly reactive anhydride non-
specifically bonding with other components or hydrolyzing
to an inactive dicarboxylic acid prior to encountering RPA
in the cell nucleus. We therefore employed a less reactive
substituent to assess in vitro inhibition and analyzed a
series of haloester derivatives of Isobornyl. Synthesis and
analysis with the bromo- and iodoesters MCI13E and F,
respectively (Figures 1(c) and 1(d)), revealed inhibition of
the full-length heterotrimer RPA in EMSA analysis with the
iodo-containing compound (MCI13F) being slightly more
effective (Figure 4(a)). The isobornyl haloesters, MCI13E
and MCI13F, had calculated IC50 of 16.1 ± 2.8μM and
10.1 ± 1.0μM, respectively. Interestingly, when we assessed
inhibition of DBD-A/B, neither MCI13E nor MCI13F com-
pounds inhibited DNA binding of this protein construct
(Figure 4(b)). Due to lack of inhibition, the IC50’s for the
inhibition of the DBD-A/B with the isobornyl haloesters
were not calculable. Considering the differential inhibition
observed between the anhydride and haloesters with respect
to specificity, we sought to determine if the isobornyl
haloesters inhibited full-length RPA in an irreversible fash-
ion. Full-length RPA was mixed with MCI13E or vehicle con-
trol, and then the reaction mixture was dialyzed overnight.
Analysis of the resulting protein-DNA complex (Figure 5,
lanes 5 and 6) showed that, in reactions where RPA was incu-
bated with MCI13E, inhibition was not reversed by dialysis
as would be expected from a reversible inhibitor. In fact,
the degree of inhibition was similar to that observed for the
MCI13E treated RPA before dialysis (Figure 5, lanes 3 and 4).
These results indicate a mode of MCI13E inhibition of RPA
that involved a covalent adduct between the MCI13E and
RPA. These data suggest that the different chemical reactivity
of the isobornyl haloester derivatives alkylate RPA in a dif-
ferent way that likely does not include the DBD-A/B region.
Where anhydrides preferentially react with amine residues
or hydrolyze in the aqueous medium, alkyl halides are
more reactive with sulfur nucleophiles such as Cys residues
or hydrogen-bonded OH groups such as Ser/Thr/Tyr. The
isobornyl bromoester has been used previously for labeling
cysteines. [28]. Furthermore, analysis of cellular activity
revels that, unlike the isobornyl haloesters, the tricyclic anhy-
dride does not display any cellular activity (data not shown).

3.4. SMI Specificity. To determine the specificity of the
TDRL-505, CheSS19, and MCI13E/F compounds, we exam-
ined their effects on two ssDNA-binding proteins which
use OB-folds for recognition and binding of ssDNA, E.
coli SSB [3], and the Schizosaccharomyces pombe Pot1(DBD)
domain [29]. The EcSSB protein is a non-sequence-specific
ssDNA binding protein, whereas the SpPot1(DBD) protein
is a telomere-specific, ssDNA binding protein. In these
experiments, protein was preincubated with the SMIs, as
was done for the RPA experiments, prior to addition
of radiolabeled ssDNA to the reactions. TDRL-505 was

shown to be ineffective in blocking EcSSB binding to a
ssDNA substrate (Figures 6(a) and 6(b)). While there is a
slight decrease (∼20%) in binding observed at the highest
concentration of TDRL-505 tested (100μM), this is minimal
compared to the nearly 90% inhibition observed for RPA
[12] and the RPA DBD-A/B (Figure 2). Similarly, EcSSB
binding was unaffected by CheSS19 and the MCI13E and
MCI13F compounds (Figures 6(d) and 6(e)). In all cases,
the IC50 of the compounds examined in relation to EcSSB
binding is greater than 100μM.

To further validate the specificity of TDRL-505, we
examined its influence on the SpPot1(DBD) construct. The
mode of ssDNA binding by SpPot1(DBD) is quite different
compared to that of the hRPA protein; however, they both
contain ssDNA-binding domains, which are responsible for
the majority of the observed DNA-binding activity of the
full-length proteins. The SpPot1(DBD) protein was found
to be inhibited by TDRL-505 (Figure 7) with an IC50

of 15.7 ± 1.6μM. Together, these data demonstrate that
while the RPA SMIs, CheSS19, and MCI13E/F inhibit the
interaction of RPA with ssDNA, TDRL-505 compound seems
to inhibit eukaryotic ssDNA-binding OB-fold interactions as
demonstrated with two different protein-ssDNA complexes.

4. Discussion

The six OB-folds distributed throughout three subunits of
RPA have been implicated in numerous aspects of DNA
metabolism via RPA DNA binding as well as interactions
with other proteins [11, 25]. Inhibition of DNA binding
activity by targeting the OB-folds with SMIs has the potential
to provide a separation of function and elucidate the con-
tribution of the various domains in the numerous pathways
in which RPA participates. Thus, targeting a particular OB-
fold or other interaction domain may allow for pathway-
specific targeting of RPA. For instance, one could inhibit
RPA’s activity in nucleotide excision repair (NER) and
not in replication, which would present clinical utility in
cancer treatment to allow synergy with DNA damaging
chemotherapeutic agents while potentially limiting toxicity.
It has been suggested that the OB-folds beyond the DBD-A/B
region contribute to full-length RPA’s ssDNA interaction,
which stems from the observation that while DBD-A/B can
accommodate a (dC)8 DNA substrate, variations in binding
are observed dependent on DNA sequence length [1]. Our
observation that TDRL-505 can inhibit the DBD-A/B region
of RPA p70 from binding to ssDNA supports our previously
published molecular modeling data, in which energetically
favorable binding was observed within DBD-A and DBD-B
as well as the interdomain region [12].

We have further demonstrated that, while not an
RPA-specific inhibitor, TDRL-505 displays specificity for
eukaryotic ssDNA binding activity of OB-fold containing
proteins as no significant inhibition of the related ssDNA
binding protein, EcSSB, was observed. Although the EcSSB
and SpPot1(DBD) proteins contain OB-folds, and in this
regard, are structurally related to full-length RPA p70 and
the DBD-A/B, the mechanism of ssDNA binding by these
proteins is very different. As shown in Figure 8(a), the
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Figure 4: Inhibition of full-length heterotrimeric RPA but not DBD-A/B-DNA-binding activity by the MCI13 series of bicyclic isoborneol
haloesters. The control used is a distillate of the reaction components of the synthesis of the MCI13 compounds diluted in equal
concentration of DMSO as the MCI13, inhibitors. (a) Increasing concentrations of control compound, MCI13E, or MCI13F (25, 50, 100,
and 200 μM) were titrated in DNA binding reactions containing full-length heterotrimeric RPA. Binding to [32P]-ss 30-base 3Pc3 DNA was
assessed by EMSA as described in “Section 2.” (b) The same inhibitor concentrations were assessed in reactions measuring the binding of
DBD-A/B to a 30-mer substrate. (c) Analysis of control, MCI13E, and MCI13F inhibition of full length RPA. Average of three independent
experiments is shown with Standard Deviation as error bars. From this graph, IC50 were calculated. MCI13E had a calculated IC50 of
16.06± 2.78μM, while MCI13F had a calculated IC50 of 10.11± 1.0μM.
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Figure 5: Irreversible inactivation of full-length heterotrimeric RPA
by MCI13E. Incubation of RPA with MCI13E, dialysis, and recovery
were performed as described in the legend to Figure 3. DNA binding
activity of the resulting protein was assessed by EMSA using a
5′-[32P]-ss 34-base DNA as described in “Section 2.” Lanes 1–4
predialysis, lanes 5 and 6 postdialysis.

EcSSB protein contains a single OB-fold, yet, forms a
homotetramer yielding a functional molecule containing
four OB-folds. The EcSSB protein also has been shown
to bind nucleic acid in the reverse polarity compared to
RPA [3]. On the other hand, the ssDNA-binding modes of
RPA and SpPot1 are more similar. With this in mind, our
demonstration that TDRL-505 displays inhibitory effects on
both RPA and SpPot1(DBD) is not surprising. However, if
the affinity of TDRL-505 was achieved through the common
structural elements of OB-folds, specificity of the inhibitor
would be less likely. The SpPot1(DBD) construct has been
biochemically characterized and, by analogy to hPot1, binds
ssDNA with the same 5′ to 3′ polarity as RPA p70 [30].
Structurally, residues 1–187 have been shown to contain
an OB-fold, and residues 188–389 have been postulated to
contain a second OB-fold, similar to the hPot1 protein [4]
and the RPA DBD-A/B construct. Although ssDNA-binding
interactions are mediated by similar structural elements
within each OB-fold domain in these proteins, the resulting
complexes differ significantly in the overall trajectory of
the ssDNA on the surface of the protein and the specific
hydrophobic stacking interactions of aromatic residues in the
protein with the bases of the ssDNA (Figure 8). Thus, as each
of the proteins presents a distinct binding site for ssDNA, the
specificity of TDRL-505 seems to be limited relative to the
other SMIs tested (CheSS19 and MCI13E/F) for inhibition of
RPA as compared to other OB-fold-related proteins. Despite

the limited specificity, it would appear that TDRL-505 may
be specific to eukaryotic OB-fold-ssDNA interactions as it
fails to inhibit the EcSSB-ssDNA interaction.

The series of compounds based on a bicyclic framework
(MCI13E, MCI13F, and CheSS19) showed inhibition of full-
length heterotrimeric RPA. Interestingly the less reactive
derivatives containing a haloester (MCI13E and F) displayed
no inhibitory activity in DNA binding assays with purified
DBD-A/B while the more reactive tricyclic anhydride deriva-
tive, CheSS19, showed potent inhibitory activity against both
full-length RPA and the DBD-A/B construct. The mode of
RPA inhibition with the tricyclic anhydride and isoborneol
derivatives was found to be irreversible, consistent with the
reactive anhydride and haloester functional groups. None
of the isoborneol compounds were found to significantly
inhibit the ssDNA binding activity of EcSSB suggesting
that this class of compounds is specific for RPA. Together
these data provide evidence suggestive of specific targeting
of different functional domains of RPA that can be used
to exploit and interrogate their importance in the various
metabolic pathways in which RPA participates. Previous
data demonstrated that inhibition of RPA with SMIs results
in cell cycle arrest and sensitization to DNA-damaging
agents, cisplatin and etoposide [12]. These data suggest that
exploitation of this chemical genetic approach can ultimately
aid in the elucidation of the mechanism of RPA action in
critical DNA metabolic pathways including DNA replication,
recombination, and repair.

5. Conclusions

Small molecule inhibitors have proved to be invaluable in the
interrogation of biochemical pathways, protein activity, and
cellular function. While targeting macromolecular protein-
protein and protein-DNA interactions is somewhat more
complex than targeting an enzyme-substrate interaction,
recent work has yielded some success in this regard [12,
32–34]. In this paper, we provide evidence for TDRL-505
inhibition of RPA-DNA binding via an interaction with the
central OB-folds of RPA p70, DBD-A/B. This mechanism
of inhibition is likely to impact all DNA metabolic events
where RPA exerts its activity by high affinity binding to
ssDNA. The demonstration that MCI13E and MCI13F do
not inhibit the DBD-A/B construct while showing potent
inhibition of the full-length RPA heterotrimer points to
other critical interactions between RPA and DNA that are
essential for its DNA binding activity. While the elucidation
of the specific sites of interaction of each SMI and RPA
remains, the irreversible inactivation of full-length RPA by
MCI13E provides a potential mechanism to identify the
specific amino acids being modified and hence determine
the subunit and potential DNA-binding domain targeted by
this SMI. The identification of the specific site of TDRL-
505 interaction within DBD-A/B is being pursued via high-
resolution structural analyses, and together, will provide a
framework for the further elucidation of the mechanisms of
inhibition and how this impairment in DNA binding activity
influences cellular DNA metabolism.
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Figure 6: EcSSB protein-ssDNA interaction is not affected by the RPA inhibitors. (a) Titration of TDRL-505 in EcSSB DNA-binding
reactions. TDRL-505 (0, 10, 20, 30, 40, 50, 75, and 100 μM) was preincubated with EcSSB, and binding to a 30-base pair ssDNA was assessed
by EMSA as described in “Section 2.” (b) Analysis of TDRL-505 inhibition of EcSSB. The average of three independent experiments is
presented with SD. (c) CheSS19 titration in EcSSB DNA-binding reactions. CheSS19 (0, 25, 50, 100, and 200 μM) was preincubated with
EcSSB, and binding reactions were carried out as in (a). (d) Analysis of CheSS19 inhibition of EcSSB. The average of three independent
experiments is presented with SD. (e) Titration of MCI13E and MCI13F in EcSSB DNA-binding reactions. Concentrations of MCI13E/F
used were 0, 25, 50, 100, and 200 μM. (f) Analysis of MCI13E/F inhibition of EcSSB. The average of three independent experiments is
presented with SD. Data for MCI13E is shown as filled circles, and MCI13F is shown as open circles. In panels (a), (c), and (e), the “Free”
ssDNA is indicated with an arrow, and the “Bound” ssDNA is indicated by brackets. All reactions were performed in the same order and
manner as the RPA-binding reactions.
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Figure 7: TDRL-505 inhibits SpPot1(DBD) ssDNA binding. (a) Titration of TDRL-505 in ssDNA-binding reactions with SpPot1(DBD).
TDRL-505 was preincubated with SpPot1(DBD) (0, 25, 50, 100 μM) prior to EMSA analysis of binding to the 15-mer oligonucleotide. “Free”
ssDNA is indicated with an arrow, and the “Bound” ssDNA is indicated by a bracket. (b) Analysis of TDRL-505 inhibition of SpPot1(DBD).
The average of three independent experiments is presented with SD.
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Figure 8: Comparison of the ssDNA-binding interface of OB-fold containing proteins. Proteins are shown as cartoon and ssDNA as stick
renderings. (a) Structure of the homotetramer of EcSSB (1EYG); DNA is shown in gold [31]. (b) Structure of the RPA DBD-A/B (1JMC);
DNA is shown in orange [27] (c) Structure of the human Pot1(DBD) (1XJV); DNA is shown in orange [4]. Each structure is shown in the
same orientation to highlight the different ssDNA binding interfaces used by each of these proteins for their specific functions.
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All organisms are subject to DNA damage from both endogenous and environmental sources. DNA damage that is not fully
repaired can lead to mutations. Mutagenesis is now understood to be an active process, in part facilitated by lower-fidelity DNA
polymerases that replicate DNA in an error-prone manner. Y-family DNA polymerases, found throughout all domains of life, are
characterized by their lower fidelity on undamaged DNA and their specialized ability to copy damaged DNA. Two E. coli Y-family
DNA polymerases are responsible for copying damaged DNA as well as for mutagenesis. These DNA polymerases interact with
different forms of UmuD, a dynamic protein that regulates mutagenesis. The UmuD gene products, regulated by the SOS response,
exist in two principal forms: UmuD2, which prevents mutagenesis, and UmuD′

2, which facilitates UV-induced mutagenesis. This
paper focuses on the multiple conformations of the UmuD gene products and how their protein interactions regulate mutagenesis.

1. Mutagenesis Due to
Y-Family DNA Polymerases

The observation of nonmutable phenotypes of E. coli umu
(UV-nonmutable) mutants led to the discovery that mutage-
nesis in E. coli is an active process [1–4]. The mutagenesis
process utilizes specialized DNA polymerases belonging to
the Y family [5]. Y-family DNA polymerases are found in all
domains of life and have the specialized ability to replicate
damaged DNA, a process known as translesion synthesis
(TLS) [5–8]. This specialized ability comes at the cost of
lower fidelity in replicating undamaged DNA compared to
replicative DNA polymerases. Indeed, Y-family polymerases
are from one to several orders of magnitude less accurate
than replicative DNA polymerases [9–11]. Moreover, Y-
family polymerases lack intrinsic 3′-5′-exonuclease activity
and have inherent low processivity [6, 8, 12–14]. Because
the cellular functions of Y-family DNA polymerases are
potentially mutagenic, their activities are tightly regulated.
E. coli has two members of the Y family, DNA pol IV
(DinB, encoded by the dinB gene) [15] and pol V (UmuD′

2C,
encoded by the UmuD and UmuC genes) [16, 17], whose

functions are regulated on multiple levels. A key feature of
their regulation is their interactions with products of the
UmuD gene.

2. SOS Regulation

The UmuD gene is found in an operon with UmuC [18, 19].
The expression of these genes, as well as the dinB gene, is
negatively regulated by the LexA repressor as part of the
SOS response [7, 20]. LexA binds to a sequence in the
operator region of regulated genes called the “SOS box,” with
a consensus sequence of 5′taCTGtatatatataCAGta, where the
most conserved residues are in capital letters [21]. Upon
DNA damage, a region of single-stranded DNA (ssDNA)
forms due to the inability to continue replication of the
damaged DNA. RecA polymerizes on the ssDNA, forming a
RecA/ssDNA nucleoprotein filament, which is the inducing
signal for the SOS response (Figure 1) [22]. Upon binding to
the RecA/ssDNA filament, LexA undergoes a conformational
change that stimulates its latent ability to cleave itself [23].
LexA cleavage inactivates it as a repressor and exposes a
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Figure 1: Life cycle and interactions of UmuD gene products. Details are described in the text.

proteolysis signal sequence, leading to degradation of LexA
[24] and to increased expression of at least 57 SOS-regulated
genes, including UmuD [20]. The cellular levels of UmuD,
UmuC, and DinB all increase approximately 10-fold upon
SOS induction, with UmuD increasing from ∼180 to ∼2400
molecules, UmuC increasing from ∼15 to ∼200 molecules,
and DinB increasing from ∼250 to ∼2500 molecules per cell
[25, 26]. The products of SOS-regulated genes are involved
in DNA repair, DNA damage tolerance, and regulation of
cell division. As the cell recovers from genotoxic stresses, it
is presumed that the concentration of ssDNA is reduced,
resulting in a decrease of RecA/ssDNA filament in the cell.
This occurrence allows intact LexA to accumulate, thereby
diminishing the SOS response [4].

3. UmuD is a Molecular Adaptor
That Regulates Mutagenesis

Following initiation of the SOS response, UmuD2 is the
predominant form of the protein for 20–30 minutes [27].
The presence of UmuD and UmuC protects the cell from
the potential deleterious effects of the error-prone DNA
damage response pathway, a function which is genetically
distinct from their role in SOS mutagenesis [27, 28]. UmuD2,
together with UmuC, may act in a primitive DNA damage

checkpoint, as they specifically inhibit DNA replication with-
out an effect on transcription or translation when present at
elevated levels in cells grown at 30◦C [27, 29]. UmuD and
UmuC also slow the resumption of DNA replication after UV
irradiation [27]. Therefore, UmuDC acts in a noncatalytic
fashion by delaying SOS mutagenesis and thereby allowing
accurate pathways such as nucleotide excision repair time to
proceed [27, 28]. Moreover, UmuD interacts with DinB and
inhibits its mutagenic −1 frameshift activity [30].

UmuD2 interacts with the RecA/ssDNA filament, which
stimulates the ability of UmuD to cleave itself, removing its
N-terminal 24 amino acids [31–33]. UmuD is homologous
to the C-terminal domain of LexA, and their cleavage
reactions are remarkably similar: both proteins utilize a Ser-
Lys (S60-K97 in UmuD) catalytic dyad, which is also similar
to the reaction carried out by signal peptidases [34]. By
analogy to signal peptidases, K97 is proposed to deprotonate
S60, which is then capable of nucleophilic attack on the
peptide backbone [34]. Therefore, UmuD2 and LexA also
undergo autodigestion at elevated pH [23, 33]. The kinetics
of cleavage are remarkably different for UmuD2 and LexA,
with cleavage of LexA much more efficient than that of
UmuD2 in both RecA- and alkaline-mediated cleavage [33].
Moreover, LexA undergoes intramolecular cleavage [35]
while UmuD2 is capable of intermolecular cleavage [36–
38].
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Figure 2: The secondary and tertiary structure of UmuD2 and UmuD′
2. (a) Secondary structure comparison between the UmuD′

2 NMR
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The active site regions are boxed and shown in the insets. A model of full-length UmuD2 is shown [52].

RecA-facilitated cleavage of UmuD to UmuD′ occurs 20–
40 minutes after the induction of SOS and serves to initiate
TLS [4, 27]. UmuD′ together with UmuC forms the TLS
polymerase Pol V that is active in the damage tolerance
mechanism SOS mutagenesis [4, 16, 17, 39, 40]. Additionally,
UmuD′ and UmuC inhibit RecA-dependent homologous
recombination as a result of the direct interaction of
UmuD′C with the RecA/ssDNA nucleoprotein filament,
thereby preventing accurate recombination repair [41–43].
Taken together, these results support a model in which full-
length UmuD acts to prevent mutagenesis while UmuD′

facilitates it.

4. Structure and Dynamics of UmuD

Since the UmuD gene products play crucial roles in
managing the biological responses to DNA damage, the
conformation and dynamics of UmuD2 and UmuD′

2 are of
great interest. To date, the structure of full-length UmuD2

has not been amenable to crystallization or NMR analysis.

However, the NMR [44, 45] and crystal [46] structures
(Figure 2) of UmuD′

2 have been solved. Both structures show
that UmuD′

2 is a homodimer with a C2 axis of symmetry
and show similar secondary structures: UmuD′

2 is composed
primarily of β-strands with two short α-helices in each
monomer. The C-terminal globular domain (residues 40–
139) is mainly composed of curved antiparallel β-strands
connected by tight turns with a long C-terminal strand,
β7, that spans both monomers (Figure 2). Residues between
positions 132–139 in β7 in UmuD and UmuD′ show the
strongest interdimer cross-linking of their monocysteine
derivatives [47]. The α1 helices pack against each other in the
dimer interface. Both UmuD2 and UmuD′

2 are exceptionally
tight dimers with equilibrium dissociation constants KDS <
10 pM [48]. The active site residue K97 is in the middle of
strand β4 while S60 is in helix α2 (Figure 2) [44, 46]. In
both structures, the short N-terminal arms that remain after
cleavage (residues 25–39) are largely unstructured [45, 46].

The differences between the X-ray and NMR struc-
tures of UmuD′ are not insignificant [44]. The RMSD of
the backbone atoms (residues 40–139) between the two
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structures of UmuD′
2 is 4.59 Å [44]. Moreover, the active

site in the crystal structure appears correctly positioned
for catalysis, while in the NMR structure, the catalytic
residues Ser60 and Lys97 are over 7 Å apart and are not
positioned appropriately (Figure 2) [44, 46]. It has been
suggested that the conformation of UmuD′

2 in the crystal
structure is similar to the conformation of UmuD2 bound to
the RecA/ssDNA nucleoprotein filament [44], which might
indicate the mechanism whereby RecA/ssDNA acts as a
coprotease in facilitating UmuD cleavage. Several residues
on the outer loops and the surface of UmuD2, specifically
Val34, Ser57, Ser67, Ser81, and Ser112, each when changed
to single cysteines, have been shown to cross-link to RecA
and therefore are likely sites of interaction between the
two proteins (Figure 3) [49]. The structure of UmuD′

2C-
RecA/ssDNA complex determined by using cryo-electron
microscopy shows UmuD′

2C bound deep in the groove of the
RecA/ssDNA nucleoprotein filament and a second binding
mode with UmuD′

2C at the end of the RecA/ssDNA filament
[50].

The differences in the X-ray and NMR structures of
UmuD′ and other findings suggested that UmuD and
UmuD′ may be quite dynamic proteins. Indeed, UmuD2 and
UmuD′

2 were recently found to be intrinsically disordered
proteins [48]. Despite the predominantly β-sheet character

in the solved structures of UmuD′, the circular dichroism
spectra of both UmuD′ and UmuD at physiological con-
centrations (5 μM) in solution are more characteristic of a
random coil than of β sheets [48]. Higher concentrations
of UmuD or UmuD′ (2 mM) or incubation with crowding
agents or partner proteins including DinB or the β clamp
induced CD spectra more characteristic of a predominantly
β-sheet structure [48].

An analysis of the dynamics of UmuD using hydrogen-
deuterium exchange mass spectrometry (HXMS) found
that many regions of UmuD2 were highly dynamic in
solution, especially its N-terminal arms (Figure 2), consistent
with previous suggestions [36, 44, 51]. In addition, the
comparison of the conformations and dynamics of UmuD2

and UmuD′
2 in solution by HXMS indicated that the N-

terminal arm was a key factor governing the dynamics of
UmuD2 and UmuD′

2. In the absence of the N-terminal 24
residues in UmuD′

2, regions of the globular domain likely to
contact the arm underwent more exchange than in UmuD2

[51]. The predicted dimer interface of UmuD2 was the most
resistant to deuteration indicating that this region is the
most stable and structured part of the protein. The results
of HXMS were consistent both with the proposed model
of UmuD2 [52] and with the observation that UmuD2 is
relatively unstructured [48].

Gas-phase hydrogen-deuterium exchange experiments,
which specifically detect side-chain hydrogen exchange at
msec time scales, show that when the arm is truncated, in
UmuD′

2, more side-chain sites can be labeled, reinforcing the
idea that the arm protects part of the globular domain of the
protein from interactions with solvent [51]. Therefore, the
flexible N-terminal arm and the extended binding interface
are potential sites for UmuD2 to interact with other partner
proteins. Indeed, the β processivity clamp has been shown
to interact with specific amino acids in both the N-terminal
arm and the globular domain of UmuD2 [53].

Also in support of the dynamic nature of UmuD, it was
found that Leu101 and Arg102 are important for proper
positioning of the Ser/Lys active site dyad upon interaction
with the RecA/ssDNA filament [54]. HXMS experiments
showed that the peptides including these residues (89–
125 and 95–128) are highly deuterated (Figure 2) [51].
Additionally, from molecular modeling experiments four
distinct conformations of UmuD2 were calculated; all four
were isoenergetic, suggesting that all four conformations
may be physiologically relevant [52]. Thus, the flexibility of
UmuD2 is likely to be a key feature governing its cleavage
activity as well as interactions with its numerous protein
partners.

Not only are the monomer units of UmuD and UmuD′

highly flexible, but multiple dimeric forms are also observed.
Homodimers of UmuD2 and UmuD′

2 readily exchange to
form the UmuDD′ heterodimer, which has been found to
be the most thermodynamically stable dimeric form [55].
Additionally, the X-ray structure of UmuD′

2 suggested two
possible dimer interfaces [46, 56]. Much biochemical data, as
well as solution NMR and HXMS experiments, are consistent
with the dimer interface shown in Figure 2 [45, 47, 51].
However, some experiments suggest that the other dimer
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interface (not shown) may also form [56]. Both dimer
interfaces may be present in solution, as indicated by the
observation of higher order cross-linked UmuD multimers
of molecular weights consistent with tetramers and hexamers
and larger complexes [28, 56]. UmuD and UmuD′ appear
to be intrinsically highly dynamic proteins that can adopt
multiple dimeric, and possibly higher order, forms.

5. The Interactions of the UmuD Gene
Products with the α, β, and ε Subunits of
DNA Polymerase III

DNA pol III is the 10-subunit complex responsible for most
DNA replication in E. coli [57, 58]. Although pol III and
UmuD′

2C reduce the primer extension activity of each other
by competing for DNA primer termini, they also appear
to directly interact as UmuD′

2C enhances the polymerase
activity of pol III with a temperature-sensitive α protein
in vitro [17, 59, 60]. UmuD2 and UmuD′

2 directly interact
with components of the replicative DNA polymerase III,
including the α catalytic, β processivity, and ε proofreading
subunits [28, 61]. The UmuD gene products display differ-
ential interactions with these components of the replisome.
UmuD2binds more strongly to the β processivity clamp than
UmuD′

2 does whereas UmuD′
2 binds more strongly to the α

polymerase subunit than UmuD2 does, which is consistent
with the UmuD gene products serving temporally separate
roles in coordinating the replication machinery in response
to DNA damage [61].

The ε subunit possesses 3′ to 5′ exonuclease activity
and serves as the proofreading subunit of the replicative
DNA polymerase [57]. Both UmuD2 and UmuD′

2 interact
with the C-terminal domain of ε, which is the same
region of ε that contacts α [61–63]. The overexpression of
the ε subunit suppresses UmuDC-mediated cold sensitivity
whereas overexpression of any of the other pol III subunits
does not [62].

By far, the best characterized interactions of UmuD or
UmuD′ with the replisome are the interactions between
UmuD or UmuD′ and the β processivity clamp. Overex-
pression of the β processivity clamp exacerbates UmuDC-
mediated cold sensitivity, which was used as the basis of
selection to identify additional sites of interaction between
UmuD′, UmuC, and the β clamp [62, 64, 65]. It was sug-
gested that the exacerbation of the cold sensitive phenotype
is due to an exaggerated checkpoint response [61, 64].

UmuD2 binds to β in the vicinity of the same hydropho-
bic pocket region where other β-binding proteins interact
[53, 66]. As the β clamp is a homodimer, it has two such
interaction sites per functional protein. However, there is
still likely to be a hierarchy or competition for binding
to the clamp because at least eight proteins are likely to
interact with the β clamp at the same site, some of which
possess different affinities for the β clamp (Table 1) [66–
74]. By using site-directed mutagenesis and cross-linking
experiments, it was reported that UmuD2, UmuD′

2, and the
α catalytic subunits of Pol III share some common contacts
with β, but each of these proteins possesses a different

Table 1: E. coli proteins that interact with the β clamp via the β-
binding pentapeptide motif QL[SD]LF or similar sequence [67].

β-interacting proteins β-binding sequence References

UmuD 14TFPLF18 [52, 53](1)

DNA Pol V (UmuC) 357QLNLF361 [127, 128]

DNA Pol IV (DinB) 346QLVLGL351 [68, 127, 129]

DNA Pol II (Pol B) 779QLGLF783 [127]

DNA Pol III (α-subunit) 920QADMF924 [130]

δ-subunit Clamp Loader 70AMSLF74 [131]

MutS 812QMSLL816 [132]

Hda 6QLSLPL11 [133]
(1)Although these residues reside in an important region for interactions
with the β clamp, their identity is not required for UmuD to interact with β
(see text Section 5).

affinity for β [66]. The N-terminal region of UmuD2 contains
a canonical β clamp-binding motif (14TLPLF18) (Figures
2 and 3, Table 1); this motif is used by a number of
proteins to bind to the hydrophobic pocket on the β clamp
(Figure 3) [67]. By constructing truncations of UmuD, it was
determined that the residues between 9 and 19 are critical
for interactions with the β clamp [53]. A UmuD2 variant
containing mutations in the canonical β clamp interaction
motif was found to bind β with the same affinity as wild-type
UmuD but with a different tryptophan fluorescence emission
spectrum of β [52], which indicates that the motif itself is
not necessary for the interaction, but it likely indicates a
conformational change in the β clamp upon UmuD binding
[6]. Additionally, residues in the C-terminal globular domain
of UmuD and UmuD′ are also involved in interactions with
the β clamp (Figure 3) [53]. Therefore, UmuD2 interacts
with the β clamp by both its N-terminal arm and C-terminal
globular domain.

6. Molecular Interactions of UmuD with
Y-Family DNA Polymerases UmuC and DinB

6.1. Molecular Interactions of umuD Gene Products with
UmuC. Disruptions to the umuDC operon result in non-
mutability by UV, 4-nitroquinoline 1-oxide (4-NQO),
methyl methanesulfonate (MMS), and other agents [1–4],
presumably due to the lack of TLS by pol V. Pol V has a base
substitution error frequency of 10−3– 10−5 on undamaged
DNA, compared to 10−4–10−6 for the replicative DNA
polymerase pol III [75, 76]. Pol V copies DNA-containing
lesions such as abasic sites, thymine-thymine cyclobutane
pyrimidine dimers, (6-4) photoproducts, as well as the C8-
dG adduct of N-2-acetylaminofluorene, while preferentially
misincorporating dG opposite the 3′ T of the thymine-
thymine (6-4) photoproducts [16, 17, 59, 75, 77, 78]. This
specific mutagenic bypass of the (6-4) photoproduct is a
major contributor to the observed UmuC-dependent SOS
mutagenesis [75, 79]. UmuC contains intrinsic DNA poly-
merase activity and is therefore capable of DNA synthesis on
undamaged DNA, but TLS activity requires the formation
of the UmuD′C complex and the presence of RecA [16, 80].
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Other cofactors, including SSB and the β processivity clamp
and clamp loader, also support TLS by pol V [16, 17, 59, 75,
80–86].

Whereas UmuD′ is required for TLS by UmuC, full-
length UmuD does not support TLS [16, 87]. Cells expressing
UmuD and UmuC at elevated levels exhibit a cold sensitive
for growth phenotype that is not yet well understood [29].
Full-length UmuD also plays a role together with UmuC in
inhibiting the recovery of DNA replication after UV exposure
[27]. Moreover, full-length UmuD that cannot be cleaved
because it harbors the S60A active site mutation causes
a dramatic reduction in UV-induced mutagenesis while
UmuD′-S60A shows only a modest decrease in UV-induced
mutagenesis [32]. Cells expressing UmuC together with
noncleavable UmuD-S60A are sensitive to UV relative to cells
expressing wild-type UmuD and UmuC but are resistant to
killing by UV irradiation relative to cells that are ΔumuDC
[27, 52, 55]. Taken together, these findings suggest that full-
length UmuD specifically prevents mutagenesis, presumably
at least in part by preventing UmuC from engaging in
mutagenic TLS.

Due to the difficulty in acquiring large quantities of pure,
active UmuC and pol V, protein interaction studies have been
somewhat limited, especially considering that the UmuC
gene was identified in the 1970s. However, the physical
interaction between UmuD′ and UmuC was confirmed using
immunoprecipitation, yeast two-hybrid assay and glycerol
gradient analysis [88, 89]. Additionally, the interaction
between full-length UmuD and UmuC was verified by
using affinity chromatography and velocity sedimentation
in glycerol gradients, but not immunoprecipitation from
cell extracts [88]. From this, it was concluded that UmuC
associates strongly with UmuD′in vivo whereas, in vitro,
UmuC interacts efficiently with both forms of the UmuD
gene products [88]. The likely stoichiometry was determined
to be one UmuC with either a dimeric UmuD or UmuD′

[88]. UmuD and UmuD′ appear to interact with the C-
terminus of UmuC, as a UmuC construct lacking its C-
terminal 25 residues showed dramatically reduced binding
to both UmuD and UmuD′ [28]. In addition to the UmuD
and UmuD′ homodimers, UmuC also interacts with the
UmuDD′ heterodimer, which acts to inhibit SOS mutagen-
esis, possibly by titrating out the dimeric UmuD′ species that
is active in TLS [88–91].

6.2. Molecular Interactions of UmuD and DinB. The dinB
(damage-inducible) gene encoding DNA pol IV (DinB) was
discovered in a screen using reporter fusions to identify
DNA damage-inducible genes [92]. DinB (Pol IV) is the
other Y-family lesion bypass polymerase in E. coli and is the
only Y-family polymerase that is conserved throughout all
domains of life [5, 15]. The expression level of chromosomal
DinB under DNA damaging conditions is 6–12 times higher
than that of UmuC or PolB (DNA pol II) with about 2500
molecules of DinB in an SOS-induced cell [25]. DinB is also
found on the recombinant F′ plasmid that was constructed to
determine mutation spectra of specific revertible lac− alleles
[25, 93]. The expression level of DinB in an uninduced state

from the F′ plasmid in E. coli strain CC108 is approximately
750 molecules, as compared to 250 molecules expressed
from the chromosome in the absence of SOS induction
[25]. DinB has a misincorporation error frequency of
10−3 –10−5 [94]. Unlike UmuD′C, DinB elongates templates
with bulged structures causing potentially deleterious -
1 frameshift mutations [95, 96]. It was also shown that
DinB and its eukaryotic ortholog Pol κ can accurately
and efficiently perform TLS on templates containing N2-
deoxyguanosine (N2-dG) adducts, suggesting that these
proteins are specialized for relatively accurate TLS over some
N2-dG adducts [97–99].

UmuD, UmuD′, and RecA play important roles in
the regulation of DinB, and direct physical interactions
between DinB and UmuD, UmuD′, and RecA have been
detected [30]. Although this may have initially seemed
surprising, the expression levels of UmuD (180 molecules
uninduced; 2400 molecules in SOS-induced cells) and DinB
(250 molecules uninduced; 2500 molecules in SOS-induced
cells) before and after SOS induction align [25, 26]. The
stoichiometry of the complex was found to be one DinB
molecule to one UmuD2 dimer [30]. DinB and UmuD2

bind with a KD of 0.62 μM [30]. It was also determined
that DinB, RecA, and UmuD2 form a stable ternary complex
under physiological conditions in vitro [30]. Genetic and
biochemical analysis shows that full-length UmuD as well
as the noncleavable UmuD variant UmuD S60A strongly
inhibits the -1 frameshift mutator effect of DinB [30].
UmuD and UmuD′ also inhibit DinB activity in adaptive
mutagenesis [30]. Presteady-state kinetics experiments led
to the proposal that DinB bound to DNA containing a
repetitive sequence is in equilibrium between a template
slipped conformation, which leads to frameshift mutagenesis
and a nonslipped conformation [100]. UmuD appears to
prevent DinB-dependent frameshift mutagenesis by favoring
the nonslipped conformation upon binding to DinB [100].
UmuD also modulates DinB function by facilitating efficient
extension of correctly paired primer termini while blocking
extension of mismatched termini [30, 100].

Using peptide array mapping and structural homology
models of both DinB and UmuD, it was proposed that UmuD
interacts with several hydrophobic residues on the surface
of DinB in the thumb and finger domains. DinB residue
F172 in the thumb domain was identified as a likely site
of interaction with UmuD. Indeed, DinB F172A has lower
affinity for UmuD (KD reduced ∼56-fold) and exhibits less
UmuD-dependent -1 frameshift suppression in vivo and in
vitro than wild-type DinB [30]. The DinB interacting surface
on UmuD is a discontinuous surface when mapped onto a
model of trans-UmuD [47, 52]. Alternatively, isoenergetic
models of UmuD in which the N-terminal arms are in a
noncleavable conformation provide alternative interacting
surfaces across the side of UmuD [52]. UmuD D91, on
the outer surface of UmuD, was proposed as a likely
residue to be important for interaction with DinB (Figure 3).
UmuD D91A has reduced affinity for DinB (KD reduced by
over 24-fold) and dramatically reduced suppression of -1
frameshift mutagenesis compared to wild-type UmuD [30].
This suggests that there may be multiple biologically relevant
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conformations of UmuD that can interact with DinB or other
polymerases [48, 51, 52, 101]. These interactions may aid in
the suppression of frameshift mutagenesis by blocking the
open active site that is needed to elongate bulged templates
[13, 14, 30, 102]. By creating a ternary complex model of
DinB, UmuD2, and RecA, it was suggested that UmuD2

and RecA work together in restricting the open active site
of DinB thereby preventing -1 frameshift mutagenesis on
bulged templates [30, 100]. Therefore, the presence of full-
length UmuD actually enhances accurate TLS by DinB while
suppressing extension of bulged templates that would cause
frameshift mutagenesis.

7. Molecular Interactions of UmuD and
UmuD′ with Lon and ClpXP Proteases

Regulation of UmuD protein levels by ClpXP and Lon
proteases is an important part of the SOS response to DNA
damage. Proteolytic degradation of the UmuD gene products
is involved in cessation of SOS mutagenesis [4, 103, 104].
ClpXP is composed of the ATP-dependent unfoldase ClpX
hexamer and the double-ringed, 14-subunit serine protease,
ClpP [105–109]. The domain structure of the Lon protease
is quite similar in that it contains an ATPase domain, a
sensor and substrate discrimination domain (SSD), and
a protease domain [110]. The mechanism of degradation
begins when ClpX unfolds the substrates using repeated
cycles of ATP hydrolysis and translocates the unfolded
peptide into the ClpP chamber where proteolysis occurs.
Substrate recognition involves the N- or C-terminal regions
of the target protein binding to the substrate-processing site
on ClpX [111, 112]. These signals may become apparent after
cleavage, as in the case of LexA, or upon a conformational
change in the target protein [113, 114]. However, the
addition of an 11-amino acid (AANDENYALAA) ssrA tag
to improperly translated nascent polypeptides will result in
direct targeting to ClpXP for degradation [107, 108, 115–
118]. This C-terminal ssrA tag is encoded by the ssrA transfer
mRNA and is added cotranslationally to proteins translated
without an in-frame stop codon [117, 118]. In addition,
substrate recognition by ClpXP involves the interaction of
tethering sites with adaptor proteins. These adaptor proteins
are not degraded themselves but work to enhance the
degradation of the target protein [119, 120]. One example is
the SspB-mediated degradation of ssrA-tagged protein. Here,
one part of the target protein binds the tethering site on ClpX
while the SspB protein interacts with the ssrA tag enabling
efficient delivery to ClpXP for degradation [121, 122].

Similar to SspB-facilitated degradation of ssrA-tagged
target proteins, UmuD′ is a substrate for ClpXP but is
only degraded when bound to full-length UmuD [123,
124]. Therefore, the preferential formation of UmuDD′

heterodimer specifically leads to a decrease in the steady-
state levels of UmuD′in vivo [123]. Although the residues
found within the N-terminal 24 amino acids of UmuD serve
as the degradation signal for ClpXP degradation of UmuD′,
UmuD serves as an adaptor and is not itself degraded
[124]. UmuD also serves as an adaptor in the context of

UmuD2 homodimers, leading to degradation of one UmuD
in the dimer [123]. UmuD residues 9–12 are necessary
for UmuD′ instability and therefore protease recognition
(Figure 3) [124]. Amino acids 15–19 of UmuD are also
implicated in the degradation of the UmuDD′ heterodimer
by ClpXP (Figure 3) [124]. On the other hand, while residues
15–19 are also important for Lon-mediated degradation
of UmuD, residues 9–12 are not involved in recognition
by Lon [125]. ClpXP recognition sites can also be found
on the surface of UmuD′, in particular, residues 33–37,
41–51, and 85–109 were found to interact robustly with
ClpXP (Figure 3) [124]. The UmuD-facilitated degradation
of UmuD′ can be impeded by the SspB-tethering peptide,
and the SspB-tethering motif is interchangeable with the
sequence in UmuD. Because the N-terminal domain of ClpX
mediates interactions with both SspB and UmuD, it was
determined that UmuD acts as a ClpX delivery factor that
is critical in tethering itself and UmuD′ to ClpX. This seems
to be a primary mechanism for bringing SOS mutagenesis to
an end [126].

8. Conclusions

Although the UmuD gene was discovered over 30 years
ago, new findings regarding how the UmuD gene products
regulate mutagenesis have been made even within the last
few years. This is despite the fact that there is still no high-
resolution structure of full-length UmuD. The extremely
dynamic nature of UmuD and UmuD′ has only recently
come to light and provides insights into the large number
of specific protein interactions of which the UmuD gene
products are capable. Because of the role of UmuD in
regulating mutagenesis, it could be important in bacterial
evolution and is therefore potentially an important drug
target.
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Escherichia coli DNA polymerase IV (Pol IV) is involved in bypass replication of damaged bases in DNA. Reactive oxygen species
(ROS) are generated continuously during normal metabolism and as a result of exogenous stress such as ionizing radiation. ROS
induce various kinds of base damage in DNA. It is important to examine whether Pol IV is able to bypass oxidatively damaged
bases. In this study, recombinant Pol IV was incubated with oligonucleotides containing thymine glycol (dTg), 5-formyluracil
(5-fodU), 5-hydroxymethyluracil (5-hmdU), 7,8-dihydro-8-oxoguanine (8-oxodG) and 1,2-dihydro-2-oxoadenine (2-oxodA).
Primer extension assays revealed that Pol IV preferred to insert dATP opposite 5-fodU and 5-hmdU, while it inefficiently inserted
nucleotides opposite dTg. Pol IV inserted dCTP and dATP opposite 8-oxodG, while the ability was low. It inserted dCTP more
effectively than dTTP opposite 2-oxodA. Pol IV’s ability to bypass these lesions decreased in the order: 2-oxodA > 5-fodU∼5-
hmdU > 8-oxodG > dTg. The fact that Pol IV preferred to insert dCTP opposite 2-oxodA suggests the mutagenic potential of
2-oxodA leading to A:T→G:C transitions. Hydrogen peroxide caused an ∼2-fold increase in A:T→G:C mutations in E. coli, while
the increase was significantly greater in E. coli overexpressing Pol IV. These results indicate that Pol IV may be involved in ROS-
enhanced A:T→G:C mutations.

1. Introduction

In recent years, novel types of DNA polymerase have been
characterized in prokaryotes and eukaryotes. They share sig-
nificant amino acid sequence identity and are characterized
by their low fidelity and low processivity of DNA synthesis
[1–3] and are classified as Y-family DNA polymerases. These
DNA polymerases have the ability to catalyze synthesis
past DNA lesions that otherwise block replication [1–3].
This process is termed translesion DNA synthesis (TLS). Y-
family DNA polymerases have been identified in nearly all
organisms. In Escherichia coli, two DNA polymerases, Pol IV
and Pol V, have been classified into the Y-family polymerases

[1–4]. They are induced in the SOS response when E. coli
cells encounter environmental stresses such as UV light and
are involved in induction of mutations [4–8].

The dinB gene product has been shown to possess
DNA synthesizing activity and is named DNA polymerase
IV (Pol IV) [4]. Recent studies revealed an important
role of the Y family of DNA polymerases in tolerance
mechanisms towards various types of DNA damage [1–3, 9–
11]. Napolitano et al. [7] found that Pol IV is able to bypass
benzo(α)pyrene-adducts in DNA via both error-free and
error-prone pathways. Jarosz et al. [9] reported that Pol IV
is responsible for TLS over potentially lethal nitrofurazone-
induced DNA adducts. In addition, Pol IV can synthesize
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accurately across N2-furfuryl-guanine lesions. Recently,
Yuan et al. [10] found that Pol IV efficiently and accurately
bypassed N2-(1-carboxyethyl)-2′-deoxyguanosine, one of
the major byproducts of the glycolysis pathway. Further-
more, Pol IV has the ability to bypass acrolein-mediated gua-
nine DNA-peptide crosslinks [11]. These findings indicate
that Pol IV contributes to the replicative bypass of lesions that
block synthesis by replicative DNA polymerases and thereby
helps to minimize the generation of DNA strand breaks,
chromosome aberrations, and cell death.

In aerobic organisms, reactive oxygen species (ROS)
are continuously produced during normal metabolism and
by exogenous agents such as ionizing radiation. ROS react
with DNA, proteins, and lipids and thereby cause harmful
effects on cells. When cellular DNA is attacked by ROS,
various types of DNA damage are generated [12–15] and
might be involved in aging and many diseases including
cancer [14, 15]. Oxidatively damaged bases produced by
ROS have abnormal structures that induce several kinds of
biological consequences. Bacterial and eukaryotic cells have
DNA repair systems to remove damaged bases and restore
DNA to its normal sequence [12, 16, 17]. If unrepaired,
damaged bases would block DNA replication or cause the
insertion of “incorrect” nucleotides opposite the lesion to
form mismatches.

In this study, we examined whether Pol IV can bypass
oxidatively damaged bases and is involved in mutation
induction at the damaged sites. The primer extension assay
revealed that Pol IV did not bypass the thymine glycol-
(dTg-) containing DNA, while Pol IV preferred to insert
dATP opposite 5-formyluracil (5-fodU) and 5-hydroxym-
ethyluracil (5-hmdU), major oxidative products of thymine.
dCTP and dATP were inserted opposite 7,8-dihydro-8-
oxoguanine (8-oxodG) but the insertion ability was low.
Pol IV more efficiently inserted dCTP than dTTP opposite
1,2-dihydro-2-oxoadenine (2-oxodA) in the template DNA,
suggesting the mutagenic potential of 2-oxodA leading to
A:T→G:C mutations. Pol IV’s ability to handle these lesions
decreased in the order: 2-oxodA > 5-fodU∼5-hmdU > 8-
oxodG > dTg. It was also found that hydrogen peroxide
treatment caused an increase in A:T→G:C mutations in
E. coli, while the increase was significantly greater in E.
coli overexpressing Pol IV. These results indicate that Pol
IV may be involved in these ROS-enhanced A:T→G:C
mutations.

2. Materials and Methods

2.1. Chemicals and Enzymes. Ampicillin and isopropyl-β-D-
thiogalactopyranoside (IPTG) were purchased from Wako
Pure Chemicals (Osaka, Japan). T4 polynucleotide kinase,
Taq DNA polymerase, and restriction enzymes were obtained
from Takara Shuzo (Kyoto, Japan) and Toyobo (Osaka,
Japan). [γ-32P]ATP (>148 TBq/mmol) was obtained from
ICN Biomedicals Inc. (Costa Mesa, CA). Columns used
for column chromatography and high performance liquid
chromatography (HPLC) were purchased from Pharmacia
(Uppsala, Sweden).

2.2. Synthesis of Substrate Oligonucleotides Containing Oxida-
tively Damaged Bases. 24-mer oligonucleotide containing 2-
oxodA was synthesized as previously described by Sugiyama
et al. [18]. 24-mer oligonucleotide containing dTg was
synthesized as described by Dianov et al. [17]. 22-mer
oligonucleotides containing 5-fodU and 5-hmdU were syn-
thesized and purified as previously described [19]. 24-mer
oligonucleotides containing 8-oxodG was obtained from
Trevigen (Gaithersburg, MD). The structures of the studied
oxidatively damaged bases are illustrated in Figure 1. Primers
were synthesized and purified by Takara Shuzo (Kyoto,
Japan). The nucleotide sequences of template and primer
oligonucleotides used in this study are shown in Table 1.

2.3. Expression and Purification of Pol IV with Histidine
Tag. Pol IV was overproduced and purified from E. coli
BL21(DE3)/pLysS carrying pET16B-DinB, as described by
Wagner et al. [4]. The cells were grown in M9 minimal
medium containing 50 μg/mL ampicillin and 30 μg/mL
chloramphenicol. Overnight cultures (5 mL) were inoculated
into 500 mL of prewarmed LB medium containing 50 μg/mL
ampicillin. The culture was incubated with shaking at 37◦C
until the optical density at 600 nm reached about 0.9, and
expression of the proteins was induced by adding IPTG to
a final concentration of 1 mM. After 30 min of incubation
at 30◦C, rifampicin was added to a final concentration of
100 μg/mL, and incubation was continued for an additional
3 hr at 30◦C. E. coli cells were then harvested, washed once
in ice-cold buffer A (50 mM Tris-HCl (pH 8.0), 300 mM
NaCl and 20 mM imidazole), resuspended in a total volume
of 8 mL of the same buffer, and frozen in dry ice/ethanol
bath. Frozen cells were thawed and supplemented with 1 mg
of chicken egg lysozyme, 0.4 mg of pefabloc SC, and β-
mercaptoethanol (EtSH) to a final concentration of 20 mM.
Chromosomal DNA was sheered by sonication, and lysates
were treated with DNase I at 40 mg/mL and RNase TI at
130 U/mL for 10 min at room temperature. The final volume
was then adjusted to 15 mL with buffer A supplemented with
20 mM EtSH, and the cell lysate was cleared by centrifugation
at 13,000× g. The supernatant was applied to a 2-mL column
connected to a FPLC system. The column was washed with
20 mL of NaCl and then developed with a linear gradient
of imidazole up to 1 M. DinB protein started to elute at
approximately 300 mM imidazole. Fractions containing His-
tag DinB were combined and concentrated to about 2.6 mL
containing 5.6 mg/mL His-tag DinB (fraction 2). Fraction 2
was then applied to a Superdex 75 XK 16/60 column con-
nected to an FPLC system equilibrated with 20 mM HEPES
(pH 7.4), 150 mM NaCl, 0.1 mM EDTA, 10% w/v glycerol,
and 1 mM dithiothreitol (DTT). Fractions corresponding to
the DinB peak, which eluted at an approximate molecular
weight of 32 kDa, were combined together to give a total
volume of 3 mL containing 8 mg of pure HT-dinB. The
purified protein was stored at −80◦C.

2.4. In Vitro DNA Synthesis. Primers were labeled at the
5′-end with [γ-32P]ATP by T4 polynucleotide kinase and
annealed with the appropriate template oligonucleotides.
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Figure 1: The structures of the studied oxidatively damaged bases, thymine glycol (dTg), 5-formyluracil (5-fodU), 5-hydroxymethyluracil
(5-hmdU), 1,2-dihydro-2-oxoadenine (2-oxodA), and 7,8-dihydro-8-oxoguanine (8-oxodG).

Table 1: Nucleotide sequences of oligonucleotides used in this
study.

Template 1 3′-CGTCGGGCCCCCTAAGTGATCAAG-5′

Template 2 3′-CGTCGGGCCCCCTA2GTGATCAAG-5′

Template 3 3′-CGTCGGGCCCCCTAGGTGATCAAG-5′

Template 4 3′-CGTCGGGCCCCCTA8GTGATCAAG-5′

Template 5 3′-ACGTCCAGCTCACATCTCCTAG -5′

Template 6 3′-ACGTCCAGCTCACATCFCCTAG -5′

Template 7 3′-ACGTCCAGCTCACATCHCCTAG -5′

Template 8 3′-CGACGGGCCCCCAATGAGAACAAG-5′

Template 9 3′-CGACGGGCCCCCAAXGAGAACAAG-5′

Primer 1 5′-32P-GCTGCCCGGGGGTT-3′

Primer 2 5′-32P-TGCAGGTCGACTCTAG-3′

Primer 3 5′-32P-GCAGCCCGGGGGAT-3′

2, F, H, 8, and X represent 1,2-dihydro-2-oxoadenine (2-oxodA), 5-
formyluracil (5-fodU), 5-hydroxymethyluracil (5-hmdU), 7,8-dihydro-8-
oxoguanine (8-oxodG), and thymine glycol (dTg), respectively.

The substrates thus prepared were incubated with purified
Pol IV in a reaction mixture (10 μl) containing 30 mM
KH2PO4 (pH 7.4), 7.5 mM MgCl2, 1 mM DTT, 5 mM
NaCl, 0.1 mg/mL BSA, 5% glycerol, and 150 mM of the
specified deoxyribonucleotide(s). The amount of Pol IV and
incubation time are described in the figure legends. After
incubation at 20◦C, the reaction was terminated by addition
of stop solution (95% formamide, 20 mM EDTA, 0.1%
bromophenol blue, and 0.1% xylene cyanol). The samples
were then heated at 95◦C for 5 min, and immediately cooled
on ice and then loaded onto 20% polyacrylamide gels in
90 mM Tris-borate (pH 8.3) containing 7 M urea and 2 mM
EDTA. After electrophoresis at 1,300 V, the gels were dried

and autoradiographed using Fuji RX films at −80◦C. The
intensity of each band was determined using an imaging
analyzer (Fuji BAS 1800II).

2.5. In Vivo Mutagenesis. Single colonies of E. coli CC101,
CC105, and CC106 [20] transformed with a plasmid encod-
ing wild-type pDinB or a mutant Pol IV (pDinB003) [4]
were inoculated into a minimal glucose medium containing
50 μg/mL of ampicillin and incubated at 37◦C for 40 hr. The
mutant Pol IV was generated by site-specific mutagenesis
replacing aspartic acid in position 103 with aspargine [4].
The cultures were centrifuged, resuspended in the same
medium with 1 mM of IPTG, and further incubated for
5 hr at 37◦C. Hydrogen peroxide (H2O2) was added to the
cultures at a final concentration of 10 mM, followed by
incubation at 37◦C for 1 hr. The cultures were centrifuged,
washed, and resuspended in prewarmed LB medium. After
incubation to stationary phase and appropriate dilution, the
cell suspensions were spread on both duplicate minimal
lactose plates and minimal glucose plates for the detection
of lactose-fermenting (Lac+) revertants and viable cells,
respectively. Mutant colonies on the plate were counted after
incubation overnight. The mutation frequency was expressed
as number of mutants/108 viable cells.

3. Results

3.1. Replication of DNA Containing dTg by Pol IV. In this
study, primer extension assays were performed with Pol IV
purified by affinity chromatography to examine whether
Pol IV could bypass oxidatively damaged bases. Oligonu-
cleotides containing dTg, 5-fodU, 5-hmdU, 8-oxodG, or 2-
oxodA (Table 1) were annealed to appropriate primers and
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Figure 2: Primer extension assay for Pol IV to bypass dTg, 5-fodU, and 5-hmdU in the template oligonucleotides. Primers were labeled at the
5′-terminal by polynucleotide kinase and annealed with appropriate template oligonucleotide. Primer/templates (50 fmol) in a 10-μl reaction
mixture was incubated at 20◦C with purified Pol IV at 50 nM for 30 min (left) and at 200 nM for 12 hr (right), followed by polyacrylamide
gel electrophoresis. (a) dT (primer 1/template 8), (b) dTg (primer 1/template 9), (c) 5-fodU (primer 2/template 6), and (d) 5-hmdU (primer
2/template 7).

incubated with purified Pol IV. Pol IV was added to the
reaction mixture at 50 and 200 nM.

dTg is a major oxidative product of thymine in DNA and
blocks DNA synthesis by most DNA polymerases [12, 15].
However, certain TLS polymerases such as a human Pol
Nu can occasionary bypass dTg and thereby continue DNA
replication beyond the lesion [12, 21–23]. Hence, it was of
interest to examine whether Pol IV has the ability to bypass
dTg. In this study, we prepared oligonucleotide containing
dTg by osmium tetroxide treatment [17]. Pol IV repli-
cated the oligonucleotides containing undamaged thymine
(Figure 2(a)). As shown in Figure 2(b), we could not detect
the insertion of dNTPs opposite the lesion, while a faint
band of dATP inserted was seen when the oligonucleotide
was incubated with Pol IV reacted at 200 nM for 12 hr.

3.2. Insertion of dATP and dCTP opposite 8-oxodG in the
Template DNA by Pol IV. 8-oxodG is a major oxidative
product of guanine and has high miscoding potential [12–16,
24]. Replicative DNA polymerases insert dATP as frequently
as dCTP opposite 8-oxodG in the template. Therefore, G:C→
T:A transversions occur at the site of 8-oxodG [12–16].

In this study, when Pol IV was incubated at 50 nM with
the template oligonucleotide containing 8-oxodG for 30 min,
no nucleotides were inserted opposite the lesion. However,
when added at 200 nM and incubated with the substrate
for 12 hr, Pol IV inserted both dCTP and dATP opposite 8-
oxodG (Figure 3(a)). These results indicate that Pol IV could
bypass over 8-oxodG through both error-free and error-
prone processes. However, the Pol IV’s insertion ability was
very low.
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Figure 3: Primer extension assay for Pol IV to bypass 8-oxodG and 2-oxodA in the template oligonucleotide. Primer 3 was labeled at the 5′-
terminal by polynucleotide kinase and annealed with appropriate template oligonucleotides. Primer 3/templates (50 fmol) in a 10-μl reaction
mixture were incubated at 20◦C with purified Pol IV at 50 nM for 30 min (left) and at 200 nM for 12 hr (right), followed by polyacrylamide
gel electrophoresis. (a) 8-oxodG (primer 3/template 4), (b) 2-oxodA (primer 3/template 2).

3.3. Replication of DNA Containing 5-fodU and 5-hmdU
by Pol IV. 5-fodU and 5-hmdU are major products of
oxidative damage of the methyl group of thymine [12, 19,
25]. Attack of hydroxyl radicals on the 5-methyl group gen-
erates 5-hydroperoxymethyluracil, the most stable thymine
hydroperoxide [12]. It decomposes to the more stable prod-
ucts 5-fodU and 5-hmdU [12, 25]. Recent studies showed
that 5-fodU is a potentially mutagenic lesion [25, 26]. It
directs insertion of mismatched bases opposite the lesion
during DNA synthesis in vitro [27]. We previously showed
that Klenow fragment with and without 3′ → 5′ exonuclease
(KFexo+ and KFexo−, resp.), Thermus thermophilus (Tth)
DNA polymerase (exonuclease-deficient) and Pyrococcus
furiosus (Pfu) DNA polymerase (exonuclease-proficient)
read through the site of 5-fodU in the template [27]. 5-fodU
directs insertion of dCMP and dGMP in addition to dATP
opposite the lesion by these DNA polymerases. Furthermore,
KFexo− and Tth can bypass the 5-hmdU template via the
insertion of dAMP opposite the 5-hmdU [27].

The primer extension assays for the templates containing
5-fodU and 5-hmdU showed that Pol IV preferred to
insert dATP opposite 5-fodU and 5-hmdU, while other
dNTP insertions were <5% (Figures 2(c) and 2(d)). Pol IV
synthesized full-length duplex 22-mer oligonucleotides when
added at 200 nM and incubated for 12 hr (Figures 2(c) and
2(d)).

3.4. Bypass of 2-oxodA by Pol IV. 2-oxodA is a common
product of adenine generated by ROS [12, 28]. Previ-
ous studies showed that replicative DNA polymerases and
KFexo− mainly insert dATP and dGTP opposite 2-oxodA
during DNA synthesis in vitro [12, 29, 30]. It is important
to elucidate the mechanism of bypass 2-oxodA by Pol IV.

Table 2: The insertion kinetics of dCTP and dTTP opposite 1,2-
dihydro-2-oxoadenine (2-oxodA) by Pol IV.

Substrate
Km

(fmol/ mL
/min)

Vmax (min−1) kcat kcat/Km

dCTP 8.5 217.4 4.4× 10−3 5.2× 10−4

dTTP 25.6 42.9 8.6× 10−4 3.4× 10−5

Primer 3 was labeled at the 5′-terminal by polynucleotide kinase and
annealed with appropriate template oligonucleotides. Primer 3/template 2
(50 fmol) in a 10-μl reaction mixture was incubated at 20◦C for 60 min
with purified Pol IV (50 nM) in the presence of dTTP or dCTP at
various concentrations (0.02∼500 μM), followed by polyacrylamide gel
electrophoresis.

2-oxodA significantly reduced the rate of DNA synthesis
by KFexo− (data not shown). When incubated with tem-
plates containing 2-oxodA, Pol IV inserted both dTTP and
dCTP opposite 2-oxodA. It was evident that Pol IV inserted
dCTP more efficiently than dTTP (Figure 3(b)). The results
were obtained by a comparison of the full-length products
obtained by in vitro DNA synthesis in the presence of the
four nucleotides. We determined the insertion kinetics of Pol
IV for dTTP and dCTP opposite 2-oxodA. Comparing the
kcat/Km values revealed that Pol IV inserted dCTP opposite
2-oxodA with nearly 30 fold greater catalytic efficiency than
dTTP (Table 2). It is suggested that 2-oxodA in DNA induces
A:T→G:C transitions.

3.5. Overexpression of Pol IV Causes A:T→G:C Transitions In
Vivo. To clarify the roles of Pol IV in mutation induction
in vivo, we carried out the in vivo mutagenesis assay with
E. coli strains bearing a F’lac containing a lacZ allele,
which codes for inactive β-galactosidase [20]. Unless base
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Table 3: Frequencies of mutations to Lac+ in E. coli CC101∼CC106 strains with overexpressed dinB gene after incubation with hydrogen
peroxide.

Strain Base
substitution

Plasmid
Mutants/108 viable cells Increase in mutation

frequency (b− a)
Fold increase in mutation
frequency (b/a)No H2Oa

2 10 mM H2Ob
2

CC101 A:T→C:G
pDinB 1.9 4.2 2.3 2.2

pDinB003 1.5 1.8 0.3 1.2

CC105 A:T→T:A
pDinB 3.6 4.4 0.8 1.2

pDinB003 1.5 3.4 1.9 2.3

CC106 A:T→G:C
pDinB 1.1 11.6 10.5 10.5

pDinB003 0.8 1.8 1.0 2.3

E. coli CC101, CC105, and CC106 transformed with a plasmid wild-type plasmid (pDinB) and a mutant Pol IV (pDinB003) in stationary phase were
incubated at 37◦C with 1 mM of IPTG for 5 hr, followed by the treatment 10 mM H2O2 for 1 hr. The mutant Pol IV (DinB003) was generated by site-specific
mutagenesis replacing aspartic acid in position 103 with aspargine [4]. The mutation frequency was expressed as number of mutants/108 viable cells.

substitution mutations occur, these E. coli cells cannot grow
on lactose minimal medium. To determine the type of
base substitutions caused by overexpression of Pol IV, we
constructed E. coli CC101, CC105, and CC106 strains [20]
with pDinB or a mutant Pol IV [4], where these dinB genes
were overexpressed. The mutant Pol IV was generated by site-
specific mutagenesis replacing aspartic acid in position 103
with aspargine [4].

2-oxodA has been shown to occur in DNA by treatment
of cells with hydrogen peroxide (H2O2) [12, 28]. Hence, the
E. coli cells were exposed to H2O2 and the Lac+ reversion
frequency was measured. Compared with CC101 and CC105,
CC106 with the pDinB plasmid showed a significant increase
in the frequency of Lac+ reversions when exposed to
hydrogen peroxide (Table 3). Hydrogen peroxide treatment
caused an ∼2-fold increase in A:T→G:C mutations in E.
coli, while the increase was significantly greater (∼10-fold)
in E. coli overexpressing Pol IV. The overexpression of Pol
IV had its greater effect on A:T→G:C mutations than A:T→
C:G and A:T→T:A mutations. The enhancement of A:T→
G:C mutations depended on the Pol IV ability, since the
expression of a mutant Pol IV lacking the polymerase activity
did not increase the mutation frequency in E. coli CC106
exposed to H2O2. As E. coli CC106 can reverse Lac+ only
through A:T→G:C transitions [20], these results indicate
that A:T→G:C transitions are induced via an error-prone
translesion DNA synthesis by Pol IV in E. coli cells.

4. Discussion

Recent progress in research about novel types of DNA
polymerase in prokaryotes and eukaryotes has given us much
information about the mechanism of bypass replication
of damaged bases in DNA and mutation induction. DNA
polymerases of the Y-family are involved in translesion
DNA synthesis [1–3, 7–11]. Replication prevention is caused
by base modifications induced by various DNA-damaging
agents, such as ROS [1–3, 12, 15, 29, 30]. Purine and
pyrimidine bases in DNA are easily oxidized by ROS, which
leads to abnormal DNA behavior, including DNA replication
prevention. In addition, damaged bases induce several types

of mutations, including base substitutions. Replication errors
must occur at the sites of damaged bases to be fixed as
mutations. Certain TLS DNA polymerases, such as Pol IV,
catalyze the insertion of nucleotides opposite damaged bases
and thereby may play a role in mutation induction [4–8].
Continuing of DNA replication beyond the lesion is required
for maintenance of the genome integrity.

dTg blocks DNA synthesis by many prokaryotic and
eukaryotic DNA polymerases one nucleotide before and
opposite the lesion site [12, 15, 31]. On the other hand,
some DNA polymerases inefficiently insert noncognate
nucleotides opposite dTg [12, 22]. DNA polymerase η and
κ are able to continue synthesis after having inserted dATP
opposite the lesion [12, 21–23]. Pol ζ also contributes to the
bypass of dTg as well as other lesions that block synthesis by
replicative DNA polymerases [32]. In contrast, Pol IV did not
have the ability to bypass dTg (Figure 2(b)).

There are four diastereomers of dTg [31, 33]. dTg exists
in solution as either the 5R cis-trans pair or the 5S cis-trans
pair, due to epimerization at the C6 position. The bypass
over dTg by Y-family DNA polymerases is stereospecific [21–
23, 32]. Pol ζ bypasses the 5R epimers more efficiently [32],
while Pol κ bypasses the 5S epimers more efficiently [22]. Pol
Nu has been shown to be particularly adept at efficient and
accurate translesion DNA synthesis past a 5S-thymine glycol
[21].

8-oxodG is not a replicative block for replicative DNA
polymerases, which incorporate dATP as frequently as dCTP
opposite 8-oxodG in the template [12–16, 24]. As a result,
G:C→T:A transversions occur at the site of 8-oxoG. We
showed here that Pol IV inserted dATP opposite 8-oxoG
in the template, but the insertion efficiency was very low
(Figure 3(a)). These results indicate that Pol IV preferred to
insert dCTP opposite 8-oxodG. Recently, Maga et al. [34] also
reported that DNA polymerases λ and η can bypass 8-oxodG
by insertion of dCTP opposite 8-oxodG in the template.
Therefore, it is likely that these Pols are a principal player in
mutation induction by template 8-oxodG.

Oxidation of the 5-methyl group of thymine produces
the stable products 5-fodU and 5-hmdU in DNA [12,
25]. When 5-fodU is produced in a template DNA, base
substitutions are induced at the site of the lesion [25, 26].
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We previously showed that 5-fodU is removed from DNA
in E. coli by three DNA glycosylases, MutM, endonuclease
III (Nth), and endonuclease VIII [35]. The frequency of
spontaneous mutations is significantly enhanced in E. coli
mutM nth nei triple mutant compared with the wild-type
strain [35]. The results in Figure 2(c) demonstrate, for the
first time, that if 5-fodU remains in the template strand,
Pol IV prefers to insert dATP opposite the lesion and hence
induces no mutations.

5-hmU directs the insertion of only dATP during normal
DNA replication [12, 15, 27]. The present results indicate
that Pol IV preferred to insert dATP at the site of 5-
hmdU (Figure 2(d)) and as a result does not make base
substitutions. The results are in accord with the finding
that a Bacillus subtilis bacteriophage (SPO1) has 5-hmdU
in its DNA instead of thymine and 5-hmdU: dA base-pairs
show the same behavior as T:A [36]. On the other hand,
E. coli and mammalian cells have DNA glycosylases that
remove 5-hmdU from DNA [12, 37, 38]. Why do cells
possess repair enzymes for 5-hmdU that forms stable base
pairs with adenine? There is another pathway of 5-hmdU
generation: oxidation and deamination of 5-methylcytosine
(5-mdC). 5-mC occurs naturally in DNA as a product
of cytosine methylation [37]. Therefore, a normal base
pair between 5-mdC and dG generates a mismatched base
pair of 5-hmdU:dG, which would cause 5-mC (C):G to
T:A transitions. Recently, we found that a 5-hmdU DNA
glycosylase activity of MutM and Nth removes 5-hmdU from
5-hmdU: dG mispairs with 37∼58 times greater efficiency,
respectively, than that from 5-hmdU: dA base pairs [38].

2-oxodA (isoguanine) is a common lesion of adenine
produced by ROS and ionizing radiation. It is a replicative
block for several DNA polymerases [12]. However, 2-oxodA
has a mutational potential comparable to that of 8-oxodG
in bacteria and mammalian cells. Barone et al. [39] found
that insertion opposite 2-oxodA is difficult for both KFexo−

and the replicative Pol α. A template 2-oxodA might cause
a transient replication block, thereby provoking recruitment
of TLS polymerases. Archeal Dpo4 is efficient to insert
nucleotides opposite 2-oxodA, while human Pol η inefficient
[39]. Replication of a template 2-oxodA by these polymerases
is mutagenic and causes base substitutions. On the other
hand, Crespan et al. [40] showed that 2-oxodA can be
efficiently and faithfully bypassed by a human DNA Pol λ in
combination with proliferating cell nuclear antigen (PCNA)
and replication protein A (RP-A). Thus, the efficiency and
fidelity of TLS on the 2-oxodA template depend upon the
DNA polymerase used.

We found that “incorrect” dCTP was effectively incorpo-
rated opposite 2-oxodA by Pol IV (Figure 3(b)), suggesting a
stable base pair between 2-oxodA and dC. Thermodynamic
analysis also showed that 2-oxodA forms a stable base pair
with cytosine, guanine, and thymine, and to a lesser extent
with adenine [18, 39]. The base-pairing scheme of 2-oxodA
(isoguanine):dC has been postulated [41]. 2-oxodA:dC is a
potent inducer of parallel-stranded DNA duplex structure.
All imino protons associated with the 2-oxodA:dC basepairs
are consistent with the formation of a stable duplex suggested
by Tm measurements [18]. 2-oxodA might form stable

O

H

N

H

N

NN

H

H

O

H

dC

2-oxodA

NN

N

NH2

Figure 4: Possible wobble structure for base pairing of the 1,2-
dihydro-2-oxoadenine (2-oxodA):dC.

reverse Watson-Crick basepair with the normal dC [41].
However, the base pairing would not be present in the active
site of a DNA polymerase, as the sugar-triphosphate moiety
could not fit properly in the active site. Even if it could
fit, the sugar-triphosphate moiety would not be properly
oriented for catalysis. Alternatively, a wobble structure with
two hydrogen bonds is possible as shown in Figure 4. No
equivalent structure is possible for 2-oxodA:dT.

2-oxodA is as mutagenic as 8-oxodG when a double-
stranded shuttle vector DNA containing 2-oxodA is repli-
cated in E. coli and mammalian cells. Bypass of 2-oxodA
results in the formation of A:T→G:C transitions and A:T→
T:A transversions during leading strand synthesis [12, 29,
30]. Moreover, we observed here that a template 2-oxodA
directs the insertion of “incorrect” dCTP more efficiently
than that of “correct” dTTP (Figure 3(b)) in vitro. Based on
this together with the in vivo mutagenesis data (Table 3),
we conclude that Pol IV has the ability to bypass 2-oxodA
and induce A:T→G:C transitions at the site of 2-oxodA.
Pol IV overexpression has its greater effect on A:T→G:C
mutations than A:T→C:G and A:T→T:A mutations. The
facts may reflect that Pol IV is accurately handling a lesion
leading A:T→C:G and A:T→T:A mutations that some other
DNA Pol tends to handle inaccurately. To prevent mutation
induction, E. coli MutY and human MUTYH proteins have
been shown to remove 2-oxodA from double-stranded DNA
in vitro [42, 43].

The generation of 2-oxodA in double-stranded DNA by
a Fenton-like reagent is less efficient than 8-oxodG [12, 30].
On the other hand, the yield of 2-oxodA is similar to that
of 8-oxodG in the monomeric form [12, 30]. Thus, it is
likely that most 2-oxodA that occurs in DNA arises through
insertion of 2-oxo-dATP generated in the nucleotide pool.
2-oxo-dATP is inserted opposite G and T in the template
by DNA polymerase III and DNA polymerase I in vitro
[30, 44, 45]. On the other hand, calf thymus Pol α inserts
2-oxo-dATP opposite noncognant C in addition to cognant
T, which would cause induction of G:C→A:T transitions in
vivo. Hydrogen peroxide treatment caused a∼2-fold increase
in A:T→G:C mutations in E. coli, while the increase was
significantly greater (∼10-fold) in E. coli overexpressing Pol
IV (Table 3). These results indicate that Pol IV may involved
in these ROS-enhanced A:T→G:C mutations. It is also likely
that the UmuDC gene products may play a critical role in the



8 Journal of Nucleic Acids

mutagenesis by damaged nucleotides, such as 2-oxodA, that
block DNA replication.

Pol IV is relatively efficient on 2-oxodA, 5-fodU and 5-
hmdU, but inefficient on dTg and 8-oxodG. Of these five
lesions, Pol IV is most efficient with 2-oxodA. In 2-oxodA
the −C=O is at C2 and in the minor groove. Pol IV has
consistently proven to be relatively effective at handling bulky
N2-dG adducts, which is the same positioning as the extra
oxygen in 2-oxodA. This may be achieved by stabilization of
the 2-oxodA conformation in the active site through specific
interactions between Pol IV and 2-oxodA. The other lesions
have bulk in the major groove. The 5-position of pyrimidines
is relatively away from the DNA backbone, which might
explain the ability of Pol IV to handle 5-fodU and 5-hmdU.
While dTg has extra bulk at C5, it also has bulk at C4, and 8-
oxodG has bulk at C8G. Both C4T and C8G are closer to the
DNA backbone. Pol IV may have something in its structure
that cause a steric impediment in the cases of the extra bulk
at C4 in dTg and at C8 in 8-oxodG.

Certain TLS polymerases can perform proficient and
moderately accurate bypass of particular types of DNA
damage, while some other polymerases continue synthesis
after having inserted “incorrect” bases opposite the lesion.
The differences in the chemical structure of the lesions
and the association between polymerases and the lesion
and nucleotides inserted may affect how for that structural
information in the altered bases contributes to nucleotide
selection during insertion opposite these lesions by these
polymerases.

5. Conclusion

In this paper, we examined whether Pol IV can bypass oxida-
tively damaged bases and is involved in mutation induction
at the damaged sites. Recombinant Pol IV was incubated in
vitro with chemically synthesized oligonucleotides contain-
ing dTg. 5-fodU, 5-hmdU, 8-oxodG, and 2-oxodA. Pol IV
preferred to insert dA opposite 5-fodU and 5-hmdU, while it
did not insert any nucleotides opposite dTg. Pol IV inserted
dA and dC opposite template 8-oxodG, while the Pol IV’s
ability was low. Pol IV inserted dCTP more efficiently than
dTTP opposite 2-oxodA in DNA, suggesting that 2-oxodA
in the template DNA has mutagenic potential leading to
A:T→G:C transitions. Hydrogen peroxide treatment caused
a ∼2-fold increase in A:T→G:C mutations in E. coli, while
the increase was significantly greater (∼10-fold) in E. coli
overexpressing Pol IV. These results indicate that Pol IV may
play an important role in mutagenesis by 2-oxodA in E. coli.
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DNA adducts, which block replicative DNA polymerases (DNAPs), are often bypassed by lesion-bypass DNAPs, which are mostly
in the Y-Family. Y-Family DNAPs can do non-mutagenic or mutagenic dNTP insertion, and understanding this difference is
important, because mutations transform normal into tumorigenic cells. Y-Family DNAP architecture that dictates mechanism, as
revealed in structural and modeling studies, is considered. Steps from adduct blockage of replicative DNAPs, to bypass by a lesion-
bypass DNAP, to resumption of synthesis by a replicative DNAP are described. Catalytic steps and protein conformational changes
are considered. One adduct is analyzed in greater detail: the major benzo[a]pyrene adduct (B[a]P-N2-dG), which is bypassed non-
mutagenically (dCTP insertion) by Y-family DNAPs in the IV/κ-class and mutagenically (dATP insertion) by V/η-class Y-Family
DNAPs. Important architectural differences between IV/κ-class versus V/η-class DNAPs are discussed, including insights gained
by analyzing ∼400 sequences each for bacterial DNAPs IV and V, along with sequences from eukaryotic DNAPs kappa, eta and
iota. The little finger domains of Y-Family DNAPs do not show sequence conservation; however, their structures are remarkably
similar due to the presence of a core of hydrophobic amino acids, whose exact identity is less important than the hydrophobic
amino acid spacing.

1. Introduction

DNA damaging agents (genotoxins) cause mutations that
initiate tumor formation, which makes sense given that
tumor cells have mutations in key growth control genes that
lead to improperly regulated cell growth [1, 2]. The steps
leading to mutagenesis vary depending on the genotoxin,
but the paradigm in Figure 1 illustrates many of the
typical steps using one particularly well-studied chemical
carcinogen benzo[a]pyrene [3–5]. At the apex of this process
are DNA adducts, which, if they are not removed by DNA
repair, usually block replicative DNA polymerases (DNAPs).
To overcome such potentially lethal blockage, cells have
DNAPs that do translesion synthesis (TLS) past these DNA
lesions/adducts [6–22].

Cells possess many DNAPs; for example, human cells,
yeast (S. cerevisiae) and E. coli have at least fifteen, eight

and five, respectively, [6–22]. Most TLS-DNAPs are in
the Y-Family [6–22], where humans have three template-
directed members (hDNAPs η, ι, and κ), yeast has one
(scDNAP η), and E. coli has two (ecDNAPs IV and V).
Y-Family DNAPs have a conserved ∼350 aa core, which
includes the polymerase active site (representative refer-
ences [23–40]). As with all DNA polymerases, Y-Family
members resemble a right-hand with thumb, palm, and
fingers domains, although their “stubby” fingers and thumb
result in more solvent accessible surface around the tem-
plate/dNTP binding pocket [19], which is undoubtedly
the case to accommodate the bulky and/or deforming
DNA adducts/lesions that protrude into these open spaces
during bypass. Y-Family DNAPs grip DNA with an addi-
tional domain, which is usually called the “little finger
domain” or the “polymerase-associated domain” (PAD)
[23–25].
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Y-Family DNAPs are found in all three domains of
life, bacteria, archaea, and eukaryotes, which undoubtedly
reflects the fact that all cells face the same issues when
confronting the need to replicate past DNA damage. The
pattern of TLS is often strikingly similar in different
cell types. For example, human DNAP κ was originally
discovered because its sequence closely resembles E. coli
DNAP IV [41–43], and dNTP insertion opposite a variety of
adducts/lesions is remarkably similar for the DNAP IV/κ pair
(Table 1), suggesting they are functional orthologs (discussed
in [44]). E. coli DNAP V and human DNAP η are also
functional orthologs, based on their similarity of dNTP
insertion opposite a variety of adducts/lesions (Table 1, [44]).
Cases have been made that the IV/κ-class is present in cells
to bypass endogenously generated N2-dG adducts, and the
V/η-class is present to bypass UV-induced photoproducts, as
discussed below.

B-Family DNAPs can also be involved in TLS, such as
DNAP II in E. coli and REV3 (the polymerase subunit of
DNAP ζ), which is present in most eukaryotes [6, 7, 13–15].
B-family TLS-DNAPs are involved in a DNA repair process
involving some interstrand DNA cross-links [45–49] and in
TLS of some adduct/lesions (see below).

Herein, we reflect principally on how structural architec-
ture of Y-family DNAPs might affect their mechanism as it
relates to cellular function, in particular why lesion-bypass is
sometimes nonmutagenic and other times it is mutagenic.
Extensive reviews that focus more on the cell biology,
regulation and phenomenology have appeared recently for Y-
Family DNAPs from bacteria [21, 22] and eukaryotes [7–12].

2. Translesion Synthesis DNA
Polymerases in E. coli

E. coli has proven to be an excellent model system to study
many aspects of the bypass of DNA adducts/lesions by TLS-
DNAPs. E. coli has two Y-Family DNA polymerases: DNAP
IV (dinB gene, 351 aa, 39.5 kDa) and DNAP V, which consists
of one subunit of UmuC (umuC gene, 422 aa, 47.7 kDa) and
two subunits of UmuD’ (see below). UmuD’ is derived from
UmuD (umuD gene, 139 aa, 15 kDa) following autodigestive
removal of its 24 N-terminal aa, when stimulated by RecA∗

[13, 14, 21, 22, 50]. DNAP II (polB gene, 783 aa, 90 kDa) is
a B-Family lesion bypass DNAP. DNAPs II, IV and V are
each induced as part of the SOS response, which is triggered
by DNA damage and leads to the induction of ∼40 proteins
that help E. coli cope with the damage [50]. The basal and
SOS-induced levels are different for each polymerase, where
the [uninduced/induced] levels are [∼40/∼280] for DNAP
II, [∼250/∼2500] for DNAP IV and [∼15/∼200] for DNAP
V [51–53]. It seems likely that each of these TLS-DNAP
is present in E. coli principally to overcome the cellular
problems presented by a lesion commonly encountered in
cells as discussed next.

Although DNAP V replicates undamaged templates with
relatively low fidelity (10−3 to 10−4) [54], one striking quality
is its ability to accurately bypass UV photoproducts; for
example, it inserts dATP opposite TT-CPDs [54]. Analysis

of insertion tendencies opposite a variety of adducts/lesions
led to the observation that DNAP V may have two insertion
modes: (i) correct dNTP insertion, and (ii) default dATP
insertion [44]. UV light is a frequently encountered form of
DNA damage for which a TLS-DNAP might be important,
and since TT-CPDs are the major UV lesion [55], a
default dATP insertion mode might help minimize UV
mutagenesis. However, the utilization of this second mode in
other circumstances may have drawbacks. For example, UV
mutagenesis also depends on the umuD/C genes, implying
that DNAP V is required for UV mutagenesis, where C→
T mutations in 5′-PyC sequences predominate, which also
implies dATP insertion (discussed in reference [56]). DNAP
V is involved in other mutagenesis pathways; for example,
it inserts dATP opposite +BP in the G → T mutational
pathway [57], as discussed below. In fact, the preferential
mutagenic insertion of dATP opposite a variety of DNA
lesions in E. coli has been called the “A-rule” (see [58, 59] and
references therein), and it seems likely that this is attributable
to DNAP V’s tendency to insert dATP [44]. Based on lesion-
bypass specificity (Table 1), E. coli DNAP V appears to be
the functional ortholog of human DNAP η [36], which is
almost certainly responsible for correct bypass of UV-lesions
in human cells and minimizing UV-light mutagenesis that
leads to skin cancer [60–65].

On its own, UmuC, which is the polymerase subunit
of DNAP V, either misfolds or aggregates and is found
in inclusion bodies [22, 50, 66]. UmuC copurifies with
UmuD’, though the yield is invariably low [22, 50, 66].
RecA is also required for efficient DNAP V activity, and
recently, the “DNAP V mutasome” was shown to be a
UmuC/UmuD’2/RecA heterotetramer [67, 68]. The RecA
monomer is added from the 3′-end of a RecA filament either
in cis or in trans, where the former seems intuitively more
likely, since UmuC/UmuD’2 would encounter a 3′-cis-RecA
at a lesion site, given that RecA filaments coat ss-DNA on
the downstream side of a lesion-blocked replication fork. To
form RecA filaments on ss-DNA, SSB must first be removed,
which is accomplished by RecFOR [69]. Interestingly, some
evidence suggests that the RecA eukaryotic homolog Rad51
is able to stimulate DNAP η, which is the DNAP V ortholog
[70]. β-clamp also plays a significant role with DNAP V as
discussed below.

DNAP IV replicates undamaged DNA only ∼5-fold less
accurately than the catalytic α-subunit of DNAP III [54]. It is
prone to making−1 frameshift mutations in homopolymeric
runs of six or more G : C base pairs, and base substitutions
also result [22, 71]. DNAP IV’s most striking quality is
its ability to accurately bypass a variety of N2-dG adducts
[72–77]. Methylglyoxal is produced nonenzymatically from
various cellular trioses and forms N2-(1-carboxyethyl)-2′-
dG as its major stable adduct, which is bypassed accurately by
DNAP IV [76]. Oxidative metabolism forms reactive oxygen
species that generate lipid peroxidation products that give
exocyclic adducts, some of which can ring-open to N2-dG
adducts in ds-DNA [78] and might be bypassed by DNAP IV,
though this has not been investigated experimentally. These
observations have led several groups to speculate that the
cellular rationale for the genesis of the IV/κ-class of Y-Family
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Table 1: Dominant dNTP insertions opposite various DNA adducts/lesions by E. coli DNAPs IV and V, and human DNAPs κ and η.†

Lesion DNAP V DNAP η DNAP IV DNAP κ

[+ta]-BP-N2-dG A/C A ≥ G C C

AAF-C8-dG C C C/T C/T

AF-C8-dG — — C C

TT-CPD AA AA n n

T(6-4)T AG nG n n

AP site A A n A∗
†

Dominant dNTP insertion using purified DNAPs, where “n” indicates “no” or low activity, “A∗” indicates bypass by an unusual mechanism, and “—”
indicates data unavailable. Data, as reviewed in [44].

DNAPs is the accurate bypass of N2-dG adducts derived from
various endogenous mechanisms [72, 76].

No analogous story vis-a-vis adducts/lesions has yet
emerged to provide a rationale for the presence of B-family
DNAP II in cells, though one possibility is its involvement
in an accurate DNA repair pathway for interstrand cross-
links [45]. An analogous pathway involving B-family DNAP
ξ exists in eukaryotic cells, and a pathway has been proposed
[46–49]. As discussed below, DNAP II functions in other TLS
pathways.

UmuD2C (not UmuD’2C) is thought to slow down
normal DNA replication in response to DNA damage,
thus allowing additional time for lesion removal, which is
considered a DNA damage checkpoint analogous to what
happens in eukaryotic cells [79]. Another mechanism to
accomplish this was recently described: DNAP II or IV
can associate with the DnaB helicase and slow down the
replication fork [80].

The TLS-DNAPs also confer selective advantage on E.
coli during long periods in stationary phase, the so-called
“growth advantage in stationary phase” (GASP) phenotype
[81]. Finally, DNAP IV is particularly elevated in stationary
phase (∼7500/cell) and is implicated in adaptive mutagenesis
[82].

3. Eukaryotic Y-Family DNAPs

Extensive reviews of the cell biology, regulation, and phe-
nomenology of eukaryotic Y-Family DNAPs have appeared
recently [7–12]. Herein, we focus on structural considera-
tions that relate to lesion bypass, though we briefly describe
each of the four subclasses of eukaryotic Y-Family DNAPs:
REV1, DNAP κ, DNAP η, and DNAP ι.

REV1 is not a traditional template-directed polymerase
and does not use base-base hydrogen bonding. Rather REV1
is a dCTP insertase that flips template dGs out of the helix,
after which dCTP insertion is directed by hydrogen bonding
to a REV1 arginine residue [83]. REV1 seems to play a central
role in many lesion bypass events as a structural component,
and DNAPs κ, η, and ι each have REV1 binding domains
[9].

DNAP κ is the eukaryotic ortholog of DNAP IV (Table 1),
and they seem to be present in cells to accurately insert
opposite N2-dG adducts [84], for example, DNAP κ deficient
cells are sensitized to killing by benzo[a]pyrene, which

predominantly forms an N2-dG adducts [85]. DNAP κ
uniquely has an N-terminal extension of 100 aa called the
“N-clasp” [35]. The N-clasp has three α-helices in a U-shape,
one of which (∼aa30–50) binds on the surface of the fingers
domain, the second of which (∼aa50–75) links the fingers
and thumb domains and lies diagonally across the duplex
region of DNA, and the third traverses the thumb domain
to the usual site of the N-terminus in Y-Family DNAPs.
Removal of the N-clasp significantly decreases DNAP κ
polymerase activity [35]. The presence of the N-clasp has
implications for lesion bypass; for example, DNAP κ does
not bypass the N6-dA adduct of benzo[a]pyrene [86], which
has been attributed to a steric clash between the N-clasp and
the pyrene moiety, as revealed in a molecular modeling study
[87]. DNAP κ structure is considered below.

A major role of DNAP η is nonmutagenic bypass of UV
lesions, such as TT-CPDs, and humans deficient in DNAP η
have the cancer-prone syndrome Xeroderma pigmentosum
variant (XPV), which leads to a high incidence of UV-
induced skin cancer [60–65]. Both human and yeast DNAP
η preferentially insert dATP opposite the 5′-T and 3′-T of a
TT-CPD, with misinsertion being higher at the 3′-T, where
dGTP is incorporated ∼3% of the time [88, 89]. Recently,
X-ray structures of a TT-CPD in the active site of yeast
DNAP η [39] and human DNAP η [40] have emerged.
These findings are presented in a separate section(Section 8),
after certain principles about Y-Family DNAPs structure have
been discussed. DNAP η also plays a role in accurate bypass
of the oxidative lesion 8oxoG [90] and adducts formed by the
anticancer drug cis-platinum [91].

The role of DNAP ι in cells is more enigmatic, though
the fact that deficient cells show enhanced sensitivity to
oxidative damage may be revealing [92]. One interesting
feature of DNAP ι is its propensity to use syn-purines in the
template to form Hoogsteen base pairs syn-A : T and syn-
G : C[36, 37]. A cellular rationale for this is the following.
Oxidative damage leads to lipid peroxidation products,
which form exocyclic adducts that block the Watson-Crick
antiface of the DNA bases. Exocyclic purine adducts in the
syn-configuration can still base pair through their Hoogsteen
face. The syn-A : T base pair has two hydrogen bonds, just
like anti-A : T. However, both syn-G : C and syn-G : T base
pairs have only one hydrogen bond, unless a proton is
trapped. In a syn-GH+ : C base pair the trapped proton is
between N7G and N3C, whose pKa values are relatively
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Figure 1: Mutagenesis/carcinogenesis paradigm with benzo[a]pyrene. Steps in the horizontal direction lead toward carcinogenicity, and
include metabolic activation (step 1), reaction with DNA (step 2), adduct mutagenesis (step 3), and tumorigenesis (step 4). Steps in the
vertical direction lead to diminished carcinogenicity, and include metabolic detoxification (step 5), carcinogen deactivation (step 6), and
DNA repair (step 7). Diminished carcinogenicity is also associated with other cellular processes, such as delaying the cell cycle and apoptosis
[1].

high (∼3), while a trapped proton in a syn-GH+ : T base
pair would be between O6G and O4T, whose pKa values are
much lower. Thus, a syn-GH+ : T base pair is expected to
be less stable than a syn-GH+ : C base. Evidence for DNAP
ι using syn-GH+ : C base pairing exists [37]. 1,N6-etheno-A
directs both dCTP and dTTP incorporation, and in this case
both require a trapped proton [38], where the pKa values
of the relevant atoms trapping the proton are more equal.
While such thinking is considered satisfying [12], one finding
suggests that the situation can be more complex. DNAP ι
preferentially incorporates dCTP opposite the major adduct
of 2-acetylaminofluorene (AAF-C8-dG) [93], Syn-AAF-C8-
dG places the bulky AAF-moiety in the minor groove, where
molecular modeling showed that it does not fit, while anti-
AAF-C8-dG : C pairing, which places the AAF-moiety in the
spacious major groove side of DNAP ι, is possible [94]. The
authors propose that purine adducts with bulk on the minor
groove side probably use syn-purine pairing, but that purine
adducts with bulk on the major groove side probably use
antipurine pairing. Anti-AAF-C8-dG : C pairing requires a
modest change in sugar pucker (from C3′-endo to C1′-exo),
as noted in modeling studies with both DNAP ι [94] and
Dpo4 [95].

Base substitution rates on undamaged templates are
relatively high with all of these polymerases: yDNAP η (∼
10−2), hDNAP η (∼3.5 × 10−3), h DNAP κ (∼6 × 10−4), and
hDNAP ι actually prefers to form template-dT : dGTP; indel
mutation rates are all in the same range (∼1–2.4 × 10−3)
(reviewed in [7]).

4. Y-Family DNAP Mechanistic Steps

A number of comprehensive reviews have appeared that ana-
lyze the structures of Y-Family DNAPs [10–12, 32, 33]. In this
section, we focus on what is known about protein structural
changes that occur during DNA synthesis as probed via X-
ray structural analysis and other techniques, principally with
Dpo4. The chemistry of catalysis is also considered.

Upon DNA binding to Apo-Dpo4, the thumb/palm/
fingers domains do not change their structure dramatically.
However, the little finger domain acts like a door, which
is open in Apo-Dpo4, and then rotates ∼130◦ to close
around DNA; in particular, it binds in the major groove
in the duplex region from about L + 3 to L + 8 [33].
This motion is facilitated by the fact that the little finger is
connected to the rest of the protein by a simple ten amino
acid tether. Once binary-Dpo4 is formed, the palm, fingers
and little finger translate ∼3.3 Å along the helix as the next
template base slides into the active site, which opens the
space into which the complementary dNTP binds to give
ternary-Dpo4 [32]. The thumb domain, however, does not
move in this step, but, rather, moves either before, during,
or after the subsequent covalent reaction step. A variety
of subtler changes in Dpo4 structure are also reported to
accompany these steps [32, 33]. Kinetic studies reveal that
Y-Family DNAPs have a rate-determining conformational
change before dNTP incorporation [10, 96], and three
conformational states E, E′, and E′′ have been reported,
where the E′ → E′′ conformational transition is rate
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determining, though the nature of these states have not
been identified. Recently, hydrogen-deuterium exchange in
tandem with mass spectrometry has been used to study
conformational changes in Dpo4 brought about by dNTP
binding [30]. Correct dNTP binding affects the structure
of a loop between the B-helix and the C-helix above the
Dpo4 active site. (The positioning of these features can be
inferred from the UmuC(V) sequence in Figure 2.) Another
conformational change was also detected in the H-helix,
which contacts the primer strand and was proposed to
move away from the active site in conjunction with ds-
DNA movement to permit room for correct dNTP binding.
The F-helix also moves, but this motion is not specific for
the correct dNTP. In terms of lesion bypass, Dpo4 showed
decreased catalytic efficiency with increasing bulk of N2-dG
adducts, which was attributed more to the effects of the bulky
lesion on the rate of the catalytic step than on the rate of the
conformational steps [31].

Several studies have shown that dNTP incorporation
is more dependent on base: base hydrogen bonding for Y-
Family DNAPs than for DNAPs in other families during the
replication of both undamaged and damaged DNA [97–99].

The steps in covalent catalysis by Dpo4 have
been explored using a combination of molecular
modeling/dynamics and ab initio QM/MM minimizations;
a novel water-mediated and substrate-assisted mechanism
was proposed [100]. In the first step, a water molecule in
the active site serves as a conduit to deprotonate the primer
3′-OH and protonate an oxygen on the α-phosphate of the
dNTP. In the second step, a second water molecule in the
active site serves as a conduit to deprotonate the oxygen on
the α-phosphate of the dNTP and to protonate an oxygen on
the γ-phosphate. Following these two steps the deprotonated
3′-O− of the primer is a stronger nucleophile and attacks the
α-phosphate, while the second water molecule serves as a
conduit again—this time to deprotonate the γ-phosphate of
the dNTP and to protonate the β-phosphate, which is on the
pyrophosphate leaving group, thus facilitating its removal.

5. The Steps Leading to Translesion
Synthesis in E. coli

A well-developed model for the steps in translesion synthesis
has emerged for E. coli [107]. Replicative DNAP III stalls at
many adducts. For example, in the case of AAF-C8-dG, the
3′ → 5′ exonuclease activity of DNAP III competes with
its polymerase activity, such that [L-1] : [L0] ratio is ∼10 : 1
ratio of primers, as determined in vitro [66]. A TLS-DNAP
probably helps dissociate a stalled DNAP III from the lesion
site (see below). DNAP III reinitiates replication hundreds
to thousands of base pairs downstream of the adduct/lesion
at the next primosome assembly site in a process called
“replication restart,” either on the lagging strand using the
normal lagging strand machinery (i.e., PriA/B/C, DnaB/C/T,
and primase), or on the leading strand, whose details are
being worked out [108, 109]. This leaves an ss-gap between
the lesion site and the site where DNAP III did replication
restart. This gap is either filled via recombination or via DNA

replication, which begins with the action of TLS-DNAPs
[15, 108, 109].

DNAP IV binds β-clamp to help release a stalled DNAP
III from the same β-clamp, leaving DNAP IV/β-clamp at
the site of the lesion [110]. This process is rapid (t < 15 s).
Presumably, a similar mechanism operates for each TLS-
DNAP (II, IV and V), which all have β-clamp binding sites
(consensus: QLxLF) that are required for them to be active
in E. coli [111]. An X-ray structure shows that the underlined
amino acids QLVLGL at the C-terminus of DNAP IV form
the main interactions with a “cleft” in the β-clamp [112].
The α-subunit of DNAP III and the δ-subunit of the γ-
complex also bind to the cleft in the β-clamp. DNAP IV
and V can also bind to a site in the “rim” of the β-
clamp, but this seems unimportant for TLS [113–115]. In
vitro studies show that β-clamp stimulates both polymerase
activity and processivity of TLS-DNAPs: the addition of β-
clamp in vitro increases DNAP IV activity ∼2000-fold and
processivity from 1 nucleotide to ∼400 nucleotides, and also
increases DNAP V activity ∼100-fold and processivity from
1-2 nucleotides to ∼18 nucleotides [22].

What factors affect the choice about which TLS-DNAP
will insert opposite a particular lesion? Several lines of
evidence suggest that E. coli has a hierarchy for the replication
of normal, unadducted DNA when DNAP III is inactivated:
DNAP II > IV > V [116]. (The assays did not permit an
assessment of DNAP I.) Since this order (III > II > IV > V)
does not reflect the relative concentration of these DNAPs
in cells (see above), another mechanism for decision making
was suggested, such as relative DNAP affinity for the β-
clamp. This order does reflect relative fidelity of these DNAPs
and would be a sensible order for E. coli to allow TLS-DNAPs
to initially sample adducts/lesions prior to a decision about
which will do TLS. But the ultimate decision is probably pre-
dominantly controlled by which TLS-DNAP is most efficient
at bypassing a particular adduct/lesion biochemically.

After insertion opposite the lesion, additional extension
synthesis by a TLS-DNAP is required, or else DNAP III’s
proof-reading 3′ → 5′ exonuclease activity will remove the
inserted nucleotides back to the site of the lesion [66, 117].
The amount of extension required before DNAP III can
resume normal synthesis appears to be pathway dependent,
where it is [L + 4] for the AAF-C8-dG nonmutagenic
pathway with DNAP V, and [L + 3] for the AAF-C8-dG −2
frameshift pathway with DNAP V [66, 83, 117].

6. Two Case Studies Showing the Interplay of
Y-Family DNAPs in Translesion Synthesis

More is known about the details of TLS for the major
adduct of N-2-acetylaminofluorene (AAFC8-dG), and N2-
dG adducts in E. coli than for any other adducts/lesions in
any other model system. In these cases, multiple translesion
DNAPs are involved in both the nonmutagenic and muta-
genic pathways, as outlined in this section.

AAF was originally developed as a potential pesticide, but
it was abandoned when it was found to be a potent rat car-
cinogen [118]. Following activation, AAF principally binds at
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Secondary 1 1 10 A 20 2 30 3 40 B 45
Comsensus M F A L C D V N N F Y A S C E R V F R P D L R G K P V V V L S N N D G C V I A R S A E A K

Percent 55 56 84 87 42 100 31 87 43 88 97 57 95 81 97 46 57 86 54 97 46 85 29 54 40 89 67 70 92 91 93 94 94 94 95 84 54 55 84 74 72 28 74 91 89
AA type h h u l h D h s s h Y s S s E p h h p P t h . t h s l l V L S N N D G s h l u t s . t A +
E. coli M F A L C D V N A F Y A S C E T V F R P D L W G K P V V V L S N N D G C V I A R N A E A K

A 34 0 346 5 40 0 58 8 35 6 0 236 13 47 0 9 41 1 5 6 41 0 47 2 3 22 7 23 4 8 1 1 2 1 7 5 53 2 346 45 0 116 10 372 1
C 1 0 4 5 55 0 129 0 9 20 0 66 0 334 1 14 1 0 1 0 0 0 15 0 1 0 4 2 1 0 0 0 0 0 0 344 21 5 1 19 7 0 0 1 0
D 3 0 0 0 0 411 0 19 0 0 0 0 0 0 0 0 0 2 76 0 190 0 1 42 0 0 0 0 0 1 1 1 4 386 0 0 0 0 0 0 1 24 13 0 0
E 1 0 0 0 0 0 0 1 0 0 0 0 1 0 397 9 0 0 3 0 33 0 38 4 13 0 0 0 0 0 2 1 0 0 0 0 0 0 0 0 0 22 305 0 0
F 3 229 6 1 0 0 0 0 0 363 13 0 0 4 0 0 2 353 0 0 1 2 1 1 3 1 0 0 0 0 0 0 0 0 0 0 6 0 0 0 0 1 0 2 0
G 0 0 28 0 0 0 43 0 14 0 0 1 0 0 0 0 0 0 0 1 9 0 0 222 0 2 1 4 0 6 7 4 4 8 392 0 0 0 0 2 0 1 1 1 0
H 0 1 0 21 0 0 0 0 0 0 0 0 0 0 1 0 0 0 8 0 9 0 3 9 6 0 0 0 0 0 0 0 0 1 1 0 0 0 0 0 0 2 0 0 0
I 23 72 3 14 113 0 31 0 0 0 0 1 0 2 0 1 21 10 0 0 0 16 16 0 5 0 78 87 23 0 0 0 0 0 0 11 103 227 0 2 0 0 5 1 0
K 7 0 0 0 0 0 0 15 2 0 0 0 0 0 0 44 0 2 5 0 35 0 61 19 166 0 0 0 0 1 1 0 1 2 1 0 0 0 0 2 0 22 4 0 366
L 11 11 11 358 10 0 11 0 0 0 1 0 0 0 0 2 78 29 0 1 1 351 8 0 6 10 36 6 0 373 0 0 0 0 0 5 5 15 0 7 0 0 26 11 0
M 224 0 8 2 7 0 4 0 0 22 0 0 0 1 0 2 8 6 0 0 1 3 0 0 0 0 6 0 2 6 0 0 0 0 0 10 0 0 0 5 0 0 2 1 0
N 2 0 0 0 0 0 2 358 175 0 0 0 1 0 0 0 4 0 74 0 5 0 34 82 2 1 0 0 0 0 5 385 385 2 0 16 0 0 0 0 88 62 0 0 0
P 9 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 397 0 1 0 0 0 365 0 0 0 1 1 0 0 0 1 0 0 0 1 3 0 51 2 0 0
Q 1 0 0 3 1 0 1 2 2 0 0 0 0 0 6 79 0 0 18 0 9 0 15 3 12 0 0 0 0 1 1 0 2 1 0 0 0 0 0 3 0 11 37 0 1
R 3 0 0 0 0 0 0 2 2 0 0 0 1 0 0 190 3 3 220 1 14 0 121 13 135 0 0 0 0 0 2 5 6 4 0 0 0 0 0 304 0 52 1 0 39
S 12 0 0 0 9 0 11 1 169 0 0 1 391 1 6 3 17 1 1 2 41 0 3 2 2 7 0 0 1 1 382 11 4 1 7 6 1 5 56 2 296 8 3 4 0
T 12 13 0 0 0 0 0 1 3 0 0 8 4 0 0 58 3 0 0 1 9 0 6 10 15 0 2 0 3 2 7 2 2 4 2 4 2 1 5 3 19 4 1 3 2
V 62 5 2 0 174 0 121 4 0 0 0 97 0 22 0 0 233 0 0 1 1 0 13 1 41 2 276 289 377 9 0 0 1 0 0 10 220 156 2 14 0 2 0 15 2
W 2 8 0 0 0 0 0 0 0 0 0 1 0 0 0 0 0 2 0 0 0 30 25 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0
Y 1 69 0 0 0 0 0 0 0 0 397 0 0 0 0 0 0 2 0 1 0 6 4 1 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 32 0 0 0
X 0 3 3 2 2 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 12 2 0 0 1 1 1 0 0 2 1 1 0 1 0 0 0 0 0 0 0 1 1 0 0

HYDRO 370 394 380 385 399 0 354 12 44 411 411 401 13 410 1 28 384 403 6 406 45 409 129 5 59 400 407 407 407 397 2 1 3 1 8 385 408 405 350 95 7 202 45 403 3
90 96 92 94 97 0 86 3 11 100 100 98 3 100 0 7 93 98 1 99 11 100 31 1 14 97 99 99 99 97 0 0 1 0 2 94 99 99 85 23 2 49 11 98 1

LONG 13 0 0 3 1 0 3 377 181 0 0 0 2 0 6 313 7 5 317 1 63 0 231 117 315 1 0 0 0 2 9 390 394 9 1 16 0 0 0 309 88 147 42 0 406
3 0 0 1 0 0 1 92 44 0 0 0 0 0 1 76 2 1 77 0 15 0 56 28 77 0 0 0 0 0 2 95 96 2 0 4 0 0 0 75 21 36 10 0 99

SHORT 37 13 0 3 10 0 14 379 353 0 0 9 397 1 12 374 27 6 318 4 113 0 240 129 332 8 2 0 4 5 398 403 400 14 10 26 3 6 61 314 403 159 46 7 408
9 3 0 1 2 0 3 92 86 0 0 2 97 0 3 91 7 1 77 1 27 0 58 31 81 2 0 0 1 1 97 98 97 3 2 6 1 1 15 76 98 39 11 2 99

Secondary 46 50 C 60 4 70 80 D 90
Comsensus A L G I K M G E P W F K I K D L L R R H G V V V F S S N Y A L Y A D M S N R V M S T L E E

Percent 52 70 87 64 48 75 80 25 94 41 86 50 29 48 26 37 22 23 33 37 51 63 25 49 59 94 89 94 85 34 94 100 46 70 57 96 22 86 60 73 21 30 64 46 28
AA type . h s l . h t . P h a p . p t . h . t . t l . h h S u N a t L Y u p h S t + h h t h h t t
E. coli A L G V K M G D P W F K Q K D L F R R C G V V C F S S N Y E L Y A D M S N R V M S T L E E

A 214 39 1 0 55 9 30 67 5 23 0 4 39 15 42 19 33 14 30 21 4 8 69 97 4 0 21 0 0 139 1 0 188 7 1 2 65 6 3 18 65 8 13 58 17
C 0 1 0 0 0 0 3 0 0 0 0 0 19 0 0 1 68 1 1 23 0 0 0 46 15 0 1 0 0 1 0 0 0 0 2 0 0 0 1 1 10 5 1 0 0
D 10 0 3 0 1 0 0 48 0 0 0 1 1 0 105 16 1 8 12 3 22 0 0 0 0 0 0 5 0 3 1 0 0 288 0 0 15 1 0 0 16 0 0 1 36
E 32 0 0 0 11 0 0 101 0 9 0 28 1 28 82 27 5 90 30 23 9 0 15 0 0 1 0 3 0 118 0 0 5 31 0 0 25 4 0 0 45 4 0 190 115
F 3 19 2 0 0 1 41 0 0 35 355 0 6 0 0 21 66 13 0 3 0 0 3 9 244 0 0 0 38 0 3 2 0 0 6 0 0 0 53 11 0 0 6 1 0
G 1 0 359 0 9 4 329 10 0 2 0 0 1 0 10 0 0 2 3 7 211 5 0 0 0 1 5 0 0 8 0 0 170 1 0 3 11 0 0 3 4 0 0 55 18
H 0 1 5 0 3 0 0 2 0 0 23 3 1 2 31 2 0 5 3 152 11 0 33 0 1 0 0 2 3 0 1 0 14 2 1 0 18 3 0 11 3 9 0 3 4
I 1 15 0 262 0 0 0 8 0 17 0 1 118 4 0 41 66 6 0 2 1 99 72 30 3 0 0 2 0 2 3 0 8 0 43 0 1 0 22 9 0 84 79 0 1
K 34 0 10 1 196 38 1 13 0 1 2 205 2 197 23 26 8 60 55 34 42 0 22 0 2 7 0 1 0 2 3 0 0 3 4 0 9 29 0 1 14 0 0 21 17
L 16 289 0 33 1 1 0 3 5 34 1 14 41 6 0 153 89 32 3 29 0 34 10 12 63 0 0 0 0 0 385 0 5 0 99 0 3 1 27 2 3 59 265 8 5
M 1 10 0 0 0 310 0 19 0 4 0 5 5 1 0 19 7 0 3 2 0 3 2 6 0 0 0 0 20 0 4 0 0 0 236 0 3 3 57 299 1 5 2 0 4
N 6 0 6 0 5 2 2 1 1 0 0 0 3 0 22 6 1 13 3 32 64 0 5 0 0 3 0 387 1 8 0 0 2 15 0 6 90 0 0 13 30 1 0 6 9
P 21 0 1 0 70 12 0 1 386 0 0 0 0 7 24 0 9 6 22 9 10 0 0 1 0 10 16 0 1 21 0 0 0 0 0 0 0 0 0 0 0 0 0 0 2
Q 30 0 0 0 13 0 0 30 0 0 0 130 52 27 26 22 4 31 87 22 17 0 27 0 2 0 0 0 0 1 0 0 5 2 0 0 52 5 0 4 35 0 2 5 32
R 17 2 2 0 30 14 5 5 7 1 3 16 4 122 25 34 16 93 134 14 18 0 22 0 42 1 1 9 0 2 0 0 1 3 1 0 64 355 0 3 30 0 0 33 65
S 13 1 1 0 4 9 0 4 3 0 1 0 0 0 16 2 1 8 10 21 2 1 4 4 0 387 367 1 0 26 1 0 12 54 0 396 51 2 0 1 87 4 0 21 64
T 6 4 0 0 7 8 0 39 0 3 0 2 0 0 4 5 2 5 3 0 0 1 11 1 1 0 0 1 0 79 4 0 0 1 1 4 2 0 2 12 56 123 1 8 21
V 6 6 1 114 3 2 0 60 4 21 0 0 100 0 0 12 29 2 1 1 0 259 103 200 10 1 0 0 0 1 1 0 1 1 8 0 2 0 246 17 10 109 21 0 1
W 0 4 0 0 1 0 0 0 0 92 2 0 7 0 0 1 0 0 0 3 0 0 1 3 0 0 0 0 0 0 1 0 0 0 0 0 0 0 0 0 1 0 0 0 0
Y 0 12 3 1 1 1 0 0 0 168 21 0 9 0 0 2 4 7 4 8 0 1 8 0 22 0 0 0 348 0 3 409 0 3 9 0 0 2 0 6 1 0 21 1 0
X 0 8 17 0 1 0 0 0 0 1 3 2 2 2 1 2 2 15 7 2 0 0 4 2 2 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0

HYDRO 262 395 8 410 131 336 74 158 400 394 379 24 344 33 66 269 371 81 64 101 15 404 268 404 361 11 38 2 407 164 401 411 202 11 404 2 74 12 409 363 91 270 408 68 30
64 96 2 100 32 82 18 38 97 96 92 6 84 8 16 65 90 20 16 25 4 98 65 98 88 3 9 0 99 40 98 100 49 3 98 0 18 3 100 88 22 66 99 17 7

LONG 87 2 18 1 244 54 8 49 8 2 5 351 61 346 96 88 29 197 279 102 141 0 76 0 46 11 1 397 1 13 3 0 8 23 5 6 215 389 0 21 109 1 2 65 123
21 0 4 0 59 13 2 12 2 0 1 85 15 84 23 21 7 48 68 25 34 0 18 0 11 3 0 97 0 3 1 0 2 6 1 1 52 95 0 5 27 0 0 16 30

SHORT 106 7 19 1 255 71 8 92 11 5 6 353 61 346 116 95 32 210 292 123 143 2 91 5 47 398 368 399 1 118 8 0 20 78 6 406 268 391 2 34 252 128 3 94 208
26 2 5 0 62 17 2 22 3 1 1 86 15 84 28 23 8 51 71 30 35 0 22 1 11 97 90 97 0 29 2 0 5 19 1 99 65 95 0 8 61 31 1 23 51

Comsensus F A P R V E I Y S I D E A F L D L T G V P N C R D L T D F G R E I R A T V L Q W T G I P V
Percent 31 30 75 26 43 82 43 98 100 97 100 100 47 97 48 61 60 32 57 19 17 15 24 19 48 60 21 25 36 59 43 23 49 76 25 32 66 36 29 29 61 66 55 63 56
AA type h s s t . c . Y S I D E . F h p h t t . . . . . t . . . h s t t h p t t l h p . h t l s h
E. coli L S P R V E I Y S I D E A F C D L T G V R N C R D L T D F G R E I R A T V L Q R T H L T V

A 16 123 12 50 6 2 8 3 0 0 0 0 194 0 36 2 14 12 19 3 9 61 25 19 6 6 15 61 2 111 16 29 3 3 101 38 7 9 8 1 13 4 0 5 6
C 4 29 0 4 6 0 0 0 0 0 0 0 67 0 52 3 12 1 0 21 0 0 97 1 29 0 0 1 0 39 2 0 0 5 2 1 1 0 0 19 12 0 0 0 43
D 0 0 15 54 0 5 0 0 0 0 411 0 0 0 0 249 0 22 11 1 25 8 33 18 199 0 23 101 0 0 2 34 0 0 18 10 0 4 13 6 0 0 0 0 0
E 7 3 26 86 0 335 2 0 0 0 0 411 0 0 0 15 0 19 5 0 25 8 7 20 24 0 74 65 0 0 17 95 0 0 74 35 0 5 6 56 1 2 0 2 0
F 127 9 1 0 3 8 1 0 0 0 0 0 6 400 7 0 71 0 0 28 28 7 24 16 0 21 1 13 148 0 2 2 5 0 1 0 0 11 0 3 0 0 0 0 0
G 0 8 0 9 0 0 0 0 1 0 0 0 2 0 9 7 0 10 236 0 5 23 8 46 4 1 1 8 1 242 1 2 0 0 3 1 0 10 1 20 0 273 0 1 0
H 13 0 1 27 4 36 0 0 0 0 0 0 0 0 0 10 0 3 24 0 9 32 13 9 0 8 20 4 31 0 43 9 0 6 8 14 0 13 12 38 0 52 0 3 0
I 7 4 2 1 59 0 176 2 0 399 0 0 2 2 47 1 29 0 0 74 2 4 43 43 1 21 9 6 9 1 2 0 203 7 1 8 112 4 1 3 38 0 164 0 61
K 2 0 2 15 0 0 4 0 0 0 0 0 0 0 0 8 0 38 4 0 9 36 4 30 1 3 20 21 1 0 26 52 0 29 44 33 0 32 102 7 0 3 0 0 0
L 107 1 2 4 48 0 1 1 0 1 0 0 20 1 198 8 247 2 1 35 12 16 18 8 0 245 15 9 57 2 19 26 131 3 2 18 19 147 2 4 56 0 226 0 6
M 54 0 0 0 17 3 2 0 0 0 0 0 30 0 14 0 12 0 0 28 9 0 1 25 0 4 2 0 2 3 10 7 35 0 0 2 0 2 1 0 1 0 5 0 13
N 8 6 3 17 0 1 1 0 0 0 0 0 5 0 0 17 0 16 26 1 22 62 17 4 44 1 12 6 1 0 8 6 0 0 21 5 0 1 6 41 0 3 0 1 5
P 0 0 307 1 0 0 26 0 0 0 0 0 0 0 0 4 0 15 10 0 71 9 23 28 8 33 2 19 0 1 0 0 0 0 0 0 0 4 0 0 0 0 0 257 0
Q 10 0 3 15 62 0 38 0 0 0 0 0 0 0 0 7 0 7 4 1 13 15 15 11 4 0 26 26 15 0 62 87 0 33 40 30 0 12 121 19 0 0 0 1 0
R 4 0 1 106 0 0 14 0 0 0 0 0 0 0 0 25 0 44 35 1 55 14 17 80 1 14 23 14 10 0 175 26 0 311 57 77 0 71 113 58 0 45 0 3 0
S 6 96 27 6 12 8 1 0 410 0 0 0 75 0 0 40 0 84 17 13 11 38 18 13 58 0 20 25 0 7 9 15 0 2 26 5 0 1 25 5 1 11 0 11 2
T 0 41 5 8 10 2 1 3 0 0 0 0 3 0 1 8 0 132 6 7 17 7 7 11 9 3 87 23 6 4 11 19 2 0 11 130 2 4 0 3 250 18 0 112 44
V 4 77 2 6 178 1 135 0 0 10 0 0 7 0 45 1 25 2 1 77 7 7 24 16 2 12 27 6 25 1 4 1 32 7 1 2 270 2 0 2 39 0 16 10 231
W 2 14 0 2 1 2 0 1 0 1 0 0 0 4 0 0 0 0 0 0 0 1 0 0 0 6 2 0 37 0 0 0 0 0 0 0 0 46 0 119 0 0 0 0 0
Y 40 0 2 0 5 8 1 401 0 0 0 0 0 4 2 6 1 1 0 26 2 5 7 11 2 10 13 0 65 0 2 1 0 5 1 2 0 33 0 7 0 0 0 5 0
X 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 3 12 95 80 58 10 2 19 23 19 3 1 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0

HYDRO 361 257 328 68 323 24 350 408 0 411 0 0 326 411 401 25 411 33 31 292 140 110 262 167 48 358 86 115 345 158 57 66 409 30 109 71 409 258 12 158 159 4 411 277 360
88 63 80 17 79 6 85 99 0 100 0 0 79 100 98 6 100 8 8 71 34 27 64 41 12 87 21 28 84 38 14 16 100 7 27 17 100 63 3 38 39 1 100 67 88

LONG 24 6 9 153 62 1 57 0 0 0 0 0 5 0 0 57 0 105 69 3 99 127 53 125 50 18 81 67 27 0 271 171 0 373 162 145 0 116 342 125 0 51 0 5 5
6 1 2 37 15 0 14 0 0 0 0 0 1 0 0 14 0 26 17 1 24 31 13 30 12 4 20 16 7 0 66 42 0 91 39 35 0 28 83 30 0 12 0 1 1

SHORT 30 143 41 167 84 11 59 3 410 0 0 0 83 0 1 105 0 321 92 23 127 172 78 149 117 21 188 115 33 11 291 205 2 375 199 280 2 121 367 133 251 80 0 128 51
7 35 10 41 20 3 14 1 100 0 0 0 20 0 0 26 0 78 22 6 31 42 19 36 28 5 46 28 8 3 71 50 0 91 48 68 0 29 89 32 61 19 0 31 12

Secondary 136 7 140 F 150 160 8 170 G 180
Comsensus G V G I A P T K T L A K L A N H A A K K - P P Q T G G V V D L S N P E R R R K L L A L L P

Percent 37 67 99 73 51 43 80 83 84 87 92 100 54 90 81 54 46 83 98 52 29 16 25 24 33 36 87 82 34 43 63 23 28 24 20 34 30 24 30 50 73 24 26 23 45
AA type s l G h u . o h s h A K h u s h h u K p . . . . . t s l h . h . . . . . . . . h h t . h .
E. coli G V G I A Q T K T L A K L A N H A A K K W Q R Q T G G V V D L S N L E R Q R K L M S A L P

A 17 5 4 4 209 48 1 2 11 0 380 0 26 369 1 1 188 343 2 7 1 7 36 72 10 40 2 0 15 55 5 15 9 17 57 19 10 20 44 53 1 97 39 3 52
C 105 0 0 3 0 1 1 0 0 0 2 0 8 27 0 0 7 9 0 0 0 1 1 2 3 0 0 5 112 5 2 10 3 11 8 0 3 0 1 3 0 6 1 3 1
D 0 0 0 0 0 6 0 0 0 0 0 0 0 0 12 15 1 1 0 8 0 12 19 12 1 30 0 0 0 175 0 77 107 33 53 31 2 66 24 0 0 7 3 0 36
E 0 0 0 0 0 23 0 0 0 8 0 0 0 0 0 7 3 4 0 17 0 15 23 26 3 16 1 2 0 7 0 18 9 74 84 34 9 68 19 0 0 34 8 2 30
F 0 2 0 26 0 1 0 0 2 0 0 0 4 0 0 2 15 0 0 0 11 4 1 1 71 1 0 4 57 2 19 1 0 1 5 0 1 0 1 5 12 0 1 12 0
G 154 0 407 0 186 2 0 0 6 0 0 0 0 10 2 5 3 0 1 1 3 1 0 52 3 146 359 1 0 0 0 21 11 12 10 5 1 2 3 0 0 27 6 0 5
H 0 0 0 0 0 8 0 0 1 0 0 0 0 0 0 220 0 0 0 5 5 16 3 15 21 13 9 0 2 5 1 3 6 2 15 0 2 4 17 2 0 8 13 0 8
I 0 122 0 300 0 0 0 0 0 7 0 0 60 0 0 5 60 0 0 2 3 38 0 16 1 3 0 33 7 20 84 14 0 32 3 12 41 26 4 42 3 0 24 89 0
K 0 0 0 0 0 12 0 340 0 0 0 411 0 0 0 33 2 1 404 214 1 10 31 25 5 20 0 1 1 2 0 3 9 7 22 42 9 31 124 1 0 53 26 4 16
L 0 6 0 29 0 1 0 40 6 357 0 0 222 0 1 5 68 0 0 2 10 20 11 0 33 1 0 9 39 15 258 4 3 29 12 16 45 22 5 206 298 3 105 93 5
M 0 0 0 21 0 0 0 6 0 2 0 0 8 0 2 0 9 0 0 0 1 0 0 1 1 1 0 5 1 2 9 9 0 1 0 2 10 3 3 4 76 3 8 30 0
N 0 0 0 0 0 2 29 0 0 0 0 0 0 0 332 4 0 3 0 13 0 26 0 7 4 39 5 0 2 43 0 12 117 2 18 38 0 13 12 0 0 6 15 0 7
P 0 0 0 0 0 178 0 13 0 0 0 0 0 0 0 0 0 0 0 5 0 66 101 1 0 14 0 0 0 0 2 3 10 98 16 1 19 1 12 0 0 15 5 2 186
Q 0 0 0 0 0 58 0 0 1 26 0 0 0 0 31 3 1 0 0 33 0 65 8 99 7 27 8 1 1 4 0 4 7 23 28 26 89 20 16 0 0 35 57 32 1
R 15 0 0 0 0 21 0 10 0 9 0 0 0 0 0 52 1 0 4 38 1 12 54 20 4 19 7 2 7 1 0 21 11 24 15 140 122 99 70 3 0 35 39 6 5
S 99 0 0 1 16 26 51 0 9 0 28 0 28 5 18 0 0 33 0 8 0 17 18 27 16 31 5 2 5 7 0 96 39 4 23 13 3 7 7 0 1 74 17 1 51
T 21 0 0 0 0 12 329 0 346 0 1 0 0 0 12 0 11 15 0 34 1 9 8 10 136 1 0 6 6 3 1 75 39 10 15 4 24 19 12 3 0 3 30 76 2
V 0 275 0 26 0 0 0 0 24 2 0 0 55 0 0 2 25 2 0 6 10 14 2 2 6 0 0 339 141 63 10 15 2 16 16 8 11 5 3 44 2 2 2 54 5
W 0 0 0 1 0 0 0 0 0 0 0 0 0 0 0 31 3 0 0 0 118 0 0 0 7 0 0 0 2 0 17 0 0 0 0 7 2 0 28 30 13 0 11 1 0
Y 0 1 0 0 0 12 0 0 5 0 0 0 0 0 0 26 14 0 0 0 18 42 0 8 57 0 1 0 13 1 3 1 6 0 4 7 5 5 6 15 5 3 1 2 0
X 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 18 228 36 95 15 22 9 14 1 0 1 0 9 23 15 7 6 3 0 0 0 0 0 0 1 1

HYDRO 122 411 4 410 209 241 2 61 48 368 382 0 383 396 4 72 389 354 2 22 172 192 152 103 189 60 3 395 387 163 409 72 33 205 121 72 147 82 107 402 410 129 197 289 249
30 100 1 100 51 59 0 15 12 90 93 0 93 96 1 18 95 86 0 5 42 47 37 25 46 15 1 96 94 40 100 18 8 50 29 18 36 20 26 98 100 31 48 70 61

LONG 15 0 0 0 0 93 29 350 1 35 0 411 0 0 363 92 4 4 408 298 2 113 93 151 20 105 20 4 11 50 0 40 144 56 83 246 220 163 222 4 0 129 137 42 29
4 0 0 0 0 23 7 85 0 9 0 100 0 0 88 22 1 1 99 73 0 27 23 37 5 26 5 1 3 12 0 10 35 14 20 60 54 40 54 1 0 31 33 10 7

SHORT 135 0 0 1 16 131 409 350 356 35 29 411 28 5 393 92 15 52 408 340 3 139 119 188 172 137 25 12 22 60 1 211 222 70 121 263 247 189 241 7 1 206 184 119 82
33 0 0 0 4 32 100 85 87 9 7 100 7 1 96 22 4 13 99 83 1 34 29 46 42 33 6 3 5 15 0 51 54 17 29 64 60 46 59 2 0 50 45 29 20

Figure 2: Continued.
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AA type l t c l W G l G t p h t t h L t . . s l . s s h p h t t . s . . . h p p . h s l . h . + h
E. coli V D D V W G I G R R I S K K L D A M G I K T V L D L A D T D I R F I R K H F N V V L E R T

A 17 25 3 0 0 0 0 2 4 15 1 101 62 11 0 41 139 10 1 0 6 1 284 41 22 0 206 22 142 10 33 48 17 45 9 30 16 9 0 5 5 7 38 1 2
C 2 0 0 1 1 0 1 0 2 0 0 2 0 0 20 0 0 2 0 2 1 0 8 2 0 0 1 8 3 0 0 0 0 0 0 0 6 8 0 0 1 0 0 0 0
D 1 57 186 1 0 0 0 0 2 0 0 6 7 0 1 26 8 3 4 1 12 3 0 1 238 0 0 96 0 140 20 25 5 0 0 19 1 0 0 0 2 0 0 1 0
E 0 101 178 0 0 0 0 0 4 0 0 29 34 4 0 64 20 6 7 0 24 0 0 6 38 0 0 55 1 19 35 15 26 0 4 4 24 0 0 0 36 3 257 6 0
F 0 0 1 9 1 1 0 0 3 0 1 2 1 14 6 0 4 6 0 2 12 0 0 20 0 56 0 7 0 0 0 1 73 0 0 0 1 267 0 0 0 0 0 0 0
G 0 116 1 0 1 396 1 402 8 6 0 31 7 5 0 10 15 5 346 0 7 0 5 17 2 0 0 9 0 2 4 45 1 0 5 6 3 10 105 0 1 109 2 0 0
H 0 1 2 0 0 0 0 0 25 0 14 2 13 18 0 14 2 13 3 0 38 1 0 10 3 0 1 9 5 8 0 18 13 0 3 3 76 0 9 0 1 0 0 5 0
I 66 2 0 97 0 1 216 0 0 4 106 0 2 0 0 13 10 14 1 338 5 0 20 1 0 4 6 0 9 0 40 2 24 188 9 0 1 2 0 65 27 24 7 1 20
K 0 18 18 0 0 0 0 0 25 70 3 9 183 194 0 24 22 15 5 0 100 7 0 19 3 0 24 10 11 7 2 37 2 3 44 237 43 0 0 6 1 0 9 24 0
L 18 0 1 18 1 0 1 0 0 0 127 7 7 11 372 4 39 76 0 5 15 1 1 194 1 346 4 10 35 0 21 6 79 75 5 2 31 37 0 3 12 178 41 3 68
M 3 0 1 2 0 2 0 0 1 0 18 0 0 7 5 2 12 156 0 2 2 2 6 10 0 0 3 11 75 0 0 2 14 35 3 3 6 36 0 0 7 32 14 0 11
N 0 21 8 0 0 2 0 1 11 0 6 7 15 2 0 81 8 9 38 0 43 45 0 1 0 0 0 52 0 70 12 15 0 0 0 6 45 0 107 0 16 0 1 7 0
P 3 0 0 0 6 0 0 0 15 0 0 0 9 0 0 0 1 0 0 0 0 0 1 1 0 2 0 0 0 91 133 10 8 0 0 0 0 0 3 1 2 0 0 0 0
Q 0 7 3 0 0 0 0 0 4 69 5 6 19 22 0 55 16 27 2 0 12 0 0 1 98 0 6 52 28 0 5 7 19 0 14 39 52 0 0 0 2 2 11 8 0
R 0 6 3 0 0 4 0 1 287 243 0 6 30 89 0 41 17 47 2 0 46 1 0 27 2 0 68 51 4 4 9 83 14 0 307 42 47 0 0 0 2 0 1 353 0
S 0 40 3 0 0 3 0 5 8 1 15 130 5 2 0 14 42 3 1 0 13 39 0 0 0 0 45 8 28 58 21 26 3 0 2 17 15 6 144 5 2 6 10 1 1
T 11 13 2 0 0 0 0 0 1 0 61 57 13 4 0 8 36 3 0 2 41 311 2 0 3 0 24 10 52 2 63 23 30 0 0 3 29 1 43 5 43 4 2 1 296
V 290 4 1 282 0 0 192 0 2 3 1 15 3 0 0 8 14 3 0 58 3 0 84 1 1 1 19 0 2 0 11 9 13 64 0 0 14 3 0 321 251 43 11 0 12
W 0 0 0 1 401 0 0 0 0 0 31 0 0 28 0 0 0 0 0 0 0 0 0 19 0 0 0 0 0 0 0 34 63 0 0 0 0 10 0 0 0 0 6 0 1
Y 0 0 0 0 0 2 0 0 9 0 22 1 1 0 7 6 6 13 1 0 31 0 0 40 0 2 4 1 16 0 2 5 7 1 6 0 1 22 0 0 0 3 1 0 0
X 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 1 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0

HYDRO 399 31 7 410 410 6 410 2 36 22 307 128 85 71 410 74 225 280 3 407 75 4 404 329 24 411 243 59 282 101 240 117 298 408 32 35 76 394 3 395 305 287 118 5 114
97 8 2 100 100 1 100 0 9 5 75 31 21 17 100 18 55 68 1 99 18 1 98 80 6 100 59 14 69 25 58 28 73 99 8 9 18 96 1 96 74 70 29 1 28

LONG 0 52 32 0 0 6 0 2 327 382 14 28 247 307 0 201 63 98 47 0 201 53 0 48 103 0 98 165 43 81 28 142 35 3 365 324 187 0 107 6 21 2 22 392 0
0 13 8 0 0 1 0 0 80 93 3 7 60 75 0 49 15 24 11 0 49 13 0 12 25 0 24 40 10 20 7 35 9 1 89 79 45 0 26 1 5 0 5 95 0

SHORT 11 105 37 0 0 9 0 7 336 383 90 215 265 313 0 223 141 104 48 2 255 403 2 48 106 0 167 183 123 141 112 191 68 3 367 344 231 7 294 16 66 12 34 394 297
3 26 9 0 0 2 0 2 82 93 22 52 64 76 0 54 34 25 12 0 62 98 0 12 26 0 41 45 30 34 27 46 17 1 89 84 56 2 72 4 16 3 8 96 72

Secondary 226 K 230 240 250 251 9 260 L 270
Comsensus V R E L R G E S C L E L E E F P P P K Q Q I V C S R S F G E R V T D EL E E L R Q A V A T Y

Percent 53 56 93 94 38 98 40 30 88 43 20 64 57 49 19 33 45 26 67 53 39 78 25 33 77 87 88 86 79 27 48 39 57 36 30 32 26 49 31 51 84 41 30 18 43
AA type . . E L p G . . s h . h p . . . . . p p p h h s o + o h u t . h t p h t . h . p s l . . a
E. coli V R E L R G E P C L Q L E E F A P T K Q E I I C S R S F G E R I T D Y P S M R Q A I C S Y

A 39 13 0 15 12 1 4 87 3 6 37 1 12 10 80 89 86 84 9 3 7 0 40 12 7 1 1 16 19 14 16 1 10 14 10 44 56 5 23 16 345 4 122 35 0
C 1 1 0 0 6 0 1 0 363 3 1 0 0 0 3 0 0 0 0 0 0 15 68 134 0 3 0 1 0 0 2 2 1 4 0 0 0 0 4 0 0 4 82 2 0
D 0 6 6 0 1 2 5 20 2 7 40 3 100 58 6 10 5 54 0 3 0 0 0 0 0 1 0 0 2 8 16 3 11 146 0 78 65 0 1 7 0 0 0 12 0
E 0 4 383 0 5 0 163 9 5 0 82 0 233 200 14 25 26 7 3 2 103 0 1 0 5 1 0 0 8 112 2 0 35 65 5 132 108 0 33 130 5 0 1 38 0
F 2 2 0 0 0 0 0 0 3 29 2 18 0 0 62 0 0 0 0 0 0 0 33 2 0 0 0 352 0 1 0 1 5 0 50 1 2 3 9 0 0 1 1 20 77
G 0 0 0 0 1 402 1 1 0 10 35 0 8 1 6 2 5 4 0 0 23 0 13 1 5 1 0 0 323 14 5 0 3 1 1 12 10 1 5 2 1 0 2 17 0
H 5 16 10 0 9 0 22 0 0 9 1 0 9 9 4 1 1 2 1 5 0 0 0 5 0 0 0 0 0 16 1 0 9 6 5 10 7 0 34 3 6 0 0 13 131
I 45 0 0 1 0 0 80 3 0 107 4 49 2 3 41 4 12 4 0 0 0 322 69 3 0 0 4 0 0 2 0 152 9 1 40 2 9 54 2 6 7 126 14 3 3
K 7 17 5 0 23 0 5 16 1 32 7 0 6 10 5 17 17 17 274 157 0 0 0 8 1 25 0 0 5 37 29 1 5 15 34 1 6 0 56 1 0 0 3 40 0
L 6 48 5 387 1 0 8 2 2 176 2 261 2 31 15 3 0 3 1 1 0 17 25 1 0 0 0 15 1 1 7 48 5 4 123 2 9 202 22 2 1 100 4 10 9
M 0 23 0 3 0 0 6 0 0 6 0 23 0 1 7 0 1 3 1 0 1 11 24 1 0 0 15 5 1 4 30 10 7 0 2 0 1 123 2 0 0 7 2 8 9
N 0 13 0 0 114 1 4 3 1 5 6 3 0 3 23 4 6 6 3 1 13 0 0 5 0 0 0 0 8 10 2 0 14 23 1 14 6 0 3 5 0 0 7 15 1
P 0 0 0 0 0 0 0 112 3 0 58 4 0 5 12 137 187 108 4 2 0 0 0 0 0 1 0 0 6 1 79 3 0 1 7 29 23 0 2 2 0 0 0 0 0
Q 53 17 0 0 69 2 39 3 2 0 40 0 12 11 9 3 12 13 6 216 162 0 11 0 0 16 1 0 0 81 3 15 2 24 10 28 15 0 57 210 1 0 2 31 0
R 0 231 0 0 157 1 5 9 7 4 7 0 2 3 0 50 6 12 91 16 9 1 4 6 0 357 0 0 1 45 199 0 20 6 15 4 1 0 128 3 8 0 10 7 2
S 3 5 0 5 2 1 0 123 6 7 58 0 14 13 13 8 24 22 5 2 74 1 11 94 316 0 360 2 29 24 5 0 25 34 1 19 67 0 15 11 21 1 85 74 0
T 0 1 2 0 0 0 27 4 4 4 19 1 5 34 26 11 11 56 10 3 18 25 3 42 77 3 22 0 3 28 8 5 236 65 0 29 18 0 9 10 1 1 42 75 0
V 218 0 0 0 0 0 31 19 7 3 12 11 6 8 69 16 9 16 0 0 1 17 103 93 0 2 8 17 0 9 2 159 5 0 7 2 5 23 3 2 14 167 19 5 0
W 27 5 0 0 11 1 2 0 1 0 0 37 0 0 0 0 1 0 0 0 0 0 1 0 0 0 0 0 0 0 2 0 1 0 2 0 0 0 1 0 1 0 1 0 2
Y 5 9 0 0 0 0 8 0 1 3 0 0 0 0 8 2 0 0 3 0 0 2 5 4 0 0 0 3 0 4 2 10 8 1 98 4 3 0 2 1 0 0 14 6 177
X 0 0 0 0 0 0 0 0 0 0 0 0 0 11 8 29 2 0 0 0 0 0 0 0 0 0 0 0 5 0 1 1 0 1 0 0 0 0 0 0 0 0 0 0 0

HYDRO 343 101 5 406 30 2 140 223 383 333 116 404 22 58 297 251 296 218 18 6 9 384 368 250 7 7 28 409 27 36 140 386 51 25 339 84 108 410 70 29 368 409 259 89 277
83 25 1 99 7 0 34 54 93 81 28 98 5 14 72 61 72 53 4 1 2 93 90 61 2 2 7 100 7 9 34 94 12 6 82 20 26 100 17 7 90 100 63 22 67

LONG 60 278 5 0 363 4 53 31 11 41 60 3 20 27 37 74 41 48 374 390 184 1 15 19 1 398 1 0 14 173 233 16 41 68 60 47 28 0 244 219 9 0 22 93 3
15 68 1 0 88 1 13 8 3 10 15 1 5 7 9 18 10 12 91 95 45 0 4 5 0 97 0 0 3 42 57 4 10 17 15 11 7 0 59 53 2 0 5 23 1

SHORT 63 284 7 5 365 5 80 158 21 52 137 4 39 74 76 93 76 126 389 395 276 27 29 155 394 401 383 2 46 225 246 21 302 167 61 95 113 0 268 240 31 2 149 242 3
15 69 2 1 89 1 19 38 5 13 33 1 9 18 18 23 18 31 95 96 67 7 7 38 96 98 93 0 11 55 60 5 73 41 15 23 27 0 65 58 8 0 36 59 1

Secondary 271 L 280 11 290 300 12 310 315
Comsensus A A R A A E K L R K E G Q Y C R A I S V F I R T S P F A P N E P Y Y T N S A T V K L P T P

Percent 59 27 69 77 62 70 83 81 95 21 42 28 36 25 45 30 14 40 27 58 78 35 34 75 63 54 64 24 15 20 32 53 28 74 30 42 42 42 26 30 26 73 28 21 68
AA type s . . s s t + h R t p t . h s t . h . h h h p s s . a t . . . . . h . . t . . . . h . . s
E. coli A A R A A E K L R S E H Q Y C R F I S T F I K T S P F A L N E P Y Y G N S A S V K L L T P

A 244 109 1 317 253 28 3 35 3 47 3 5 3 14 152 24 57 0 19 22 4 62 6 2 7 11 1 100 17 13 15 31 1 3 51 15 44 174 32 21 28 2 29 12 87
C 27 2 1 30 21 0 0 0 0 0 2 1 4 14 187 10 22 0 1 11 0 0 5 2 0 0 1 1 0 2 2 0 14 2 2 0 8 3 6 5 0 0 0 21 1
D 0 8 2 0 0 1 3 0 1 9 21 5 0 2 0 8 5 0 1 0 0 1 4 0 19 2 2 74 33 63 38 10 3 0 4 6 1 1 0 0 9 0 19 10 0
E 0 58 16 0 0 289 3 0 0 18 162 17 0 4 0 3 1 0 5 0 1 0 5 1 0 7 1 12 63 13 131 7 4 0 3 7 7 3 14 54 17 0 3 23 0
F 0 5 0 0 2 5 0 0 0 1 1 0 2 23 0 0 52 1 0 4 319 11 0 3 0 7 265 0 9 1 1 0 35 13 13 19 4 3 3 19 0 62 1 11 2
G 6 23 1 14 24 3 0 0 0 62 2 115 6 6 4 64 13 0 18 0 5 0 9 2 18 2 0 9 7 17 28 19 2 2 94 27 21 9 8 19 1 0 8 1 2
H 0 4 0 0 7 2 0 0 1 13 20 79 0 6 0 4 35 0 13 0 5 0 50 1 0 8 66 4 1 9 8 2 7 29 11 0 5 3 8 12 29 1 8 5 8
I 20 9 37 1 3 2 0 15 0 1 0 0 1 4 2 0 6 166 10 49 0 143 0 0 0 0 1 5 5 3 0 2 0 3 1 4 0 29 19 45 3 14 25 31 0
K 0 1 20 0 0 11 342 0 5 87 8 47 6 8 0 74 10 0 1 0 4 0 80 4 3 21 1 33 40 20 13 11 28 0 18 27 25 14 1 10 106 1 3 0 0
L 8 14 2 15 1 8 0 333 0 3 0 0 97 71 0 2 15 91 35 30 2 56 0 1 0 2 1 0 53 1 33 9 4 1 1 5 9 18 19 13 2 302 80 30 0
M 8 10 1 1 3 2 0 19 7 2 0 1 4 10 1 5 10 51 12 0 9 6 2 0 0 12 2 0 0 1 1 1 7 0 1 1 2 10 9 10 5 8 13 6 9
N 0 16 13 0 0 7 1 0 0 16 1 38 1 1 0 16 6 0 2 0 2 0 14 27 84 11 3 32 10 84 3 10 9 2 18 174 11 5 1 0 4 0 8 22 0
P 0 0 0 0 0 0 0 0 0 0 0 0 0 0 1 0 0 0 0 0 0 0 0 0 6 220 1 2 57 6 4 218 14 0 3 18 3 2 0 0 27 5 116 20 281
Q 0 26 7 0 0 10 8 0 0 36 174 33 148 24 0 14 31 0 28 0 1 0 34 0 2 4 0 15 17 2 18 11 114 2 15 34 34 15 7 13 27 0 6 11 1
R 0 0 283 0 0 15 44 0 389 53 11 57 10 28 0 122 24 0 25 0 4 0 139 0 0 70 0 62 17 18 25 5 27 14 16 43 21 40 4 14 46 0 5 19 1
S 7 63 10 2 56 10 2 0 0 56 3 12 118 8 12 55 29 0 112 0 23 0 33 38 258 10 0 47 22 7 7 14 6 10 125 9 173 11 106 3 24 0 30 10 7
T 32 34 13 2 18 4 2 0 0 4 1 1 3 13 46 8 37 0 103 57 4 19 13 309 1 6 2 6 15 9 7 17 0 7 9 0 26 37 107 28 61 2 37 85 3
V 59 28 3 29 19 4 3 9 5 2 0 0 6 69 6 1 49 102 16 238 0 107 0 1 1 3 1 5 41 0 11 17 5 13 6 14 11 27 51 123 7 3 17 39 0
W 0 1 0 0 4 0 0 0 0 0 0 0 2 5 0 0 0 0 3 0 2 0 1 0 0 1 0 0 1 0 0 0 3 0 14 0 0 0 1 4 0 0 0 0 0
Y 0 0 1 0 0 10 0 0 0 1 2 0 0 101 0 1 9 0 7 0 26 6 5 8 1 6 60 1 0 0 3 0 98 306 4 6 4 2 3 8 5 0 1 53 7
X 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 11 12 11 8 3 3 3 142 63 27 30 4 2 2 2 5 12 10 10 11 2 2 2

HYDRO 366 178 46 393 306 59 6 411 15 57 8 7 119 311 349 43 220 411 103 354 362 391 19 17 15 262 333 114 183 27 70 278 181 341 96 82 85 268 143 248 77 396 282 223 387
89 43 11 96 74 14 1 100 4 14 2 2 29 76 85 10 54 100 25 86 88 95 5 4 4 64 81 28 45 7 17 68 44 83 23 20 21 65 35 60 19 96 69 54 94

LONG 0 43 323 0 0 43 395 0 394 192 194 175 165 61 0 226 71 0 56 0 11 0 267 31 89 106 4 142 84 124 59 37 178 18 67 278 91 74 13 37 183 1 22 52 2
0 10 79 0 0 10 96 0 96 47 47 43 40 15 0 55 17 0 14 0 3 0 65 8 22 26 1 35 20 30 14 9 43 4 16 68 22 18 3 9 45 0 5 13 0

SHORT 39 140 346 4 74 57 399 0 394 252 198 188 286 82 58 289 137 0 271 57 38 19 313 378 348 122 6 195 121 140 73 68 184 35 201 287 290 122 226 68 268 3 89 147 12
9 34 84 1 18 14 97 0 96 61 48 46 70 20 14 70 33 0 66 14 9 5 76 92 85 30 1 47 29 34 18 17 45 9 49 70 71 30 55 17 65 1 22 36 3

Secondary 316 320 M 330 340 13 350 360
Comsensus T N D T R D I I K A A L R A L D R I W R P G H R Y Q K A G V M L G D F V P Q G V A Q L D L

Percent 73 27 75 48 44 31 48 39 22 59 77 18 24 24 65 26 28 61 38 43 28 75 27 44 79 21 89 70 91 81 42 77 18 59 57 14 30 16 32 20 21 75 42 38 86
AA type o t s s . . h h t h s . . . h t t h a . . t h . h . + h G l h h . t h . . . t . . . . t h
E. coli T Q D S R D I I N A A T R S L D A I W Q A G H R Y Q K A G V M L G D F F S Q G V A Q L N L

A 4 41 4 13 17 16 1 9 64 243 316 6 32 100 45 44 70 13 1 3 41 4 7 43 0 70 1 289 5 1 2 11 38 14 1 19 16 46 27 19 86 6 18 8 0
C 0 9 13 0 11 2 4 3 1 5 6 14 0 57 0 0 0 1 1 2 0 1 4 2 0 0 0 20 1 9 14 1 7 1 0 14 1 2 0 7 2 0 2 0 0
D 0 78 308 2 2 126 0 0 6 0 0 3 11 0 0 105 10 0 0 5 70 28 2 8 0 0 0 0 0 0 1 0 10 244 0 0 36 27 38 18 5 1 14 155 0
E 0 1 1 1 1 66 0 0 32 6 0 6 41 2 0 61 26 2 0 4 83 11 6 18 0 0 0 0 17 0 2 0 13 37 0 17 8 36 55 24 23 3 6 14 0
F 0 0 1 1 13 1 23 5 0 4 2 0 2 4 20 0 0 4 114 0 0 1 59 0 41 2 0 0 0 0 0 15 6 0 119 53 0 6 0 8 27 0 13 0 15
G 0 2 0 2 10 3 0 3 11 4 9 5 6 54 2 3 12 2 0 0 3 308 1 12 0 2 0 6 372 1 41 1 72 58 0 4 35 15 133 19 9 1 27 33 0
H 0 5 5 2 3 12 1 2 18 10 0 4 15 0 0 9 21 0 1 6 5 16 80 13 2 7 2 0 1 0 2 0 4 14 0 7 2 7 5 38 18 0 7 17 0
I 2 0 0 2 31 19 197 160 0 31 13 13 5 26 14 4 3 250 1 7 0 0 36 1 12 13 0 38 0 56 57 5 26 0 43 37 0 3 1 21 23 7 10 0 8
K 0 0 0 0 8 13 0 0 89 7 0 24 50 0 0 44 54 3 0 84 13 1 11 32 0 75 367 0 2 0 2 0 2 5 0 5 9 48 20 5 6 8 12 0 0
L 1 2 7 21 39 39 152 64 3 20 3 74 27 93 267 1 5 77 4 6 1 0 11 12 20 6 10 10 0 4 56 315 44 2 233 7 1 11 1 4 40 4 172 0 353
M 0 1 0 0 8 2 16 3 1 5 9 18 2 13 6 1 0 6 3 5 2 0 2 1 0 20 0 2 0 0 171 23 28 0 7 4 0 1 0 7 3 1 4 2 19
N 0 113 24 3 7 2 0 10 60 1 0 14 10 0 0 27 3 3 0 10 10 12 2 7 0 4 3 0 3 0 3 0 29 16 0 2 19 14 23 17 1 0 2 98 0
P 0 0 0 8 17 2 0 0 7 1 0 1 16 0 0 15 1 0 0 2 117 0 4 20 0 0 0 0 0 0 0 0 3 0 0 0 125 27 4 16 1 20 37 3 0
Q 1 105 1 2 11 17 0 1 47 7 0 41 40 9 1 32 37 5 0 68 13 3 2 16 0 85 2 0 0 0 0 0 28 6 0 35 17 67 29 29 26 309 30 7 0
R 0 5 2 2 182 7 0 3 48 2 0 36 100 0 0 34 115 3 0 178 8 7 20 180 0 33 16 0 0 0 4 0 0 5 0 22 15 21 13 9 38 4 17 0 0
S 97 43 35 118 12 8 0 7 7 4 8 23 26 31 7 17 25 0 0 2 27 1 4 12 0 31 3 5 2 0 11 1 45 3 0 35 102 42 22 15 36 9 5 49 0
T 301 2 1 199 18 31 4 68 13 20 2 69 13 0 8 9 12 6 1 5 4 2 6 4 0 14 3 4 3 4 9 9 36 0 0 56 10 20 24 15 13 25 13 13 0
V 1 0 0 25 10 42 10 64 1 21 39 57 2 17 35 0 11 31 5 10 5 0 36 3 10 6 0 32 0 331 23 24 10 0 2 59 3 4 1 82 21 2 3 2 7
W 0 0 0 1 0 0 0 1 0 0 0 0 6 1 0 1 0 0 157 1 0 1 1 0 0 0 0 0 0 0 3 0 1 0 0 0 1 0 0 0 1 1 1 0 0
Y 0 0 5 4 5 0 0 5 0 17 1 0 3 1 3 1 2 1 117 0 1 2 112 17 323 40 0 0 0 1 6 2 5 0 0 17 0 2 1 14 17 0 8 0 0
X 4 4 4 5 6 3 3 3 3 3 3 3 4 3 3 3 4 4 6 13 8 13 5 10 3 3 4 5 5 4 4 4 4 6 6 18 11 12 14 44 15 10 10 10 9

HYDRO 8 53 30 75 151 123 403 314 77 347 389 183 95 312 390 67 92 383 403 36 167 9 272 99 406 157 11 391 6 402 332 396 168 17 405 210 147 102 35 178 221 41 268 15 402
2 13 7 18 37 30 98 76 19 84 95 45 23 76 95 16 22 93 98 9 41 2 66 24 99 38 3 95 1 98 81 96 41 4 99 51 36 25 9 43 54 10 65 4 98

LONG 1 223 27 7 208 39 0 14 244 17 0 115 200 9 1 137 209 14 0 340 44 23 35 235 0 197 388 0 5 0 9 0 59 32 0 64 60 150 85 60 71 321 61 105 0
0 54 7 2 51 9 0 3 59 4 0 28 49 2 0 33 51 3 0 83 11 6 9 57 0 48 94 0 1 0 2 0 14 8 0 16 15 36 21 15 17 78 15 26 0

SHORT 399 268 63 324 238 78 4 89 264 41 10 207 239 40 16 163 246 20 1 347 75 26 45 251 0 242 394 9 10 4 29 10 140 35 0 155 172 212 131 90 120 355 79 167 0
97 65 15 79 58 19 1 22 64 10 2 50 58 10 4 40 60 5 0 84 18 6 11 61 0 59 96 2 2 1 7 2 34 9 0 38 42 52 32 22 29 86 19 41 0

Secondary 181 190 H 200 I 210 J 220 225
Comsensus V G D V W G I G R R I S K K L N A M G I K T A L D L A D A D P R F I R K H F N V V L E R T

Percent 71 28 45 69 98 96 53 98 70 59 31 32 45 47 91 20 34 38 84 82 24 76 69 47 58 84 50 23 35 34 32 20 19 46 75 58 18 65 35 78 61 43 63 86 72

Figure 2: Continued.
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A 1 12 16 43 81 19 10 64 13 17 59 80 6 2 76 92 2 0 48 2 0 85 2 2 0 10 7 45 3 7 12 285 103 33 8 8 39 15 21 4 112 4 2 20 52
C 0 7 2 2 0 2 2 2 0 3 0 3 0 0 1 5 0 1 3 6 0 0 0 1 0 0 0 3 0 0 0 0 4 25 1 1 1 1 0 0 1 0 1 7 6
D 0 124 100 26 22 46 25 15 18 17 35 6 1 9 7 0 1 369 12 0 1 17 1 18 0 3 49 0 0 0 0 0 1 3 9 4 43 6 38 3 6 0 0 0 52
E 0 16 59 21 71 44 13 67 13 10 126 20 0 5 42 0 0 10 30 0 0 11 3 34 0 2 11 0 0 3 0 1 2 57 4 1 31 8 50 0 12 1 2 2 158
F 328 4 4 4 2 0 5 0 0 1 0 0 3 0 0 1 22 0 0 4 0 3 0 84 0 4 2 2 0 60 138 0 1 1 2 13 0 0 1 20 1 4 0 8 0
G 0 11 10 13 2 9 6 6 68 10 9 5 0 4 14 0 0 6 43 0 0 13 1 4 369 2 217 1 1 27 0 86 126 2 290 0 27 6 24 0 29 2 1 1 16
H 0 2 6 7 2 10 5 22 15 14 8 5 0 0 11 0 0 1 33 0 6 14 18 16 3 9 13 2 0 12 5 0 2 6 0 6 12 9 4 3 18 0 5 5 3
I 9 6 0 16 5 6 12 10 0 6 6 1 7 1 0 11 76 0 3 176 0 0 2 0 0 2 0 6 87 4 19 1 21 6 4 121 0 0 0 1 0 11 3 0 2
K 0 5 1 2 14 16 27 31 93 19 30 80 3 0 57 1 1 0 49 0 4 25 132 2 8 109 17 65 4 23 4 0 1 4 10 5 27 60 49 0 37 0 162 10 18
L 41 5 3 14 9 16 25 6 0 7 4 0 363 7 10 17 162 2 8 140 0 8 4 6 0 13 0 6 180 10 99 6 11 7 9 49 3 0 2 2 3 23 2 0 4
M 3 4 1 1 2 1 4 2 0 1 3 0 1 343 2 2 86 0 2 6 0 0 0 19 0 4 0 2 11 4 8 0 0 5 3 33 4 2 0 0 4 310 0 0 0
N 1 8 9 51 30 4 14 9 48 28 9 14 0 1 17 0 0 2 14 0 351 15 6 8 7 20 31 4 0 3 0 0 4 2 5 2 31 17 22 2 6 3 17 2 28
P 0 16 24 23 26 138 23 86 0 1 35 10 0 0 2 0 0 0 0 0 1 0 0 6 0 3 1 0 0 4 13 1 3 1 17 1 5 92 41 0 1 12 0 1 0
Q 0 12 10 19 34 44 25 18 24 15 32 69 0 10 63 1 0 2 39 0 4 49 31 1 1 6 3 11 0 22 2 0 2 150 5 3 59 105 63 0 83 3 8 81 34
R 0 2 1 15 9 4 135 12 79 56 16 65 1 0 32 0 0 1 38 0 22 37 185 10 0 156 4 8 0 62 8 1 10 27 3 7 20 42 7 3 18 0 169 237 3
S 0 7 49 27 26 9 31 18 10 170 9 19 0 8 36 11 0 1 22 1 3 17 3 47 6 28 32 38 0 14 14 8 71 24 12 8 43 10 40 0 35 3 13 16 11
T 0 13 14 16 31 14 21 16 5 17 9 12 0 3 18 98 4 0 49 8 3 21 2 0 0 17 2 189 0 20 11 1 7 21 1 34 25 6 19 4 18 9 4 0 3
V 0 3 1 38 16 13 4 10 1 1 2 5 11 0 8 156 28 0 0 49 0 0 4 2 0 4 0 6 109 21 23 4 18 18 1 24 11 0 5 0 2 4 2 1 2
W 12 0 0 0 0 0 5 0 0 0 1 0 0 0 0 0 3 0 0 0 0 0 0 22 0 0 0 0 0 47 27 0 1 0 0 4 0 0 0 337 0 0 1 0 0
Y 1 3 3 8 6 0 3 0 2 1 1 0 0 3 0 1 11 0 2 3 0 5 0 110 0 2 1 6 0 51 11 0 6 0 6 12 0 0 0 7 1 0 0 1 0
X 15 151 98 65 23 16 16 17 22 17 17 17 15 15 15 15 15 16 16 16 16 91 17 19 17 17 21 17 16 17 17 17 17 19 21 75 30 32 25 25 24 22 19 19 19

Secondary 406 410 420 422
Comsensus M L S P R Y T T R W S D L P V V K

Percent 31 62 78 69 28 73 83 84 50 49 23 45 52 55 23 45 35
AA type . h s . t . . s t . . t h . . h .
E. coli M L S P R Y T T R S S D L L R V K

A 1 1 0 5 84 18 2 13 7 3 37 1 0 9 16 97 4
C 0 1 1 0 22 2 0 0 9 0 3 10 2 0 3 1 1
D 2 0 6 0 9 7 0 1 37 0 63 185 0 2 3 0 4
E 4 0 1 2 5 0 3 1 3 2 28 110 1 1 26 0 6
F 21 3 0 1 1 15 2 4 0 21 1 1 0 0 1 2 6
G 1 0 7 14 19 1 0 4 0 1 16 7 0 3 5 1 11
H 45 3 0 1 13 9 0 1 5 0 6 0 0 0 1 3 15
I 1 2 6 0 9 0 0 0 0 31 0 0 112 29 28 69 9
K 18 31 2 21 8 2 4 0 31 2 25 2 0 2 34 1 142
L 56 254 0 2 1 0 15 0 3 51 4 1 214 82 17 9 9
M 128 14 0 0 0 0 1 0 0 4 2 0 15 4 3 0 5
N 19 0 2 6 21 5 4 0 21 2 37 7 0 0 3 0 14
P 2 0 0 283 0 5 6 1 0 0 0 1 0 224 1 0 1
Q 22 3 1 23 39 0 0 0 24 0 17 36 0 0 12 0 16
R 36 71 1 23 117 2 0 0 204 1 27 0 0 0 74 0 85
S 9 7 322 6 40 10 6 14 31 20 94 14 0 1 6 2 14
T 4 1 44 1 3 1 341 345 1 0 12 2 0 0 44 2 11
V 0 5 3 0 0 0 2 0 2 8 1 0 31 5 96 186 12
W 6 0 0 0 0 8 0 0 0 202 1 0 0 13 0 0 2
Y 20 0 0 0 0 301 1 1 0 31 5 0 0 0 0 0 3
X 16 15 15 23 20 25 24 26 33 32 32 34 36 36 38 38 41

Secondary 361 370 380 390 400 405
Comsensus F D D N A P R P K S E A/K L M A V L D K L N A R Y G R G T L R F A G Q G I Q Q Q W Q M R R E

Percent 80 30 24 12 20 34 33 21 23 41 31 19 88 83 18 38 39 90 12 43 85 21 45 27 90 38 53 46 44 15 34 69 31 36 71 29 14 26 15 82 27 75 41 58 38
AA type h . . . . . . . t t . t l . t h h D t h p . p . u . t . l . . u . . . . . . . h t . p t t
E. coli F D D N A P R P G S E Q L M T V M D T L N A K E G R G T L Y F A G Q G I Q Q Q W Q M K R A

Figure 2: Preferred amino acid at the 408 amino acid positions in UmuC(V), which is the polymerase subunit of DNAP V. Top row: amino
acid numbering (every tenth residue) and the likely secondary structure based on alignment to other Y-Family DNAPs (β-strand, yellow;
α-helix, blue, turn, green). Second row: consensus amino acid. Third row: percentage of the consensus amino acid. Fourth row: consensus
type of amino acid, as codified in [101] (Website: http://coot.embl.de/Alignment/consensus.html). Regions where the consensus is high are
highlighted in pink (all Y-Family DNAPs) or red (UmuC(V) only). Fifth Row: UmuC(V) sequence from E. coli. Rows 6–25 show the number
of amino acids of each type at each position using the conventional one-letter code. Row 26: We note that some UmuC(V) sequences have
slightly more or fewer than 422 amino acids. The number of UmuCs with an amino acid missing at a position compared to E. coli is shown in
Row 26 (“X”). When an amino acid is present in a UmuC(V) but absent in E. coli, then the sequence is merely not included in Figure 2 (see
text). In terms of gaps, E. coli only has one position that does not conform to the majority of UmuC(V)s: E. coli has an amino acid at position
156 (W), which is not present in a slight majority of all UmuC(V)s (226/408). The 408 UmuC(V) sequences were taken (as of 6/21/10) from
the databases UniProt/Trembl [102] and HAMAP [103]. The sequences were aligned using MUSCLE [104]. Sequences were excluded for
three reasons: (1) they were incomplete (i.e., sequences without recognizable versions of the N-terminus and the C-terminus were excluded);
(2) they lacked any of the catalytic residues D6, D101, or E102; (3) they were redundant within a species (i.e., within a species if two UmuCs
had the identical sequence, then only one was included).

C8-dG, as do most aromatic amine mutagens/carcinogens,
where AAF and AAF-C8-dG have frequently been used as
models to probe the mutagenic and carcinogenic mech-
anisms of aromatic amines [117]. In E. coli AAF has a
major mutational hot spot in 5′-CG1CG2 sequences in which
it induces −2 frameshift mutations [117]. AAF-C8-dG at
G2 (but not G1) causes a −2 frameshift mutation in a
DNAP II-dependent process, or causes no mutation in a
DNAP V-dependent process [117]. The current model is
that AAF-C8-dG at a replication fork exists in two different
conformations [66, 117]. In one conformation, the adducted
dG moiety is in a −2 slipped intermediate, which DNAP II
uses for insertion, and then in the presence of β-clamp an
additional three extension steps (to L + 3) are accomplished,
at which point replication can be successfully continued by
DNAP III [66]. From a nonslipped intermediate, DNAP
V inserts dCTP opposite AAF-C8-dG and then extends by
adding four more dNTPs (to L + 4), after which DNAP
III can successfully continue replication [66]. These two

pathways are followed approximately equally in cells, though
by manipulating the concentration of DNAP II versus DNAP
IV, the ratio [−2 frameshift : no mutation] can be modulated,
suggesting that the two conformations interconvert [93]. In
vitro in 5′-CG1CG2 sequences DNAP II also does TLS to give
a bypass product that should ultimately yield a−1 frameshift
mutation, which are not, however, observed in vivo; recent in
vitro studies suggest that DNAP II cannot extend far enough
from the −1 frameshift intermediate, and, thus, the 3′ → 5′

exonuclease activity of DNAP III degrades the intermediates
in the −1 frameshift pathway [66].

Molecular modeling has provided insights about how
lesion bypass might occur; for example, a modest alteration
in sugar pucker (from C3′-endo to C1′-exo) is required
before AAF-C8-dG can Watson-Crick base pair with dCTP
[94, 119]. Though this work was done in Dpo4 and hDNAP
ι, there is every reason to think that a similar conclusion
would be reached for DNAP V. Recently, X-ray structures
of the corresponding deacetylated adduct AF-C8-dG has
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been reported [32]. Regrettably, the structures do not reveal
insights about how dCTP might be inserted opposite AF-
C8-dG, but they do offer a glimpse of more-or-less normal
Watson-Crick AF-C8-dG : dC base pairing in the L + 1,
which has the AF moiety in the opening on the major groove
side of Dpo4, and in the L + 2 position, in which the AF-
moiety is accommodated by a modest rearrangement in the
little finger domain.

Benzo[a]pyrene (B[a]P) is a well-studied DNA dam-
aging agent that is a potent mutagen/carcinogen and an
example of a polycyclic aromatic hydrocarbon (PAH), a
class of ubiquitous environmental substances produced by
incomplete combustion [120, 121]. PAHs in general and
B[a]P in particular induce the kinds of mutations thought
to be relevant to carcinogenesis and may be important in
human cancer [122–128]. B[a]P mutational spectra were
established with the major metabolite that reacts with DNA
(i.e., (+)-anti-B[a]PDE), in E. coli [129], yeast [130, 131]
and mammalian (CHO) cells [132]. Mutagenesis has also
been studied with [+ta]-B[a]P-N2-dG (+BP, Figure 1), the
major adduct of (+)-anti-B[a]PDE, and G → T mutations
predominate in most cases (see [133] and references therein).

DNAPs IV and V of E. coli are both involved in TLS
with B[a]P-N2-dG adducts, although they play very different
roles. In studies with purified proteins, DNAP IV inserted
dCTP (>99%) opposite both +BP and its mirror image −BP
([-ta]-B[a]P-N2-dG) in a 5′-CGA sequence, while DNAP V
inserted dATP (>99%) [77]. This tendency is evident in E.
coli. DNAP IV is required in the nonmutagenic pathway with
+BP [72–75], −BP [75] and other N2-dG adducts [72, 76].
An amino acid change (F12I) at the conserved “steric gate”
(which excludes rNTPs) decreases dCTP insertion in vitro
opposite several N2-dG adducts and similarly decreases TLS
in vivo, which argues that DNAP IV does dCTP insertion
in vivo [72]. In the nonmutagenic pathway DNAP V is
required in addition to DNAP IV with +BP [73–75]. Why
are two DNAPs required for nonmutagenic TLS with +BP:
certain lesions need one DNAP for insertion and a second for
extension [134, 135]. Thus, if DNAP IV does dCTP insertion
[72–77], then DNAP V must do extension, which is sensible
given kinetic findings with purified proteins show that DNAP
V can be significantly better than DNAP IV at the step
directly following adduct-G : C formation (i.e., extension) in
the case of +BP compared to−BP (discussed in greater detail
in reference [75]). Regarding the nonmutagenic pathway
with −BP, only DNAP IV is required for efficient TLS [75],
suggesting it does both insertion and extension. In a 5′-TGT
sequence, DNAP V is required in the G → T pathway for
+BP, while DNAPs II and IV are not, implying that DNAP V
must do insertion and extension [57]. However, in a 5′-GGA
sequence, G → T mutations were shown not dependent
on DNAP V and were not enhanced by SOS induction,
which implies no lesion-bypass DNAP involvement and
led the authors to propose that DNAP III was involved in
dATP insertion opposite +BP [73, 74]. Random mutagenesis
studies with [+anti]-B[a]PDE also showed the existence
of a non-SOS-inducible G → T pathway (discussed in
[57]), though the major G → T pathway did require SOS-
induction, implying involvement of a lesion-bypass DNAP.

7. Architecture of Y-Family DNAPs

Table 1 [44] shows that dNTP insertion opposite a variety of
adducts/lesions, including +BP, is remarkably similar for the
DNAP IV and DNAP κ pair, suggesting they are functional
orthologs. Insertion is also remarkably similar for the DNAP
V and DNAP η pair, suggesting they are also functional
orthologs. There must be structural reasons for the insertion
preferences of these DNAPs, though the key elements are not
obvious, given that in alignments, for example, UmuC(V)
shares only 20% amino acid identity with its functional
ortholog hDNAP η, which is about the same as the 21%
identity that it shares with its nonfunctional ortholog
hDNAP κ [44]. The extent of this dilemma is further revealed
by the fact that hDNAP η is no more identical to scDNAP η
(24%) than it is to hDNAP κ (24%). Nevertheless, a careful
examination of Y-Family DNAP structure suggests that key
structural features do exist.

A variety of architectural features are revealed by consid-
ering how B[a]P-N2-dG adducts must sit in the active sites
of Y-family DNAPs and how these structures might relate
to adduct processing [136]. To form an adduct-dG : dCTP
base pair, the B[a]P moiety must be in the developing minor
groove, since the adduction site (N2-dG) is in the minor
groove in a Watson-Crick base pair. On the minor groove
side, Y-Family DNAPs have an opening (or gap) next to
the active site between the fingers and little finger domains.
This opening looks like an elliptical hole of varying sizes in
Dpo4 [24–32], Dbh [23], hDNAP ι [36–38] and in models
of DNAP IV and UmuC(V) [44], while it looks like a slot in
hDNAP κ [35]. It is not unreasonable to think that the size
and shape of this opening might influence dNTP insertional
mechanism given that the bulky B[a]P moiety must interact
with this opening on the minor groove side.

The character of this opening can be analyzed based
on a simple analogy to a “chimney.” Three regions of the
protein contribute to the chimney as shown in Figure 3(a)
for our model of DNAP IV: an upper lip (aa33–36, turquoise)
and a left lip (aa73–76, blue), which are in the fingers
domain, while the lower lip (blue, aa244–247), is in the little
finger domain [136]. The UmuC(V) chimney is shown in
Figure 3(b).

Two features control the size and character of this
opening. (1) The amino acid side chains in the upper lip
(aa33–36 in DNAP IV) can be thought of as a “flue,” which
either plug the chimney leaving a small opening or do not
plug the chimney leaving a large opening. The flue amino
acids are present in all Y-Family DNAPs. (2) A “cap” may lie
over the top of the chimney opening. The cap is formed by
an insert of amino acids in the left lip of the chimney and is
only preset in DNAP η [39, 40].

First, we consider how the “flue” amino acid side chains
influence the character of the “chimney.” Why do we think
that the chimney is a key structural feature that is likely
to be important for protein function? If the chimney is
important, then evidence for its importance should exist,
even in the case of UmuC where no X-ray structure exists.
We aligned 408 UmuC(V) sequences, and Figure 2 shows
the total number of each of the twenty amino acids that are
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Figure 3: Structures of regions of ecDNAP IV (a), ecUmuC(V) (b), hDNAP κ (c), scDNAP η (d). (a) View from the minor groove side of
DNAP IV (yellow), showing the “chimney” opening (cleft or hole), which is defined by the upper lip (turquoise, aa33–36), left lip (blue,
aa73–76) and lower lip (dark blue, aa244–247). The chimney opening in DNAP IV is large enough to accommodate the pyrene moiety
of +BP (red). In DNAP IV, the dG moiety of +BP can base pair comfortably with dCTP in the canonical S1-dNTP shape. (Neither the
dG moiety of +BP nor the dCTP are visible.) The template (gray) and primer (brown) are also shown. (b) Models of UmuC(V) with no
adduct (B/left) or +BP paired with dCTP in the canonical “chair-like” S1-dNTP shape (b/center) or +BP paired with dCTP in the non-
canonical, “goat-tail-like” S2-dNTP shape (b/right). The chimney opening is small (b/left) and the pyrene moiety of +BP does not fit into
the chimney such that the S1-dNTP shape is possible (b/center). In contrast, the pyrene moiety of +BP fits under the chimney opening in
the case of pairing with dCTP in the S2-dCTP shape (b/right), because it sits lower down in the active site compared to S1-dNTP. (c) Regions
of hDNAP κ. Y-Family DNAPs in the IV/κ-class have a glycine “flue-handle,” such as G131 (turquoise, c/left) in hDNAP κ G131 adopts
φ/ϕ-angles that lead to upward curvature of the protein backbone in the chimney upper lip (red arrow, c/left) and results in the “flue” amino
acids (S132/M133, blue, c/center) pointing away from the chimney, giving a large opening. The c/right structure shows V130 (white) that
serves as a scaffold to organize the chimney’s upper lip and left lip (yellow ribbons), along with the roof-aa (S137, purple), the steric gate
(Y112, red) and a conserved tyrosine (Y174, brown), which stacks on the backbone of the left lip and helps orient it. V130 forms a square
with the G131 flue-handle, L136 (gray) and the S137 roof (pink) upon which I166 stacks (dark gray). (d) Regions in scDNAP η. Y-Family
DNAPs in the V/η class have a bulky “flue-handle,” such as V54 in scDNAP η (turquoise, d/left), which causes downward curvature of the
chimney upper lip (red arrow, d/center), and results in the “flue” amino acids (Q33/W34, blue, d/center) plugging the chimney, giving a
small opening. The structure in d/right shows scaffold C53 (white) organizing the chimney’s upper lip and left lip (green ribbons in (c)),
along with the roof-aa (I60, purple), the steric gate (F35, red) and a conserved tyrosine (Y131, brown), which stacks on the backbone of the
left lip and orients it. C53 forms a square with the V54 flue-handle (turquoise), I59 (gray) and the I60 roof (pink). scDNAP η has a large
insert/loop (aa96–126) in the left lip, which is represented as a discontinuity. (e) The upper lip for hDNAP κ (yellow) is superimposed on
the upper lip for scDNAP η (green), which clearly shows the differences in curvature. X-ray coordinates are from 2OH2 for hDNAP κ [29]
and from 1JIH for scDNAP η [27], where hydrogens were added using insightII.
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found at each aa position. Positions with≥90% aa homology
or with clusters of high homology are highlighted in pink and
red. Many of the first ∼20 aa show high homology, including
the presumptive catalytically essential aspartate (D6), and
the steric gate (Y11). The region around the catalytically
essential asparate/glutamate pair (D101/E102) is also highly
conserved. These and other regions that are conserved in all
Y-family DNAPs are highlighted in pink in Figure 2. Regions
conserved in UmuC(V), but not in other Y-Family DNAPs,
are highlighted in red in Figure 2. One such conserved region
is V29-C36, which is part of a loop that includes one edge
of the chimney lip (S31-D34). (This loop is discussed at
greater length in Section 7.1). A second conserved region is
S71-Y77, which includes the second lip of the chimney, as
well as other features discussed below. This conservation is
strong evidence that the nature of the chimney opening is
important. The third edge of the chimney (E255-T258) is
in the little finger domain, and in our model of UmuC the
third lip is farther from the active site and appears less likely
to impinge on adducts protruding from the minor groove.
Consistent with this view the third lip of the chimney is less
well conserved. Preliminary analysis of the chimney lips of
large collections of DNAPs IV, κ, and η sequences also reveal
considerable amino acid conservation of the chimney lips.

7.1. Structural Basis for a Large versus a Small Chimney
Opening. DNAP IV has a large chimney opening (Fig-
ure 3(a)), which can accommodate the pyrene thus allowing
+BP to readily pair with dCTP when dCTP adopts the
canonical shape observed in all other families of DNAPs [136,
137]. In contrast, UmuC(V) has a small chimney opening
(Figure 3(b)), which forces +BP downward in the active site
into a position where catalysis seems unlikely to be facile
[136, 137]. What structural difference(s) in DNAP IV versus
UmuC(V) might result in a large versus a small chimney
opening, and is this structural difference(s) conserved in
other Y-Family DNAPs in the IV/κ-class versus the DNAP
V/η-class?

The chimney upper lip (turquoise, Figure 3(a)) is closest
to the active site, and principally defines whether the
chimney can accommodate the bulky B[a]P moiety. The
first amino acid in the upper lip of E. coli DNAP IV is
glycine (G32). We have collected 434 DNAP IV sequences
from the literature, and 418 have glycine at this position.
Furthermore, 13/13 DNAP κ proteins from different species
have glycine at this position. The one X-ray structure
for the IV/κ-class is hDNAP κ [29], which shows that
this glycine (G131, turquoise, Figure 3(c)), is followed by
upward curvature of the chimney upper lip (red arrow,
Figure 3(c)/left). This glycine can be thought of as a “flue-
handle” whose φ/ϕ-angles permit this upward curvature (see
below), with the consequence being that the R-groups on
the next several amino acids (the “flue”; S132/R133, blue in
Figure 3(c)/middle) point away from the chimney opening,
which remains open. Our models of DNAP IV also have this
upward curvature (Figure 3(a)) with an open flue, which
depends on the analogous glycine flue-handle (G32).

In contrast, leucine (L30 in Figure 2) is the flue-handle
in UmuC(V) in 370/408 cases. Furthermore, 11/11 DNAP

η proteins from different species have a bulky valine at the
flue-handle position. The X-ray structure of scDNAP η [25],
which is in the in the V/η-class, shows that its bulky V54
flue-handle (turquoise, Figure 3(d)/left) is associated with
downward curvature of the chimney upper lip (red arrow),
which forces the “flue” (Q55/Y56, blue in Figure 3(d)/middle
to plug the chimney. Figure 3(e) shows the upward curvature
of the upper lip of hDNAP κ (yellow) superimposed on the
downward curvature for scDNAP η (green). In UmuC(V) the
sequence is slightly different (VLSN), though the outcome
is the same: the bulky L30 flue-handle causes downward
curvature, and an asparagine (N32) plugs the chimney giving
a closed flue (Figure 3(b)).

Upward versus downward curvature of the chimney
upper lip can be traced to the φ/ϕ-angles adopted by the
flue-handle [136]. The φ/ϕ-angles for the nonglycine flue-
handles in scDNAP η, hDNAP η, hDNAP ι, UmuC(V), and
Dpo4 are all similar, resulting in downward curvature of the
chimney’s upper lip, causing the flue to plug the chimney
and the chimney opening to be small. In contrast, Glycine
has greater flexibility in its φ/ϕ-angles compared to all other
amino acids, and the glycine flue-handles in hDNAP κ and
DNAP IV adopt φ/ϕ-angles unique to glycine that allow
upward curvature of the chimney’s upper lip, which keeps
the nearby flue amino acids away from the chimney opening.

7.2. Roof-aa and Roof-Neighbor-aa. Another key difference
between the IV/κ-class and the V/η-class is the bulk of the
roof-aa (pink in Figures 3(c)/right and 3(d)/right), which is a
positionally conserved residue that lies above the nucleobase
of the dNTP, as seen in the active site of Dpo4 [24–32],
yDNAP η [34], hDNAP ι [36–38], hDNAP κ [35], and
hDNAP η [39, 40]. Isoleucine is the dominant roof-aa in
UmuC(V) (227/408), with valine (156/408) being the next
most prevalent aa (Figure 2). In fact, compared to E. coli wt-
UmuC (100%), the mutant I38V-UmuC (137%) is slightly
more active in the nonmutagenic pathway with +BP, while
amino acids that do not branch at the β-carbon, including
leucine, show much lower activity [138]. Immediately after
the roof-aa in UmuC(V), principally alanine is found
(346/408). In the case of DNAP η from different species, the
[roof-aa/next-aa] is [I/A] in 10/11 cases. In the yDNAP η X-
ray structure [I60/A61] form a hydrophobic layer above the
nucleobase of the dNTP.

In the collection of 434 DNAP IV sequences, there is
more variability at the equivalent [roof-aa/next-aa] posi-
tions: [S/T] is preferred (238/434, 59%), though any of the
nonbulky amino acids S, A, or T can be found at both the
roof-aa (434/434) and the next-aa (406/434). For DNAP κ,
the roof position is also principally S, A, or T (10/13) and
the next amino acid is always threonine (13/13). In X-ray
structures the threonine methyl group in Dpo4 (T45) and in
hDNAP κ (T138) sit near the roof-aa (A44 and S137, resp.),
and the hydroxyl of the threonine forms a hydrogen bond
with a nonbonded oxygen on Pβ of the dNTP.

When the [roof/next-aa] were mutated in wt-UmuC(V)
from [I38/A39] to the single mutants [I38A/A39] or
[I38/A39T], polymerase activity declined significantly; how-
ever, the double mutant [I38A/A39T], is nearly as active
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as wild type UmuC(V) [138]. I38A/A39T-UmuC has the
same sequence as wt-Dpo4 (A44/T45), which is in the IV/κ-
class. These findings show the importance to activity of the
coupling of the identity of the [roof-aa/next-aa].

7.3. The Interconnected Architecture of the Chimney and Roof
Regions. To understand the interconnected architecture of
the chimney/roof regions of Y-Family DNAPs, it is useful
to focus on a bulky aliphatic amino acid, which is highly
conserved V29 (374/408) in our collection of UmuC(V)
sequences. (In the equivalent position, all 434 DNAP IV
sequences have either valine or isoleucine; valine is present in
10/11 DNAP η sequences and in 13/13 DNAP κ sequences.)
This amino acid plays a scaffolding role as revealed in
X-ray structures [23–38] and in models [44, 136, 138].
Using hDNAP κ [35] as an example, this scaffolding valine
(V130, white in Figure 3(c)/right) is the beginning of a
loop that ends with the roof-aa, and the two form a
backbone hydrogen bond (scaffold-C=O : HN-roof). This
backbone hydrogen bond is also observed in X-ray structures
from Dpo4 [24–32], scDNAP η [35], hDNAP κ [35], and
hDNAP ι [36–38]. The scaffold-V130 also contacts the flue-
handle (G131) and L136 (Figure 3(c)/right, gray). Thus, the
base of this loop is anchored by a square of four amino
acids (V130/G131/L136/S137). In scDNAP η, this region
looks similar with C53/V54/I59/I60 (Figure 3(d)/right).
The square includes I31/G32/I41/S42 in DNAP IV, and
V29/L30/V37/I38 in UmuC(V). Evidence suggests that V29
and I38 are likely to be in contact in UmuC(V) [138].

Scaffold-V130 in hDNAP κ (white, Figure 3(c)/right)
also helps organize the steric gate (Y12, red), which face-
stacks with Y174 (brown), a highly conserved tyrosine whose
other aromatic face contacts the backbone of the left lip of
the chimney (i.e., aa168–171 in hDNAP κ), thus helping to
orient it. A tyrosine is found at this position in 406/408
UmuC(V) sequences, in 432/434 DNAP IV sequences, in
11/11 DNAP η sequences, and in 13/13 DNAP κ sequences.

7.4. The Chimney “Cap”. The interconnection between
the roof and chimney regions are similar in scDNAP η
(Figure 3(d)/right). However, the left chimney lip has an
insert (aa93–127), which is not shown in Figure 3(c) but
is indicated by a circle. In spite of this insert/loop, the
chimney left lip of scDNAP η resembles the left lip of hDNAP
κ (Figure 3(c)/right) and of other Y-Family DNAPs. This
insert serves as a “cap” over the chimney opening, such
that the chimney is completely closed. DNAP η always has
a cap, though its size varies (e.g., aa81–87 in hDNAP η).
Speculation about a role for the DNAP η chimney cap is in
the next section.

8. DNAP η Structures with TT-CPDs

Recently, X-ray structures of yeast DNAP η [39] and
human DNAP η [40] with a TT-CPD were published, and
remarkable insights have emerged. Two template bases are
in the active site, with the base on the 3′-side base pairing
with the dNTP. When the 3′-T of the TT-CPD interacts

with dATP, the 5′-T of the TT-CPD is also in the active
site, and when the 5′-T of the TT-CPD is interacting with
dATP, then the normal base on its 5′-side is in the active
site. Undamaged DNA appears similarly. The T-bases of a
TT-CPD lie at an angle of ∼30◦ with respect to each other
and lack the usual twist between the base pairs; however, the
impact of these distortions are minimized by the protein,
such that the TT-CPD looks remarkably similar to a normal
pair of adjacent thymines. Watson-Crick pairing is observed
between the dATP and each T-base of the TT-CPD.

dATP adopts the canonical chair-like shape found in
all families of DNAPs (see Section 10), though the shape
is nuanced; for example, the angle of the A-base is tilted
slightly downward compared to other dNTPs in Y-Family
DNAPs in order to pair with the 3′-T of the TT-CPD. In
hDNAP η, the guanidinium of R61 interacts with phosphate-
oxygens on both the α- and β-positions of dATP, which is
a unique interaction among Y-Family DNAPs. Interestingly,
the equivalent R73 in yDNAP η is flexible and can be in
this position, or it can face the opposite direction and pair
with the extra template base in the active site; that is, the
base not paired with the dNTP. This arginine is one of the
most conserved amino acids in DNAP η, though the R73A
mutation in yDNAP η retains normal kinetics with respect
to both undamaged and damaged DNA, which suggests that
its most important role is not being revealed in studies with
a TT-CPD. In UmuC(V), which is the bacterial ortholog
of DNAP η, methionine (M51) is usually at the equivalent
position, though arginine or lysine are frequently present
(42/408) (Figure 2). The other highly conserved amino acid
in DNAP η is a glutamine (Q38 in hDNAP η and Q55 in
yDNAP η), which sits in the minor groove and interacts with
both O2-positions on the T-bases of the TT-CPD.

Why is DNAP κ inactive on CPDs, while DNAP η is
active? A number of structural elements no doubt contribute,
but one important feature is that M135 in DNAP κ,
which lies two positions before the roof-aa, is too bulky
to accommodate both template-Ts of the TT-CPD. In the
equivalent position, hDNAP η has a glycine (G46) and
yDNAP η has a serine (S58), whose smaller size permits TT-
CPD in the active site. Thus, DNAP κ may have an amino
acid (i.e., M135) to minimize its activity on substrates meant
for the Vη-class of DNAPs. Similarly, one of the functions of
the flue and the cap for V/η-class DNAPs may be to minimize
its activity on adducts that protrude into the minor groove,
which are substrates for IV/κ-class DNAPs.

9. Architecture of the Y-Family
Little Finger Domain

Y-Family DNAPs show considerable amino acid homology
in the thumb/palm/fingers domains (approximately aa1–
230), which makes alignment in this region, including for
UmuC(V), unambiguous [44]. However, alignment of the
little finger domain is more problematic. X-ray structures
exist for the little finger domain of seven Y-Family DNAPs,
and their fundamental structure is similar. They show a
conserved secondary structure of β1-α1-β2-β3-α2-β4, where
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the four β-strands are aligned and anti-parallel, while the
two α-helices are aligned, antiparallel and cross-diagonally
over the β-strands. In spite of this structural conservation,
standard sequence alignment algorithms (e.g., ClustalW or
MUSCLE) do not correctly align the little finger domains of
these seven proteins.

Figure 4 shows the correct alignment based on the X-ray
structures (as described in the legend), including the little
finger domain of DNAP IV [112]. What features of these
sequences allow the structures to be conserved, even though
their primary amino acid sequences are not conserved? An
inspection of the X-ray structures reveals that little finger
domains are held together by a core of about twenty-one
hydrophobic residues, which are highlighted in turquoise
in the alignment in Figure 4 (H1–H21) and are shown
in a Dpo4 structure (Figure 5). Though hydrophobicity is
conserved at these twenty-one positions, the exact amino
acid is not. Dpo4, Dbh, DNAP κ, DNAP IV, DNAP ι,
yDNAP η, and hDNAP η have 19, 19, 17, 20, 20, 20, and
20 hydrophobic residues, respectively, at these 21 positions
(Figure 4).

A comparison of these seven proteins reveals that the
little finger domain has thirteen positions where an amino
acid side-chain can interact with a phosphate-oxygen. Nine
positions have a consensus lysine, arginine, asparagine or
glutamine, which can interact with a phosphate-oxygen
in the DNA backbone; they are designated L1–L9 in the
alignment in Figure 4 (red) to indicate that their R-groups
are “long.” They are also shown in the Dpo4 structure in
Figure 5 (red). Four positions have a consensus serine or
threonine that can interact with a phosphate-oxygen; they are
designated S1–S4 to indicate that their R-groups are “short”
in Figure 4 (pink). They are also shown for Dpo4 in Figure 5
(pink).

In terms of DNA interactions, there are some nuances. In
several cases amino acids with longer R-groups can also serve
at the S1–S4 positions (e.g., K301 in Dbh). Regarding S3,
S297/Dpo4, S297/Dbh and S359/DNAP ι clearly interact with
the P + 6 phosphate-oxygen; however, T469/DNAP κ looks
like a rotation would be required for it to interact properly,
though it was counted as a positive. Q296 in DNAP IV might
be able to interact with P + 5, though DNA is not present
for definitive assessment and it is noncanonical, so it is not
counted. R285/DNAP IV and R283/Dbh (instead of N340)
might interact with P + 8, though DNA is not present for
definitive assessment and it is non-canonical, so neither is
counted.

Of the thirteen sites that can interact with phosphate-
oxygens (i.e., L1–L9 and S1–S4), Dpo4 and Dbh have
an appropriate amino acid at 13/13 sites and 11/13 sites,
respectively. In contrast, hDNAP κ, DNAP IV, hDNAP ι,
yDNAP η and hDNAP η have an appropriate amino acid
at 9, 8, 7, 8, and 7 sites, respectively. The higher level of
conformity for Dpo4 and Dbh undoubtedly reflects the
need for more interactions with DNA given that they are
from thermophilic bacteria and must operate at elevated
temperatures. The similar number of residues (∼8) for the
other DNAPs probably reflects that they operate at a similar
but lower temperature (i.e., 37◦C), and if they had more

interactions they might bind DNA too tightly. We note that
an increase in hydrophobic residues in the hydrophobic core
was not expected for Dpo4 and Dbh, because hydrophobic
interactions strengthen as temperature increases.

10. How Y-Family Architecture Influences
dCTP versus dATP Insertion
Opposite B[a]P Adducts

DNAP IV can pair dCTP with the dG moiety of +BP,
importantly because the bulky pyrene can be accommodated
in DNAP IV’s large chimney opening (Figure 3(a)). For
phosphoester bond formation to occur the distance between
primer-O3′ and Pα-dCTP must be reaction-ready and can be
compared to the closest possible distance, a van der Waals’
contact (∼3.5 Å). In models of +BP in DNAP IV [136],
the distance between primer-O3′ and Pα-dCTP was ∼3.7 Å,
which approximates a van der Waals’ contact, and, thus,
can be thought of as being “reaction ready.” The no-adduct
control had a similar primer-O3′ and Pα-dCTP distance (∼
3.7 Å).

In contrast, UmuC(V) does not give a satisfactory struc-
ture when +BP is paired with dCTP (Figure 3(b)/center),
because UmuC(V)’s small chimney opening forces the
bulky pyrene moiety downward. Asparagine-32 is the main
problem, and its side chain plugs the UmuC(V) chimney
leading to a clash with +BP. In the unadducted structure
(Figure 3(b)/left), N32 adopts its lowest energy rotational
conformer with respect to the Cα–Cβ bond. The presence
of +BP leads to a rotation about the Cα–Cβ bond (Fig-
ure 3(b)/center); however, no other rotation can get N32
any farther out of the way. Consequently, UmuC(V)’s small
chimney forces the +BP-dG in the template and its paired
dCTP to move downward such that the primer-O3′/dCTP-
Pα distance is elongated to ∼5.0 Å, which is a nonreaction-
ready distance.

These observations provide a reasonable rationale for
why DNAP IV preferentially does cellular dCTP insertion in
cells: DNAP IV’s large chimney opening permits a reasonable
adduct-dG : dCTP structure with reaction-ready distances
between primer-O3′ and Pα-dCTP.

If UmuC(V)’s small chimney enforces a non-reaction-
ready distance between the primer-O3′/dNTP-Pα, then how
could UmuC(V) insert any dNTP opposite +BP? Recently,
we offered a hypothesis [136].

X-ray structures from all DNAP families show a canon-
ical dNTP shape that has been called “chair-like,” and its
structure from T7 DNA polymerase is shown in Figure 6
(blue insert), which is also observed in most of the X-ray
structures of Y-Family DNAPs, including Dpo4 (“S1-dNTP
shape,” Figure 6, green). However, a second non-canonical
“goat-tail-like” shape (“S2-dNTP”, Figure 6, yellow) has also
been observed [26]. The goat-tail-like S2-dNTP shape can
lie lower down in the active site, and +BP paired with dCTP
in the S2-dNTP shape allows the pyrene to lie comfortably
under the small chimney opening of UmuC(V), which allows
the primer-O3′/dNTP-Pα distance to be reaction-ready
(∼3.8 Å).
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Conserved L1 L2 S1 H1 L3 S2
Interaction site T+3 T+5 T+4 T+2 T+1

ssDpo4 242 R K S I G R I V T M K R - - N S R
ssDbh 243 K I P H G R Y L T L P Y - - N T R

413 R K S M S V E R T F S - - - E I N
DNAP IV 240 R K S V G V E R T M A E - - D I H

299 P Q S F S E E D S F K K - - - C S
390 V K S M M S N K N L R G K - S C N
316 P K T I G C S K N F P G K T A L A

Conserved H2 H3 H4 H5 H6 L4 H7
Interaction site T+2

ssDpo4 257 N L E E I K P Y L F R A I E E S Y Y K L D K R - - - - - - - - I P
ssDbh 258 D V K V I L P Y L K K A I N E A Y N K V N G - - - - - - - - - I P

427 K A E E Q Y S L C Q E L C S E L A Q D L Q K E R - - - - - - L K G
DNAP IV 255 H W S E C E A I I E R L Y P E L E R R L A K V K P - - - - D L L I

314 S E V E A K N K I E E L L A S L L N R V C Q D G R K P - - P R K P
406 S I V D C I S W L E V F C A E L T S R I Q D L E Q E Y N K I V I P
333 T R E Q V Q W W L L Q L A Q E L E E R L T K D R N D N - - D R V A

Conserved H8 H9 H10
ssDpo4 282 K A I H V V A V T E - - - - D

ssDbh 282 M R I T V I A I M E D
454 R T V T I K L K N V - - - - N

DNAP IV 284 A R Q G V K L K F D - - - - D
340 H T V R L I I R R Y S S E K H
439 R T V S I S L K T K - - - - S
364 T Q L V V S I R V Q G D - K R

Conserved S3 L5 S4 H11
Interaction site P+6 P+6 P+8

ssDpo4 293 L D I V S R G R T F P - - - - - - - - - H G I
ssDbh 293 L D I L S K G K K F K H G I

465 F E V K T R A S T V S S - - - - - - - - - V V S
DNAP IV 295 F Q Q T T Q E H V W P - - - - - - - - - - - R L

355 Y G R E S R Q C P I P S H V I Q K L G T G N Y D
450 Y E V Y R K S G P V A Y K - - - - - - - G I N F
378 L S S L R R C C A L T - - - - - - - - - - - R Y

Conserved H12 H13 H14 H15 H16 H17 H18
ssDpo4 307 S K E T A Y S E S V K L L Q K I L E E D E R - - - - - K I

ssDbh 307 S I D N A Y K V A E D L L R E L L V R D K R R - - - - N V
480 T A E E I F A I A K E L L K T E I D A D F P H P - - L R L

DNAP IV 308 - - - - N K A D L I A T A R K T W D E R R G G - - - R G V
379 V M T P M V D I L M K L F R N M V N V K M P M - - - F H L
468 Q S H E L L K V G I K F V T D L D I K G K N K S Y - Y P L
391 D A H K M S H D A F T V I K N C N T S G I Q T E W S P P L

Conserved L6 L7 H19 H20 L8 H21 L9
Interaction site T0 T+1 T+3 P+8

ssDpo4 331 R R I G V R F S K F
ssDbh 332 R R I G V K L D N I

507 R L M G V R I S S F
DNAP IV 330 R L V G L H V T L L

405 T L L S V C F C N L
496 T K L S M T I T N F
420 T M L F L C A T K F

I
I
P
D
K
D
S

hDNAP κ

hDNAP κ

hDNAP κ

hDNAP κ

hDNAP κ

hDNAP κ

hDNAP η
yDNAPη
hDNAP ι

hDNAP η
yDNAPη
hDNAP ι

hDNAP η
yDNAPη
hDNAP ι

hDNAP η
yDNAP η
hDNAP ι

hDNAP η
yDNAP η
hDNAP ι

hDNAP η
yDNAP η
hDNAP ι

α1

β1

α2

β2

β3

β4

Figure 4: Amino acid alignment for the little finger domains in cases where the alignment can be assigned unambiguously based on X-ray
structures of Y-family DNAPs. Alignments were done with FATCAT [105] and MAMMOTH [106], which agreed with visual alignment.
The six rows show the four β-strands (β1–β4) and the two α-helices (α1 and α2). Yellow highlighting indicates residues in each secondary
structural block. Blue highlighting shows the twenty-one hydrophobic residues (H1–H21) that make up the hydrophobic core of the little
finger domains. Red highlighting shows consensus lysine/arginine/asparagine/glutamine residues that bind with phosphate-oxygens (L1–
L9). Pink highlighting shows consensus serine/threonine residues that bind with phosphate-oxygens (S1–S4). “Interaction Site” refers to the
nucleotide position of the phosphate-oxygen with which an amino acid is interacting, where “T” refers to template and “P” refers to primer,
and the numbering refers to the duplex portion of the DNA. The interaction site is not always the same in all structures in the case of amino
acids with long side chains.

Interestingly, the S2-dATP shape allows the syn-confor-
mation, such that syn-dATP can pair with adduct-dG via
a Hoogsteen base pair. In contrast, the syn-adenine base
in the S1-dNTP shape has steric clashes with atoms in
the deoxyribose and the α-phosphate. Adduct-dG : syn-dATP
pairing in UmuC(V) gave reasonable structures with primer-
O3′/dNTP-Pα distances of ∼3.6 Å [136]. The S2-dNTP
shape appears to have accompanying protein components

that should allow phosphoester bond making and breaking
[136, 138].

Other G : A mispairings are also possible. In principle,
anti-dATP can pair with syn-guanine in adduct-dG, which
requires the pyrene moiety to be in the major groove. Anti-
dATP can also pair with antiguanine in adduct-dG in an
elongated mispair. Thus, there are scenarios other than the
one involving our syn-dATP : antiadduct-dG hypothesis.
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Figure 5: The little finger domain of Dpo4, showing amino acids
whose R-groups contribute to the hydrophobic core (H1–H21,
turquoise). Furthermore, lysine/arginine/asparagine/glutamine
residues that interact with phosphate-oxygens are shown in
red (L1–L9), and serine/threonine residues that interact with
phosphate-oxygens are shown in pink (S1–S4). The view is toward
the four anti-parallel β1–β4 strands, and β1 begins to the right,
while the last amino acid in β4 is shown just below it. The view is
also into the face that binds duplex DNA, where the helix axis is
approximately vertical. The Dpo4 coordinates are from 1SOM-B.

D7

D105

S1-dNTP
(green)

S2-dNTP
(yellow)

Figure 6: Side view of a dNTP in the “chair-like” shape S1-dNTP
(green) versus the “goat-tail-like” shape S2-dNTP (yellow). Key
amino acids (only D7, D105, and K159 are shown) from a Dpo4
structure adopting the S1-dNTP shape were superimposed on the
same amino acids in a Dpo4 structure adopting the S2-dNTP.
Spheres are divalent cations (S1-dNTP/red and S2-dNTP/brown).
S1-dATP from T7 DNA polymerase is also shown (insert, blue). X-
ray coordinates are from 1SOM-B for Dpo4/S1-dNTP, 1RYS-A for
Dpo4/S2-dNTP, and 1T7P for T7 DNAP.

11. Unusual Architectural Features of Dpo4

Dpo4 is by far the best studied Y-Family DNAP, both
structurally and biochemically. Based on biochemical and
X-ray findings [28], Dpo4 insertion opposite +BP was
proposed to follow a “dislocation” or “templated” path-
way. Dislocation/templated insertion (see [135, 136] and
references therein) involves DNAP stalling at an adduct,
slippage to the next 5′-base along the template, which directs
incorporation (e.g., dATP insertion opposite the 5′-T in a 5′-
TG sequence context), whereupon the newly incorporated

dA slips back to form an adduct-G : A mispair, from which
extension yields the mispair that ultimately gives a G->T
mutation. Dpo4 preferentially inserted dCTP, dTTP, dATP
and dGTP opposite +BP in 5′-GG, 5′-AG, 5′-TG and 5′-
CG sequences, respectively, [28], which is consistent with a
dislocation/templated mechanism.

Though the dislocation/templated mechanism is attrac-
tive for Dpo4, considerable evidence both in vitro and in
vivo suggest that neither DNAP IV nor DNAP V follow
a dislocation/templated mechanism with +BP, as discussed
extensively in [136] and references therein.

Why might Dpo4 be different than DNAPs IV and V?
Dpo4 is in the IV/κ-class, and it has a nonbulky roof-aa and
roof-neighbor-aa [A44/A57], as expected for the IV/κ-class.
However, Dpo4 has a very small chimney opening (discussed
below), which is associated with for the V/η-class. Thus,
Dpo4 is a hybrid with a roof similar to the IV/κ-class and
a chimney similar to the V/η-class.

Dpo4 has a small chimney opening, because its bulky
flue-handle (C31) causes downward curvature of the chim-
ney upper lip and leads to a closed flue (V32) [136]. In fact,
Dpo4’s chimney is exceedingly blocked: (1) the V32 flue is
inserted deeper into the chimney than, for example, the N32
flue of UmuC(V), and (2) M76, which is the second amino
acid in Dpo4’s left lip, also plugs the chimney. DNAP IV and
UmuC(V) have non-bulky G74 and S72, respectively, in the
position equivalent to M76 in Dpo4. Thus, the excessively
plugged chimney of Dpo4 forces the pyrene moiety of +BP so
far from the active site that base pairing via either S1-dCTP
or S2-dCTP is impossible; consequently, both the pyrene
and the dG moieties of +BP are forced to be extrahelical
with consequence being that pairing cannot occur with its
complementary dC [28].

As mentioned above, DNAPs η, IV, η, and ι have an
appropriate amino acid at 9, 8, 7, and 8, respectively, of
the thirteen sites that can interact with phosphate-oxygens
(L1–L9 and S1–S4). In contrast, Dpo4 and Dbh conform
13/13 and 11/13, respectively, which undoubtedly reflects the
need for more interactions with DNA given that they are
from thermophilic bacteria and must operate at an elevated
temperature. Thus, Dpo4 studied at 37◦C, which is typical,
may give results that do not reflect correctly on aspects of the
mechanism of other Y-Family DNAPs, which have evolved to
operate at 37◦C.

This analysis suggests reasons for caution when applying
conclusions from Dpo4 to other Y-Family DNAPs, especially
those purely in the IV/κ-class or the V/η-class. Perhaps Dpo4
evolved its hybrid roof/chimney structure to bypass a unique
set of lesions encountered by a thermophilic bacteria. Alter-
natively, perhaps the structure of Dpo4 at physiologically
relevant elevated temperatures is different than at the tem-
perature at which it was crystallized (room temperature.) and
assayed (37◦C), and this affects its structure and behavior.

12. Structure of B-Family Lesion-Bypass DNAPs

This paper has focused on Y-Family DNAPs, though some
lesion bypass DNAPs are in the B-Family, including DNAP
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II in E. coli and REV3 of DNAP ξ in many eukaryotic cells.
DNAP II inserts and extends the −2 frameshift intermediate
of AAF-C8-dG [66, 117], which must have two looped out
nucleotides as well as the AAF moiety protruding into the
major groove. Data also suggests that DNAP II and DNAP
ξ are involved in the bypass of interstrand crosslinks [45–
49], which must have a large oligonucleotide protruding
into the major groove during TLS. Though B-Family DNAPs
completely surround DNA, the structure on the minor and
major groove sides are very different, as revealed in structures
of both E. coli DNAP II [139] and Rb69 DNAP [140]. B-
family DNAPs have a helical protein component that follows
and contacts the minor groove side of duplex DNA. On the
major grove side, however, a protein dome is present that
leaves a large open cavity. Though Y-Family DNAPs are open
to solvent on their major groove side, the solvent-exposed
DNA surface inside the cavity for DNAP II (∼400 Å2, when
considering,for example, the template : dNTP base pair plus
the L + 1 base pair) is actually larger than with either DNAP
IV (∼230 Å2) or UmuC(V) (∼130 Å2). It seems likely that the
large cavity and solvent exposed region on the major groove
side of B-Family DNAPs may be essential for their ability to
accomplish TLS on lesions having bulky protrusions into the
major groove.

Abbreviations

B[a]P: Benzo[a]pyrene
+BP: [+ta]-B[a]P-N2-dG (Figure 1)
−BP: [−ta]-B[a]P-N2-dG
TT-CPD: Thymine-thymine cyclopyrimidine dimer
TLS: Translesion synthesis, which includes the

insertion of a base opposite a DNA adduct,
as well as subsequent elongation

DNAP: DNA polymerase
S1-dNTP: The “chair-like” dNTP shape
S2-dNTP: The “goat-tail-like” dNTP shape
aa: Amino acid.
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Human DNA polymerase η (HsPolη) plays an important role in translesion synthesis (TLS), which allows for replication past DNA
damage such as UV-induced cis-syn cyclobutane pyrimidine dimers (CPDs). Here, we characterized ApPolη from the thermophilic
worm Alvinella pompejana, which inhabits deep-sea hydrothermal vent chimneys. ApPolη shares sequence homology with HsPolη
and contains domains for binding ubiquitin and proliferating cell nuclear antigen. Sun-induced UV does not penetrate Alvinella’s
environment; however, this novel DNA polymerase catalyzed efficient and accurate TLS past CPD, as well as 7,8-dihydro-8-
oxoguanine and isomers of thymine glycol induced by reactive oxygen species. In addition, we found that ApPolη is more
thermostable than HsPolη, as expected from its habitat temperature. Moreover, the activity of this enzyme was retained in the
presence of a higher concentration of organic solvents. Therefore, ApPolη provides a robust, human-like Polη that is more active
after exposure to high temperatures and organic solvents.

1. Introduction

Although genomic DNA contains genetic information that
should be error-free for proper cellular function, it is
continually subjected to ubiquitous DNA-damaging agents
of both environmental and endogenous origins, such as UV
and ionizing radiation and reactive oxygen species (ROS) [1–
3]. To maintain genomic integrity, cells possess several repair
pathways, including nucleotide excision repair (NER), base
excision repair (BER), and recombination repair, to cope
with the various resulting lesions. However, some lesions are
not repaired and are encountered by the replication machin-
ery. During DNA replication, these lesions block high-
fidelity replicative DNA polymerases, and if not processed
correctly, eventually lead to mutagenesis, carcinogenesis, or

cell death. To avoid such catastrophic consequences, cells
have a translesion DNA synthesis (TLS) mechanism that
allows efficient and accurate DNA synthesis past lesions [4–
6].

The importance of TLS in humans has been indicated
by studies of an inherited human disease called xeroderma
pigmentosum variant (XP-V), which is characterized by the
hypersensitivity of skin to sunlight and the high incidence of
sunlight-induced skin cancer [7, 8]. The XPV gene encodes
human DNA polymerase η (HsPolη), a 713 amino acid
protein that is a member of the Y-family DNA polymerases
that includes human DNA polymerases ι, κ, and Rev1 [6, 9,
10]. Cells from XP-V patients are defective in the replication
of damaged DNA and show hypermutability after exposure
to UV radiation or DNA-damaging agents. These results
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indicate that HsPolη is at least involved in the accurate
translesion pathway to avoid mutations by UV-induced
lesions in vivo. Consistent with these observations, biochem-
ical studies revealed that HsPolη, unlike the replicative Polδ
and Polε, was able to catalyze efficient and accurate TLS past
a UV-induced cis-syn cyclobutane pyrimidine dimer (CPD).
In contrast, DNA containing other UV-induced lesions, such
as the pyrimidine(6–4)pyrimidone photoproduct (6–4 pp)
and its Dewar valence isomer (Dewar), which are efficiently
repaired by NER in vivo [11, 12], is not replicated by HsPolη
[13, 42].

Furthermore, this enzyme was reportedly able to bypass
not only UV-induced lesions but also various other lesions
induced by both environmental and endogenous reactive
oxygen species. For instance, HsPolη bypasses 7,8-dihydro-
8-oxoguanine (8-oxoG), 5R-thymine glycol (5R-Tg), and 5S-
thymine glycol (5S-Tg), but not an apurinic/apyrimidinic
(AP) site [13–19], although these lesions, which have small
alterations in their chemical structures, are mainly repaired
by BER in vivo. Thus, these findings indicate that HsPolη
also plays an important function in the replication of DNA
containing ROS-induced lesions in vivo.

In addition to its role in TLS, HsPolη can extend DNA
synthesis from D-loop recombination intermediates, and its
activity is stimulated by Rad51 recombinase [20]. More-
over, Polη-disrupted DT40 cells show significant decreases
in the frequencies of both immunoglobulin-variable gene
conversion and double-strand break-induced homologous
recombination [21]. Taken together, these reports indicate
that Polη is involved in homologous recombination repair,
and thus, Polη seems to be important for DNA damage
tolerance in living cells.

Alvinella pompejana is a polychaetous annelid that inhab-
its active deep-sea hydrothermal vent sites along the East
Pacific Rise, where it colonizes the walls of actively venting
high-temperature chimneys. The average temperature is
about 68◦C, with spikes up to 81◦C, and thus exceeds the
predicted 55◦C limit for the survival of eukaryotes [22, 23].
The ability of this worm to survive in such an extreme
environment suggests that A. pompejana may contain highly
stable proteins that can be used for biology, biotechnology,
and industry. Several proteins have been characterized from
A. pompejana and the analyses have revealed the proteins
have enhanced thermostability [24–26], which include A.
pompejana superoxide dismutase (SOD) and U2AF65, which
are more stable than their human homologs.

In this study, we cloned an A. pompejana gene with
homology to the HsPolη gene. The encoded full-length
recombinant protein was produced in Escherichia coli.
Characterization of ApPolη revealed that it had the ability
to bypass CPD, 8-oxoG, 5R-Tg, and 5S-Tg, but did not
bypass either 6–4 pp, Dewar, or an AP site analog. This
substrate specificity is similar to that of the HsPolη, yet
ApPolη is comparatively more thermostable than HsPolη
and retains activity in the presence of organic solvents.
Therefore, ApPolη is a robust human-like Polη that is useful
to complement and expand ideas on TLS mechanisms by
virtue of its eukaryotic origin and enhanced stability.

2. Materials and Methods

2.1. Materials. Recombinant HsPolη tagged with (His)6 at its
C-terminal end was produced in Sf9 insect cells using the
baculovirus expression system and was purified by sequential
column chromatography on HiTrap Q, Ni-NTA agarose,
and MonoS, as described previously [17]. Klenow fragment
3′–5′ exonuclease minus (KF) and T7 DNA polymerase were
purchased from New England Biolabs and USB, respectively.
Oligonucleotides containing CPD [27], 6–4 pp [28], Dewar
[29], 5R-Tg [30], and 5S-Tg [31] were synthesized on an
Applied Biosystems 3400 DNA synthesizer, as described, and
those containing 8-oxoG and the AP site analog (dSpacer)
were synthesized using phosphoramidite building blocks
purchased from Glen Research.

2.2. Cloning of the ApPolη Gene. Full-length ApPolη cDNA
was isolated by RACE PCR, using cDNA prepared with the
GeneRacer kit (Invitrogen) from total RNA isolated from
frozen whole worm samples. A 2.5 cm frozen section of the
posterior end of A. pompejana collected with the DSV Alvin
submersible [23] was ground using a mortar and pestle
in liquid nitrogen. The ground tissue was aliquoted into
eppendorf tubes, and after the addition of Trizol (Invitrogen)
(1.4 mL), the mixture was incubated at room temperature
for 10 minutes. After centrifugation at 12,000×g for 10
minutes, the supernatant (1 mL) was mixed with chloroform
(250 μl), and was incubated at room temperature for 2
minutes. The samples were then centrifuged at 12,000×g
for 15 minutes to separate the total RNA into the aqueous
layer. The RNA was then precipitated by adding isopropanol
(500 μl) to the aqueous solution (600 μl), and was incubated
at 4◦C for 1.5 hours. After centrifugation at 12,000×g
for 10 minutes at 4◦C, the pellet was washed with 75%
ethanol (1.4 mL) and then stored in 75% ethanol (1 mL) at
−80◦C. The stored RNA was pelleted by centrifugation and
resuspended in diethylpyrocarbonate-treated water (20 μl),
and the concentration was determined by measuring the
absorbance at 280 nm. A 5 μg portion of the total RNA was
used to prepare cDNA using the GeneRacer kit (Invitrogen),
according to the manufacturer’s instructions. In brief, total
RNA was dephosphorylated using calf intestinal alkaline
phosphatase, extracted with phenol-chloroform, and precip-
itated with ethanol. The RNA was decapped using tobacco
acid pyrophosphatase, extracted, and precipitated, and then
the GeneRacer 5′ oligo was ligated to the 5′ ends. Finally,
the RNA was subjected to the reverse transcription reaction
using a poly-T primer containing the GeneRacer 3′ oligo
sequence, to generate a single-stranded cDNA library with
known 5′ and 3′ sequences.

The amino acid sequence of HsPolη was used for
a in-house TBLASTN search of a translated A. pompe-
jana expressed sequence tag (EST) database comprised
of sequences derived from collaborations with the Joint
Genome Institute (Walnut Creek, CA) and Genome Thera-
peutics (Waltham, MA). A positive hit at the 5′ end of the
gene was identified on EST CAGA3172. The 3′ sequence
was determined from the prepared A. pompejana GeneRacer
cDNA library by 3′ RACE PCR, using a gene specific primer
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(AlviXPVF1 5′GG GAC TGG TCT GTG CTG GCC GTG
GAA AT 3′) and the GeneRacer 3′ oligo primer, together
with the touchdown PCR strategy and KOD polymerase
(Novagen). The PCR product was TOPO cloned into the
pCR2.1 vector (Invitrogen) and was analyzed by restriction
enzyme digestion and sequencing. The full-length ApPolη
gene was amplified from the cDNA library, using two
gene-specific primers, AlviXPVF1 (the above sequence) and
AlviXPVR2 (5′ GGG ATG ATT CTA CAC TTT GCT GAA
AAA TCT ATC CA 3′), and KOD polymerase under the stan-
dard PCR conditions. The 2.2 kb product was gel-purified
and TOPO cloned into the pCR4 vector (Invitrogen) and was
analyzed by restriction enzyme digestion and sequencing.
Restriction sites were added to the ends by a subsequent
round of PCR and TOPO cloning. The full-length ApPolη
cDNA was then subcloned into pET21a (Novagen), using
the Nde I and Eco RI restriction nucleases and T4 DNA
ligase, and was analyzed by restriction enzyme digestion and
sequencing.

2.3. Expression and Purification of the ApPolη Protein.
Recombinant ApPolη gene was expressed in E. coli Rosetta2
(DE3) (Novagen). The cells were grown at 37◦C to an
absorbance at 600 nm of 0.6. The cultures were placed
in an ice slurry for 20 minutes, and then isopropyl-β-D-
thiogalactopyranoside was added to a final concentration
of 0.5 mM. After the cultures were incubated at 12◦C for
40 hours, the cells were collected by centrifugation, rinsed
with buffer A containing 10 mM sodium phosphate (pH
7.4), 10% glycerol, and 300 mM NaCl, and resuspended
in buffer A containing p-amidinophenylmethanesulfonyl
fluoride hydrochloride and a protease inhibitor cocktail
(complete, EDTA free (Roche)). The lysate mixtures were
mixed with powdered lysozyme at a final concentration of
2 mg/mL for 10 minutes on ice, and then were subjected
to ultrasonicationn. The lysates were centrifuged, and the
supernatants were mixed with Talon resin (Clontech) (50%
w/v, equilibrated with lysis buffer containing 10 mM sodium
phosphate (pH 7.4), 10% glycerol, 300 mM NaCl, and 5 mM
imidazole). The resin was washed with the same buffer,
and the bound proteins were eluted with eluate buffer
(lysis buffer containing 300 mM imidazole). The eluate was
diluted and applied to a HiTrap Heparin HP column (GE
Healthcare) equilibrated with buffer B (50 mM sodium
phosphate (pH 7.4), 1 mM EDTA, 1 mM β-mercaptoethanol,
and 0.01% Triton X-100) containing 0.1 M NaCl. Elution was
performed by a stepwise gradient of 0.2 M to 0.6 M NaCl
in buffer B. The peak fractions containing ApPolη eluted at
0.5 M NaCl, and were stored at –80◦C.

2.4. TLS Reactions. The 5′- 32P-labeled primer-template was
prepared by mixing a 16-mer primer labeled at its 5′ end
with each of the 30-mer templates, at a molar ratio of 1 : 1.
Standard reaction mixtures (10 μl), containing 40 mM Tris–
HCl (pH 8.0), 1 mM MgCl2, 100 mM dNTPs, 10 mM DTT,
0.24 mg/mL BSA, 60 mM KCl, 2.5% glycerol, 40 nM 5′- 32P-
labeled primer-template, and purified ApPolη, were incu-
bated at 37◦C. The reaction times and the enzyme amounts

are indicated in the figure legends. The reactions were
terminated by the addition of stop solution (8 μl), containing
95% formamide, 20 mM EDTA, 0.025% bromophenol blue,
and 0.025% xylene cyanol. The protein was denatured by
boiling, and the products were separated by electrophoresis
on a denaturing 16% polyacrylamide gel. Dried gels were
analyzed on a FUJIFILM BAS 1800 bioimage analyzer.

2.5. Thermostability of ApPolη. The relative thermostabilities
of ApPolη and HsPolη were compared by heating each
enzyme to temperatures ranging between 37◦C and 58◦C for
5 minutes. An aliquot of each enzyme was then used for
the standard 20 minutes TLS reaction at 37◦C to measure
the incorporation of a single nucleotide, dCMP, opposite
the template G residue (see the TLS reactions described
above). The enzyme concentrations used in the reactions
were initially determined by making serial dilutions of
each enzyme and identifying the concentration necessary to
give the same extension level of the labeled primer. These
amounts were 1.8 and 5.9 fmol for HsPolη and ApPolη,
respectively. The ability of each enzyme to extend the primer
was quantified with MultiGauge software (FUJIFILM), and
the specific activity, compared to the activity of each enzyme
heated to 37◦C, was calculated. The specific activity was
plotted as a function of the temperature to which the enzyme
was exposed.

3. Results

3.1. Amino Acid Sequence of ApPolη. A cDNA sequence
with homology to that of HsPolη was cloned from an A.
pompejana cDNA library by RACE PCR. The open reading
frame encoded a predicted product of 745 amino acid
residues, with a calculated molecular mass of 83 kDa. Align-
ment of the amino acid sequence against HsPolη revealed
38.1% identity and 57.6% similarity overall (identities =
283/708 (39%), positives = 414/708 (58%), gaps = 68/708
(9%)). The alignment (Figure 1(a)) also indicated the high
conservation within the N-terminal region and the presence
of the four structural domains (finger, palm, thumb, and
little finger) that are the hallmarks of the Y-family translesion
DNA polymerases [32, 33]. Ubiquitin (Ub)-binding domains
[34–36] and a proliferating cell nuclear antigen (PCNA)-
binding domain [37, 38], located in the C-terminal region
of Polη, were identified in the ApPolη amino acid sequence,
suggesting that Ub and/or PCNA regulate this protein.

The Y-family DNA polymerases ι (Polι) and κ (Polκ) and
the B-family DNA polymerase ζ (Polζ) are known to share
sequence homology with the Y-family HsPolη. To analyze
the relationship between this A. pompejana protein and
other translesion DNA polymerases, a phylogenetic tree was
produced on the basis of the amino acid sequences of these
DNA polymerases, by the unweighted pair group method
with arithmetic mean (UPGMA). The tree revealed that this
protein was not related to Polκ, Polι, or Polζ , but was more
closely related to Polη (Figure 1(b)). Therefore, we concluded
that this protein is a member of the DNA polymerase η
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Figure 1: (a) Alignment of the amino acid sequences of ApPolη and HsPolη (NP 006493.1). Identical and similar residues between the two
enzymes are indicated in black and grey, respectively. (b) Phylogenetic analysis of TLS polymerases. A phylogenetic tree was constructed by
the UPGMA method, based on the amino acid sequences of the ApPolη and other Y- and B-family DNA polymerases.
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group, and thus referred to the protein as A. pompejana DNA
polymerase η.

3.2. Purification of ApPolη. To examine the biological activi-
ties of the protein encoded by the ApPolη cDNA, we prepared
the recombinant ApPolη protein with a C-terminal (His)6 tag
in E. coli. The extract was first fractionated on Talon beads,
and then purified on a Heparin column. The recombinant
protein was eluted by a step gradient of NaCl (Figure 2(a)).
As expected from the calculated relative molecular mass,
the purified recombinant ApPolη bearing the (His)6 tag
migrated as a single band of approximately 85 kDa in
the SDS-PAGE analysis (Figure 2(b)), and exhibited DNA
polymerase activity (Figure 3(a)). The recombinant human
Y-family polymerases, for example, Polη, Polι, and Polκ, are
usually prepared from baculovirus-infected insect cells, as
reported previously [13, 17, 39, 40]. In the present study,
the incubation of the cultures at a low temperature after
induction enabled the production of full-length ApPolη in E.
coli, as was also reported by Hoffman et al. [41] for Polη from
other species. The yield of the purified protein was 15.5 μg
per liter of the culture.

3.3. TLS Past UV-Induced Photoproducts by ApPolη. UV
irradiation induces the formation of pyrimidine dimers,
namely, CPD and 6–4 pp. The latter is isomerized to Dewar
by exposure to UVA/B. HsPolη catalyzed efficient and
accurate TLS past CPD [13], but not 6–4 pp [13] and Dewar
(unpublished results). To examine whether ApPolη possessed
TLS activity for UV-induced lesions, 30-mer oligonucleotide

templates containing a single lesion were hybridized to a
5′- 32P-labeled 16-mer oligonucleotide primer, and these
duplexes were employed for the TLS reactions (Figure 3).
Klenow fragment (KF) inserted one nucleotide opposite
CPD, but did not elongate the primer (Figure 3(b), lane
1), whereas ApPolη could efficiently elongate the primer
up to the end of the 30-mer, in an enzyme concentration-
dependent manner (Figure 3(b), lanes 3–7). Similar exper-
iments were performed with other UV-induced lesions, 6–
4 pp and Dewar. ApPolη could insert one nucleotide opposite
these lesions, but elongation of the primers was not observed
(Figures 3(c) and 3(d)), in a manner similar to HsPolη
[13, 42].

To examine the preference for nucleotide incorporation
opposite the lesion by ApPolη, the polymerization reactions
were performed in the presence of only a single deoxyribonu-
cleoside triphosphate (Figure 4). Although HsPolη repli-
cates undamaged DNA with low fidelity [43, 44], it can
accurately incorporate dATP opposite the TT sequence of
CPD [13]. On the undamaged template, ApPolη preferred
to incorporate dATP correctly, and dGTP was incorporated
less frequently (Figure 4(a)), indicating that ApPolη, like
HsPolη, replicates undamaged DNA with low fidelity. When
the template contained CPD, ApPolη incorporated dATP
exclusively (Figure 4(b), lane 4), indicating that ApPolη, like
HsPolη, can accurately perform TLS past CPD. For both 6–
4 pp and Dewar, primers that were elongated with dAMP
and dGMP by ApPolη were detected, although the elongation
efficiency was very low (Figures 4(c) and 4(d)). While we
are able to test these activities biochemically, establishing the
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Figure 3: TLS by ApPolη past CPD, 6–4 pp, and Dewar. Increasing amounts of ApPolη (12, 24, 59, 118, and 588 fmol in lanes 3–7, resp.) were
incubated with 40 nM of the primer-templates indicated beside each panel. The templates contained undamaged TT (a), CPD (b), 6–4 pp
(c), and Dewar (d). The samples for lanes 1 and 2 contained 0.1 U KF and no enzyme, respectively. The reactions were incubated at 37◦C for
20 minutes, and then were subjected to 15% polyacrylamide/7.5 M urea gel electrophoresis. The autoradiograms of the gels are shown.

biological roles of ApPolη would require additional assays
such as genetic complementation, however these results were
also similar to those obtained for HsPolη.

3.4. TLS Past Oxidative Lesions by ApPolη. Since A. pom-
pejana inhabits deep sea thermal vent regions that are in
excess of 1.5 km under the ocean surface where UV-rays
from the sun do not penetrate [45, 46], we thought that
CPD containing DNA may not be a major template for
ApPolη. Other candidates were assumed to be oxidative
lesions, because the high temperature and the solutes at
the hydrothermal vent sites might induce oxidative stress.
Tg is one of the major DNA lesions produced by ROS,
and two isomeric forms, 5R-Tg and 5S-Tg, are produced
in DNA. Tg often blocks DNA replication by replicative
DNA polymerases [40], but rarely induces mutation [41].
However, HsPolη can catalyze efficient and accurate TLS past
each Tg isomer [17].

Using the 30-mer oligonucleotides containing a single
lesion at the 17th nucleotide from its 3′ end as templates,
we examined the ability of ApPolη to replicate DNA past

5R-Tg and 5S-Tg. At both lesions, the replicative T7 DNA
polymerase was blocked completely (Figures 5(a) and 5(b),
lane 1), but ApPolη efficiently catalyzed the replication
reaction (Figures 5(a) and 5(b), lanes 3–7). To examine
the preference of nucleotide incorporation opposite each
Tg isomer, the polymerization reactions were tested in the
presence of only a single deoxyribonucleoside triphosphate
(Figures 6(a) and 6(b)). ApPolη preferred to incorporate
dATP (Figures 6(a) and 6(b), lane 4). Although dGTP was
incorporated in the absence of the other nucleotides (lane 6),
this product, which exhibited slightly slower migration in the
PAGE analysis, was not detected when the four nucleotides
were added (lane 3). These results indicated that ApPolη had
the ability to catalyze TLS accurately past both 5R-Tg and
5S-Tg.

Another major oxidative DNA lesion induced by ROS
is 8-oxoG, which is an important promutagen in vivo and
in vitro [1]. Similar experiments were performed with a
template containing 8-oxoG, instead of Tg. No insertion of
any nucleotide opposite the lesion by T7 DNA polymerase
was observed (Figure 5(d), lane 1), whereas ApPolη could
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Figure 4: Selectivity of nucleotide incorporation by ApPolη opposite undamaged TT (a), CPD (b), 6–4 pp (c), and Dewar (d). ApPolη (12
fmol in lanes 2–7) was incubated with each primer-template in the presence of the four dNTPs (lane 3), the indicated dNTP (lanes 4–7), or
the absence of dNTP (lane 2). Lane 1 contained no enzyme. The reactions were incubated at 37◦C for 5 minutes, and then were subjected to
15% polyacrylamide/7.5 M urea gel electrophoresis. The autoradiograms of the gels are shown.

bypass 8-oxoG efficiently (Figure 5(d), lanes 3–7). For
the nucleotide preference, ApPolη preferred to incorporate
the correct dCTP opposite the undamaged template G
(Figure 6(c)), whereas it mainly incorporated the incorrect
dATP opposite 8-oxoG (Figure 6(d)). Thus, this enzyme
replicates DNA containing 8-oxoG efficiently but incorrectly,
leading to frequent G·C to T·A transversions. In addition, we
investigated whether ApPolη has TLS activity on a template
containing the AP site analog. However, like the other Y-
family DNA polymerases, this enzyme was unable to catalyze
TLS past this lesion (data not shown).

3.5. In Vitro Stability of ApPolη. As A. pompejana colonizes
the walls of actively venting high-temperature chimneys
[23, 45, 46], we hypothesized that its enzymes may be more
thermostable than those found in mesophilic organisms,
as shown for other TLS polymerases derived from single
cellular hyperthermophilic organisms such as Sulfolobus
solfataricus DNA polymerase 4 (Dpo4) [47, 48]. To test
this possibility, we compared the activity of ApPolη along

with that of HsPolη after heating both enzymes to various
temperatures for 5 minutes. After this treatment, we tested
the ability of both enzymes to incorporate a single dCMP
opposite a template G. As shown in Figure 7, ApPolη retained
the activity even after it was heated to 49◦C. In contrast,
the activity of HsPolη diminished rapidly after heating
to temperatures higher than 43◦C. Therefore, ApPolη is
relatively more thermostable than HsPolη.

3.6. Stability of ApPolη in Organic Solvents. As a further
test of ApPolη stability, we tested the ability of ApPolη to
incorporate dCMP opposite a template G in the presence of
various organic solvents. In these assays, dimethyl sulfoxide
(DMSO), ethanol, and isopropanol (IPA) were used at
concentrations of 20% (v/v). Similar experiments were
performed in a study on TLS past a benzo[a]pyrene adduct
by another thermostable Y-family DNA polymerase, archaeal
Dpo4, although the organic solvents were added to stabilize
the benzo[a]pyrene moiety in the major groove, rather than
to test the protein stability [45]. As shown in Figure 8(a),
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Figure 5: TLS by ApPolη past 5R-Tg, 5S-Tg, and 8-oxoG. Increasing amounts of ApPolη (12, 24, 59, 118, 588 fmol in lanes 3–7, resp.) were
incubated with 40 nM of the primer-templates indicated beside each panel. The templates contained 5R-Tg (a), 5S-Tg (b), undamaged G
(c), and 8-oxoG (d). The samples for lanes 1 and 2 contained 0.1 U T7 DNA polymerase and no enzyme, respectively. The reactions were
incubated at 37◦C for 20 minutes, and then were subjected to 15% polyacrylamide/7.5 M urea gel electrophoresis. The autoradiograms of
the gels are shown.

ApPolη exhibited higher activity than HsPolη in the presence
of all of the solvents used in this study, although IPA greatly
reduced the enzyme activity. In the presence of DMSO,
ApPolη retained the full activity, even when the reaction
mixture contained this solvent at a concentration of 20%
(Figure 8(b)). These results support our conclusion that the
full-length ApPolη protein is more stable than its human
homolog.

4. Discussion

4.1. CPD and Tg in TLS by ApPolη. In this study, we
cloned the cDNA encoding the novel thermostable DNA
polymerase η from A. pompejana, which colonizes deep-
sea hydrothermal vents. This enzyme was produced in E.
coli, and was purified as a full-length recombinant protein
(85 kDa) bearing a (His)6 tag. The purified ApPolη protein
displayed DNA polymerase activity. This enzyme catalyzed
TLS past CPD, 5R-Tg, 5S-Tg, and 8-oxoG, but not past 6–
4 pp, Dewar, or the AP site analog, in a similar manner to

Table 1: Comparison of nucleotide incorporation into lesion-
containing template-primers between HsPolη and ApPolη.

DNA lesion HsPolη ApPolη

CPD AA [7–10] AA

6−4 pp —a [9, 10] —a

Dewar —a,b —a

5R-Tg A [15] A

5S-Tg A [15] A

8-oxoG C/A [16, 17] C/A

AP site analog —a [10, 17] —a

ano incorporation; bunpublished result.

HsPolη (Table 1). We also demonstrated that ApPolη was
more stable than HsPolη.

Despite the fact that A. pompejana inhabits the deep sea,
where UV-rays do not penetrate, the UV-induced CPD was
found to be an excellent template for ApPolη. Considering
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Figure 6: Selectivity of nucleotide incorporation by ApPolη opposite 5R-Tg (a), 5S-Tg (b), undamaged G (c), and 8-oxoG (d). ApPolη (12
fmol in lanes 2–7) was incubated with each primer-template in the presence of the four dNTPs (lane 3), the indicated dNTP (lanes 4–7), or
the absence of dNTP (lane 2). Lane 1 contained no enzyme. The reactions were incubated at 37◦C for 5 minutes, and then were subjected to
15% polyacrylamide/7.5 M urea gel electrophoresis. The autoradiograms of the gels are shown.

that a genetic defect in the HsPolη gene results in the XP-V
syndrome, and that XP-V patients are sensitive to sunlight
and highly prone to cancer development, the critical role of
HsPolη is thought to be error-free TLS across CPD in human
cells. As A. pompejana’s environment is significantly less
subject to UV radiation produced by the sun, we speculate
that the inclusion of the TLS polymerase system within the
organism may arise from specific environmental adaptations.
Evidence for photosynthetic events at hydrothermal vent sites
has been noted [49], where energy for the reactions may arise
from vent activity. Moreover, the vent area is sporadically
subject to periods of intense volcanic and geothermal activity
that may cause production of bulky DNA lesions within
these organisms. The presence of ApPolη may also play
a role in protecting developing embryos, as embryos pass
through a period of developmental arrest when passing from
one colony site to another before renewed growth [50]. In
these cases, they may experience periods of geothermal light
during passage and during their development at their new
colonization site. Thus, these Polη proteins may protect the

embryo until it becomes more self-motile and can build its
housing tube.

Here, we also showed that this polymerase catalyzes
efficient and accurate TLS past both 5R-Tg and 5S-Tg, which
are generated by ROS. Since Tg can block DNA replication
by replicative DNA polymerases and also induces cell death,
the critical role of ApPolη might be error-free TLS across Tg
in A. pompejana cells.

4.2. Stability of ApPolη. Since A. pompejana inhabits
hydrothermal vent sites at temperatures that often measure
within the representative classifications for thermophilic
(40–60◦C) and hyperthermophilic organisms (60◦C and
higher), we expected that ApPolη would be thermostable. In
agreement with these expectations, we found that ApPolη
was more thermostable than HsPolη (Figure 7), but less
stable than an archaeal DinB-like polymerase from the
hyperthermophile S. solfataricus P2 [47, 51] which lives at
higher temperatures (>75◦C) than A. pompejana. Posttrans-
lational modification of proteins is sometimes important for
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Figure 7: Thermostability of ApPolη. (a) Aliquots of ApPolη (closed circles) and HsPolη (open circles) were heated to the indicated
temperature for 5 minutes. The effect of this treatment on the polymerase activity was subsequently determined by analyzing the respective
enzyme’s ability to extend a radiolabeled primer by incorporating dCMP opposite the template G. Replication assays were performed at
37◦C for 20 minutes. (b) The ability of each enzyme to extend the primer was quantified, and the specific activity compared to that of each
enzyme heated at 37◦C was calculated and subsequently plotted as a function of the temperature to which the enzyme was initially exposed.

their structure and function. Since the ApPolη used in this
study was produced in E. coli, the measured thermostability
was that without eukaryotic post-translational modifica-
tions. We expected that this enzyme may be modified in
insect cells, which are more closely related to A. pompejana
cells than to E. coli cells, and thus might gain higher
thermostability. Therefore, we prepared ApPolη in Sf9 insect
cells using the baculovirus expression system. The ApPolη
protein produced in Sf9 cells could catalyze DNA synthesis
at 37◦C, but lacked translesion activity after it was heated to
55◦C (data not shown).

There might be several reasons why ApPolη is not even
more thermostable. (1) It has been reported that Polη
functions in a replication complex during TLS [37, 38,
52]. Thus, it is possible that ApPolη becomes more heat
resistant with the help of other thermostable replication
proteins in A. pompejana cells. In fact, ApPolη has a PCNA
binding motif (Figure 1(a)), indicating that ApPolη may exist
in a replication complex with PCNA. (2) Y-family DNA
polymerases replicate undamaged DNA in an error-prone
manner [34–36, 38]. Hence, to maintain genetic integrity, it
might not be favorable for cells to have an extremely stable

mutator polymerase. The present study is the starting point
for the elucidation of the temperature preference of each
A. pompejana enzyme and its biological significance, which
will further our understanding of the ecology of this unique
living organism.

ApPolη could be useful for in vitro studies as a new
paradigm system to understand TLS mechanisms and also
could be a starting material for the development of a more
stable eukaryotic-like TLS polymerase by directed evolution.
Such an enzyme will enable us to amplify heavily damaged
DNA, such as ancient DNA, by PCR-like methods.

5. Conclusions

In this study, we cloned an A. pompejana gene with homol-
ogy to the HsPolη gene. The primary structure of the protein
indicated the conservation of the PCNA binding domain and
the ubiquitin-binding zinc finger motif. The encoded full-
length recombinant protein, ApPolη, was readily produced in
Escherichia coli and purified. We demonstrated that ApPolη
could bypass CPD, 8-oxoG, 5R-Tg, and 5S-Tg, but not
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Figure 8: Activity of ApPolη in organic solvent-containing solu-
tions. (a) Incorporation of dCMP in the presence of DMSO,
ethanol, and IPA at a concentration of 20% (v/v) was analyzed,
using the primer-template shown in Figure 7. Replication assays
were performed at 30◦C for 10 minutes. (b) The same assays were
performed with various concentrations of DMSO.

6–4 pp, Dewar, or any AP site analog revealing a similar
spectrum of activities to those of the human homolog.
ApPolη’s properties of higher stability with human-like
activities offer advantages over other known eukaryotic TLS
polymerases for future basic and practical applications.
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DNA replication is vital for an organism to proliferate and lying at the heart of this process is the enzyme DNA polymerase. Most
DNA polymerases have a similar three dimensional fold, akin to a human right hand, despite differences in sequence homology.
This structural homology would predict a relatively unvarying mechanism for DNA synthesis yet various polymerases exhibit
markedly different properties on similar substrates, indicative of each type of polymerase being prescribed to a specific role in
DNA replication. Several key conformational steps, discrete states, and structural moieties have been identified that contribute to
the array of properties the polymerases exhibit. The ability of carcinogenic adducts to interfere with conformational processes by
directly interacting with the protein explicates the mutagenic consequences these adducts impose. Recent studies have identified
novel states that have been hypothesised to test the fit of the nascent base pair, and have also shown the enzyme to possess a lively
quality by continually sampling various conformations. This review focuses on the homologous structural changes that take place
in various DNA polymerases, both replicative and those involved in adduct bypass, the role these changes play in selection of a
correct substrate, and how the presence of bulky carcinogenic adducts affects these changes.

1. Introduction

Accurate replication of genomic DNA is imperative for
the successful proliferation of an organism. The enzyme
DNA polymerase is responsible for catalyzing the template-
directed addition of a deoxyribonucleoside-5′-triphosphate
(dNTP1) to a growing DNA strand and must do so rapidly
and with high fidelity. It is known that the thermodynamics
of base pairing alone are insufficient to account for the
incredibly low error rates achieved during DNA synthesis
[1], and that the DNA polymerase imposes constraints on
the selection of a correct nucleotide for incorporation into
the primer. Utilizing the thermodynamics of base pairing
alone can only account for an accuracy of 1 mistake
in 150 nucleotides incorporated, whereas polymerases are
known to have error frequencies ranging from 10−3 to 10−5

[2, 3]. DNA polymerases must not only ensure accurate
synthesis through selection of a correct dNTP, but they
also must prevent the incorporation of incorrect substrates
such as ribonucleoside-5′-triphophates (rNTPs). Therefore,

a stringent mechanism must be in place for rejection
of correctly base pairing nucleotides having a ribose 2′

hydroxyl. In addition, some DNA polymerases must cope
with reading templates containing DNA adducts that have
evaded nucleotide or base excision repair. These roadblocks
to replication, such as the well studied DNA adducts 2-
aminofluorine (AF) and N-acetyl-2-aminofluorene (AAF),
present a tough challenge to the polymerase by altering the
template structure, often causing a misincorporation event
to occur, the generation of a frameshift, or simply place a
stringent block to the advancement of replication [4, 5].

Normally, DNA replication proceeds via nucleotide syn-
thesis performed by replicative polymerases. These poly-
merases are efficient at incorporating bases that allow
proper Watson-Crick hydrogen bonding and also fulfil strict
geometric constraints within the polymerase active site.
However, the replication past the aforementioned DNA
adducts presents a special problem to the tight constraints
of a replicative polymerase’s active site. To alleviate these
roadblocks, a special class of polymerases exist to fill such a



2 Journal of Nucleic Acids

niche. The bypass or translesion synthesis (TLS) polymerases
have the ability to accommodate a vast array of DNA lesions
and perform either incorporation or extension in regions
where replicative polymerases stall or fail completely. This
paper will focus on the homologous conformational changes
that take place in various DNA polymerases, the role these
changes play in selection of a correct substrate, and how the
presence of bulky carcinogenic adducts affects these changes.

2. A Face for a Name

E. coli DNA polymerase I plays a role in the repair of damaged
duplex DNA and the processing of Okazaki fragments in
E. coli [3]. This polymerase consists of a multidomain
architecture housing not only the 5′-3′ polymerization
activity required for DNA replication, but also 3′-5′ and 5′-3′

exonuclease activities. The 3′-5′ exonuclease, or proofread-
ing activity, allows greater fidelity to be achieved by removing
incorrectly incorporated nucleotides from the growing DNA
primer strand resulting in another opportunity to incorpo-
rate the correct base before continuing on with synthesis. The
5′-3′ exonuclease does not directly function in increasing
fidelity but instead is involved with processing of Okazaki
fragments by the excision of RNA primers situated on the
lagging strand.

A very useful proteolytic digest of DNA polymerase I pro-
duces a truncated enzyme termed Klenow fragment. Klenow
fragment houses the 5′-3′ polymerase activity required
for DNA synthesis and the 3′-5′ exonuclease proofreading
activity, but is devoid of the 5′-3′ domain responsible for
the excision of RNA primers. In addition, a single D424A
point mutation within Klenow fragment’s 3′-5′ exonuclease
domain almost abolishes the exonuclease activity, making
this polymerase an excellent choice for DNA synthesis studies
without the complication of exonuclease action [9]. Klenow
fragment has been a model enzyme for the study of DNA
replication for the last four decades, and the solution of the
crystal structure in 1985 by Ollis et al. aided in providing a
structural overview of the enzymatic domains [10].

The crystal structure of Klenow fragment revealed a
two domain architecture, with the smaller 200 amino acid
N-terminus forming the 3′-5′ exonuclease domain and
the larger 400 amino acid C-terminal domain folding to
form the polymerization domain. The general shape of
the Klenow fragment polymerization domain, being akin
to a right hand, has proven to be strikingly universal
among DNA polymerases. Klentaq1, the analogous Klenow
fragment portion of thermophilic Thermus aquaticus DNA
polymerase I, showed a C-terminal fold nearly identical to
that of Klenow fragment and can be seen in Figure 1(a)
[7]. The polymerase domain can be further divided into
three subdomains consisting of the fingers, thumb, and
palm, all of which form a cleft of approximately 20–24 Å
wide and 25–35 Å deep [10]. Based on previous biochemical
studies identifying catalytically important residues in Klenow
fragment, the active site of the C-terminal polymerization
domain was mapped to the base of the cleft within the palm
of the enzyme, with the 3′-5′ exonuclease active site located

about 35 Å away. The cleft was noted to be of the approximate
size to bind DNA, but it would not be until 1993 when Beese
et al. published a cocrystal structure of Klenow fragment
bound to duplex DNA that the orientation and structure of
the duplex within the enzyme would be known [11].

The cocrystal structure of Klenow bound to duplex DNA
gave the first glimpse into the arrangement of the DNA
within the polymerase and evidence of the first conforma-
tional change that takes place within the enzyme. In this
structure, the DNA was situated within the polymerase at
right angles to the cleft containing the active polymerase
site however, the 3′ primer terminus was melted from the
template and situated within the exonuclease site in an
editing complex. Despite being in an editing complex, the
authors modeled the primer strand at the polymerase active
site and concluded that the primer could alternate between
the exonuclease and polymerase sites, without dissociation of
the enzyme. Interestingly, Beese et al. noted in their modeling
that some distortion of the DNA duplex terminus or protein
would be required in order to achieve binding at the
polymerase site and that this distortion of the DNA would
make the equilibrium between single-stranded and double-
stranded DNA more sensitive to mismatches. Irrespective
of the mode of binding, many important observations were
noted from this structure and further confirmed in later
crystal structures of Klentaq (Figure 1(b)) [8]. One such
observation was the small DNA-induced closing motion
the thumb region undergoes upon formation of the binary
complex. A region of the thumb, residues 558 to 637 in
Klenow fragment, executes a shift (12 Å at the N-terminus
of helix I) towards the 3′-5′ exonuclease domain to form
direct contacts with the DNA [11]. Chemical modification
studies also showed that Lys635 (Lys540 in Klentaq), which
is a highly conserved residue among the Pol I family, is
directly involved in DNA binding [12]. In addition to the
thumb, extensive contacts are formed between the enzyme
and the DNA, although virtually all contacts are nonspecific
in nature, forming interactions with the phosphate backbone
of the DNA, or to the universal hydrogen bond donors and
acceptors of the minor groove. This is important to ensure
that the polymerase will bind all DNA equally, irrespective
of the sequence. The small closing movement of the thumb
upon DNA binding proved to be the first of at least two
conformational changes to take place. The initial description
of Klenow fragment in terms of a hand, and specifically the
naming of the subdomains as fingers and thumb, proved to
be somewhat serendipitous due to their anthropomorphic
motions upon forming a binary complex, and as was later
shown, a catalytically competent ternary complex.

3. Hold on Tight

In order to successfully replicate DNA, an active ternary
complex must be formed with the proper geometric align-
ment of the polymerase catalytic residues, the metal ions,
the primer-template DNA duplex, and the correctly chosen
dNTP. The first crystal structure solutions for the ternary
complexes were of Rat DNA polymerase β, Klentaq1, the



Journal of Nucleic Acids 3

Fingers
Thumb

H
I

Palm

3′ → 5′ Exonuclease
domain

5′ → 3′ Polymerization
domain

(a)

K540

HH1IH2

Y671

N O

Template

Primer

Open

(b)

ddCTP

O

Y671

N

Template

Primer

Closed

(c)

Figure 1: Structure of Klentaq1 (a) Structure of Klentaq1 in the absence of DNA (PDB #1KTQ) [7]. The overall structure of polymerases
resembles that of a human right hand forming palm (yellow), fingers (green), and thumb (blue) domains. The palm domain houses the active
site residues responsible for the 5′ to 3′ polymerase activity, and the 3′ to 5′ exonuclease domain (red) allows excision of misincorporated
bases. The H1H2 Loop is disordered and missing from the structure (ends connected with orange line). (b) Klentaq1 open binary complex
(PDB #4KTQ) [8]. The DNA is situated in the cleft formed between the fingers, thumb, and palm domains. The Y671 residue (pink) is
stacked on top of the template (dark blue). K540 (brown) makes nonspecific interactions with the minor groove to aid in holding the
polymerase bound to the DNA. Helices I (cyan) and H (orange) make small movements relative to their positions in the open complex,
and the H1H2 loop (light green) now becomes ordered and visible in the structure. The remainder of the colors are as follows primer (red),
H1 and H2 helix (light green), O helix (yellow), and N helix (green). (c) Klentaq1 closed ternary complex (PDB #3KTQ) [8]. A correctly
base pairing ddCTP (light blue) is located within the active site inducing a large conformational change of the O (yellow) and N (green)
helices (compare with positions in (b)). Y671 is now flipped out of its stacking arrangement with the template and the templating base forms
Watson-Crick base pairs with the ddCTP. Molecular graphics images were produced using the UCSF Chimera package from the Resource
for Biocomputing, Visualization, and Informatics at the University of California, San Francisco (supported by NIH P41 RR-01081) [6].

replicative DNA polymerase of bacteriophage T7, and Bacil-
lus stearothermophilus DNA polymerase I [8, 13–15]. These
structures revealed a great deal of information regarding the
location of dNTP binding and catalytically active residues, a
large conformational change in the protein, and a two metal
ion mechanism for nucleotidyl transfer. Despite the wide
breadth of organisms these polymerases were obtained from,
all exhibited the now stereotypical polymerase architecture
of a human right hand and share a similar geometry of the
polymerase active site. What follows is a general culmination
of information for most observed structures.

The ternary complex is defined by binding of a dNTP
into the polymerase cleft alongside the DNA. The incoming
dNTP is aligned within the active site by interactions
of the nonbridging oxygens of the phosphate moiety to
positively charged residues along and near the O helix,
placing the phosphate moiety roughly parallel to the O helix.
These phosphate interactions are suggested as the primary
recognition segment of the incoming dNTP, which is based
upon crystal structures of binary complexes of Klentaq1
with all four dNTPs, showing the phosphates of all four
dNTPs aligned in similar positions [16]. However, the base
and ribose moieties were in slightly different orientations
for the four structures. Most interestingly, the formation
of the ternary complex in the presence of the next correct
dNTP for base pairing with the first single stranded template
base is accompanied by a large conformational change in
the fingers of the polymerase (Figure 1(c)). In the case of

Klentaq, this change is an inward rotation of the O helix by
approximately 46◦ (41◦ in T7) towards the primer-template
[8, 14]. The formation of the closed ternary complex has
the effect of clamping down the dNTP into the active site,
effectively sealing off the crevice formed by the thumb, palm,
and fingers, resulting in the proper geometric alignment of
catalytic residues to complete a nucleotidyl transfer reaction.

Further elaboration by Dzantiev and Romano showed
that the closed tertiary complex could only be observed in
the presence of the next correct nucleotide and not in the
presence of incorrectly base pairing nucleotides [17]. Using
a tryptic digestion analysis they showed that trypsin was
capable of cleaving Klenow fragment near the active site
of the polymerization domain in its open form. However,
upon incubation of Klenow fragment with a correctly base
pairing dNTP the cleavage was inhibited, presumably due
to the conformational change of the enzyme protecting
the region near the active site from proteolytic cleavage.
Further, a correctly base pairing ribonucleotide substrate also
did not trigger this conformational change as evidence by
the formation of trypsin cleavage products. This suggested
that only a correctly base pairing dNTP could conform
to the close fitting active site of the polymerase and any
deviation from the ideal active site geometry would not
allow the conformational change to take place. Indeed, the
crystal structures of the closed ternary complexes showed
the dNTP situated in a tightly surrounded environment
as it stacks between the 3′ base of the primer strand and
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residues of the O helix [14]. The dNTP binds such that it
can form a Watson-Crick base pair with the first single-
stranded templating base. The dNTP is further coordinated
and positioned by interactions to two metal ions located
within the active site.

The alignment of the dNTP in the closed conformation
allows a two metal ion mechanism for the nucleotidyl
transfer to occur. The two metal ions, positioned approxi-
mately 3.6 Å apart, are octahedrally coordinated by all three
phosphates of the dNTP, the highly conserved side chain
residues of the enzyme, and two water molecules (Figure 2).
Metal ion A functions to lower the ribose’s 3′OH affinity
for its hydrogen. This makes the attack on the α phosphate
of the dNTP by the primer’s 3′ O− possible. Metal B serves
to support the leaving of the pyrophosphate and together
both metals stabilize the negative charge of the pentacovalent
transition state. It appears that all polymerases studied to
date, as well as enzymes such as HIV−1 reverse transcriptase,
utilize this same two metal ion mechanism for nucleotide
addition (minireview in [18]).

Similar to the changes within the enzyme during binding,
the DNA undergoes several changes from its typical solution
based linear B-form duplex structure [8, 13–15]. The DNA
in the ternary complex remains held in place by the small
conformational change of the thumb. This maintenance
of the closed thumb conformation ensures that despite
continued dissociation and reassociation of incoming dNTPs
during the selection process, the transient binary DNA-
Pol complex remains relatively stable and the propensity
for dissociation during these transient events does not
increase dramatically. The polymerase-DNA interactions
are almost exclusively nonspecific in nature, binding to
the nonsequence-specific minor groove while providing no
interactions to the sequence specific major groove, with the
small exception of those bases located near the active site.
Despite the wide breadth of organisms the polymerases were
obtained from, the DNA is mostly B-form yet transitions to
A-form DNA as it nears the active site [8, 13–15]. The B-
form DNA has an ordered spine of water molecules along
the minor groove interacting with the N3

′
s of purines and

O2
′
s of pyrimidines [15]. Both proper A-T and G-C base

pairs display the correct N3 and O2 along the minor groove
required for this interaction, whereas misincorporations will
cause a disturbance in these interactions, possibly providing
a mechanism by which misincorporations can be detected
upstream of the active site. These highly ordered water
molecules are intentionally disrupted along the minor groove
as it nears the active site, giving rise to A-form DNA and a
widening of the minor groove with a decreased helical twist
in this region. The DNA is further contorted forming a slight
“S” shape, with the first bend being induced by interactions
with the palm domain, and the second from interactions
with the closed thumb [14].

As the conformational change from the open to closed
ternary complex occurs, another interesting movement takes
place regarding the templating base and an aromatic residue
at the base of the O helix (Tyr766 in Klenow Fragment,
Tyr671 in Klentaq, Tyr530 in T7). In both the open
binary and open ternary complexes, the templating base is

twisted almost 90◦ away from the nucleotide binding site
(Figure 2(a)), and in its place the aforementioned Tyr671
of the O helix is stacked on top of the template of the
terminal base pair [8]. At first glance, this appears to
be illogical since the template base must be base-paired
with the incoming nucleotide to direct its proper selection.
However, this unique positioning of the templating base in
the open conformation is thought to allow an incoming
dNTP to “preview” the template prior to reaching the full
depth of the binding pocket and has thus been coined the
preinsertion site [19]. This preview in the preinsertion site
may facilitate selection of a correct dNTP early on in the
incorporation process. Upon binding of a correct dNTP to
the complex, the conformational closing movement of the
O helix induces a movement of the tyrosine side chain out
of its stacking arrangement on the template, allowing the
flipped out templating base to rotate back into its typical
stacking arrangement with the template (Figure 2(b)) [8].
The exchange of positions of the tyrosine side chain with that
of the templating base in the closed conformation allows the
templating base to form its typical Watson-Crick hydrogen
bonding alignment with the incoming dNTP. Given a correct
fit, the subsequent alignment of catalytic residues takes place
and phosphodiester bond formation can ensue.

However, selection of a proper nucleotide is no trivial
matter considering the onslaught of correctly base pairing
ribonucleotides and mismatched deoxyribonucleotides that
must be rejected in order to find the correctly matching
substrate. Utilizing a FRET-based stopped flow and chemical
quench assay, Joyce et al. studied the mechanism by which
each of these incorrect substrates are selected against during
the process of replication [20]. In this assay, a fluorophore
donor was positioned on a mobile portion of the fingers
of Klenow fragment and a fluorescence quencher was posi-
tioned on the DNA. This allowed monitoring of a change in
position of the fingers relative to the DNA and the formation
of a correctly paired ternary complex. A concentration-
dependent decrease in fluorescence was seen in the presence
of the next correct dNTP, indicating that fingers closing was
occurring. Mispairing dNTPs as well as mispairing rNTPs
showed little fluorescence change, suggesting that they are
selected against early on in the process, prior to fingers
closing. This implied that a large discrimination against
mispairing nucleotides (dNTPs and rNTPs) occurs directly
in the open conformation. Addition of a correctly base
pairing rNTP caused the conformational change to a closed
complex to become significantly hampered, yet still occur to
a marginal extent. This reduction in conformational change
had previously been identified as a direct clash between the
2′-OH of the incoming ribonucleotide and the steric gate
side chain Glu710 of Klenow fragment (Glu615 of Klentaq,
see Figure 2) [21]. Similarly, Doublié et al. postulated, based
on their crystal structure of T7 DNA polymerase, that the
corresponding Glu480 residue along with Tyr526 forms
a hydrophobic pocket that would preclude the 2′-OH of
ribonucleotides [14].

Taken together, this indicates that the selection of
a correctly pairing substrate occurs first, followed by a
selection against ribonucleotides. This specific order for the
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Figure 2: Stereoview (cross-eyed viewing) of Klentaq1 active site in the open binary (a) (PDB #4KTQ) and closed ternary (b) (PDB #3KTQ)
conformations from the same view point [8]. (a) Open conformation: The O (yellow) an N (green) helices are in an open conformation
allowing incoming dNTPs to reach the active site. The templating base (colored by element) is flipped out and Y671 (pink) occupies a stacked
arrangement with the template (dark blue). (b) Closed conformation: The O and N helices have undergone a large conformational change
and closed off the nucleotide binding pocket, which a ddCTP (colored by element with blue space filling) now occupies. The Y671 residue
has flipped away from the template allowing the templating base to form a Watson-Crick base-pair with the ddCTP. The position of E615
allows screening of rNTPs via a steric clash with what would be a 2′OH of an incoming rNTP. The metal ions A and B (green spheres) form
interactions with the phosphates of the ddCTP, and Klentaq residues D610, 611 O, D785, and 2 waters (grey spheres). The missing binding
partner of metal A is hypothesised to be the missing 3′OH of the dideoxy-terminated primer terminus.

stepwise selection of a proper substrate provides a more
efficient pathway for replication. By initially constraining
downstream processing of a substrate to only correctly base
pairing molecules, six of the eight possible substrates will be
selected against. This provides an efficient first step to screen
out as many incompatible substrates as possible, thereby
limiting downstream processing of incompatible substrates.
In essence, only one incorrect substrate (the correctly pairing
ribonucleotide) of the initial eight nucleotide substrates
will see further unnecessary processing. Conversely, if the
ribonucleotide was selected against first, four of the eight
substrates (all dNTPs) would need to be screened for in
downstream processing prior to catalysis, and any additional
time spent in their processing would be wasted three out
of the four times. Overall, the conformationally-induced
changes in the thumb upon binding DNA, and the large

changes in the fingers, function to grip the DNA and dNTP
substrate, respectively. This provides a means for testing the
nascent base pair for correct alignment and ensuring that
only compatible dNTPs are incorporated.

4. Roadblocks to Replication

The mechanism by which a correct nucleotide is chosen
is clearly a complex process even under ideal conditions.
However, DNA is under constant assault from both endoge-
nous and exogenous agents that alter the DNA template by
modifying the bases, resulting in distortions in the DNA
structure or changes in the base electrostatics. Due to their
disrupting nature, DNA damage can act as roadblocks to
DNA polymerases or result in nucleotide misincorporations



6 Journal of Nucleic Acids

and generation of frameshifts. One class of DNA damage
that has been well-studied is that formed when experimental
animals are treated with N-acetyl−2-aminofluorene (AAF).
This compound, originally patented as an insecticide, has
been shown to induce the formation of tumors in a variety
of organs and was subsequently never introduced to market
[22]. Metabolic activation and reaction of these compounds
with DNA results in the attachment of the AAF or the related
AF counterpart to the C8 position of guanine as the major
DNA adducts.

Structural, biochemical, and theoretical studies all indi-
cate that the dG-C8-AF structure causes much less distortion
in duplex DNA compared with the dG-C8-AAF adduct.
NMR experiments show that the guanine bearing the AAF
adduct rotates from an anti- to syn conformation (Figure 3)
in the double stranded DNA helix so that the fluorine
moiety becomes inserted into the helix (base displacement
model) [23]. This contrasts with the dG-C8-AF adduct that
can adopt interchangeable conformations: (i) in the major
structure, the fluorene remains outside the helix (outside
binding model) and (ii) while the minor conformation
has the fluorene ring stacked within the helix [24, 25].
These different conformations presumably are related to the
differences observed in the biological properties of these two
adducts. Utilizing primer extension assays, numerous studies
have shown that a dG-C8-AAF adduct at the templating
position poses a strong block to DNA synthesis by high-
fidelity polymerases, whereas a dG-C8-AF adduct in the
same sequence is more easily bypassed [26]. When the
adducts are positioned on the template downstream single-
stranded region at the +1 and +2 templating positions little
to no effect from either adduct is noted. (For clarity, due
to the various formats utilized to describe the positions of
nucleotides, the numbering scheme used here is such that
the first single-stranded templating base found within the
insertion site of the polymerase during normal replication
is signified position 0 (this is the current base being
replicated). Downstream single-stranded template DNA is
given consecutive positive numbers beginning with the +1
template base found in the preinsertion site, and upstream
duplex DNA already replicated is given consecutive negative
numbers starting with the first duplexed base pair in the
postinsertion site (−1 position). This scheme is used to
allow a direct visualization of the nucleotide position being
discussed in relation to the polymerase, and is also the
primary numbering schematic used when discussing crystal
structures [27].) In contrast to positioning of the adduct at
the +1 and +2 positions, positioning at the postinsertion
site (position −1) or in regions of the DNA upstream of
the postinsertion site (at the −2 and −3 positions relative to
the insertion site) leads to diminished synthesis [28]. This
indicates that the specific placement of the adduct within the
polymerase active site was guiding its behaviour [28, 29].

It is interesting to note that despite the block posed by
the presence of the dG-C8-AAF adduct, gel shift binding
experiments utilizing Klenow fragment showed that poly-
merase binding to the AAF modified template was an order
of magnitude greater than to native DNA [26]. In addition,
unlike native DNA where addition of a correctly base pairing

dNTP induces a tighter binding, the identity and presence of
any dNTP had little to no effect on this already strengthened
binding. To remedy this counterintuitive discovery, Dzantiev
and Romano postulated that the AAF moiety was interacting
with hydrophobic amino acid residues located within or
near the active site of the polymerase. This interaction was
thought to strengthen the binary DNA-polymerase complex
and also preclude binding of a dNTP within the active
site. Further, the authors postulated that the adduct may
block the conformational change seen in the presence of the
next correctly base pairing nucleotide, thereby removing any
further energetic contribution that the dNTP would bestow
upon the complex.

A subsequent paper by the same authors explored more
directly the conformational change of Klenow fragment
in the presence of these two adducts [29]. Utilizing the
same tryptic digestion assay discussed above for unmodified
DNA, it was shown that the conformational change typically
induced by the presence of the next correct dNTP was in
fact inhibited by the presence of the dG-C8-AAF adduct, as
predicted. The tryptic digestion band indicative of the open
conformation was maintained despite the presence of any
dNTP. However, this was only observed when the adduct was
in the templating position. When the dG-C8-AAF adduct
was moved one nucleotide to the +1 templating position
(the preinsertion site), the dNTP-induced conformational
change was again observed. Conversely, placement of a dG-
C8-AF adduct in the templating position (insertion site)
only partially inhibited the conformational change to a
closed ternary complex. This difference was attributed to the
dissimilar conformations that each adduct adopts within the
polymerase active site and further strengthened the propo-
sition that the AAF adduct was inducing interactions within
the polymerase-DNA complex in a way that precluded the
conformational changes necessary for competent nucleotide
binding [29].

Picking up on this line of investigation, in 2003 Lone
and Romano utilized a Klenow mutant, Y766S, to focus
on the specific interactions responsible for the effect of
the AAF adducts on this inhibition [30]. In the native
protein the tyrosine at position 766 is located at the base
of the O helix near the junction of the fingers and palm
domain and is thought to function in maintaining active site
geometry. This tyrosine stacks with the templating base in
the open conformation and swings away during formation
of the closed complex (similar to Figure 2(b)), (see more
detailed description in Section 3). Mutations at this position
have been shown to both increase the rate of insertions of
incorrect nucleotides and reduce the ability to extend from
these misincorporations [31]. Under identical conditions,
the wild-type Klenow fragment predominantly stalled one
nucleotide prior to the dG-C8-AAF adduct, incorporating
across from the adduct approximately 20%, and extending
past the AAF adduct to yield 6% full extension. Interestingly,
the Y766S mutant showed a higher (40%) incorporation
across from the AAF adduct, but gave only 1% full extension
[30]. In addition, the Y766S mutant showed a 16-fold higher
Vmax/Km for incorporation of a correct dC across from
the dG-C8-AAF adduct and also displayed a much greater
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Figure 3: Conformations of a dG-C8-AAF adduct. Native DNA favors the anti conformation that allows Watson-Crick base pairs to form
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propensity to misincorporate nucleotides on unmodified
DNA. Together, this illustrated the importance placed upon
the tyrosine residue for discrimination of a correct base
pair and also shows that the Y766S mutation allowed the
accommodation of the AAF-C8-dG lesion, possibly because
of a more open active site that allows improper base pairs to
form during synthesis [30].

Using gel shift analyses and the tryptic digestion assay,
the ability of the Y766S mutant to undergo a conformational
change was examined [30]. Similar to wild-type, the Y766S
mutant showed an increased binding to native DNA in the
presence of the next correct dNTP. The binding of the mutant
polymerase to a dG-C8-AAF adduct was also increased, again
similar to wild-type. However, where the wild-type showed
no further increase in binding strength to dG-C8-AAF
containing primer-templates in the presence of a correctly
pairing dCTP, the mutant polymerase did show increased
binding. In fact, the presence of any nucleotide appeared
to increase the binding strength of the mutant, indicating
a possible conformational change was occurring. This was
confirmed utilizing the tryptic digestion analysis in which
it was shown that the presence of dCTP caused protection
of the cleavage site whereas other dNTPs reduced cleavage,
indicating a conformational change was taking place despite
the presence of the dG-C8-AAF adduct [30]. The ability of
the mutant Y766S to undergo a conformational change even
in the presence of a bulky dG-C8-AAF adduct is indicative
of the more open active site and the importance the tyrosine
residue plays in this conformational transition. Interestingly,
the Y family of bypass polymerases that specialize in synthesis
past bulky adducts also display a markedly open active site
[33]. It is thought that this open nature better accommodates
lesions by reducing the propensity of steric clashes, although
at the expense of reduced fidelity.

5. What You See Is What You Get

It has long been thought that the conformations adopted
within the active site by various DNA adducts will account
for the array of biological effects and mutagenic conse-
quences that the adducts display [22, 34]. Direct evidence for
the predicted mechanism of inhibition of the conformational
change for wild-type Klenow fragment in the presence of dG-
C8-AAF, along with the increased binding affinity to these
substrates, came in the form a crystal structure published
in 2004 [32]. Dutta et al. were successful in obtaining
functionally relevant crystal structures of bacteriophage T7
DNA polymerase bound to DNA duplexes containing either
a dG-C8-AAF or dG-C8-AF at the templating position.
The crystal structure of the dG-C8-AAF adduct has several
key features that correlate with the aforementioned results
obtained by Romano et al. First, the polymerase complex
with dG-C8-AAF modified DNA is in a distorted open
conformation and no nucleotide is bound to the complex
despite the fact that crystals were growth in the presence
of ddCTP (Figure 4(a)). The modified nucleoside is in
a syn conformation, flipped out of the active site and
bound to the surface of the fingers. The AAF moiety is
positioned in a hydrophobic pocket behind the O helix
stacking alongside Phe528, which is usually buried within
the fingers (Figure 4(b)). Further stabilizing the position of
the AAF moiety are hydrogen bonds between the adducted
guanine’s N2 and N7 with Asp534 and Arg566, respectively.
The AAF interactions with the O helix pushes the helix
towards the active site, forcing Tyr530 (analogous Tyr766 of
Klenow fragment and Tyr671 of Klentaq) partially into the
nucleotide binding site [32]. The positioning of the AAF and
its various direct interactions with the polymerase, as well
as the inability to bind nucleotide due to the positioning
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Figure 4: Structure of bacteriophage T7 polymerase bound to a DNA primer-template containing a dG-AAF adduct at the templating
position (PDB# 1X9M) [32]. (a) The overall shape of T7 polymerase resembles a human right hand forming fingers (green circle), thumb
(blue circle), and palm (not highlighted). T7 also contains thioredoxin, a processivity factory, in addition to the polymerase and exonuclease
domains. The AAF adduct (green) inserts behind the O helix (yellow), locking the helix in a distorted open conformation, inhibiting the
binding of dNTPs. (b) Close-up view of active site. The AAF moiety (grey with green space filling) is inserted into a hydrophobic pocket
behind the O helix stacking with a flipped out Phe528 (brown, with brown space filling), which is buried in the native structure. The
adducted guanine is in an anti conformation placing the hydrogen bond acceptors and donors away from the nucleotide binding position.
This position is further stabilized by hydrogen bonds to Arg566 and Asp534. The AAF moiety pushes the O helix forward, causing Tyr530
(pink with pink space filling) to stack on top of the DNA, occupying the nucleotide binding site which occludes a dNTP from binding.
Residues 537–557 have been removed for simplified visualization (ends are circled red).

of Tyr530, explain why the adduct places a strong block on
replication as well as its increased binding affinity. This also
confirms the previous experiments performed using Y766S
that showed that the presence of the smaller serine allowed
the conformational change to a closed ternary complex to
occur.

The crystal structure containing the analogously posi-
tioned dG-C8-AF adduct showed similar conformations as
the AAF adduct, but with a few significant differences. The
AF residue was not positioned in the same hydrophobic
pocket as its AAF counterpart, but instead the electron
density of this moiety was either of poor quality or absent
[32]. Despite limited quality of the electron density around
the AF adduct, it could be established that the AF moiety was
also not binding to the active site of the polymerase. This is
indicative of a fluctuation between various conformations,
possibly a transition from anti- to syn conformations. The
amino acid residues forming the hydrophobic pocket of the
AAF complex were oriented in more native-like positions
within the AF containing structure. Also, the important
Tyr530 was found to occupy the binding site of the template
base in the closed ternary complex. The authors modeled
the positions of the AF adduct in both syn- and anti- con-
formations of the nucleoside [32]. The anti conformation
was shown to be able to form a closed complex with
no significant steric clashes with the AF adduct. However,
the syn conformation was shown to place the AF adduct
stacked in the active site. This stacking arrangement will
effectively compete with the stacking arrangement of guanine

in the alternative anti conformation. The positioning of
the adducted guanine in the syn conformation would not
allow base pairing with an incoming nucleotide and would
subsequently stall synthesis when in this conformation.

A paper published by Hsu et al. in the same year
was successful in crystallizing thermophilic Bacillus DNA
polymerase I fragment in the presence of an AF and AAF
adduct, and provided direct visualization of the effects of a
dG-C8-AF adduct [35]. Bacillus DNA polymerase I fragment
has the ability to catalyze nucleotide addition within the
crystal, allowing snapshots to be taken of the adducted
guanine within the pre- and postinsertion sites [13]. Capture
of a dG-C8-AF adduct within the preinsertion site showed
the adducted template base within the preinsertion site in
a syn conformation, with the fluorene moiety also buried
within the confines of the same site. The presence of the
adduct induced a perturbation of the O1 helix, yet the O
helix maintained its position in an open conformation. The
remainder of the protein and the DNA was unaltered by the
presence of the dG-C8-AF adduct. This showed that prior
to incorporation of a dCTP the dG-C8-AF was positioned
within the preinsertion site, whereas the catalytic site, the O
helix, and postinsertion site remained unaffected and pre-
sumably capable of performing the transfer of the template
base from the preinsertion site to the insertion site. The
relatively ordered structure allows nucleotide incorporation
to occur opposite the dG-C8-AF adduct, albeit to a reduced
extent relative to unmodified DNA.
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After a dCTP had been incorporated within the com-
plex, the dG-C8-AF adopts an anti conformation, placing
the AF moiety within the major groove while the dG
forms cognate Watson-Crick hydrogen bonds with the dC
within the postinsertion site. The polymerase is able to
accommodate this structure because the adduct is solvent
exposed within the major groove, unlike what would occur
if its placement was into the minor groove where many
interactions between the DNA and the polymerase are found.
This conformation is similar to the outside model that
places the AAF moiety outside the duplex DNA helix [24,
25]. This structure also showed a much greater degree of
distortion that ultimately affects DNA replication. The dG-
C8-AF:dC induces distortions to the template that relocate
the n − 1 template base causing perturbations to the minor
groove, the O and O1 helicies, and placing the AF moiety
obscuring the preinsertion site to the next template base.
This conveniently explains the ability of polymerases to
incorporate across from an AF adduct, yet exhibit difficulty
in extending further. Conversely, the dG-C8-AAF adduct-
containing structure in the pre- and postinsertion sites were
indistinguishable, and hence a dCTP was absent from the
postinsertion structure. In both structures the protein was
in an open conformation with an empty preinsertion site
as the AAF-adducted guanine is somewhat disordered and
placed over the preinsertion site. The duplex DNA, as well
as the protein’s catalytic, pre- and postinsertion sites were
undisturbed. Again, this inability to perform incorporation
could presumably be due to the inability of a dG-C8-
AAF adduct to adopt an anti conformation. In general, the
observed crystal structures Dutta et al. [32] and of Hsu
et al. [35] correlated well with the previous results and
provided further support for the premise that the effects
of these adducts are related to the conformations that they
adopt within the polymerase active site. However, the crystal
structures of Dutta et al. and Hsu et al. show that the
conformations adopted by the adducts are also dependent
upon the polymerase they are bound to, yet still correlate well
with the previously observed results.

6. Not All Sequences Are Created Equal

The stark difference in the mutagenic properties of AAF
and AF adducts are further influenced by the sequence
of bases surrounding the adduct. AAF’s ability to induce
frameshifts is targeted to repetitive sequences such as the
NarI restriction recognition sequence (5′-G1G2CG3CC-3′)
(NarI sequence reviewed in [36]) [37]. In bacteria, when an
AAF adduct is positioned at G3 a dinucleotide GC deletion
is produced, while an AF adduct at this same position does
not yield the deletion product [37, 38]. The dinucleotide
deletion is thought to be induced via a slipped displaced
structure where during synthesis the primer is capable
of misaligning with the template within the polymerase
active site. These misaligned looped out structures are
further stabilized by Watson-Crick base pairing of adjacent
nucleotides, allowing the polymerase to skip the nucleotides
in proximity to the adduct. Gill and Romano explored this

possibility utilizing primer extension analysis and gel shift
binding assays of various primers along the NarI restriction
recognition sequence [39]. By positioning various primers
along the AAF modified template and examining which
nucleotide best complemented binding of Klenow fragment,
along with the ability to extend the substrate, it was shown
that the formation of a GC dinucleotide bulge was induced.
Interestingly, where the AAF adduct previously had caused
a significant increase in binding to non-NarI sequences, an
AAF adduct positioned at G3 of the NarI sequence showed
no increase in binding affinity over the unmodified NarI
sequence. In fact, both the binding of Klenow fragment
to AAF modified and unmodified NarI sequences showed
decreases over non-NarI sequences [39]. This indicated that a
possible different conformation with the AAF modified NarI
sequence existed within the polymerase active site than had
previously been noted in the non-NarI sequence of the T7
or Bacillus fragment crystal structures. Similar to non-NarI
sequences modified with AAF, the addition of nucleotides
did not enhance Klenow fragment binding. However, the
presence of dGTP, dATP, or dTTP did decrease the binding
affinity. This was indicative of a destabilizing effect these
nucleotides had on the complex, presumably due to an
incorrect base pair match.

Taken together, these results indicated a specific two-
step mechanism for formation of the dinucleotide deletion
(Figure 5). The first step has a dCTP be incorporated across
from the AAF modified base, followed by a structural
rearrangement that places the AAF modified base along with
the upstream 3′C in a dinucleotide bulge. The primer’s 5′

upstream guanine and the cytosine initially incorporated
across from the adduct now base pair downstream of
the templates adducted guanine. This two-step mechanism
also suggests that the frameshift extension product could
be generated in vivo by two different polymerases, one
better suited for incorporation across from the bulky AAF
adduct followed by another more suited for extension
from the adduct (reviewed in [40]). This two enzyme
stepwise mechanism has been postulated for both bacterial
and eukaryotic polymerases and provides a mechanism to
reconcile the different properties required of a polymerase
for replicative DNA synthesis, and the specialized niche of
performing replication in proximity to bulky DNA adducts.
This process is exacerbated by specific sequences such as
NarI that preferentially adopt structures to induce frameshift
mutations after incorporation of a nucleotide opposite the
adducted base.

7. Bypassing Roadblocks

A class of polymerases capable of performing nucleotide
incorporation in the presence of such distorting adducts as
AF and AAF are the bypass or translesion synthesis (TLS)
polymerases [42]. TLS polymerases are characterized by
their open active sites that are capable of accommodating
bulky lesions and the DNA distortions they produce. For
example, yeast Polη (γPolη) has a more open active site
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GC5′-CTTG

3′-GAAC CGGTGT

CG

AAF

5′-CTTGGC
3′-GAACCGCGGTGT

AAF

5′-CTTGG
3′-GAACCGCGGTGT

AAF

dCTP

Figure 5: Mechanism for bypass of a dG-C8-AAF adduct in the NarI sequence. A polymerase more suited for incorporation across from the
adduct places a proper dCTP:G base pair at the adducted position followed by incorporation, then dissociation of the enzyme. A subsequent
rearrangement of the DNA to form a 2 nucleotide budge ensues, allowing a possible second polymerase to perform extension from this
slipped structure, resulting in a −2 deletion frameshift product.

Fingers

PAD

Thumb

Palm

Figure 6: Structural overview of the TLS yeast polymerase eta
(PDB# 1JIH, molecule A) [41]. γPolη contains stubby fingers
(green), and thumb (blue) domains, a palm (yellow) domain, as
well as a polymerase associated domain (PAD) (brown). The open
nature of the active site allows two nucleotides to be accommodated
during synthesis, as well as bulky carcinogenic adducts and DNA
distorting lesions.

caused by stubby fingers and thumb domains, as well as an
additional polymerase associated domain (PAD) (Figure 6).
γPolη belongs to the Y-family of polymerases and also
contains a little finger domain that is unique to this class
of polymerases. The more open active site allows Polη in
both humans and yeast to correctly synthesis past a cis-
syn thymine-thymine UV-induced dimer [43]. Unlike the
solvent-excluded tight constraints of replicative polymerases,
the active sites of Y-family polymerases are solvent exposed
and thus capable of accommodating many distorting lesions.
However, the open active site comes at the cost of low fidelity,
orders of magnitude lower than replicative polymerases [44,
45]. Bypass polymerases typically also do not possess high
processivity, indicative of their brief role in synthesis past a
lesion then allowing a more precise replicative polymerase to
continue synthesis [46].

Prakash and co-workers were the first to present evidence
that γPolη was capable of undergoing a conformational
change step prior to chemistry occurring [41]. Utilizing
presteady state kinetics and measuring the elemental effect
of a sulfur substituted for an oxygen at the α-phosphate of

the nucleotide they showed that γPolη undergoes an induced
fit mechanism for nucleotide incorporation. γPolη poorly
discriminates between correct and incorrect nucleotides both
at the initial nucleotide binding step and during the induced
conformational change. A more direct FRET-based method
was used to visualize the global conformational dynamics
of another similar Y family polymerase, Dpo4, in a paper
published by Xu and co-workers [47]. Here, FRET pairs
were positioned at various locations around Dpo4 allowing
movement of specific locations to be tracked during real time
measurements. Assemblage of all movements along with the
rates of the corresponding FRET changes allowed the authors
to assemble global movements of the enzyme. Upon binding
of a correct nucleotide, a concerted global rearrangement
of all four domains (fingers, little fingers, thumb, and
palm) takes place where the little fingers domain moved in
opposing directions to the polymerase core domains. The
movement was relatively small compared to those of T7,
being only a few angstroms, yet form similar fingers and
thumb closing motions as mentioned previously for various
other polymerases.

On unmodified DNA, gel shift binding assays with γPolη
showed increased binding in the presence of the next correct
nucleotide [48]. This is consistent with a dNTP-induced
conformational change resulting in a closed ternary complex,
just as what had been shown previously for Klenow fragment.
Addition of an incorrectly base pairing dGTP was noted to
have a destabilizing effect on the complex, presumably due
to an incompatible fit within the enzyme, again similar to
that previously observed for Klenow fragment.

Extension assays showed that γPolη is capable of fully
bypassing a dG-C8-AF adduct and while incorporation
occurred across from a dG-C8-AAF adduct, extension
past this position was inhibited [48]. These results are
similar to that observed for the Klenow mutant Y766S,
which, similar to γPolη, also has a more open active site.
Interestingly, where Klenow fragment was unable to become
more stable upon addition of any dNTP across from a
dG-C8-AAF adduct, binding was stabilized with γPolη in
the presence of dCTP, consistent with the formation of a
closed ternary complex. Also, consistent with the lack of
extension after incorporation across from the AAF adduct,
no enhanced binding was observed at this position in the
presence of the next correct nucleotide. Despite the structural
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Figure 7: Two structures of Dpo4 ternary complexes in the presence of a dG-C8-AF adducted template, one forming a correctly aligned
primer-template and a second forming a looped out structure of the template (PDB# 3KHH) [27]. (a) Correctly aligned primer template
with the dGTP and corresponding template dC correctly at the 0 position. The adducted dG retains base paring with its corresponding dC
while the AF is positioned towards the major groove and stacks in a pocket of the little fingers domain. The +1 templating base stacks on top
of the AF adduct and is in alignment with the 0 position. (b) The misaligned structure contains the templating base in a looped out structure.
The looped out base slides into a pocket, rotated away from the active site. As a consequence the +1 templating base rotates and stacks on
top of the adducted dG base, and the DNA is shifted downwards as the +1 base now occupies the −1 position within the polymerase. The
AF adduct is rotated downwards and placed into a hydrophobic pocket within the little fingers domain. The dGTP does not contain any
Watson-Crick binding partner as it occupies the 0 position and stacks onto of the template base below.

and behavioral differences between replicative polymerases
and lesion bypass polymerases, a common conformational
change in the mechanism appears to be shared in this
case. It should be noted, however, that studies of some
polymerase such as Dbh have not been able to detect a
conformational change [49]. Although it is conceivable that
smaller undetected conformational changes are performing
the analogous function as the larger scale rearrangements
seen in replicative polymerases or that these motions have
yet to be detected.

The open active site of Y-family polymerases is not
necessary only to accommodate DNA lesions, but also able
to allow various primer-template alignments that may favor
the replication of the adducted template. As mentioned
previously, the formation of frameshift mutations in the
NarI sequence occur via a template misalignment and
this misaligned structure must be accommodated within
the polymerase active site. A recent crystal structure by
Rechkoblit et al. of the Y family polymerase Dpo4 in the
presence of an dG-C8-AF adduct shows such a complex
and how it can be accommodated and stabilized within the
polymerase [27].

In this study, two molecular structures were obtained in
one asymmetric unit of the crystal: (1) a correct alignment
with the dG-C8-AF adduct base pairing with a dC at the
−1 position (dG-AF : dC at the postinsertion site) and a
typical correctly forming dC:dGTP pair of the adjacent base
(5′ template side of adduct at position 0, the insertion site)
(Figure 7(a)) and (2) a misaligned structure with the dG-
C8-AF adduct base pairing with a dC shifted to the −2
position (1 position upstream of the postinsertion site) and

the adjacent 5′ C of the template looping out (Figure 7(b)).
More specifically, in the correctly aligned molecule 1 the dG
containing the AF is in an anti conformation and the AF is
placed on the major groove side of the duplex within a pocket
buried from solvent, and stabilized by interactions to the
little finger domain. This is similar to the conformation of the
AF adduct in Bacillus fragment, with the exception that Dpo4
contains interactions to the little fingers domain that stabilize
the adducts position, a caveat that is impossible in Bacillus
fragment due to the lack of a little fingers domain [35]. The
template C 5′ of the adduct (at position 0, the insertion site)
is base paired with an incoming dGTP, yet is shifted from its
typical stacking arrangement over the postinsertion site base
pair, and is instead poised partially over the AF adduct with
the dGTP over the center of the postinsertion site base pair.
In addition, the next downstream template base (0 position,
which would typically be within the insertion site) is flipped
out and stacks on top of the AF adduct in alignment with the
templating C base and the incoming dGTP at the 0 position
(insertion site). In the misaligned structure of molecule 2
the dG-C8-AF : dC base pair is shifted upstream relative
to the polymerase to the −2 position, as the adjacent 5′

template C loops out of the helix towards the major groove,
stacking with the little fingers domain (Figure 7(b)). Again,
the AF adduct is on the side of the major groove and situated
within a pocket on the little fingers. The 0 template base is
rotated back into the helix and occupies the postinsertion site
(−1 position) as the incoming dGTP stacks on top of it in
the insertion site (occupying the 0 position). Consequently,
the incoming nucleotide does not possess a Watson-Crick
hydrogen binding partner.
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Interestingly, the correctly pairing ternary structure of
molecule 1 was poised in resemblance to a binary like
state which is incapable of performing catalysis without
additional rearrangements. However, the misaligned struc-
ture of molecule 2 showed an uncanny resemblance to the
ternary complex of Dpo4, with protein-DNA interactions
similar to that of the ternary complex. It should be noted
however that the misaligned structure of molecule 2, despite
being arranged similar to a ternary complex, would also
require further rearrangements in order to achieve a catalytic
state.

The ability of Dpo4 to not only accommodate the bulky
AF lesion but also to stabilize its position by binding to the
little fingers domain that only Y family polymerases possess,
is indicative of its design for its role in lesion bypass. In
addition, Dpo4’s ability to further utilize its specialized little
finger domain to stabilize primer-template misalignments
strengthens its ability to cope with distorting lesions, albeit
at the expense of increasing mutagenicity. This paper also
shows that misaligned structures are not only stabilized by
the Watson-Crick base pairing of the misaligned structure,
but also, and possibly more so by direct interactions of the
polymerase with the misaligned complex [27].

8. Always on the Move

Recently, a new picture regarding the conformational
dynamics of polymerases has begun to emerge. Single-
molecule assays allow the direct monitoring of individual
molecules and can reveal properties that are otherwise
masked by ensemble averaging of large populations of
molecules. Nonsynchronous fluctuations that appear in
fleeting moments of time go unseen in ensemble averages
yet become obvious when viewed at the single molecule
level. Single-molecule FRET (smFRET) experiments where
a FRET donor was positioned on the template of a duplex
DNA strand, and a FRET acceptor was positioned on Klenow
fragment, allowed the direct visualization of DNA synthesis
as it proceeded through incorporation of three nucleotides
[50]. The movement of the DNA to the exonuclease domain,
as well as the movements during synthesis, could also be
viewed. As expected, discrete steps in the FRET traces
were observed for each nucleotide incorporation event.
Further, a few individual molecules were noted to have the
primer transition directly from the polymerization site to the
exonuclease site, and vice versa, without dissociation of the
binary complex. This correlated well with the proposition
made during the modeling of the crystal structure in
1993 by Beese et al. [11]. In addition, following each
incorporation event the polymerase appeared to move one
nucleotide further downstream than was necessary to place
the following nucleotide in the preinsertion site. This was
immediately followed by a return back to the expected FRET
level for the ensuing preinsertion site. This transient drop
was routinely observed in the presence of the next correct
nucleotide and was never observed in the presence of an
incorrectly base pairing nucleotide. The ubiquitous nature
of this novel step led the authors to conclude that this

was indeed an integral step in nucleotide incorporation and
that it might be involved in checking for proper base pair
formation. Movement to this site might be part of the routine
proofreading process that results in movement of a misin-
corporation to the exonuclease domain. This transitioning
process to the exonuclease domain was observed when
experiments were performed using mismatched primer-
template termini [50]. Alternatively, it was also suggested
that the transient state could represent an equilibrium
between the preinsertion and insertion complexes or it could
represent a further conformational rearrangement that is
part of the polymerase mechanism. Regardless, the smFRET
based discovery of this novel motion of the polymerase shows
new dynamics previously unobserved in bulk biochemical
experiments.

Further demonstration of the lively dynamic nature of
these enzymes comes from new evidence regarding the
continual conformational changes that polymerases undergo
during nucleotide incorporation and the identification of
yet another conformational state [51]. Santoso et al. uti-
lized alternating-laser excitation (ALEX) smFRET with both
members of the FRET pair placed on Klenow fragment to
directly monitor conformational changes of the polymerase
in real-time. More specifically, one fluorophore was posi-
tioned on residue 744 of the fingers domain of Klenow
fragment, and the other on residue 550 of the thumb.
Using a femtoliter observation volume where individual
molecules diffuse freely, the conformational changes of the
enzyme could be accurately tracked. Observations of Klenow
fragment bound to DNA in a binary complex revealed
that despite the lack of dNTP, the enzyme was found to
occupy both the open and closed states, with the open
conformation existing 66% of the time. The large occupancy
of polymerases in a closed binary complex is a fascinating
proposition and adds an active quality to the crystal structure
snapshot of the binary complex published almost two
decades previously [11]. Upon addition of the next correctly
base pairing dNTP, the closed conformation dominated
84% of the time [51]. Addition of incorrectly base pairing
dNTPs revealed a third conformation of the enzyme that
was distinct from the open and closed complexes identified
previously. Similarly, addition of rNTPs also showed the
formation of a third state. Despite the similarities observed
in the third conformational state observed with incorrect
dNTPs and rNTPs the authors advocate that they cannot be
the exact same state, because as noted earlier the rejection
of an incorrectly base pairing dNTP occurs at a different
step along the reaction pathway than does the rejection of
rNTPs. Regardless, the third state is thought to more closely
resemble an open KF-dNTP complex where the interactions
of the triphosphate moiety induce a subtle rearrangement
of the residues along the O helix, yielding the third FRET
state. This process would allow the complementarity of the
templating base with the incoming dNTP to be tested in
the open conformation. Provided a good fit is obtained the
polymerase would then move the pair to the active site via
rearrangements of the O-helix as the closed conformation is
formed, whereas mispairing nucleotides would be rejected in
the open conformation. More striking than the identification
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of the novel third conformational state was the observations
that the unbound enzyme was found to be continually
fluctuating between various conformational states despite
the lack of a DNA template or dNTPs [51]. These con-
formational transitions were incredibly rapid, occurring in
the low millisecond range. The ability of the polymerase to
continually sample its conformational states in the absence
of substrate further exemplifies the dynamic nature of this
enzyme.

9. Conclusions

DNA polymerases are remarkable enzymes that are able to
match a dNTP with the template base, reject the rNTP that
is present at a much higher concentration, accommodate
four different base pair orientations in their active sites
and do all of this at an incredible rate. The overall three-
dimensional structure of various polymerases, mainly their
anthropomorphic projection of a human right hand, has
proven to be strikingly similar from different organisms.
Along with these structural similarities, the identification of
several key conformational changes appears to be common.
These include the subtle rearrangements of the thumb
domain of the polymerase to strengthen the grasp on
the DNA upon formation of a binary complex and the
large nucleotide-induced conformational change of the O
and N helices upon formation of a ternary complex. The
conformational change of the O helix has been associated
with various steps of the mechanism: the alignment of
the catalytic residues and the positioning of the DNA; the
positioning of indexing residues such as Tyr766 of Klenow
fragment; the positioning of the dNTP substrate to lock
it in the proper orientation for catalysis; and obstructing
incompatible residues such as rNTPs from achieving catalytic
competency. DNA adducts have been shown to inhibit
DNA synthesis and the ability of adducts such as AF and
AAF, to induce radically different effects during synthesis
has been linked to the structures they adopt within the
active site of polymerase and their ability to disrupt or
block conformational changes. The sequence surrounding
an adduct further contributes to the mutagenic properties,
as is seen with the GGCGCC NarI sequence containing
an AAF adduct. Lastly, the view of these enzymes exhibit-
ing stopped motion as they progress through discreetly
identified steps is changing. Single-molecule studies have
revealed properties masked before in ensemble averaging.
Identification of obligate novel intermediates along the
mechanistic pathway, coupled with the dynamic nature of
these enzymes to sample multiple states, even in the absence
of substrates, are two new discoveries that open the door
for future studies. It is hoped that future experiments
examining these novel changes in the presence of bulky
carcinogenic adducts will identify additional conformational
checkpoints, and in keeping with anthropomorphic qualities,
areas of indecision by polymerases which contribute to
mutagenesis.
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dNTP1: Deoxyribonucleoside 5′-triphosphate
DNA: Deoxyribonucleic acid
rNTP: Ribonucleoside 5′-triphosphate
ddNTP: Dideoxyribonucleoside 5′-triphosphate
AF: 2-aminofluorine
AAF: N-acetyl-2-aminofluorene
dG-C8-AF: N-(2′-deoxyguanosin-8-yl)-2-

aminofluorine
dG-C8-AAF: N-(2′-deoxyguanosin-8-yl)-

N-acetyl-2-aminofluorene
TLS: Trans lesion synthesis
RNA: Ribonucleic acid
FRET: Förster resonance energy transfer
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We discuss how the results of presteady-state and steady-state kinetic analysis of the polymerizing and excision activities of
herpes simplex virus type 1 (HSV-1) DNA polymerase have led to a better understanding of the mechanisms controlling fidelity
of this important model replication polymerase. Despite a poorer misincorporation frequency compared to other replicative
polymerases with intrinsic 3′ to 5′ exonuclease (exo) activity, HSV-1 DNA replication fidelity is enhanced by a high kinetic barrier
to extending a primer/template containing a mismatch or abasic lesion and by the dynamic ability of the polymerase to switch
the primer terminus between the exo and polymerizing active sites. The HSV-1 polymerase with a catalytically inactivated exo
activity possesses reduced rates of primer switching and fails to support productive replication, suggesting a novel means to target
polymerase for replication inhibition.

1. Introduction and Overview

Maintaining fidelity of DNA replication is essential to the
survival of even the simplest organisms. Based on mam-
malian models, lack of faithful DNA replication by DNA
polymerases is associated with a large number of human
diseases including, but not limited to, cancer and a variety
of precancerous conditions [1–7]. A number of repair mech-
anisms exist to correct errors that occur during DNA synthe-
sis, including mismatch repair, base and nucleotide excision
repair, and recombination repair, and these mechanisms
have been reviewed recently elsewhere [8–11]. Despite the
existence of these repair mechanisms, a major determinant
of replication fidelity is the ability of the replicative DNA
polymerase to faithfully copy DNA. This ability is promoted
not only by the high fidelity with which the polymerase
selects correct versus incorrect nucleotide, but also by the
reduced capacity for the polymerase to extend or replicate
through primer/templates (P/Ts) containing distortions such
as mismatches, abasic (AP) sites, or oxidative or bulky
lesions [12–17]. This kinetic barrier to extension causes the

replicative polymerase to stall. In many organisms, including
prokaryotes, archea, and eukaryotes, stalling of the replica-
tive polymerase is required to permit a short-term exchange
with a low-fidelity polymerase (including one or more Y-
family polymerases, or the B-family DNA polymerase ζ).
This occurs via exclusive interactions of the respective
polymerases with processivity factor in order to permit lesion
bypass [18–27]. Although these lesion bypass polymerases
are generally more error-prone and do not repair the lesion,
they rescue the organism from lethal replication failure when
DNA is damaged [28, 29]. The stalling of a replicative
polymerase at DNA lesions or following misincorporation
also appears to be important for self-correction by allowing
engagement of the intrinsic 3′ to 5′ exonuclease (exo) activity
to “proof-read” replication errors as they occur or to sense
the presence of DNA lesions [14, 30–37]. Pre-steady-state
and steady-state kinetic analysis of polymerases with or
without a functional exo activity have been instrumental
in understanding the mechanisms that permit DNA poly-
merases to copy DNA with high fidelity, as well as how they
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avoid the permanent mutagenic effects of misincorporated
nucleotides or DNA damage [14, 15, 33, 34, 38–40].

This review analyzes the different mechanisms that
control replication fidelity that are intrinsic to replicative
DNA polymerases, with a specific focus on those that
are utilized by the polymerase encoded by herpes simplex
virus type 1 (HSV-1)—the prototypic member of a family
of viruses which cause high morbidity in the human
population. Because of the ease with which they can be
genetically manipulated, viruses have also proven to be
excellent models to better understand the functions required
for faithful genome duplication [41–45]. Moreover, viral
polymerases, including the HSV-1 DNA polymerase and the
human immunodeficiency virus (HIV) reverse transcriptase,
are important therapeutic targets of antiviral drugs [46–48].
A summary of studies that have reported the pre-steady-
state and steady-state kinetics of HSV-1 DNA polymerase are
provided and compared to those of other replicative poly-
merases to gain insight into the similarities and differences by
which these polymerases control fidelity. By understanding
how activities required for high-fidelity DNA replication are
modulated and coordinated by the HSV-1 DNA polymerase,
it may be possible to design novel antiviral approaches to
thwart replication of this important human pathogen.

2. General Parameters that Control
Polymerase Fidelity

2.1. Nucleotide Selectivity. The single most important con-
tributor to fidelity of most DNA polymerases is nucleotide
selectivity—that is, the propensity with which the poly-
merase incorporates correctly versus incorrectly base-paired
nucleotide [33, 34, 38, 49–53]. For replicative polymerases,
nucleotide selectivity has been shown to account for an
error rate in the range of >10−3 to 10−5 [33, 34, 49,
52]. The structures of a variety of replicative DNA poly-
merases have been solved, including the structures for the
A-type polymerases that replicate T7 bacteriophage [54]
and mammalian mitochondria (pol γ; [55]), and the B-
type replicative polymerases of the T4-related bacteriophage
RB69 [56], HSV-1 [57], and yeast (Saccharomyces cerevisiae)
DNA polymerase δ [58]. It is clear that the nucleotide-
binding pocket is able to accommodate or snuggly “fit” the
correctly paired nucleotide via space and geometry [59, 60].
This promotes a higher ground-state binding affinity of
the correct, compared to incorrect, nucleotide. In addition,
evidence points to an induced fit model, whereby the binding
of correct nucleotide better promotes the conformational
change necessary to form the closed structure required for
catalysis [34, 49, 50, 54, 56, 61]. For the bulk of these
polymerases, it is this conformational change, rather than
the chemical catalytic step, which is rate-limiting for correct
nucleotide incorporation under pre-steady-state conditions
[34, 39, 62–64]. For incorrect nucleotide incorporation, there
may be contributions from conformational and chemical
steps as well as from the propensity for rapid dissociation
of mispaired dNTP from the polymerase [65]. By contrast,
the structure of the active site of the Y-family polymerases

reveals that the relatively high frequency for mismatch
incorporation (>10−3) and for bypass of DNA lesions can be
attributed to a more open active site than that formed by A
or B type polymerases [66–69].

2.2. Proofreading by 3′-5′ Exonuclease Activity. Most replica-
tive polymerases possess or are closely associated with a 3′ to
5′ exo activity, and loss of this inherent or associated activity
results in an increased mutation frequency in vitro and in
vivo [70–74]. The contribution of the exo activity to increas-
ing overall fidelity of DNA replication varies for different
sequence contexts, but is on the order of 10- to 100-fold for
most of the replicative polymerases [31, 33, 51, 63, 75, 76].
The importance of polymerase-associated exo activity in
maintaining genomic stability in higher eukaryotes is also
confirmed by the increased cancer incidence in transgenic
mice containing an exo-deficient polymerase δ [5, 6] and
by the premature aging that occurs in transgenic mice
containing an exo-deficient pol γ [3].

Because the exo activity competes with the polymerizing
activity for the 3′ primer terminus, high-fidelity replication
in its presence might be expected to have a real cost in
terms of polymerizing speed and/or efficiency. However,
pre-steady-state kinetic experiments have demonstrated that
the means by which both rapid polymerization and correct
nucleotide incorporation can be maintained reflects the
ability of a polymerase to partition the primer terminus
to the polymerizing or exo sites as needed [15, 31, 33, 34,
62, 63, 77]. The relative efficiencies for polymerization and
proofreading during active DNA synthesis are influenced
by a variety of parameters, including the relative affinities
of a matched or mismatched primer terminus for the
polymerizing or exo site, the rates of polymerization at
matched versus mismatched primer termini, the rates of
excision of matched versus mismatched primer termini,
and the ability of a primer end to switch between the
polymerizing and exo site with or without dissociation of the
template from the polymerase.

Donlin and coworkers [33] demonstrated that the T7
DNA polymerase holoenzyme (with E. coli thioredoxin
processivity factor) possesses the same binding affinity for
matched or mismatched P/T although the T7 pol binds
P/T tighter to the polymerization domain than to the exo
site. In addition, the polymerization rate of incorporation of
correct nucleotides is fast (300/sec) and the excision rate on
ssDNA is even faster (>700/sec) [33, 62]. However, transfer
of the primer to the physically distinct exo site is slower
by 10-fold when the DNA is matched compared to when it
is mismatched. When a misincorporation event occurs, the
polymerization rate for T7 polymerase is slowed, permitting
a transfer of the primer strand from the pol to the exo
site. The rapid transfer of the mismatched nucleotide to
the exo site permits excision of that nucleotide. For the T7
holoenzyme, the transfer of the now-matched P/T back to
the polymerization site occurs without dissociation. Thus,
the kinetic partitioning of the primer between the polymer-
izing and exo sites, without a rate-limiting dissociation of
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Table 1: Summary of presteady-state kinetics of nucleotide incorporation by HSV-1 DNA polymerase.

Enzyme Primer/template
end after incorp.

dNTP:Template Na kpol (sec−1)b Kd(dNTP)
apparent(μM)c

Efficiency (μM−1

sec−1)(inverse rel. discrim)d

WT pol
Matched

dATP:dT
258± 38h,j

(estimated)
NDe ND

dTTP:dA 157± 31f 12.2± 5.7 f 12.9± 2.5

Mismatched dATP:dA 106± 9f 279± 83f 0.38± 0.03 (34)

Abasic dATP:Sp[0] 209± 33h 75± 37h 2.8± 0.44 (4.6)

Exo− pol Matched dTTP:dA 199± 26i 4.8± 2.1i 41.5± 5.4

Mismatched dATP:dA 8.7± 0.5j 131± 24j 0.07± 0.004 (600)

WT
Matched

dATP:dT
261± 26f

(estimated)
ND ND

pol/UL42 dTTP:dA 137± 21f 6.4 + 2.8f 21.4± 3.3

Mismatched dATP:dA 37± 4f 229 + 89f 0.16± 0.02 (130)

Exo− Matched dGTP:dC
640± 60g

(estimated)
8± 2g 80± 7.5

pol/UL42 Chain term ACV-TP:dC 10.1± 0.8g 6± 1g 1.7± 0.3 (48)
aRefers to incoming dNTP for incorporation opposite the templating residue (N) indicated.bRate constant at unlimiting incoming dNTP concentration

determined by the equation kobs = kpol[dNTP]/([dNTP] + Kd). cApparent ground-state dissociation constant of dNTP determined according to the
function indicated above. dEfficiency for incorporation of dNTP was calculated as kpol/Kd(dNTP). Relative discrimination was estimated by dividing
the efficiency for formation of a matched terminus by that for formation of mismatched, abasic, or chain terminator (acyclovir triphosphater, ACV-TP)
primer/template interface. Number shown in parentheses is inverse of relative discrimination for formation of that terminus. eNot Done (ND). fFrom [64].
gFrom [78]. hFrom [79]. iFrom [75]. j From [80]

the holoenzyme from the P/T, permits rapid repair with little
cost to overall rate of extension [33].

The structurally similar A-type mitochondrial poly-
merase (pol γ) possesses an inherently poorer fidelity
than the T7 polymerase [31, 63]. Compared to T7 poly-
merase, excision of mismatched DNA occurs at a much
slower maximum rate (9/sec). Nevertheless, error correction
without enzyme dissociation occurs with an efficiency of
80% [31]. By contrast, another A-type enzyme, Klenow
fragment of DNA polymerase I, has an even slower rate of
excision (0.003/sec), which would favor dissociation when
that enzyme stalls at a mismatch [15, 77]. The latter results
suggest that proofreading by Klenow is a less efficient means
for error correction than by either bacteriophage T7 DNA
polymerase or mammalian pol γ.

The T4 DNA polymerase catalytic subunit (a B-type
polymerase) also incorporates correct nucleotides at a rapid
rate (>400/sec) whereas the exo activity excises ssDNA at a
rate of approximately 100/sec [34]. As for the T7 polymerase,
transfer of primer from the polymerization to the exo site
is slower (5-fold for T4 polymerase) for matched compared
to mismatched P/T. However, because the rate constant for
dissociation of the T4 polymerase catalytic subunit from
the P/T (6–8/sec) competes with that for transfer of a
mismatched primer to the exo site (5/sec), direct editing can
occur only 40% of the time. Therefore, editing by the T4
polymerase catalytic subunit is less efficient than by the T7
DNA polymerase holoenzyme [33, 34].

As shown for the T4-like RB69 bacteriophage DNA
polymerase, the ability of a mispaired end to access the
exo site requires a ∼40◦ rotation relative to its position at
the polymerase active site [56, 81]. Because the template

strand is not firmly anchored during this movement to the
exo site for Klenow enzyme, the DNA must diffuse to the
exo site, although one-way diffusion could be facilitated by
retention of the primer in the thumb domain during the
conformational change [56, 82]. A β-hairpin within the exo
domain of the B-type polymerase encoded by bacteriophage
RB69 has been proposed to hold the template in place as the
primer terminus is transferred from the polymerizing to the
exo active sites [83]. The analogous hairpin of S. cerevisiae
pol δ interacts extensively with the template strand which
could stabilize the enzyme-DNA interaction during the
conformational transition [58]. By contrast, the β-hairpin
of RB69 polymerase does not associate with normal DNA
and interacts with only a portion of the ssDNA template
containing an abasic site [56, 58]. This could account for
the relative inefficiency by which the RB69-like T4 DNA
polymerase can edit mismatched DNA in a single association
event [34, 58, 84].

2.3. Alternative Mechanisms by Which the Exo Activity
Enhances Polymerase Fidelity. It is becoming increasingly
clear that the exo activity associated with polymerases
increases fidelity by mechanisms in addition to nucleotide
editing. For example, the presence of exo activity also
appears to be important for preventing translesion DNA
synthesis or strand displacement synthesis by a number
of polymerases, including those of pol δ, bacteriophage
T4, and HSV-1 [14, 85–89]. This is because the ability of
a polymerase to partition the DNA primer between the
polymerizing and exo sites allows the enzyme to engage
in idling turnover—that is, successive rounds of excision
and incorporation, with or without dissociation—whenever
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Figure 1: Running-start single-turnover kinetics for extension of mismatched or damaged P/Ts by HSV-1 DNA polymerase. Panels (a)–
(e) represent forced misincorporation and extension reactions and are adapted from [75] whereas panels (f)–(h) show extension of AP-
containing P/Ts and are adapted from [79]. (a) A partial sequence of the P/T (5′ end-labeled 45 nt primer annealed to 67 nt template) is
shown. The dNTPs added lacked dATP to force misincorporation opposite position 49 in reactions containing the wild-type pol (b), exo−

pol (c), wild-type pol/UL42 (d), or exo− pol/UL42 (e). Reactions were performed with 50 nM enzyme, 100 nM P/T, and 250 μM of each dNTP
indicated and single-turnover conditions were ensured by the addition of nonradioactive activated calf-thymus DNA trap (500 μg/ml) at the
time of initiation. Reactions were terminated by the addition of EDTA, products were separated on denaturing polyacrylamide gels, gels were
exposed to storage phosphor screens, and bands were quantified as previously described [75, 79]. (b)–(e) show plots of the concentration of
products formed greater than or equal to 48 (�), 49 (�), or 50 (�) nt in length. Except as indicated, the data were fit to the burst equation
[extension product] = A(1 − e−kt), where A is the burst amplitude, k is the observed rate constant, and t is the reaction time. The plots for
formation of 50 nt product by the exo− pol or exo− pol/UL42 were produced by fitting the data to a linear function. The percentages next to
each curve represent the amounts of primer ≥ to that length compared to the amount of P/T actively engaged by the respective polymerases
(i.e., that were extended by at least 1 nt). (f) A partial sequence of the P/T is shown. A dSpacer (dSp) was placed at position 46 from the
3′ end of the template to mimic an abasic site. Reactions were performed as indicated above except that all four dNTPs were included for
extension by wild-type pol (g) or exo− pol (h). Products representing primers extended to position 45 located 1 nt upstream (−1) of the AP
site and beyond (�), products extended to the AP site and beyond (�), and products that were extended 1 or more nucleotides past the AP
site (�) are shown. The data in the plots were fit to the burst equation or to a linear function as indicated for plots (b)–(e). The numbers to
the right of the curves represent the percentage of primers extended at least to this site compared to the number that were actively engaged
by the respective polymerases.
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it encounters a kinetic barrier to extension. This idling-
behavior increases overall DNA replication fidelity because
it prevents extension through abasic sites or oxidized
nucleotides, such as 8-oxyguanine, which would have a high
probability for introducing mutations [13]. Idling turnover
by a polymerase also limits strand displacement synthesis.
Failure to limit strand displacement synthesis by yeast pol
δ during Okazaki fragment maturation has been shown to
lead to the production of aberrant or improperly processed
lagging strand intermediates in vitro and higher mutation
frequency in vivo [86, 87].

2.4. Role of Processivity Factors in Fidelity of DNA Replication.
There has been much disagreement concerning the role
of polymerase accessory proteins in maintaining fidelity.
Parameters that could be altered by processivity factors
include kinetic barriers to extending a mismatch or bypass-
ing a lesion, the ability of the polymerase to partition its
activity between the physically distinct exo and pol sites, the
relative accessibility of the exo and pol sites, and dissociation
of polymerase upon encountering a barrier to extension [33,
72, 76, 90, 91]. Capson et al. [34] proposed that the T4 poly-
merase processivity factor would enhance fidelity by limiting
the dissociation of enzyme from mismatched P/T, thereby
increasing the efficiency for direct editing by the enzyme.
However, for several polymerases, an inverse relationship was
shown between processivity or DNA binding and fidelity,
at least under some circumstances [90–93]. For T7 DNA
polymerase, the processivity factor was found to enhance
fidelity by retaining the polymerase long enough to edit
misincorporated nucleotides [33]. For T4 DNA polymerase,
the addition of processivity factors to the wild-type enzyme
had no impact on fidelity of DNA replication and did not
permit lesion bypass. However the addition of processivity
factors to an exo-deficient T4 polymerase did permit lesion
bypass with low concentrations of enzyme, which did not
permit efficient translesion synthesis in the absence of
processivity factors [91]. Proliferating cell nuclear antigen
(PCNA) was also demonstrated to increase misinsertion
frequency and to promote the ability of mammalian pol δ
to bypass DNA lesions [90, 93, 94], thereby reducing fidelity.
Likewise, the addition of processivity factor to mitochondrial
polymerase (pol γ) reduced the incorporation fidelity of both
the wild-type and exo-deficient enzyme in gap-filling assays,
predominantly by enhancing the efficiency for extending
mismatches [76].

3. Herpes Simplex Virus Type 1 as a Model
Eukaryotic Replicative DNA Polymerase

3.1. Properties of the HSV-1 DNA Polymerase. HSV-1 encodes
a B-type DNA-dependent DNA polymerase that is the prod-
uct of the UL30 gene and is essential for origin-dependent
DNA synthesis in cell culture and for the production of
infectious progeny virus in vivo [95–100]. In vitro, the HSV-
1 DNA polymerase is also required together with 5 other
viral encoded proteins for leading strand synthesis on model
templates [101]. In addition to a 5′ to 3′ polymerizing

activity, the polymerase catalytic subunit (pol) possesses an
intrinsic 3′ to 5′ exo domain [57, 99, 102, 103]. In infected
cells, HSV-1 pol forms a stable heterodimer with the product
of the UL42 gene (UL42) [104–106]. The UL42 protein is
a double-stranded DNA-binding protein that serves as an
accessory protein to increase the processivity of the HSV-
1 pol catalytic subunit [104, 107, 108]. The ability of the
UL42 processivity subunit to form a stable heterodimer
with the HSV-1 pol catalytic subunit resembles the type
of arrangement observed for the A-type polymerases, T7
bacteriophage DNA polymerase and mitochondrial pol γ,
with their respective processivity factors. However, the
structure of HSV-1 UL30 pol catalytic subunit most closely
resembles that for the eukaryotic replicative polymerase,
pol δ [57, 58]. Interestingly, the structure of the UL42
processivity factor resembles that for a subunit of the pol
δ processivity factor, PCNA [109, 110]. However, the two
globular domains of HSV-1 UL42 are oriented differently
from those of a PCNA monomer such that they could not
easily form the toroidal structure of the homotrimeric PCNA
processivity factor [109]. The co-crystal structure of UL42
with a pol C-terminal peptide suggests a flexible attachment
to the unstructured C-terminal tail of HSV-1 pol, similar to
what has been observed for other processivity factors with
their cognate B-type polymerase [56–58, 81, 82, 109]. Since
the UL42 processivity factor does not require energy or other
proteins to load it onto DNA or to form the heterodimeric
holoenzyme [104, 105, 107, 111], it is easier to investigate
the role of processivity factor in controlling the fidelity of
this viral replicative polymerase compared to that of its close
homolog, pol δ.

3.2. Genetic Analysis of HSV-1 Replication Fidelity. Epidemi-
ological studies suggest that HSV-1 DNA replication is not
as faithful as that of its human host. For example, mutations
occur frequently during HSV-1 replication in vivo, such that
many nucleotide polymorphisms can be observed even in
epidemiologically related strains of virus [112–114]. The
genetic diversity of viral progeny that results from this
poor fidelity is likely to contribute to selection of virus
“mutants” capable of evading natural host immune mecha-
nisms as well as antiviral drugs. Indeed, clinical isolates from
humans not exposed to antiviral drugs have been shown
to contain a preexisting subpopulation of virus resistant to
high concentrations of acyclovir [115]. For random HSV-
1 isolates from Japan, the average number of nucleotide
differences observed in the 1,131 bp thymidine kinase (tk)
gene was 3.3 [114]. In another study, the HSV-1 tk gene
mutation frequency (estimated at 5 × 10−5) was determined
by measuring the average frequency of acyclovir-resistant
plaques that arose under nonselective growth conditions
during a single replication cycle for independent cultures of
an acyclovir-sensitive (wild-type) laboratory strain of HSV-1
[116].

Examining the role of the 3′-5′ exo activity in maintain-
ing the fidelity of HSV-1 DNA replication in culture has
been challenging since it has not been possible to isolate
viral mutants by altering conserved residues within either
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Table 2: Summary of presteady-state kinetics of excision by wild-type HSV-1 polymerase.

Enzyme P/T interface
Fast burst rate
constant (sec−1)

P/T excised at fast
rate (%)

Slow burst rate
constant (sec−1)

P/T excised at slow
rate (%)

dA/dT (matched) 59± 18b 6b 2.2± 0.7b 26b

WT pola
dA/dA (mismatched) 113± 7c 29c NA NA

dA/AP (abasic) 130± 0c 39c NA NA

WT pol/UL42d

dG/dC (matched) 12± 6b 12.5b 0.25± 0.02b 87.5b

dG (8 nt frayed) 125± 7b 73b 1.3± 0.2b 27b

ACV/dC (matched) (5.1± 0.4)× 10−3c
96c NA NA

ACV (8 nt frayed) ≥ 0.3c 100c NA NA

ACV/dC + dNTP (2± 0.6)× 10−4c
94c NA NA

ACV (8 nt frayed) +
dNTP

≥ 0.3c 100c NA NA

a The wild-type pol catalytic subunit (25 nM) was incubated in the presence of EDTA with 10 nM of a 46 nt primer annealed to a 67 nt template differing only
at the primer/template (P/T) interface as indicated. Single turnover conditions were achieved by initiating reactions with MgCl2 plus activated calf thymus
DNA to trap dissociating pol (from [79]). All kinetic constants are apparent.
bThe amount of full-length primer remaining was plotted as a function of time and the data were fit to the five-parameter double exponential decay function
[intact primer] = ae −bt + ce −dt + f , where a and b are the amplitude and burst rate constant, respectively, during the fast phase, and c and d are the amplitude
and burst rate constant during the slow phase of excision. The f constant represents the amount of unexcised primer remaining due to dissociation of the
enzyme from the P/T or to failure of the enzyme to bind all of the P/T prior to initiation.
cThe amount of full-length primer remaining was plotted as a function of time and the data were fit to a three-parameter single exponential decay function
[intact primer] = ae −bt + c due to the absence of a slower phase. NA, not applicable for single exponential functions.
dThe wild-type pol/UL42 heterodimer (100 nM) was incubated in the presence of EDTA under single turnover conditions with 90 nM 26 nt primer containing
the 3′ nucleotide dGMP (dG) or acyclovir monophosphate (ACV) annealed to a 45 nt template prepared as described [78]. In some cases as indicated, the
P/T contained 8 mismatches at the 3′ end of the primer (frayed), the last of which was ACV. When added, the concentration of dNTPs was 100 μM (from
[78]). All kinetic constants are apparent.

the Exo I or Exo II sites [117, 118]. Most of the HSV-1
Exo II site pol mutations created by Gibbs and coworkers
failed to complement the replication of a pol null virus or
to synthesize any viral DNA in these complementation assays
[118]. Biochemical analysis of similar Exo II mutants by
another group revealed that these mutations compromised
not only the exo activity, but also the extension activity of the
polymerase, perhaps accounting for their lethal phenotype
[119]. Mutations that map in the conserved Exo I residues
that are involved in the coordination of the metal ions
required for catalysis (e.g., D368A and E370A) also possess
little if any exo activity, though their polymerase activities
are similar to or greater than that of the wild-type HSV-1
pol [75, 119]. Nevertheless, the D368A Exo I mutation was
lethal for virus replication [117]. It has been suggested that
the exo and polymerizing domains of the HSV-1 pol may
be fundamentally different and less distinct from each other
than those domains for other polymerases [118]. However,
the resolved crystal structure of the HSV-1 pol shows that
the organization of the exo domain with respect to the palm,
fingers, and thumb subdomains is similar to that shown for
S. cereviseae pol δ [57, 58].

The only exo-deficient HSV-1 polymerases capable of
supporting virus replication are those that map to the
conserved Exo III site [116]. These Exo III site mutant
proteins (e.g., Y577H, a double mutant Y577H/D581A,
and Y577F) were somewhat compromised for polymerizing
activity, but the 3′ to 5′ exo activity was reduced from 6-
to 50-fold, depending on the mutation [116, 119]. Transient
expression of the Y577H and Y577H/D581A mutant pol
genes complemented the replication of an HSV-1 pol null

mutant virus, and viable virus progeny could be isolated
when the mutations were introduced into the viral genome
[116]. These viruses displayed a mutator phenotype with
mutation frequencies that were 300- and 800-fold higher,
respectively, than that for the parental wild-type virus [116].
The mutator phenotype of Exo III mutant viruses clearly
demonstrates an important role for the intrinsic exo activity
of the HSV-1 DNA polymerase in maintaining fidelity of
viral DNA replication in culture. However, the inability of
other exo-deficient polymerases to support virus replication,
particularly the Exo I site mutants with wild-type polymer-
izing activity, suggests a more complex role for this domain
during viral DNA replication.

3.3. Discrimination between Correct versus Incorrect Nucle-
otide for Incorporation by HSV-1 DNA Polymerase. Pre-
steady-state kinetic analysis can provide a better understand-
ing of the complex interactions between the polymerizing
and exo functional domains by determining the individual
parameters that control correct and incorrect nucleotide
incorporation with undamaged template or a template
with a noninformative lesion, such as an AP site. Table 1
summarizes the results of several different pre-steady-state
kinetic studies of single nucleotide incorporation by various
HSV-1 polymerases—that is, the wild-type and the Exo I site
mutant (D368A) pols with or without the UL42 processivity
factor. For better comparisons, only the apparent Kds for
dNTP are shown since true Kd for dNTP was determined in
only one study [64]. The rate constants for correct nucleotide
incorporation by the wild-type HSV-1 pol in the absence or



Journal of Nucleic Acids 7

presence of UL42 processivity factor were not significantly
different in two different sequence contexts (Table 1 and
[64]). This contrasts with the ability of PCNA to increase the
rates of polymerization by mammalian pol δ approximately
3-fold [39].

For wild-type HSV-1 pol, the rate constant for misin-
corporation of dATP opposite dA template (106/sec) was
only moderately less than for correct incorporation of
dTTP (157/sec) into the same P/T (Table 1). Discrimination
between the correct and incorrect nucleotide for HSV-1 pol
occurs predominantly at the level of ground state binding
affinity of dNTP, as indicated by a >20-fold decrease in
affinity of dATP (incorrect) compared to dTTP (correct)
for dA-containing template. Although the processivity factor
slowed the rate of incorporation of mismatched dNTP by the
wild-type pol approximately 4-fold, the pol/UL42 complex
had an even greater difference in affinity between incorrect
and correct dNTP compared to the wild-type pol catalytic
subunit. Thus, HSV-1 pol, with or without processivity
factor, discriminates between correct versus incorrect dNTP
with similar relative efficiencies (Table 1). The relative
discrimination values shown in Table 1 (34 and 130) differ
somewhat from published values, since the latter used the
lower true Kd (dNTP) values to estimate a misincorporation
frequency of 1 in 300 for both pol and pol/UL42 [64].
This misincorporation frequency is approximately 10 times
higher than that reported for the exo-deficient Klenow
fragment of E. coli DNA polymerase I [53], suggesting that
HSV-1 pol is one of the least faithful DNA polymerases
with intrinsic exo activity [64]. It is interesting to note that
a misincorporation frequency of 1 in 300 is similar to the
nucleotide variation within the HSV-1 tk locus (an average of
3.3 changes for a gene of ∼1,000 bp) noted among Japanese
isolates [114]. Most other studies that have estimated lower
HSV-1 mutation frequencies (between 5 × 10−5 and 5 ×
10−4) have relied on the frequencies for isolating mutations
in genes that are scored by function, such as acyclovir-
resistance [116] or plaque color due to mutation in a lac
Z locus introduced into the viral genome [120, 121]. Such
studies naturally underestimate misincorporation frequency
because they fail to score silent mutations that do not alter
phenotype.

The D368A mutation renders the polymerase completely
deficient in exo function but with a pre-steady-state polymer-
ization rate constant for incorporation of correct nucleotide
that is approximately 20% higher for the mutant catalytic
subunit (199/sec) compared to the wild-type pol on the
same P/T (Table 1). Although the relative differences in
ground state binding affinity for mismatched versus matched
nucleotide were similar for the exo− and wild-type pols, the
pre-steady-state rate constant for incorporating an incorrect
nucleotide by this mutant pol was 23 times lower than that
for incorporating a correct one (Table 1). This results in
an overall 600-fold reduced efficiency for incorporation of
incorrect compared to correct dNTP by the exo− pol. Overall,
the HSV-1 exo− pol misincorporates nucleotides >5-times
less efficiently than does the wild-type pol using the same
P/T (Table 1). Thus, the HSV-1 exo− pol misincorporation
efficiency differs from that of exo-deficient Klenow enzyme

by a factor of only 2 [53]. As discussed in detail in a
subsequent section, the lower misincorporation efficiencies
observed by the HSV-1 exo− pol, compared to the wild-
type pol, may reflect a defect in the ability of the enzyme,
or enzyme:incorrect dNTP ternary complex, to transfer the
primer terminus between the polymerizing and exo sites.

The specific impact of the UL42 processivity factor on the
efficiency with which the exo-deficient pol can discriminate
between incorrect and correct nucleotides for incorporation
cannot be determined from Table 1. However, the ground-
state binding affinity of the antiviral compound, acyclovir
(ACV) triphosphate, for the exo− pol/UL42 complex, is
roughly the same as the affinity of dGTP for incorporation
opposite a dC templating residue [78, 122] (Table 1). By
contrast, the rate constant for incorporation of ACV-TP by
the exo− pol/UL42 complex is considerably slower than the
rate constant for incorporation of matched dNTP by the
exo− pol, but similar to that for incorporation of mismatched
nucleotide by the exo− catalytic subunit (Table 1). Thus, it
is likely that the slow rate-limiting step for incorporation of
ACV-TP by the exo− pol/UL42 reflects a slow conformational
change and/or chemistry step, as suggested for mismatched
dNTP incorporation [50].

3.4. Kinetics of Nucleotide Incorporation at AP Sites by HSV-
1 DNA Polymerase. The kinetic parameters that govern
nucleotide incorporation by the HSV-1 pol opposite an AP
site on the template differ from those for either correct
or incorrect incorporation with undamaged templates. For
example, for wild-type pol, there is no significant difference
in the rate constant for incorporation (kpol) of dATP opposite
the matched dT compared to that for incorporation opposite
an AP site (Table 1). Pre-steady-state kinetic experiments also
revealed that the productive binding of the HSV-1 pol to a
P/T containing an AP site located 1 nucleotide downstream
(+1) from the P/T interface (true Kd (DNA) = 42.1±7.4 nM;
[79]) was indistinguishable from that for undamaged P/T
(true Kd (DNA) = 44 ± 3.0 nM; [64]). These results suggest
that the enzyme cannot sense the AP site on the template
strand ahead of attempts at incorporation. Nevertheless,
the ground state binding affinity for dATP opposite the
noncoding AP site (1/Kd) was reduced approximately 5-
fold for wild-type pol compared to that for incorporation
opposite a matched nucleotide (Table 1).

3.5. Presteady-State Kinetics of Excision by the HSV-1 DNA
Polymerase. Under single turnover conditions in which the
wild-type pol is bound to P/T at equilibrium and excision
is initiated by the addition of MgCl2 with high-excess cold
DNA trap, the kinetics for excision of a mismatched P/T, or
a P/T containing dA opposite an AP site, approach that for
excision of frayed ssDNA ends by the wild-type pol/UL42
holoenzyme (Table 2, [64, 78]). The fast burst rate constant
for excision of matched P/T by wild-type pol is considerably
slower than that for mismatched or A:AP P/Ts (Table 2).
In addition, a smaller proportion of matched primer was
cleaved, compared to primer opposite a mismatched or
AP-containing template. Wild-type pol/UL42 also cleaved



8 Journal of Nucleic Acids

a smaller proportion of matched ends compared to frayed
ones, and with a smaller burst rate constant (Table 2). These
results indicate that most of the matched P/T is held at
equilibrium in the polymerization site with little difference
in the relative distribution in the presence (12.5%) versus
absence (6%) of processivity factor. Because the presence of
excess unlabeled DNA trap prevents access of labeled P/T to
any polymerase that dissociates, the slow burst rate constant
for excision, when present, is indicative of the rate by which
the primer strand is destabilized and transferred to the exo
active site in a single association event (2.2/sec for pol and
0.25/sec for pol/UL42; Table 2). From these data alone, it
is difficult to determine whether the differences observed
in both fast and slow burst rate constants for cleavage
of a dA/dT matched P/T by pol, compared to those for
cleavage of dG/dC matched P/T by pol/UL42, reflect a greater
thermal stability of the dG/dC base-pair or a significant
slowing of excision rate by UL42. However, in side-by-side
comparisons on the same matched P/T, Chaudhuri et al. [64]
demonstrated no more than a 2-fold reduction in fast burst
rates for cleavage of matched P/T in the presence versus the
absence of UL42.

Although HSV-1 pol excises the 3′ nucleotide from
mismatched or A:AP P/Ts at rates similar to those for ssDNA
(unpublished results, but exemplified by the fast rates of
excision of frayed ends by pol/UL42), only a portion of
the P/Ts occupied by the pol are cleaved at the fast burst
rate in a single-turnover (Table 2). Since no slow burst rate
was observed for wild-type pol with either P/T, the results
indicate that the remainder of the P/Ts were either not bound
to the enzyme or dissociated from it at a rate faster than
that required to transfer the 3′ primer terminus from the
polymerizing to the exo site. In the presence of pol/UL42, not
only is a large proportion of frayed primer cleaved with a fast
burst rate constant, but the remainder that bound initially at
the polymerization site (27%; Table 2) was transferred to the
exo active site for cleavage prior to dissociation. These results
suggest that UL42 might increase the overall fidelity of DNA
synthesis by increasing the probability that a mismatched P/T
will be excised prior to its dissociation from wild-type pol
during processive synthesis, when most of the primer would
be expected to be located at the polymerizing site.

As previously indicated by steady-state kinetic analy-
sis [122], pre-steady-state kinetic analysis reveals that the
excision of ACV-TP opposite the matched dC template is
extremely slow, with a burst rate constant approximately
2000-fold slower than for the fast burst rate constant for
excision of dG on matched template [78] (Table 2). Excision
is slowed another 25-fold when dNTP is present. In all
cases, the excision rate is slower than the rate of transfer
from the pol to the exo site and/or the rate of dissociation
from the P/T since no slower burst rate was observed.
The association of next correct dNTP has been reported to
lock the polymerase into a dead-end complex with ACV-
TP [122]. However, the comparatively small difference in
excision burst rate constants in the presence versus absence
of dNTP following ACV incorporation may suggest that the
dNTP stabilizes a replicating P/T within the polymerizing
site, thereby reducing its rate of transfer from the pol to

exo site [57, 78]. Taken together, these results suggest the
importance of the HSV-1 pol to possess a dynamic ability
to switch the P/T between the polymerizing and exo sites
for its ability to function properly, and a role for UL42 in
preventing dissociation of pol from a mismatched primer
terminus during active DNA extension.

3.6. Mismatch Extension by HSV-1 Pol during Processive
Synthesis. Early steady-state experiments were used to deter-
mine the ability of the HSV-1 pol to extend mismatches
[123]. Despite potent exo activity, the wild-type HSV-1 pol
was observed to extend mismatches at high concentrations
of next correct single nucleotide. However, the efficiency
(Vmax/Km) for wild-type pol extension of mismatches with
next correct nucleotide was considerably lower than for the
exo− pol [75, 123]. This was due in large part to cleavage
of the mismatched primer terminus by the exo activity
of the wild-type pol, resulting in an incorrectly matched
P/T for extension with the tested nucleotide. Indeed, when
the template nucleotide located at position –1 with respect
to the mismatched primer terminus was complementary
to the incoming nucleotide, efficiency for extending the
“mismatched” P/T was virtually the same as for matched
[75, 119]. Because dissociation would effectively reduce the
Vmax, these results demonstrate the effective ability of the
wild-type HSV-1 pol to switch the primer to the exo site,
cleave the mismatch, switch it back to the polymerizing site,
and incorporate new nucleotide, all without dissociating.
It also suggests that with this kinetic partitioning, there
is little cost to extension efficiency when proof-reading by
the HSV-1 polymerase is required. Nevertheless, steady-state
experiments do not provide an accurate measure of the
ability of a polymerase to extend uncorrected mismatches.

Running-start single-turnover experiments have been
used to gain a better understanding of the kinetic barrier for
HSV-1 pol to extend mismatches and how the polymerase
responds to misincorporation during active polymerization
[75]. The data in [75] have been adapted and included in
Figure 1 for comparative purposes. In these experiments,
the terminus of a 5′ end-labeled primer was located 3
nucleotides upstream (−3) of a target site that forced
misincorporation due to the absence of matched nucleotide
in the pool (Figure 1(a)). Critical to these experiments
was (1) a saturating or close to saturating concentration
of all other nucleotides, (2) equilibrium binding of the
polymerase to the P/T prior to initiation (in the presence
of EDTA), and (3) initiation of reactions with MgCl2
and excess DNA to trap any polymerase molecules that
dissociate from the P/T following initiation [75]. Because
active polymerization would occur for several nucleotides,
the P/T would be expected to be firmly bound to the
polymerase active site for several cycles of processive correct
nucleotide incorporations prior to a forced misincorporation
event. Surprisingly, three-fourths of the P/T productively
engaged by the wild-type pol misincorporated nucleotide at
the target position, and two-thirds of those were extended
by at least one additional nucleotide prior to dissociation
(accounting for 48% of total P/T productively bound by
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the pol, see Figure 1(b)). The presence of a strong pause
site [75] suggests that the wild-type pol switches the primer
end to the exo site, cleaves the mismatch to form a matched
P/T, then rapidly switches back to the pol site for another
forced misincorporation event. Repeated cycles of excision
and incorporation (idling) then ensue in a single association
of the pol catalytic subunit with P/T, until the mismatch is
successfully extended (Figure 1(b)). These results indicate
that the rate of transfer of the mismatched primer terminus
between the polymerizing and exo sites (one or more times)
is greater than the rate of dissociation of the wild-type pol
from the P/T during forced misincorporation.

The exo− HSV-1 pol also misincorporated and extended
mismatches, but the kinetics for misincorporation were
markedly slower compared with wild-type pol, with only
half of the productively engaged exo− pol misincorporating
within 2 sec (Figure 1(c)). The latter results are in excellent
agreement with the less efficient ability of the exo− pol,
compared to the wild-type pol, in incorporating an incorrect
nucleotide in standing start experiments (Table 1). However,
a similar proportion of available mismatched P/T was
extended by the exo− pol, compared with the wild-type pol,
albeit at a slower rate. The near linear kinetics for mismatch
extension by the exo− pol are not the result of multiple
turnovers of enzyme with P/T because of the presence of
DNA trap. Instead, the absence of a burst likely indicates that
the rate-limiting step is the slow rate of primer switching
(∼0.24/sec [75]) from the polymerizing to the exo site and
back when the mismatch cannot be cleaved.

The impact of the UL42 processivity factor in preventing
mismatch extension is clearly observed in these running start
experiments. Not only do fewer mismatched P/T accumulate
in the presence (26%) versus absence (76%) of UL42, but
only 5.6% of all P/T (21% of those that misincorporated)
are extended one nucleotide beyond the mismatch and none
were extended further (Figure 1(d); [75]). Because the rates
of incorporation of incorrect nucleotide and excision of
mismatches or frayed ends (Tables 1 and 2, resp.) do not
differ substantially for wild-type HSV-1 pol in the presence
or absence of processivity factor, the results suggest that
UL42 increases the efficiency and/or rates by which the
mismatched/frayed primer terminus is transferred between
the polymerizing and exo sites in a single association event
during active replication.

3.7. Failure of the HSV-1 DNA Polymerase to Bypass
AP Lesions during Active Replication. Similar running-start
single-turnover experiments have been performed on P/Ts in
which the target site on the template was an AP site, located
4 nt downstream of the primer terminus (Figure 1(f)). The
data have been adapted from a previously published report
[79] to permit side-by-side comparisons with mismatch
extension data [75]. The wild-type HSV-1 pol extended
the primer to the AP target site with more rapid burst
kinetics than it did to a misincorporation target (compare
Figures 1(g) and 1(b)). However, compared to mismatches,
AP sites posed a greater kinetic barrier to extension by the
wild-type HSV-1 pol, since no lesion bypass was detected

(Figure 1(g); [79]). With such a high kinetic barrier, the rate
of dissociation of the pol from the damaged P/T exceeded
that required for extension, resulting in a smaller percentage
(30%) of primer extended to the AP target site (Figure 1(g))
compared to that which resulted from misincorporation
(76%; Figure 1(b)).

The absence of exo activity prevents excision of the
residue that is incorporated opposite an AP site and, as
observed following misincorporation, this slows the transfer
of primer between the exo and polymerizing sites. Although
the exo− pol was able to bypass AP lesions, bypass synthesis
was extremely inefficient (Figure 1(h)). These results are
in agreement with the requirement for exo-deficiency in
order for the HSV-1 pol to incorporate nucleotide opposite
a cisplatin cross-link [88]. It was also shown in those
studies that neither the wild-type nor exo− pol, with or
without UL42 processivity subunit, could completely bypass
the cisplatin lesion. However, UL42 did increase the ability
of HSV-1 exo− pol to incorporate nucleotide opposite the
cisplatin lesion [88]. No studies to date have examined the
ability of UL42 to permit AP lesion bypass synthesis.

AP sites have been shown to be present in HSV-1
replicating and virion DNA at a frequency of 2.8–5.9/genome
equivalent [79]. Given that wild-type pol is unable to
bypass these lesions, there must be other mechanisms to
permit synthesis through or around AP lesions, such as
recombination or repair. The newly discovered AP and 5′-
deoxyribose phosphate lyase activities of the HSV-1 pol, both
of which are involved in base excision repair, might perform
such a task to repair AP lesions [124]. It is also possible that
other viral DNA replication components would permit lesion
bypass.

3.8. Importance of Kinetic Partitioning between the Polymeriz-
ing and exo Sites for Fidelity. The kinetic barrier to extending
a mismatched P/T prevents most misincorporation events
from becoming fixed mutations. The exo activity of the HSV-
1 pol reinforces the kinetic barrier by permitting excision
of the mismatched primer terminus when the polymerase
“stalls”. In reality, the polymerase does not truly stall when
it encounters a kinetic barrier, but rather engages in idling
at that site through successive rounds of incorporation
and excision, even in the absence of the UL42 processivity
factor. The idling activity is made possible by the ability
of the polymerase to dynamically switch the P/T from the
polymerizing site to the exo site and back. Pre-steady-state
kinetic analysis has demonstrated that UL42 increases the
processivity of the HSV-1 pol from ∼1700 to >5,000 per
association event [64]. UL42 also increases the efficiency
of excision of mismatches formed during processive DNA
synthesis by increasing the rate and/or efficiency of transfer
of the mismatched primer between the polymerizing and
exo active sites. This makes UL42 an unusual fidelity factor
because it affects neither the rates of polymerization nor the
rates of excision [64]. Moreover, UL42 does not promote
mismatch extension or lesion bypass, distinguishing it from
the functions of the processivity factors of polymerases in the
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same family, such as T4 DNA polymerase and mammalian
pol δ [90, 91, 94].

Mounting evidence suggests that altering the ability of
the HSV-1 pol to switch between the exo and pol active
sites will have an impact on fidelity. It is interesting to
note that mutations in UL42 that either increase or decrease
affinity for DNA result in decreased replication fidelity
and reduced numbers of viable virus progeny [120, 121].
Although classical measures of this idling activity depend on
the presence of a functional exo activity [85], the running-
start single-turnover experiments described in Figure 1
demonstrate the ability of the HSV-1 polymerase to switch
the primer terminus between the exo and pol sites even in
the absence of exo catalytic activity. However, the increased
affinity of the exo site for mismatched primer (ssDNA), and
the corresponding decreased affinity of mismatched DNA
for the polymerizing site, renders the catalytically inactivated
Exo I site mutant pol (D368A) less efficient in switching
behavior and in extending mismatched primers [75, 123].
The fact that the Exo I mutant pol is also slower in its
ability to incorporate incorrect dNTP than the wild-type
pol suggests that binding of an incorrectly matched dNTP
to the HSV-1 pol may destablize the association of the
primer terminus with the polymerizing active site. UL42
slows the rate of switching of the exo− pol on mismatched
termini during processive synthesis even more (Figure 1(e);
and [75]). If the rate of switching is slower than that for
dissociation of the polymerase from the P/T, then extension
would be disfavored, which could explain why no viable
progeny have been isolated with this particular mutation
[117].

Mutations outside the exo domain may also impact
P/T switching by the HSV-1 pol. Kinetic analysis of HSV-
1 pol containing a finger domain mutation (L774F) showed
significant stalling during normal elongation and a decreased
efficiency for extending mismatches [125, 126]. When intro-
duced into the pol gene of the virus, this mutation increased
fidelity of DNA synthesis compared to that of the parental
virus, regardless of the presence or absence of an Exo III
site mutation [125, 126]. These properties are consistent
with enhanced idling-turnover ability and increased primer
switching compared to the wild-type pol. For T4 DNA
polymerase, mutations that increase the switching rate
have also been shown to possess antimutator activity [41],
consistent with the importance of the ability of the pol to
efficiently transfer the primer end between the polymerizing
and exo active sites to maintain fidelity. Since the T4 switch
mutations do not map to the same domain as the HSV-
1 L774F mutation, additional studies will be required to
ascertain the mechanism by which the HSV-1 finger domain
mutant enhances replication fidelity.

3.9. Kinetic Partitioning and Virus Viability. The ability of
the HSV-1 DNA polymerase to engage in dynamic switching
of P/T between the pol and exo sites when kinetic barriers
to extension are encountered is likely to be essential to the
viability of virus. It is interesting to note that part of the
effectiveness of the chain-terminator, acyclovir, now appears

to be its influence on the ability of the HSV-1 pol to switch
the primer terminus between the polymerizing and exo sites.
As suggested by Hanes et al. [78], the addition of dNTP to an
HSV-1 pol that has incorporated ACV may favor retention
of the ACV-containing P/T at the pol site, making ACV less
likely to be removed by the exo activity.

We propose that compounds that specifically target the
HSV-1 pol exo activity for inactivation, or that significantly
inhibit the ability of replicating viral DNA to be transferred
between the polymerizing and exo sites, would be effective
antiviral agents. By holding the primer terminus in the exo
site, extension by the polymerase would be slowed and could
lead to chain termination and replication failure. Holding the
primer in the polymerase active site would be expected to
decrease the ability of the polymerase to excise mismatches
that are frequently formed by the polymerase and to increase
the probability for mismatch extension. This would lead to
the accumulation of a lethal number of mutations during
replication. Due to the conserved nature of the polymerase
among the herpesvirus family members [99], it should
be possible to target other herpesvirus polymerases in the
same way, particularly those for which no effective nontoxic
inhibitor has been identified to date.
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DNA is a chemically reactive molecule that is subject to many different covalent modifications from sources that are both
endogenous and exogenous in origin. The inherent instability of DNA is a major obstacle to genomic maintenance and contributes
in varying degrees to cellular dysfunction and disease in multi-cellular organisms. Investigations into the chemical and biological
aspects of DNA damage have identified multi-tiered and overlapping cellular systems that have evolved as a means of stabilizing
the genome. One of these pathways supports DNA replication events by in a sense adopting the mantra that one must “make the
best of a bad situation” and tolerating covalent modification to DNA through less accurate copying of the damaged region. Part
of this so-called DNA damage tolerance pathway involves the recruitment of specialized DNA polymerases to sites of stalled or
collapsed replication forks. These enzymes have unique structural and functional attributes that often allow bypass of adducted
template DNA and successful completion of genomic replication. What follows is a selective description of the salient structural
features and bypass properties of specialized DNA polymerases with an emphasis on Y-family members.

1. Introduction

The ability to replicate covalently modified or “damaged”
DNA and unusual secondary structures in template DNA
(i.e., non-B DNA conformations) is critical to the survival
and evolution of all biological systems. Highly accurate
B-family DNA polymerases are the primary means of
replicating eukaryotic genomes with few mistakes (e.g., error
rates of 10−4−10−7), although subsequent mismatch repair
activity improves the fidelity of replication about 100-fold.
Covalent modification of nucleic acids can disrupt normal
replication processing of the heritable material. Of course,
damage to DNA can be recognized and removed from the
genome prior to replication but this repair capacity is not
perfect and lesions do persist in the genome during S-phase.
Damage signals that occur during replication (S-phase)
and postreplication (G2/M phase) can activate signaling
pathways that ultimately recruit a set of specialized DNA
polymerases to the replication fork. These enzymes provide
the cell with a means of “tolerating” the modified residue

by catalyzing DNA synthesis opposite a number of different
lesions, as well as non-B form DNA secondary structures
that can inhibit normal replication. The outcome of this
specialized DNA synthesis reaction can be accurate and pro-
mote cell survival or it can be mutagenic, which often proves
deleterious to cellular homeostasis. A precise description of
how bypass polymerases from different organisms function
to tolerate damage to the genome is a fundamental aspect
of understanding mechanisms of mutagenesis. We describe
results that have helped define the potential ramifications of
certain DNA lesions to the replication machinery.

Life is dependent upon accurate replication or “copying”
of DNA by enzymes called DNA polymerases [1–3]. The
same chemical reaction is utilized to replicate the genome
of all organisms studied to date, namely, nucleophilic attack
of a deprotonated 3′-oxygen atom on the primer terminus
upon the α-phosphate of an incoming dNTP [4]. Related
organisms tend to share more similarities in terms of the
enzymes and proteins associated with copying DNA, with
some features more highly conserved than others. Enzymatic
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redundancy with functional distinction and complex path-
way overlap are overarching themes describing how cells
tolerate DNA damage [5, 6]. A careful balance is needed
to ensure that mechanisms primarily retained to “protect”
the genome do not result in unnecessary mutagenic events
and/or cell death.

Numerous types of chemical modifications to DNA
have been identified (Figure 1) and many agents that are
known to damage DNA are also carcinogens [8, 9]. Bio-
chemical analysis of DNA polymerase activity has shown
that these enzymes utilize a series of molecular checkpoints
that typically promote formation of “Watson-Crick” base
pairing geometry and, therefore, stable propagation of DNA
[10]. One can easily imagine that changing the chemical
structure of DNA will alter the catalytic properties of DNA
polymerases. Some DNA polymerases show less tolerance to
covalent modification of DNA, including the B-family DNA
polymerases such as, pols δ and ε, both of which possess
exonuclease activity. These enzymes are able to bypass certain
DNA lesions [11, 12] and this bypass activity probably
bears relevance towards what occurs in vivo (Figure 2).
When considering translesion DNA synthesis in general,
it is believed that nonessential DNA polymerases, such
as the Y-family, perform bypass more efficiently than the
so-called “high fidelity” exonuclease containing enzymes.
The most important questions to ask related to DNA
adduct bypass pertain to how the presence of DNA adducts
produce changes in nucleotide selectivity (i.e., fidelity) due
to altered structural features and/or changes in catalytic rate
constants for individual DNA polymerases. Most research
on translesion DNA synthesis attempts to focus on DNA
modifications that have been correlated with increased
mutagenesis and/or the manifestation of disease [13]. Much
of the work done during the last decade has focused on
understanding how nonessential polymerases, most of which
do not possess exonuclease activity, catalyze DNA synthesis
opposite damaged DNA [14]. Numerous exemplary efforts
from the groups of Woodgate, W. Yang, Friedberg, Lehmann,
Loeb, Geacintov, Levneh, Nohmi, Walker, Goodman, the
Prakashs, Burgers, Lloyd, and Kunkel and our long-time
collaborators at Vanderbilt—M. Egli, C. J. Rizzo, L. J.
Marnett, T. M. Harris, and M. P. Stone—to name a few
individuals have increased our understanding of translesion
DNA synthesis in tremendous ways. Of the nonessential
pols studied to date, the Y-family DNA polymerases seem
to be the primary means of tolerating genotoxic insults
through direct bypass of adducts during S-phase and the
G2/M phase transition, although the B-family members
pol II and pol ξ also play important roles in prokaryotic
and eukaryotic cells, respectively. While the activity of
nonessential or “specialized” DNA polymerases can suppress
damage-induced mutagenesis [15], this suppression at sites
of damage can still lead to nontargeted mutations elsewhere
[16]. Indeed, the misregulation of their activity is believed to
participate in mutagenic events and antagonistic pleiotropy
associated with tumorigenesis and aging because they do
not possess exonuclease “proofreading” ability and they
are generally more likely to make mistakes on undamaged
template DNA (Figure 2) [17–24]. These specialized DNA

polymerases generally share the following attributes: (i) they
possess no intrinsic exonuclease activity (except for pol II),
(ii) they have spacious active sites with fewer structural and
kinetic checks upon the nascent base pair, (iii) they exhibit
reduced processivity, (iv) the error rates with unmodified
template DNA are higher than for replicative counterparts,
and (v) there are damage-inducible signaling pathways that
recruit them to replication foci. Structurally speaking, the
overall domain architecture of Y-family DNA polymerases
is similar to that of other polymerases, including B-family
members (Figure 2). However, there are several important
differences that are obvious from the crystal structures. For
example, the active site of Y-family DNA polymerases is
much larger and more exposed to solvent than B-family
counterparts. The Y-family also possesses the unique “little
finger” domain, as well as N-terminal extensions such as
the N-digit of REV1 and the N-clasp of human pol κ [14].
Some elements of so-called translesion or specialized DNA
synthesis events are relatively clear now. For example, the
genetic, biological, and biochemical data supporting the pre-
eminent importance of human pol η in the largely accu-
rate bypass of UV-induced cyclobutane pyrimidine dimers
(CPDs) is very strong [25–28]. Still, there remain many
outstanding questions of interest related to mechanisms that
promote DNA damage tolerance. Following is a summary
of the literature concerning how these specialized DNA
polymerases perform synthesis across DNA adducts.

2. Bypass of Abasic Sites and
Small Oxidative Lesions

Perhaps the most prevalent form of genetic insult in cells is
loss of a purine/pyrimidine base to generate an abasic site
(Figure 1(a)) [29, 30]. Generation of abasic sites can occur
enzymatically through the action of glycosylases, from spon-
taneous hydrolysis at the glycosidic bond or from reactions
with exogenous chemical agents [31, 32]. Abasic sites provide
no purinic or pyrimidinic moiety for DNA polymerases to
use as a template during replication. Naturally occurring
deoxyribose abasic sites exist in equilibrium between the
ring-closed α- and β-hemiacetals (99%) and ring-opened
aldehyde or hydrated aldehyde (<1%), which has led to
the common practice of studying a stable tetrahydrofuran
(THF) moiety instead of a true abasic site. Mechanistic
studies with the THF analogue (of natural abasic sites)
highlight the concept that if the enzyme does not encounter
a base then the normal catalytic pathway is diverted into
a chemical path that generally results in the incorporation
of dATP opposite the THF abasic site (i.e., the “A-rule”)
[33]. In Escherichia coli cells, pol V appears to provide the
most efficient means of bypassing abasic THF sites, with
insertion of dATP being the preferred catalytic event [34].
In contrast to events in E. coli, eukaryotic cells appear to rely
upon a combination of DNA polymerases to bypass abasic
moieties. DNA polymerases δ and REV1, in combination
with pol ξ, bypass abasic sites in vitro and in vivo [35, 36].
Recently, yeast pol ε was reported to bypass abasic sites in
vitro [37]. Dpo4 inserts dATP opposite the THF moiety
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Figure 1: Overview of DNA adducts. The number of DNA adducts formed through interactions with reactive chemicals or ionizing radiation
is vast, and more thorough reviews have been performed elsewhere [7]. We have chosen to focus on some of the most thoroughly studied
DNA adducts, in terms of how the adduct affects DNA polymerase structure and function. A, abasic sites and 8-oxodG; B, minor groove
N2-dG adducts; C, major groove O6-dG and N6-dA adducts; D, exocyclic dG adducts. Adduct stereospecificity is not shown in structures of
of B[a]P DNA adducts.
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DNA damage/replication stress

Complex signaling mechanisms recruit specialized accessory
factors (e.g. Y-family pols) to replication fork where B-family

pol catalysis has been perturbed

Specialized polymerases
• Lower accuracy
against unmodified
DNA

• Higher efficiency
against damage

• Fidelity against damage
depends on pol

B-family polymerase
• High accuracy
against unmodified
DNA

• Low efficiency
against damage

• Less likely to bypass damage
•More likely to result in apoptosis
• Fewer mutations

•More likely to bypass damage
• Cell survival promoted
•More mutations if misregulated

Figure 2: Schematic overview of DNA damage tolerance and two families of DNA polymerases that are partitioned at the replication fork
during translesion DNA synthesis. Genotoxic insults can lead to damage that stalls or slows the replication fork. Signaling through the
ATM and ATR kinases leads to the recruitment of nonessential “bypass” polymerases. The Y-family pols appear to be the primary means of
synthesizing past DNA lesions at stalled or collapsed replication forks but misregulation of these enzymes can lead to events that promote
mutagenesis and ultimately tumorigenesis. The exquisite regulation of Y-family DNA polymerases is vital to cellular survival in the face of
DNA damage and in the prevention excessive mutagenesis. Two DNA polymerase structures are shown, that of the catalytic subunit of the
B-family member yeast pol δ in ternary complex with 12/16-mer DNA (gray) and an incoming dCTP (yellow) (pdb id code 3IAY; [42]).
The Y-family polymerase Dpo4 from S. solfataricus is also shown in ternary complex with 13/18-mer DNA (gray) and an incoming ddATP
(pdb id code 1JX4; [43]). Both enzymes possess the core the palm (cyan), finger (red), and thumb (green) domains. Pol δ also has a 3′ to 5′

exonuclease domain (magenta), as well as the N-terminal domain (dark blue). The little finger domain (orange) is unique to the Y-family.

with ∼100-fold reduction in catalytic efficiency [38]. Both
human and yeast pol η preferentially insert dGTP opposite
THF with a large (∼103) decrease in efficiency, but the
preference for dGTP is only very small for human η, as
dATP insertion opposite THF is about the same as dGTP
[39]. Human pol κ catalytic efficiency decreases ∼104 when
attempting to insert opposite THF, although the addition of
accessory factors such as PCNA, RFC, and RPA increases the
efficiency ∼40-fold [40]. Human pol ι inserts either dGTP
or dTTP opposite THF with ∼10-fold reduction in efficiency
[41].

One issue with the THF studies is that bypass of natural
abasic sites involves primarily accurate bypass (the “C-rule”),
which appears to depend on the action of REV1 (Figure 3)
[44]. Because depurination is much more frequent than
depyrimidination and guanine is the base more likely to
depurinate (generating an abasic site), there is an intellectual
attraction to the concept that an enzyme that primarily
inserts dCTP (regardless of the template base identity) would

be involved in bypass of abasic sites. This model highlights
the role of the deoxycytidyl transferase activity of REV1 in
“accurate” bypass of abasic sites. REV1 catalyzes phosphoryl
transfer in a protein template-dependent manner by using
an arginine residue to pair with dCTP [45]. Consequently,
the REV1 enzyme primarily (but not exclusively) catalyzes
incorporation of dCTP, regardless of the identity of the
template sequence.

Cells are constantly exposed to exogenous and endoge-
nous sources of oxidative damage to DNA [31, 46, 47]. Gua-
nine is the most readily oxidized base in the genome and 7,8-
dihydro-8-oxo-2′-deoxyguanosine (8-oxodG) (Figure 1(a))
has long been considered a classical marker of oxidative
damage to the genetic code [48]. The 8-oxodG adduct
is strongly mutagenic in bacterial and eukaryotic cells,
inducing primarily G to T transversions [49]. At least four
pathways prevent 8-oxodG adducts or 8-oxodG:A mispairs
from accumulating in the eukaryotic genome [50–54]. In
vitro analysis of DNA and RNA polymerase activity opposite
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Figure 3: Summary of DNA adduct bypass capabilities for selected DNA polymerases. The table attempts to summarize the effect of different
DNA adducts on Y-family DNA polymerase catalytic efficiency and makes note of the most likely dNTP insertion event for each lesion. Please
see the main text for the corresponding references.

the lesion has provided some insight into mechanisms of
8-oxodG bypass. In general, most DNA polymerases tested
show either a preference for incorrect insertion of dATP or
are kinetically indifferent to dCTP or dATP [55–60]. Some
notable exceptions to this rule have been documented: (i)
Saccharomyces cerevisiae DNA polymerase η [61–63] and
(ii) Dpo4, the dinB homologue from the crenarchaeote
Sulfolobus solfataricus [64–66]. These enzymes are at least
20-fold more efficient at accurate bypass of 8-oxodG than
incorrect insertion of dATP (Figure 3). It is also notable that
the fidelity of 8-oxodG bypass by human pols λ and η is
increased (100-fold and 27-fold, resp.) by the inclusion of
the accessory factors PCNA and RPA [63]. Both human pol
ι and REV1 perform relatively accurate bypass of 8-oxodG
by preferentially inserting dCTP with only moderate loss of
efficiency [67, 68].

The apparent functional superiority of Dpo4 and pol η at
maintaining genomic integrity during bypass of 8-oxodG is
at least partly due to an electrostatic contact between the little
finger domain and the O8 atom of 8-oxodG [64]. Crystal
structures with Dpo4 in complex with 8-oxodG modified
DNA template reveal that Arg-332 forms a hydrogen bond
with the O8 atom of 8-oxodG, which apparently stabilizes
the normal anti conformation around the glycosidic bond
and presents the unperturbed Watson-Crick face of the base
to the incoming dNTP. Super-imposition of yeast pol η with
Dpo4 suggests that Lys-498 may provide a similar function
to Arg-332. At the nucleoside level, 8-oxoG preferentially

adopts the syn orientation that will present the Hoogsteen
edge of the base to the incoming dNTP in the active site
of polymerases [69]. The syn 8-oxodG:dA pairing mode
has been observed for many polymerases, including Dpo4
[55, 66]. However, stabilization of the anti mode for 8-
oxodG by Dpo4 results in an energy of activation value
that is actually lower for Dpo4-catalyzed insertion of dCTP
opposite 8-oxodG than dCTP insertion opposite dG, thereby
favoring accurate bypass [66].

In contrast to Dpo4, the human DinB homologue pol
κ is quite error-prone at bypass of 8-oxoG, preferentially
inserting dATP opposite the lesions [70]. There are at
least three distinct molecular features that distinguish the
activities of Dpo4 and pol κ during insertion opposite
8-oxodG [70]. The first distinction can be found in the
little finger residue Arg-332 that stabilizes anti 8-oxodG in
Dpo4. In pol κ the analogous residue is Leu-508, which
obviously cannot mediate electrostatic stabilization of anti
8-oxodG. Mutating Leu-508 to lysine shifts the kinetic
preference towards accurate insertion of dCTP opposite 8-
oxodG. The second distinction resides in the fact that the
active site of pol κ is sterically more constrained than Dpo4,
especially in considering the residues that form the “roof”
over the nascent base pair. Residues Phe-155, Ser-134, Pro-
153, Met-135, and Ala-151 from the finger domain of pol
κ correspond to Val-62, Gly-41, Pro-60, Ala-42, and Gly-
58 in Dpo4. The active site of pol κ only accommodates
a single template residue. The third distinction between
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pol κ and Dpo4-catalyzed bypass of 8-oxodG is inferred
from kinetic and structural differences between these two
enzymes. The most striking structural difference between
pol κ and Dpo4 is the N-terminal extension called the “N-
clasp” in pol κ that is vital to polymerase activity. Dpo4
has no analogous domain. The N-clasp sits a top the DNA
binding cleft, encircling the DNA, and serves to stabilize
the position of the little finger domain relative to the
polymerase core domains. The contacts made between the
N-clasp, the finger, and little finger domains are presumably
limiting conformational fluctuations near the template DNA
binding region. Thus, the more thermodynamically stable
syn orientation of 8-oxoG will therefore be more difficult
to shift back to the anti form (i.e., the mode ideal for
accurate insertion of dCTP) in the pol κ active site relative
to Dpo4.

3. Major and Minor Groove DNA Adducts

The site of adduct formation on heterocyclic purine/pyr-
imidine residues is an important determinant of whether
the lesion will be blocking or whether a given polymerase
will perform synthesis in an accurate or inaccurate manner.
Most replicative DNA polymerases have contacts with the
hydrogen bond accepting atoms of purines and pyrimidines
on the minor groove portion of the dsDNA (N3 for purines
and O2 for pyrimidines) near the active site and are
consequently strongly impeded by minor groove adducts
[71]. Y-family polymerases do not possess an analogous
minor groove check upon base pair geometry, which when
combined with a more spacious active site results in a greater
ability to tolerate bulky minor groove DNA adducts.

The N2 atom of guanine is located on the minor
groove side of double-stranded (ds) DNA and is sus-
ceptible to modification by α,β-unsaturated aldehydes
such as, acrolein, crotonaldehyde, malondialdehyde, and
trans-4-hydroxynonenal, as well as oxidation products of
heterocyclic aromatic amines (e.g., N-hydroxy-2-amino-
3-methylimidazo[4,5-f ]quinoline) and polycyclic aromatic
hydrocarbons (e.g., benzo[a]pyrene) [72–75]. The effect
of minor groove adduct bulk on the kinetics of Y-family
or replicative polymerase catalysis has been studied in a
systematic manner by increasing the size of a series of
dG adducts from N2-methyl(Me)dG to N2-methylenyl(6-
benzo[a]pyrenyl)dG (N2-BPdG) (Figure 1(b)) [76–80]. Of
course, adducts can also form on the major groove [81]. The
effect of adduct size on the major groove side was studied for
the Y-family and replicative polymerases using O6-(Ar)alkyl-
dG adducts ranging in size from O6-methyl-dG (O6-MedG)
to O6-pyridyloxobutyl-dG (O6-PobdG) (Figure 1(c)) [80,
82].

Kinetic and structural work with the model Y-family
DNA polymerase Dpo4 provides an initial framework
for understanding bypass of minor groove DNA adducts.
Unlike model replicative polymerases (i.e., A- and B-family
polymerases from model organisms such as, bacteriophage
T7 and RB69), which are severely inhibited by even the
small N2-MeG adduct, Dpo4 is able to bypass a series

of minor groove adducts with negligible inhibitory effects
on catalytic efficiency and moderate effects upon fidelity
[83]. Two crystal structures of Dpo4 in complex with the
bulky N2-methylenyl-(2-naphthyl)-dG (N2-CH2-Naph-dG)
adducted DNA have been reported [83]. Interestingly, the
N2-CH2-Naph-dG adduct was found to adopt two distinct
postinsertion orientations in complexes that should be
identical. One structure placed N2-CH2-Naph-dG in the
anti-orientation, which forces the cytosine residue at the
primer terminus out of the active site into the growing
minor groove face. The second structure revealed N2-CH2-
Naph-dG rotated into the syn orientation, which allows the
N4 exocyclic amino group of cytosine to form a bifurcated
Hoogsteen pair with the N7 and O6 atoms of N2-CH2-Naph-
dG. Since the fidelity of Dpo4 bypass of N2-CH2-Naph-dG
is only diminished ∼2-fold relative to dG, it seems likely
that the productive conformation involves the anti oriented
adduct paired in normal Watson-Crick mode with dCTP
and that the crystal structures failed to reveal the true active
conformation. These structural results are indicative of the
conformational heterogeneity that most likely accompanies
many DNA adduct bypass events.

Like Dpo4, all four human Y-family DNA polymerases
show fairly remarkable tolerance of minor groove DNA
adducts when compared to model replicative enzymes. The
efficiency and fidelity of pol η bypass are not reduced much
by N2-bulk equal to or smaller than the N2-CH2-Naph-
dG adduct, but it is severely perturbed by N2-dG adducts
larger than a methylenyl(9-anthracenyl) group in the minor
groove [76–78, 80]. REV1 and pol κ provide the most
accurate and catalytically tolerant means of bypassing of
minor groove bulk at the guanine N2 atom at least up to a
benzo[a]pyrene group (N2-CH2-BPdG) (Figure 3) [76, 80]
but probably for different molecular reasons. The REV1
catalytic efficiency (kcat/Km,dNTP) is barely reduced at all
during dCTP insertion opposite N2-CH2-BPdG relative to
dG [80], presumably due to the fact that REV1 uses the N-
terminal domain called the “N-digit” to flip the template
base out of the polymerase active site, which results in
the pairing of dCTP opposite an arginine in the N-digit.
Pol κ, on the other hand, is most likely stabilizing the
N2-(ar)alkyl dG adducts in the minor groove through an
interaction with the N-clasp. In contrast to the N-digit of
REV1 (which resides on the minor groove side of the DNA
binding cleft), the N-clasp sits on top of the polymerase
active site [84]. An in vitro comparison of pol κ-catalyzed
bypass of N2-BPdG and N6-BPdA adducts clearly showed
that the minor groove N2-BPdG was bypassed efficiently
(regardless of adduct stereochemistry), while N6-BPdA was
a complete block to pol κ activity [85]. The results from a
recent molecular modeling study are consistent with the idea
that the N-clasp of pol κ plays a central role in facilitating
accurate bypass of N2-BPdG adducts [86]. The modeling
work suggests that anti-oriented N2-BPdG is stabilized in
the minor groove because there are close contacts with the
N-clasp if N2-BPdG is positioned in the major groove by
adopting the syn-orientation. Moreover, there appears to
be a phenylalanine residue conserved only in pol κ (Phe-
151) and REV1 (Phe-543) that may form base-stacking
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interactions with the benzo[a]pyrene ring system, favoring
minor groove stabilization during accurate bypass of the
adduct.

Bypass of major groove O6-(Ar)alkyl-dG DNA adducts,
at least up to O6-benzyldG (O6-BzdG), is performed effi-
ciently by human pol ι (Figure 3) but this reaction is highly
error-prone (i.e., insertion of dTTP is the major product
for both O6-MedG and O6-BzdG), and pol ι efficiency is
decreased 300-fold by O6-PobdG [82]. Other DNA poly-
merases, including pol δ (with PCNA), are able to bypass
adducts in the major groove but the catalytic efficiency of
these events appears to be more perturbed than with pol
ι. Human replicative pol δ (with PCNA) appears to better
accommodate and bypass major groove O6-BzG adducts [82]
than minor groove N2-BzG adducts [77–80, 82]. In contrast,
most of human Y-family DNA polymerases except for pol ι
can bypass minor groove N2-G adducts [76–80] much more
efficiently than major groove O6-G adducts [82]. Human
pol κ was found to be the DNA polymerase most inhibited
by the major groove-protruding O6-(Ar)alkyl dG adducts,
consistent with the N6-BPdA results and further suggesting
a role for the N-clasp in pol κ functionality. Dpo4 can bypass
O6-MedG and O6-BzdG adducts in a catalytically perturbed
(i.e., the efficiency is decreased 14- to 62-fold for each of
the adducts) but mostly accurate manner (∼70% accurate
insertion of dCTP) [87, 88]. The efficiency of Dpo4-catalyzed
bypass of bulky N6-adenyl polycyclic aromatic hydrocarbon
(PAH) adducts is reduced several hundred fold and results
in a mixture of error-free and error-prone products [89].
By way of comparison, the high-fidelity bacteriophage T7−

DNA polymerase is inhibited over 2,000-fold by N6-dA-PAH
adducts [90]. Crystal structures of Dpo4 in complex with
O6-(Ar)alkyl-dG modified DNA reveal that accurate bypass
of these adducts proceeds through a “wobble” base pairing
between dC and the O6-(ar)alkyl-dG adduct. Work with
the (+)-trans and (−)-trans-N6-BPdA adducts indicated that
human pol η was quite efficient at bypassing the (+)-trans
stereoisomer in what appears to be an accurate manner but
was essentially blocked by the (−)-trans stereoisomer of the
N6-BPdA adduct [85]. The exact structural rationale for the
results with pol η and major groove dA adducts remains
unknown. Interestingly, pol η but not pol ι nor κ can copy
past O6-PobdG [82] as well as the C8-dG adduct of 2-amino-
3-methylimidazo[4,5-f ]quinoline (IQ) [61], indicating the
versatile bypass activity of pol η past various DNA lesions
such as major and minor groove DNA adducts, ring-closed
exocyclic DNA adducts (vide infra), as well as pyrimidine
dimers.

4. Exocyclic DNA Adducts

Exocyclic DNA adducts can be formed through many
of the same chemical and biological processes that form
major/minor groove adducts, namely, electrophilic lipid
oxidation products and products arising from oxidation of
DNA [73, 91]. Of particular interest is the 3-(2′-deoxy-β-D-
erythro-pentofuranosyl)pyrimido[1,2-a]purin-10(3H)-one
(M1dG) adduct (Figure 1(d)) arising from exposure to

the bis-electrophile malondialdehyde or base propenals
that arise following treatment with chemicals such as
bleomycin [92–94]. The M1dG adduct has been detected
at levels of 5,400 adducts per liver cell in the DNA of
healthy humans [95]. This adduct is a particularly insidious
impediment to genomic integrity because it can ring-open
when paired opposite cytosine in dsDNA [96], which
may mask its presence from detection by DNA repair
pathways. In single-stranded (ss) DNA, the ring-opened
N2-oxopropenyl-2′-deoxyguanosine (N2-OPdG) form
closes to M1dG, blocking the Watson-Crick edge of the
guanine base. M1dG is mutagenic in both bacterial and
mammalian cells, producing mainly G to T transversions
but also resulting in −1 frameshift deletions [97]. Studies
with Y-family DNA polymerases indicate that pol η is the
most likely candidate for producing the G to T transverions
in mammalian systems (Figure 3) [98]. Both pols ι and κ
are relatively accurate when bypassing M1dG, and while
pol κ showed preferential insertion of dCTP there was
a strong level of inhibition relative to catalysis opposite
dG (Maddukuri, L., Eoff, R.L., Choi, J-Y., Rizzo, C. J.,
Guengerich, F. P., and Marnett, L.J., Biochemistry in press).
Crystal structures have been solved with Dpo4 in complex
with M1dG modified template DNA [99]. Like human pol η,
Dpo4 preferentially inserts dATP opposite M1dG, although
the catalytic efficiency of this reaction is diminished 260-
to 430-fold relative to normal insertion of dCTP opposite
template dG. The M1dG adduct is in the ring-closed form
in both Dpo4 ternary structures reported, even though the
primer in one complex was designed to pair a 3′-terminal
cytosine residue with M1dG.

1,N2-Etheno (ε) dG (Figure 1(d)) is another mutagenic
exocyclic DNA adduct formed through the reaction of
DNA with reactive chemicals (e.g., epoxides formed from
oxidation of vinyl chloride and urethane) and endogenous
products of lipid peroxidation [100–103]. The 1,N2-ε-
dG adduct, like the ring-closed M1dG adduct, blocks the
Watson-Crick edge of guanine. Similar to M1dG bypass,
human pols η and ι can bypass 1,N2-ε-dG and generate
misinsertion errors (G and T, resp.), but pol κ was severely
inhibited in catalysis [76]. Biochemical studies with Dpo4
showed that the major products arising from bypass of
1,N2-ε-dG are dATP misinsertions and −1 frameshift dele-
tions [104]. In the same study, crystal structures revealed
that Dpo4 readily skips past the 1,N2-ε-dG adduct with
no major perturbations to the polymerase active site. A
similar so-called “type II” structure was solved for Dpo4
in complex with M1dG-containing template DNA [99].
As noted earlier, there are no hydrogen bonds between
the purine/pyrimidine rings of the nascent base pair and
amino acid side chains in the Dpo4 active site to influ-
ence base pair geometry. Recent work has highlighted the
importance of base-stacking between the primer-template
junction and the nascent base pair during Dpo4-catalyzed
generation of −1 frameshift deletions [83]. Presumably
the same phenomenon is playing a significant role in
determining the outcome of Dpo4-catalyzed bypass of
exocyclic DNA adducts and perhaps other Y-family DNA
polymerases.
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5. Summary and Outlook

Many questions remain regarding the biological impor-
tance of individual DNA polymerases during bypass of
specific DNA lesions. In vitro experimentation with puri-
fied recombinant enzymes can certainly establish what is
possible in nature but may not represent what is most
likely to occur in vivo. The mechanisms that regulate how
and when specialized DNA polymerases gain access to
damaged template DNA are complex, and many elements
of these pathways remain to be elucidated. Mechanistic
studies related to adduct bypass in different sequence
contexts might also be very helpful in developing a greater
understanding of mutations hotspots and the relationship
of mutations to cancer. Finally, the importance of Y-
family DNA polymerases in the processing of non-B form
DNA is an area of active interest because these types of
structures are intimately linked to the manifestation of fragile
sites in the genome, as well as in rearrangements that
occur in the promoter regions of tumor suppressors and
oncogenes.
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Understanding polymerase fidelity is an important objective towards ascertaining the overall stability of an organism’s genome.
Saccharomyces cerevisiae DNA polymerase η (yPolη), a Y-family DNA polymerase, is known to efficiently bypass DNA lesions (e.g.,
pyrimidine dimers) in vivo. Using pre-steady-state kinetic methods, we examined both full-length and a truncated version of yPolη
which contains only the polymerase domain. In the absence of yPolη’s C-terminal residues 514–632, the DNA binding affinity was
weakened by 2-fold and the base substitution fidelity dropped by 3-fold. Thus, the C-terminus of yPolη may interact with DNA
and slightly alter the conformation of the polymerase domain during catalysis. In general, yPolη discriminated between a correct
and incorrect nucleotide more during the incorporation step (50-fold on average) than the ground-state binding step (18-fold on
average). Blunt-end additions of dATP or pyrene nucleotide 5′-triphosphate revealed the importance of base stacking during the
binding of incorrect incoming nucleotides.

1. Introduction

DNA polymerases are organized into seven families: A, B,
C, D, X, Y, and reverse transcriptase [1, 2]. Among these
families, DNA polymerases are involved in DNA replication,
DNA repair, DNA lesion bypass, antibody generation, and
sister chromatid cohesion [3]. Despite these diverse roles,
DNA polymerases catalyze the nucleotidyl transfer reaction
using a two divalent metal ion mechanism [4] with at
least one positively charged residue [5] that functions as
a general acid [6] at their active site, follow a similar
minimal kinetic pathway [7], and share a similar structural
architecture consisting of the fingers, palm, and thumb
subdomains [8, 9]. Surprisingly, the polymerization fidelity
of eukaryotic DNA polymerases spans a wide range: one
error per one to one billion nucleotide incorporations (100 to
10−9) [10].

The Y-family DNA polymerases are known for catalyzing
nucleotide incorporation with low fidelity and poor proces-
sivity. These enzymes are specialized for translesion DNA
synthesis which involves nucleotide incorporation opposite
and downstream of a damaged DNA site. Lesion bypass can
be either error-free or error-prone depending on the DNA
polymerase and DNA lesion combination. To accommodate
a distorted DNA substrate, Y-family DNA polymerases
utilize several features: a solvent-accessible [11] and con-
formationally flexible active site [12], smaller fingers and
thumb subdomains [11], an additional subdomain known
as the little finger [11], the little finger and polymerase
core domains move in opposite directions during a catalytic
cycle [13], and a lack of 3′ → 5′ exonuclease activity [14].
Unfortunately, these features, which facilitate lesion bypass,
may also contribute to the low fidelity of a Y-family DNA
polymerase during replication of a damaged or undamaged
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Figure 1: Schematic illustration of yPolη. The polymerase domain
of yPolη is at the N-terminus while a ubiquitin-binding zinc finger
(UBZ) domain and PCNA-interacting peptide (PIP) motif is at the
C-terminus. Residue numbers are denoted above each region. For
this study, the truncated construct contains only the polymerase
domain.

DNA template. Thus, it is important to understand the
mechanism and fidelity of the Y-family DNA polymerases.

Saccharomyces cerevisiae DNA polymerase η (yPolη), a Y-
family DNA polymerase, is critical for the error-free bypass
of UV-induced DNA damage such as a cis-syn thymine-
thymine dimer [15–19]. To date, Polη remains the only
Y-family DNA polymerase with a confirmed biological
function [20]. yPolη is organized into a polymerase domain,
ubiquitin-binding zinc finger (UBZ) domain, and proliferat-
ing cell nuclear antigen- (PCNA) interacting peptide (PIP)
motif (Figure 1). X-ray crystal structures of yPolη’s catalytic
core have been solved alone [21] as well as in complex
with a cisplatin-DNA adduct and an incoming nucleotide
[22]. Due to a lack of structures for full-length yPolη, it
is unclear if the C-terminal residues 514–632 interact with
DNA and contribute to the polymerase function of yPolη.
Using pre-steady-state kinetic techniques, we have measured
the base-substitution fidelity of full-length and truncated
yPolη (Figure 1) catalyzing nucleotide incorporation into
undamaged DNA. In addition, we have determined the DNA
binding affinity of both full-length and truncated yPolη. Our
results show that the C-terminus of yPolη has a minor effect
on the DNA binding affinity and the base substitution fidelity
of this lesion bypass DNA polymerase.

2. Materials and Methods

2.1. Materials. Materials were purchased from the following
companies: [γ-32P] ATP, MP Biomedicals (Solon, OH);
Biospin columns, Bio-Rad Laboratories (Herclues, CA);
dNTPs, GE Healthcare (Piscataway, NJ); oligodeoxyribonu-
cleotides, Integrated DNA Technologies, Inc. (Coralville, IA);
and OptiKinase, USB (Cleveland, OH).

2.2. Preparation of Substrates and Enzymes. The synthetic
oligodeoxyribonucleotides listed in Table 1 were purified as
described previously [23]. The primer strand 21-mer or
blunt-end 16-mer was 5′-radiolabeled with [γ-32P]ATP and
OptiKinase. Then, the 21-mer was annealed to the appro-
priate 41 mer template (Table 1) and the palindromic blunt-
end substrates were annealed as described previously [23].
The catalytic core of yPolη (1–513) containing an N-terminal

Table 1: Sequences of DNA substratesa.

D-1
5′-CGCAGCCGTCCAACCAACTCA-3′

3′-GCGTCGGCAGGTTGGTTGAGTAGCAGCTAGGTTACGGCAGG-5′

D-6
5′-CGCAGCCGTCCAACCAACTCA-3′

3′-GCGTCGGCAGGTTGGTTGAGTGGCAGCTAGGTTACGGCAGG-5′

D-7
5′-CGCAGCCGTCCAACCAACTCA-3′

3′-GCGTCGGCAGGTTGGTTGAGTTGCAGCTAGGTTACGGCAGG-5′

D-8
5′-CGCAGCCGTCCAACCAACTCA-3′

3′-GCGTCGGCAGGTTGGTTGAGTCGCAGCTAGGTTACGGCAGG-5′

F-8
5′-CGCAGCCGTCCAACCAACTCA-3′

3′-GCGTCGGCAGGTTGGTTGAGTCXCAGCTAGGTTACGGCAGG-5′

BE1
5′-ATGAGTTGCAACTCAT-3′

3′-TACTCAACGTTGAGTA-5′

BE2
5′-TTGAGTTGCAACTCAA-3′

3′-AACTCAACGTTGAGTT-5′

BE3
5′-CTGAGTTGCAACTCAG-3′

3′-GACTCAACGTTGAGTC-5′

BE4
5′-GTGAGTTGCAACTCAC-3′

3′-CACTCAACGTTGAGTG-5′

aThe template base highlighted in bold is unique to each strand and X
denotes 2-aminopurine.

MGSSH6SSGLVPRGSH tag was purified as described previ-
ously [24]. The full-length yPolη (1–632) was expressed and
purified from yeast [25]. Pyrene 5′-triphosphate (dPTP) was
synthesized as described previously [26].

2.3. Pre-Steady-State Kinetic Assays. All experiments were
performed in reaction buffer A which contained 40 mM Tris-
HCl pH 7.5 at 23◦C, 5 mM MgCl2, 1 mM DTT, 10 μg/mL
BSA, and 10% glycerol. A rapid chemical-quench flow
apparatus (KinTek, PA, USA) was used for fast reactions.
For burst assays, a preincubated solution of yPolη (320 nM)
and 5′-[32P]-labeled D-1 DNA (480 nM) was mixed with
dTTP·Mg2+ (100 μM). To measure the dissociation rate of
the yPolη·DNA binary complex, a preincubated solution
of yPolη (50 nM) and 5′-[32P]-labeled D-1 DNA (100 nM)
was mixed with a molar excess of unlabeled D-1 DNA
(2.5 μM) for various time intervals prior to initiating the
polymerization reaction with dTTP·Mg2+ (150 and 400 μM
for truncated and full-length yPolη, resp.) for 15 s. For single-
turnover kinetic assays, a preincubated solution of yPolη
(150 nM) and 5′-[32P]-labeled DNA (30 nM) was mixed
with an incoming dNTP·Mg2+ (0.4–800 μM). Reactions
were quenched at the designated time by adding 0.37 M
EDTA. Reaction products were analyzed by sequencing
gel electrophoresis (17% acrylamide, 8 M urea, 1 × TBE
running buffer), visualized using a Typhoon TRIO (GE
Healthcare), and quantitated with ImageQuant software
(Molecular Dynamics).

2.4. DNA Binding Assays. The equilibrium dissociation
constant (KDNA

d ) of the yPolη·DNA binary complex was
determined using two techniques. First, an electrophoretic
mobility shift assay (EMSA) was employed by adding
increasing concentrations of yPolη (10–450 nM) into a fixed
concentration of 5′-[32P]-labeled D-1 DNA (10 nM) in
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buffer A. The solution established equilibrium during a 20-
minute incubation period. Then, the binary complex was
separated from unbound DNA using a 4.5% native polyacry-
lamide gel and running buffer as previously described except
the final concentration of Tris was adjusted to 40 mM [27].
Second, a fluorescence titration assay was used. Increasing
concentrations of yPolη (2–300 nM) were titrated into a
fixed concentration of F-8 DNA (25 nM) in buffer A (devoid
of BSA). The F-8 DNA substrate (Table 1) was excited at
a wavelength of 312 nm with emission and excitation slit
widths of 5 nm. The emission spectra were collected at 1 nm
intervals from 320 to 500 nm using a Fluoromax-4 (Jobin
Jvon Horiba). Emission background from the buffer and
intrinsic protein fluorescence were subtracted from each
spectrum.

2.5. Data Analysis. For the pre-steady-state burst assay, the
product concentration was graphed as a function of time
(t) and the data were fit to the burst equation (1) using
the nonlinear regression program, KaleidaGraph (Synergy
Software):

[Product] = A
[
1− exp(−k1t) + k2t

]
. (1)

A represents the fraction of active enzyme, k1 represents the
observed burst rate constant, and k2 represents the observed
steady-state rate constant.

Data for the EMSA were graphed by plotting the
concentration of the binary complex as a function of enzyme
concentration (E0) and fitting it to a quadratic equation (2):

[E ·DNA] = 0.5
(
KDNA
d + E0 + D0

)
− 0.5

[(
KDNA
d + E0 + D0

)2 − 4E0D0

]1/2

.

(2)

D0 is the DNA concentration.
For the fluorescence titration experiments, a modified

quadratic equation (3) was applied to a plot of the fluo-
rescence intensity (F) measured at 370 nm versus enzyme
concentration:

[F] = Fmax +
[

(Fmin − Fmax)
2D0

]

×
{(

KDNA
d + E0 + D0

)

−
[(

KDNA
d + E0 + D0

)2 − 4E0D0

]1/2
}
.

(3)

Fmax and Fmin represent the maximum and minimum
fluorescence intensity, respectively.

For the rate of DNA dissociation from the binary
complex, a single-exponential equation (4) was applied to a
plot of product concentration versus time:

[Product] = A
[
exp(−kofft)

]
+ C. (4)

A represents the reaction amplitude, koff is the observed rate
constant of DNA dissociation, and C is the concentration of

the radiolabeled DNA product in the presence of a DNA trap
for unlimited time.

For the single-turnover kinetic assays, a plot of product
concentration versus time was fit to a single-exponential
equation (5) to extract the observed rate constant of
nucleotide incorporation (kobs):

[Product] = A
[
1− exp(−kobst)

]
. (5)

To measure the maximum rate constant of incorporation
(kp) and the apparent equilibrium dissociation constant (Kd)
of an incoming nucleotide, the extracted kobs values were
plotted as a function of nucleotide concentration and fit to
a hyperbolic equation (6):

[kobs] =
kp[dNTP]

(Kd + [dNTP])
. (6)

The free energy change (ΔΔG) for a correct and incorrect
nucleotide substrate dissociating from the E·DNA·dNTP
complex was calculated according to (7).

ΔΔG = RT ln

[
(Kd)incorrect

(Kd)correct

]
. (7)

Here, R is the universal gas constant and T is the reaction
temperature in Kelvin.

3. Results and Discussion

3.1. Truncated and Full-Length yPolη Display Biphasic Kinet-
ics. Previously, transient state kinetic techniques have been
used to characterize full-length yPolη at 30◦C [28]. There-
fore, we first performed a burst assay (see Section 2) to ensure
that our purified proteins, truncated and full-length yPolη
(Figure 1), behaved in a similar manner at 23◦C. Compared
to wild-type yPolη, the truncated construct contains only
the polymerase domain (Figure 1). A preincubated solution
of yPolη (320 nM) and 5′-[32P]-labeled 21/41 mer D-1
DNA (480 nM) was mixed with dTTP·Mg2+ (100 μM) and
quenched with EDTA at various times. Product concen-
tration was plotted as a function of time and was fit to
(1), since there were two distinct kinetic phases: a rapid,
exponential phase and a slow, linear phase (data not shown).
These burst results were similar to those previously published
[28]. Biphasic kinetics of nucleotide incorporation indicated
that the first turnover rate was the rate of nucleotide
incorporation occurring at the enzyme’s active site while
subsequent turnovers (i.e., linear phase) were likely limited
by the DNA product release step as demonstrated by full-
length yPolη at 30◦C [28] and other DNA polymerases
[23, 29, 30].

3.2. The C-Terminal 119 Residues Slightly Enhance DNA Bind-
ing Affinity of yPolη. The equilibrium dissociation constant
for the binary complex of yPolη·DNA (KDNA

d ) was measured
to determine if the C-terminus of yPolη affects DNA binding
affinity (Scheme 1). First, the KDNA

d was estimated using the
EMSA (see Section 2). For example, varying concentrations
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of full-length yPolη (10–450 nM) were incubated with a fixed
concentration of 5′-[32P]-labeled D-1 DNA (10 nM) before
separating the binary complex from the unbound DNA on a
native gel (Figure 2(a)). Then, a quadratic equation (2) was
applied to a plot of the binary complex concentration versus
yPolη concentration which resolved a KDNA

d of 16 ± 1 nM
(Figure 2(b) and Table 2). Under similar reaction conditions,
the KDNA

d of truncated yPolη was estimated to be 34± 3 nM,
a binding affinity (1/KDNA

d ) value that is 2-fold weaker than
that of full-length yPolη (Table 2).

To corroborate these estimated KDNA
d values, we mea-

sured the true KDNA
d for the yPolη·DNA complex using a

fluorescence titration assay. An analog of dA, 2-aminopurine,
was embedded into the 41 mer template of F-8 DNA which is
identical to 21/41 mer D-8 DNA except that 2-aminopurine
flanks the 5′ end of the templating dC base (Table 1). The
F-8 DNA substrate (25 nM) was excited at 312 nm, and
the emission spectrum was collected from 320 to 500 nm.
After serial additions of full-length or truncated yPolη
in independent titrations, a decrease in the fluorescence
intensity of F-8 was observed. These changes in fluorescence
intensity at 370 nm were plotted as a function of the yPolη
concentration and were fit to (3) to extract a KDNA

d equal to
7 ± 4 nM for full-length yPolη (Figure 2(c)) and 13 ± 5 nM
for truncated yPolη (Table 2). These KDNA

d measurements
were tighter than those determined using EMSA, since the
fluorescence titration assay allows yPolη to associate and
dissociate during data collection. In contrast, EMSA does
not maintain a constant equilibrium because dissociated
yPolη cannot reassociate with DNA during electrophoresis
separation. Nonetheless, there was a confirmed ∼2-fold
difference in the DNA binding affinity between full-length
and the catalytic core of yPolη which indicates that the C-
terminal 119 amino acid residues of yPolη slightly enhance
the binding of the enzyme to DNA.

Next, we directly measured the rate of DNA disso-
ciation from the yPolη·DNA complex (see Section 2). A
preincubated solution of yPolη (50 nM) and 5′-radiolabeled
D-1 DNA (100 nM) was combined with a 50-fold molar
excess of unlabeled D-1 DNA for various time intervals
before dTTP was added for 15 s to allow ample extension
of the labeled D-1 DNA that remained in complex with
yPolη. A plot of product concentration versus the incubation
time with the unlabeled DNA trap (data not shown) was
fit to (4) which yielded DNA dissociation rates (koff) of
0.008 ± 0.001 s−1 and 0.0041 ± 0.0008 s−1 for truncated

Table 2: Rate and equilibrium dissociation constants for the binary
complex yPolη·DNA at 23◦C.

Kinetic Parameter Truncated yPolη Full-length yPolη

kon (μM−1 s−1)a 0.62 0.59

koff (s−1) 0.008 ± 0.001 0.0041 ± 0.0008

KDNA
d (nM)b 34 ± 3 16 ± 1

KDNA
d (nM)c 13 ± 5 7 ± 4

aCalculated as koff/K
DNA
d . The KDNA

d value was measured from a fluores-
cence titration assay.
bEstimated using EMSA.
cMeasured using a fluorescence titration assay.

and full-length yPolη, respectively (Table 2 and Scheme 1).
Interestingly, the rate of DNA dissociation from full-length
yPolη is 2-fold slower than that from truncated yPolη,
which indicated that the C-terminus of yPolη may slightly
contribute to this polymerase’s DNA binding affinity.

Based on the measured KDNA
d from Figure 2(c) and koff

values, the apparent second-order association rate constant
(kon = koff/K

DNA
d ) of the binary complex yPolη·DNA

was calculated to be 0.62 and 0.59 μM−1 s−1 for truncated
and full-length yPolη, respectively (Table 2). These similar
kon values indicate that the slightly stronger DNA binding
affinity of full-length yPolη is mainly due to a slightly slower
rate of DNA dissociation (koff). Taken together, the data in
Table 2 suggest that the C-terminal 119 amino acid residues
of yPolη slightly hinder the dissociation of DNA from the
binary complex yPolη·DNA. This hindrance is through
either direct physical interactions between the C-terminus
of yPolη and DNA, modulation of the conformation of the
polymerase domain by the C-terminus of yPolη, or both.

3.3. Base Substitution Fidelity of Truncated yPolη. Since a pre-
steady-state burst was observed for truncated yPolη, we con-
tinued to investigate the nucleotide incorporation efficiency
(kp/Kd) by measuring the maximum rate of nucleotide incor-
poration (kp) and the apparent equilibrium dissociation con-
stant (Kd) of an incoming nucleotide under single-turnover
conditions [31]. By performing these experiments with yPolη
in molar excess over DNA, the conversion of D-DNAn to
D-DNAn+1 (Scheme 1) was directly observed in a single
pass through the enzymatic pathway [32]. A preincubated
solution of truncated yPolη (150 nM) and 5′-[32P]-labeled
D-7 DNA (30 nM) was mixed with varying concentrations
of dATP·Mg2+ (0.4–80 μM) and quenched with EDTA at
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Figure 2: Equilibrium dissociation constant for full-length yPolη.
(a) Gel image showing binary complex formation at various
concentrations of full-length yPolη (10–450 nM) in the presence
of 5′-[32P]-labeled D-1 DNA (10 nM). (b) The concentration of
the binary complex was plotted as a function of full-length yPolη
concentration and fit to (2) to yield a KDNA

d = 16± 1 nM. (c) For the
fluorescence titration assay, a plot of fluorescence intensity versus
full-length yPolη concentration was fit to (3) which resolved a KDNA

d

= 7 ± 4 nM.

various times (see Section 2). A plot of product concen-
tration versus time was fit to (5) to extract the observed
rate constant (kobs) for dATP incorporation (Figure 3(a)).
Then, the kobs values were plotted as a function of dATP
concentration and fit to a hyperbolic equation (6) which
resolved a kp of 6.9±0.4 s−1 and an apparent Kd of 17±3μM
(Figure 3(b)). The pre-steady-state kinetic parameters for
the remaining 15 possible dNTP:dN base pair combinations
were determined under single-turnover conditions and were
used to calculate the substrate specificity constant (kp/Kd),
discrimination factor ((kp/Kd)correct/(kp/Kd)incorrect), and
fidelity ((kp/Kd)incorrect/[(kp/Kd)correct + (kp/Kd)incorrect]) of
truncated yPolη (Table 3).

Overall, the base substitution fidelity of truncated yPolη
was in the range of 10−2 to 10−4 which translates into 1
misincorporation per 100 to 10,000 nucleotide incorpora-
tions (Table 3). Depending on the mispair, truncated yPolη
catalyzed a misincorporation with 30- to 2,700-fold (640-
fold on average) lower efficiency than the corresponding
correct base pair. To better understand the mechanistic basis
of truncated yPolη’s fidelity, the equation for polymerase
fidelity can be simplified as follows:

Fidelity =
(
kp/Kd

)
incorrect[(

kp/Kd

)
correct

+
(
kp/Kd

)
incorrect

]

≈
(
kp/Kd

)
incorrect(

kp/Kd

)
correct

=
⎡⎢⎣
(
kp
)

incorrect(
kp
)

correct

⎤⎥⎦
−1[

(Kd)correct

(Kd)incorrect

]−1

=(rate difference)−1(binding affinity difference
)−1

.
(8)

Thus, fidelity is inversely proportional to the rate difference
and apparent binding affinity difference between correct
and incorrect nucleotide incorporation. In general, the
mechanistic basis of yPolη’s discrimination was due to a
3- to 68-fold (18-fold on average) weaker apparent binding
affinity (1/Kd) and 5- to 220-fold (50-fold on average) slower
rate constant of incorporation for a mismatched dNTP.

3.4. Kinetic Significance of Base Stacking Contributing to the
Binding Affinity of an Incoming Nucleotide. Although all
four correct dNTPs were bound with similarly high affinity
(Table 3), mismatched purine deoxyribonucleotides have 2-
to 6-fold lower apparent Kd values than mismatched pyrim-
idine deoxyribonucleotides. Because 5′-protruding purines
have been found to have stronger stacking interactions with
a terminal DNA base pair than 5′-protruding pyrimidines
[33], the difference in apparent Kd values suggests that
base-stacking interactions between an incorrect dNTP and
the terminal primer/template base pair dA:dT (Table 1)
play a role on the binding of dNTP by truncated yPolη.
Interestingly, we have previously demonstrated that the
preferred nucleotide for template-independent nucleotide
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Figure 3: Concentration dependence on the pre-steady-state rate constant of nucleotide incorporation catalyzed by truncated yPolη. (a) A
preincubated solution of truncated yPolη (150 nM) and 5′-[32P]-labeled D-7 DNA (30 nM) was mixed with dATP·Mg2+ (0.4 μM,�; 0.8 μM,�; 2 μM, �; 4 μM, �; 8 μM, 	; 16 μM, �; 40 μM, 
; 80 μM, ♦) and quenched with EDTA at various time intervals. The solid lines are the
best fits to a single-exponential equation which determined the observed rate constant, kobs. (b) The kobs values were plotted as a function of
dATP concentration. The data (�) were then fit to a hyperbolic equation, yielding a kp of 6.9 ± 0.4 s−1 and a Kd of 17 ± 3 μM.

Table 3: Kinetic parameters of nucleotide incorporation into D-DNA catalyzed by truncated yPolη at 23◦C.

dNTP kp (s−1) Kd (μM) kp/Kd(μM−1s−1) Discrimination Factora Fidelityb

Template dA (D-1)

dTTP 3.9 ± 0.2 15 ± 2 2.6 × 10−1

dATP 0.089 ± 0.005 80 ± 20 1.1 × 10−3 230 4.3 × 10−3

dCTP 0.43 ± 0.06 210 ± 60 2.0 × 10−3 130 7.8 × 10−3

dGTP 0.15 ± 0.01 80 ± 20 1.9 × 10−3 140 7.2 × 10−3

Template dG (D-6)

dCTP 15.6 ± 0.3 11.2 ± 0.8 1.4

dATP 0.071 ± 0.002 138 ± 9 5.1 × 10−4 2700 3.7 × 10−4

dGTP 0.116 ± 0.006 80 ± 10 1.5 × 10−3 960 1.0 × 10−3

dTTP 0.92 ± 0.07 330 ± 40 2.8 × 10−3 500 2.0 × 10−3

Template dT (D-7)

dATP 6.9 ± 0.4 17 ± 3 4.1 × 10−1

dCTP 1.00 ± 0.04 210 ± 20 4.8 × 10−3 85 1.2 × 10−2

dGTP 0.55 ± 0.01 46 ± 3 1.2 × 10−2 30 2.9 × 10−2

dTTP 0.62 ± 0.02 280 ± 20 2.2 × 10−3 180 5.4 × 10−3

Template dC (D-8)

dGTP 6.3 ± 0.1 6.8 ± 0.4 9.3 × 10−1

dATP 0.087 ± 0.003 90 ± 10 9.7 × 10−4 960 1.0 × 10−3

dCTP 0.127 ± 0.007 200 ± 30 6.4 × 10−4 1500 6.9 × 10−4

dTTP 1.39 ± 0.06 460 ± 40 3.0 × 10−3 310 3.3 × 10−3

aCalculated as (kp/Kd)correct/(kp/Kd)incorrect.
bCalculated as (kp/Kd)incorrect/[(kp/Kd)correct + (kp/Kd)incorrect].
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Table 4: Kinetic parameters for nucleotide incorporation onto blunt-end DNA catalyzed by truncated yeast Polη at 23◦C.

DNA (Terminal base pair) dNTP kp (s−1) Kd (μM) kp/Kd (μM−1 s−1) Efficiency Ratioa

BE1 (dT : dA)
dATP 0.026 ± 0.002 1200 ± 200 2.2 × 10−5 —

dPTP 1.27 ± 0.08 60 ± 10 2.1 × 10−2 980

BE2 (dA : dT)
dATP 0.036 ± 0.002 220 ± 30 1.6 × 10−4 —

dPTP 0.68 ± 0.03 23 ± 3 3.0 × 10−2 180

BE3 (dG : dC)
dATP 0.0087 ± 0.0003 360 ± 30 2.4 × 10−5 —

dPTP 0.22 ± 0.01 9 ± 2 2.4 × 10−2 1000

BE4 (dC : dG)
dATP 0.032 ± 0.001 930 ± 70 3.4 × 10−5 —

dPTP 0.74 ± 0.03 12 ± 2 6.2 × 10−2 1800
aCalculated as (kp/Kd)dPTP/(kp/Kd)dATP.
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Figure 4: Chemical structure of a nonnatural nucleotide analog,
dPTP.

incorporation catalyzed by Dpo4, another Y-family DNA
polymerase, is dATP mainly due to its strong intrahelical
base-stacking ability [26]. To further evaluate the role of
base stacking, we first examined if truncated yPolη can
catalyze template-independent nucleotide incorporation of
dATP or dPTP (Figure 4) onto four palindromic, blunt-
end DNA substrates (BE1, BE2, BE3, and BE4 in Table 1).
The base of dPTP, a dNTP analog, has four conjugated
benzene rings but possesses no hydrogen-bonding abilities.
The DNA substrates possess all four possible terminal base
pairs and each molecule of them can be bound by a single
polymerase molecule. Our radioactive experiments showed
that truncated yPolη was able to incorporate dATP and
dPTP (data not shown). Then, we individually measured the
kinetic parameters for dATP and dPTP incorporation under
single-turnover reaction conditions (Table 4). Interestingly,
the apparent Kd values of dATP were 3- to 5-fold smaller with
a purine than those with a pyrimidine on the primer’s 3′-
base, indicating that base stacking is also important for the
binding of dATP to the binary complex of yPolη·blunt-end
DNA. This base-stacking effect is more dramatic for dPTP
incorporation onto blunt-end DNA because the apparent Kd

values of dPTP are 10- to 80-fold tighter than dATP incor-
poration onto the same blunt-end DNA substrate (Table 4).
Thus, the binding free energy difference between dATP and
dPTP is 1.4 to 2.6 kcal/mol. Previously, we have obtained
a comparable binding free energy difference of 2.3 kcal/mol
for similar blunt-end dATP and dPTP incorporation at 37◦C

catalyzed by Dpo4 [26]. Although neither dATP nor dPTP
forms any hydrogen bonds with a template base when bound
by yPolη·blunt-end DNA, the bases of these two nucleotides
should have different base-stacking interactions with a
terminal base pair of a blunt-end DNA substrate considering
that a dangling pyrene base (1.7 kcal/mol) has previously
been found to possess a higher base-stacking free energy
than a dangling adenosine (1.0 kcal/mol) [33]. However, the
base-stacking free energy difference (0.7 kcal/mol) between
pyrene and adenosine is smaller than the aforementioned
binding free energy difference (1.4–2.6 kcal/mol) between
dPTP and dATP. Thus, other sources likely contribute to
the tighter binding of dPTP over dATP. One possible source
is favorable van der Waals interactions between pyrene and
active site residues of truncated yPolη. In addition, the base-
stacking effect and van der Waals interactions may stabilize
the ternary complex of yPolη·blunt-end DNA·nucleotide
and facilitate catalysis, leading to much higher kp values with
dPTP than those with dATP (Table 4). Due to the differences
in kp and apparent Kd, the substrate specificity values of
dPTP are 100- to 1,000-fold higher than those of dATP with
blunt-end DNA (Table 4) and 10- to 100-fold higher than
mismatched dATP with regular DNA (Table 3).

3.5. Base Substitution Fidelity of Full-Length yPolη. The base
substitution fidelities of full-length and truncated yPolη may
differ because the C-terminal, nonenzymatic regions may
alter the polymerization fidelity. For example, the proline-
rich domain of human DNA polymerase λ has been shown
to upregulate the polymerase fidelity up to 100-fold [34].
To determine if the C-terminus of yPolη influences poly-
merization fidelity, we measured the pre-steady-state kinetic
parameters for dNTP incorporation into D-1 DNA (template
dA) catalyzed by full-length yPolη (Table 5). The fidelity was
calculated to be in the range of (1.4 to 2.6) × 10−3 for full-
length yPolη (Table 5). Relative to the fidelity of truncated
yPolη with D-1 (Table 3), full-length yPolη has a 3-fold
higher fidelity. Therefore, the C-terminus of yPolη slightly
affects the base substitution fidelity. Moreover, truncated
yPolη discriminated between a correct and incorrect dNTP
by ∼30-fold on average based on the kp difference while
the discrimination for full-length yPolη was ∼170-fold on
average for incorporation into D-1 DNA (Tables 3 and
5). The incorporation rate constant for correct dTTP was
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Table 5: Kinetic parameters of nucleotide incorporation into D-1 DNA catalyzed by full-length yPolη at 23◦C.

dNTP kp (s−1) Kd (μM) kp/Kd (μM−1 s−1) Discrimination Factora Fidelityb

Template dA (D-1)

dTTP 4.2 ± 0.5 40 ± 10 1.1 × 10−1

dATP 0.0235 ± 0.0003 156 ± 7 1.5 × 10−4 700 1.4 × 10−3

dCTP 0.019 ± 0.001 70 ± 10 2.7 × 10−4 390 2.6 × 10−3

dGTP 0.043 ± 0.003 170 ± 40 2.5 × 10−4 420 2.4 × 10−3

aCalculated as (kp/Kd)correct/(kp/Kd)incorrect.
bCalculated as (kp/Kd)incorrect/[(kp/Kd)correct + (kp/Kd)incorrect].

∼4 s−1 for both yPolη enzymes, but the misincorporation
rate was 3- to 23-fold faster for truncated yPolη. This rate
enhancement for truncated yPolη is partially offset by a
greater discrimination at the apparent ground-state binding
level so that the fidelity of truncated yPolη was only 3-folder
lower than that of full-length yPolη.

3.6. Effect of the Nonenzymatic C-Terminus of yPolη on Its
Polymerase Activity. Our above studies demonstrated that
the C-terminus of yPolη enhances this enzyme’s DNA bind-
ing affinity and base substitution fidelity by 2- and 3-fold,
respectively. These results suggest that the nonenzymatic,
C-terminal region of yPolη (Figure 1) has a mild impact
on the N-terminal polymerase domain and its activity. This
conclusion is inconsistent with previous studies which have
qualitatively demonstrated that mutations or deletions in the
UBZ domain or PIP motif do not affect polymerase activity
[35–37]. However, these reported qualitative assays are not
sufficiently sensitive to detect the small perturbation on
polymerase activity as described in this paper. The presence
of the C-terminal 119 residues of yPolη may either interact
with DNA, slightly alter the conformation of the polymerase
domain, or both (see above discussion), thereby enhancing
its DNA binding affinity and polymerase fidelity.

3.7. Kinetic Comparison among Y-Family DNA Polymerases.
The fidelity of several Y-family DNA polymerases synthe-
sizing undamaged DNA has been determined by employing
steady-state [38–48], pre-steady-state [28, 30, 49–53], or
M13-based mutation assays [39, 41, 42, 45, 54, 55]. From
these studies, the fidelity ranges from 100 to 10−4. Under
steady-state reaction conditions, the base substitution fidelity
of yPolη and human Polη has been measured to be in the
range from 10−2 to 10−4and 10−2 to 10−3, respectively [38,
40], which is similar to our pre-steady-state kinetic results.
Consistently, Polη displays the highest substrate specificity
for the dCTP : dG base pair under both steady-state and pre-
steady-state reaction conditions (Table 3 and unpublished
data, Brown and Suo) [38, 40]. This may seem surprising,
since Polη participates in the efficient bypass of UV-induced
DNA damage such as a cis-syn thymine-thymine dimer (i.e.,
a dATP:dT base pair) [15–20, 56, 57]. However, Polη has
also been shown to be efficient at bypassing guanine-specific
damage such as 8-oxo-7,8-dihydro-dG [58, 59], 1,2-cis-
diammineplatinum(II)-d(GpG) intrastrand cross-links [60–
63], and various N2-dG lesions [64, 65].

Among the four eukaryotic Y-family DNA polymerases
(i.e., Polη, DNA polymerase κ, DNA polymerase ι (Polι), and
Rev1), Rev1 exhibits low fidelity on undamaged DNA due
to its strong preference for inserting dCTP [46, 52] while
Polι has an unusual preference for dGTP:dT mispairs over
dATP:dT due to Hoogsteen base pair formation [51, 69].
Interestingly, the lowest fidelity base pair for truncated yPolη
was dGTP:dT (Table 3). This observation likely results from
the formation of a wobble base pair. The two hydrogen
bonds established in the wobble base pair may enhance
the catalytic efficiency of yPolη since hydrogen bonding is
important for the efficiency and accuracy of yPolη [70]. Also
noteworthy, the truncated versions of eukaryotic Y-family
DNA polymerases have been used for many biochemical
studies in literature. Based on our quantitative kinetic
analysis of yPolη, these results suggested the nonenzymatic
regions of Y-family DNA polymerases do not alter the
polymerase activity significantly.

3.8. Fidelity Comparison among Various DNA Polymerase
Families. As a Y-family DNA polymerase, yPolη displays low
fidelity on undamaged DNA (Tables 3 and 5) [38]. In con-
trast, replicative DNA polymerases in the A- and B-families
have a polymerization fidelity that is 1–3 orders of magnitude
greater than the Y-family DNA polymerases (Table 6). DNA
polymerases with higher fidelity are more proficient at using
the ground-state binding affinity to discriminate between a
correct and incorrect dNTP. The Y-family DNA polymerases
provide little to no discrimination based on the Kd difference
while replicative DNA polymerases discriminate up to almost
three orders of magnitude. This lack of selection in the
ground state by the Y-family DNA polymerases may be due
to the relatively loose and solvent-accessible active site which
has minimal contacts with the nascent base pair [11, 21,
71]. Moreover, nucleotide selection by the Y-family DNA
polymerases in the ground state may be mainly governed by
Watson-Crick base pairing, since the calculated ΔΔG values
(0.95–1.7 kcal/mol) are similar to the free energy differences
between correct and incorrect base pairs (0.3–1.0 kcal/mol at
37◦C) at the primer terminus based on DNA melting studies
(Table 6) [72]. However, with ΔΔG values ≥3.0 kcal/mol,
the replicative DNA polymerases harness the additional
2.0 kcal/mol of energy from other sources such as a tight
active site or close contacts with the nascent base pair. One
common fidelity checkpoint among DNA polymerases is the
varying rate differences between a matched and mismatched
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Table 6: Comparison of base substitution fidelity for various DNA polymerases.

Polymerase Polymerase Family Fidelitya Kd Differenceb kp Differenceb ΔΔG (kcal/mol)c

Truncated yPolηd Y 3.7 × 10−4 to 2.9 × 10−2 3 to 68 5 to 220 1.6

Dpo4e Y 1.5 × 10−4 to 3.2 × 10−3 1 to 18 240 to 1700 0.95

rPolβf X 1.1 × 10−5 to 5.9 × 10−4 35 to 342 28 to 708 3.0

PolB1 exo-g B 3.5 × 10−6 to 1.2 × 10−4 109 to 918 4 to 589 3.7

hPolγh A 4.6 × 10−7 to 2.9 × 10−4 42 to 900 39 to 12000 3.4
aCalculated as (kp/Kd)incorrect/[(kp/Kd)correct +(kp/Kd)incorrect].

bCalculated as defined in equation (8). cCalculated using equation (7). dAt 23◦C (this work).
eAt 37◦C [50]. fAt 37◦C [66]. gAt 37◦C, excluding the fidelity contribution from the 3′ → 5′ exonuclease activity [67]. hAt 37◦C, excluding the fidelity
contribution from the 3′ → 5′ exonuclease activity [68].

base pair. These large differences may correspond to different
rate-limiting steps (e.g., protein conformational change, or
phosphodiester bond formation) during nucleotide incorpo-
ration [9, 30, 71]. For yPolη, kinetic data suggest that correct
and incorrect dNTPs are limited by a conformational step
preceding chemistry, although, additional studies are needed
to confirm these results [28].

4. Conclusions

This work presents the mechanistic basis of the base substitu-
tion fidelity of yPolη on undamaged DNA, which examined
all possible dNTP:dN base pair combinations for the first
time. yPolη discriminates against incorrect nucleotides at
both the ground-state nucleotide binding and incorporation
steps. Furthermore, base stacking contributes to tighter
binding for a misincorporation. Finally, the 119 residues at
the C-terminus have a mild impact on the kinetic mechanism
of yPolη.

Abbreviations

BSA: Bovine serum albumin
dNTP: 2′-deoxynucleoside 5′-triphosphate
Dpo4: Sulfolobus solfataricus P2 DNA polymerase IV
dPTP: Pyrene 5′-triphosphate
EMSA: Electrophoretic mobility shift assay
HPolγ: Human mitochondrial DNA polymerase gamma
PCNA: Proliferating cell nuclear antigen
PIP: PCNA-interacting peptide
PolB1: Exonuclease-deficient DNA polymerase B1 from

sulfolobus solfataricus P2
Polι: DNA polymerase iota
rPolβ: Rat DNA polymerase beta
TBE Tris/boric acid/EDTA
UBZ: Ubiquitin-binding zinc finger
YPolη: Saccharomyces cerevisiae DNA polymerase eta.
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γ-Radiation-induced intrastrand guanine-thymine cross-link, G[8,5-Me]T, hinders replication in vitro and is mutagenic in
mammalian cells. Herein we report in vitro translesion synthesis of G[8,5-Me]T by human and yeast DNA polymerase η (hPol
η and yPol η). dAMP misincorporation opposite the cross-linked G by yPol η was preferred over correct incorporation of dCMP,
but further extension was 100-fold less efficient for G∗:A compared to G∗:C. For hPol η, both incorporation and extension were
more efficient with the correct nucleotides. To evaluate translesion synthesis in the presence of all four dNTPs, we have developed a
plasmid-based DNA sequencing assay, which showed that yPol η was more error-prone. Mutational frequencies of yPol η and hPol
η were 36% and 14%, respectively. Targeted G → T was the dominant mutation by both DNA polymerases. But yPol η induced
targeted G → T in 23% frequency relative to 4% by hPol η. For yPol η, targeted G → T and G → C constituted 83% of the
mutations. By contrast, with hPol η, semi-targeted mutations (7.2%), that is, mutations at bases near the lesion, occurred at equal
frequency as the targeted mutations (6.9%). The kind of mutations detected with hPol η showed significant similarities with the
mutational spectrum of G[8,5-Me]T in human embryonic kidney cells.

1. Introduction

DNA-DNA interstrand and intrastrand cross-links are strong
blocks of DNA replication, and understanding the details
of polymerase bypass of these complex lesions is of major
interest [1–5]. The double base DNA lesions are formed at
substantial frequency by ionizing radiation and by metal-
catalyzed H2O2 reactions (reviewed in [6]). A major DNA
damage, in anoxic conditions, is an intrastrand cross-linked
species in which C8 of Gua is linked to the 5-methyl group
of an adjacent thymine, but the G[8,5-Me]T cross-link is
formed at a much higher rate than the T[5-Me,8]G cross-link
(Figure 1) [7]. Additional thymine-purine cross-links have
been isolated from γ-irradiated DNA in oxygen-free aqueous
solution [8]. Wang and coworkers identified structurally sim-
ilar guanine-cytosine and guanine-5-methylcytosine cross-
links in DNA exposed to γ- or X-rays [9–11]. The G[8,5-
Me]T cross-link is formed in a dose-dependent manner in
human cells when exposed to γ-rays [12], and the G[8, 5]C
cross-link is formed at a slightly lower level [13].

These intrastrand cross-links destabilize the DNA double
helix [14], and UvrABC, the excision nuclease proteins from
Escherichia coli, can excise them [15, 16]. Using purified DNA
polymerases, it was shown that G[8,5-Me]T and G[8, 5]C
are strong blocks of replication in vitro [12, 17]. For G[8,5-
Me]T, primer extension is terminated after incorporation of
dAMP opposite the 3′-T by exo-free Klenow fragment and
Pol IV (dinB) of Escherichia coli whereas Taq polymerase is
completely blocked at the nucleotide preceding the cross-link
[17]. However, yeast polymerase η (yPol η), a member of
the Y-family DNA polymerase from Saccharomyces cerevisiae,
can bypass both G[8,5-Me]T and G[8, 5]C cross-links with
reduced efficiency [12, 18]. For both these two lesions,
nucleotide incorporation opposite the 3′-base of the cross-
link is accurate, but the incorporation of dAMP and dGMP
is favored opposite the cross-linked G by yPol η over that of
the correct nucleotide, dCMP [12, 18].

We have recently compared translesion synthesis of
G[8,5-Me]T with T[5-Me,8]G in simian and human embry-
onic kidney cells and found that both cross-links are strongly
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mutagenic and that the two lesions show interesting pattern
of mutations, which included high frequency of semitargeted
mutations that occurred a few bases 5′ or 3′ to the cross-
link [19]. One can anticipate a role of one or more Y-family
DNA polymerases in bypassing these replication blocking
lesions, and we noted that purified human DNA polymerase
η (hPol η) incorporates dCMP preferentially opposite the
G of G[8,5-Me]T cross-link, in contrast to yPol η which
incorporates dAMP and dGMP much more readily [12, 19].
However, the previous preliminary studies did not examine
the kinetics of polymerase extension beyond the lesion site;
nor were the full-length extension products analyzed. The
kinetics of nucleotide incorporations are influenced by DNA
damages, not only at the lesion site but at least up to 3
bases 5′ to the lesion [20]. Therefore, incorporation pattern
opposite the lesion provides only part of the information
on lesion bypass. In the current paper, we have evaluated
translesion synthesis of the G[8,5-Me]T cross-link by these
two DNA polymerases more critically by determining single
nucleotide incorporation kinetics and characterizing the
full-length extension products in the presence of all four
dNTPs. We report herein that G[8,5-Me]T bypass by yPol
η is much more error-prone than hPol η. We also show
that the mutational signatures of these two polymerases are
different.

2. Materials and Methods

2.1. Materials. [γ-32P] ATP was supplied by Du Pont New
England Nuclear (Boston, MA). Recombinant human and
yeast DNA polymerases η were purchased from Enzymax,
LLC. (Lexington, KY). EcoR V restriction endonuclease, T4
DNA ligase, and T4 polynucleotide kinase were obtained
from New England Bioloabs (Beverly, MA). E. coli DL7
(AB1157, lacΔU169, uvr+) was from J. Essigmann (MIT,
Cambridge, MA). The pMS2 phagemid was a gift from
Masaaki Moriya (SUNY, Stony Brook, NY).

2.2. Methods

2.2.1. Synthesis and Characterization of Oligonucleotides.
The lesions containing oligonucleotides have been synthe-
sized and characterized as reported in [15]. Unmodified
oligonucleotides were analyzed by MALDI-TOF MS analysis,
which gave a molecular ion with a mass within 0.005% of
theoretical whereas adducted oligonucleotides were analyzed
by ESI-MS in addition to digestion followed by HPLC
analysis.

2.2.2. Construction of 26-mer and 36-mer Containing G[8,5-
Me]T Cross-Link. The 26-mer G[8,5-Me]T template, 5′-
GTGCĜTGTTTGTATCGCTTGCAGGGG-3′, was con-
structed by ligating a 5′-phosphorylated 14-mer, 5′-ATC-
GCTTGCAGGGG-3′ (∼7.5 nmol), to the G[8,5-Me]T cross-
linked 12-mer, 5′-GTGCĜTGTTTGT-3′ (∼5 nmol), in
the presence of an 18-nucleotide complementary oligonu-
cleotide, 5′-GCAAGCGATACAAACACG-3′ (∼7.5 nmol),

as described [19, 21]. Similarly, a 12-mer, 5′-CCUGGA-
AGCGAU-3′ (∼7.5 nmol), a 5′-phosphorylated G[8,5-Me]T
12-mer (∼5 nmol), and a 5′-phosphorylated 12-mer, 5′-
AUCGCUGCUACC-3′ (∼7.5 nmol), were annealed to a
complementary 26-mer, 5′-GCAGCGATACAAACACGC-
ACATCGCT-3′ (∼7.5 nmol), and ligated in the presence of
T4 DNA ligase to prepare a G[8,5-Me]T cross-linked 36-
mer, 5′-CCUGGAAGCGAUGTGCĜTGTTTGTAUCGC-
UGCUACC-3′. The oligonucleotides were separated by
electrophoresis on a 16% polyacrylamide-8 M urea gel. The
ligated product bands were visualized by UV shadowing and
excised. The 26-mers and the 36-mers were desalted on a
Sephadex G-25 (Sigma) column and stored at −20◦C until
further use.

2.2.3. In Vitro Nucleotide Incorporation and Chain Extension.
To determine the nucleotide preferentially incorporated
opposite G[8,5-Me]T cross-link, the steady-state kinetic
analyses were performed by the method of Goodman and
coworkers [22, 23]. The primed template was obtained by
annealing 5-fold molar excess of the modified or control 26-
mer template (∼20 ng) to a complementary 5′-32P-labeled
primer. Primer extension under standing start conditions
was carried out with hPol η or yPol η (6.4 nM) with indi-
vidual dNTPs or a mixture of all four dNTPs in 25 mM Tris-
HCl buffer (pH 7.5), 5 mM MgCl2, and 5 mM dithiothreitol
at 37◦C for various times. The reactions were terminated
by adding an equal volume of 95% (v/v) formamide,
20 mM EDTA, 0.02% (w/v) xylene cyanol, and 0.02% (w/v)
bromophenol blue and heating at 90◦C for 2 min, and
the products were resolved on a 20% polyacrylamide gel
containing 8 M urea. The DNA bands were visualized and
quantitated using a Phosphorimager. The dNTP concentra-
tion and time of incubation were optimized to ensure that
primer extension was less than 20%. The Km and kcat were
extrapolated from the Michaelis-Menten plot of the kinetic
data.

2.2.4. Analysis of the Full-Length Bypass Products Using pMS2
Vector. The ss pMS2 shuttle vector DNA (58 pmols, 100 μg)
was digested with an excess of EcoR V (300 pmol, 4.84 μg)
for 1 h at 37◦C followed by room temperature overnight.
A 36-mer scaffold oligonucleotide containing the G[8,5-
Me]T cross-link (or a control) was annealed overnight
at 16◦C to form the gapped DNA. The gapped plasmid
was incubated with hPol η or yPol η and a mixture of
all four dNTPs (25 mM each) in 25 mM Tris-HCl buffer
(pH 7.5), 5 mM MgCl2, and 5 mM dithiothreitol at 37◦C
for various times. DNA ligase (200 units) was added,
and the pMS2 mixture containing the DNA polymerase,
dNTPs, and so forth, was ligated overnight at 16◦C. The
scaffold oligonucleotide was digested by treatment with
uracil glycosylase and exonuclease III, the proteins were
extracted with phenol/chloroform, and the DNA was pre-
cipitated with ethanol. The final construct was dissolved in
deionized water and used to transform E. coli DL7 cells. The
transformants were randomly picked and analyzed by DNA
sequencing.
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Figure 1: Chemical structures of the two γ-radiation-induced intrastrand cross-links, G[8,5-Me]T and T[5-Me,8]G.

3. Results

3.1. In Vitro Bypass by DNA Polymerase η. A 26-mer
template, 5′-GTGCĜTGTTTGTATCGCTTGCAGGGG-3′,
which contained the G[8,5-Me]T cross-link (ĜT) at the
5th and 6th bases from the 5′ end, was constructed. The
DNA sequence of the first 12-nucleotides in this template
was taken from codon 272–275 of the p53 gene, in which
the G[8,5-Me]T cross-link was incorporated at the second
and third nucleotide of codon 273, a well-known mutational
hotspot for human cancer [24]. We used both running start
and standing start conditions to evaluate bypass of the cross-
link. Template-primer complex (50 nM) was incubated with
increasing concentration of hPol η and yPol η at 37◦C for
30 min in the presence of all four dNTPs (100 μM). For
the running start experiments, a 5′-32P-radiolabeled 14-mer
primer, 5′-CTGCAAGCGATACA-3′, was annealed to the
template so that it was 3 bases 3′ to the cross-link. As shown
in Figure 2, G[8,5-Me]T was a strong block of both DNA
polymerases. With 5 nM hPol η, 80% of the control template
extended to a 22-mer and a 23-mer (full-length) products
whereas for G[8,5-Me]T less than 1% extended to the full-
length product, and a major block was at the cross-linked G
(19-mer). With 20 nM hPol η, nearly 75% was blocked after
incorporating a base opposite the cross-linked G (19-mer),
and the full-length product increased only to ∼10%. The
full-length product increased to∼18% with 50 nM hPol η. In
similar experiment using yPol η, unlike the human enzyme,
the major blocks were at 19-mer and 20-mer (i.e., opposite
the cross-linked G and its 5′ neighbor). With 50 nM yPol η,
8% of the primer extended to full-length 23-mer product.

With concentrations of hPol η and yPol η at 50 nM,
a substantial fraction (18% and 8%, resp.) of the primer
extended to full-length products in 30 min. So we chose
to use 50 nM Pol η concentrations for the subsequent
experiment. As shown in Figure 3, in the presence of all
four dNTPs, extension of a 14-mer primer on the control
template rapidly generated a full-length extension product
(a 23-mer) as well as a blunt-end addition product (a 24-
mer) in 5 min with 50 nM hPol η whereas the extension of

5 10 15 20 50 5 10 15 20 50 (nM)
Control G[8,5-Me]T Size markers

5′-GTGCG∧TGTTTGTAT CGCTTGCAGGGG-3′

ACATAGCGAACGTCp32

1923

14 18 19 20 23

(a)

5 10 15 20 50 5 10 15 20 50 (nM)

20 2314 18 19

Control G[8,5-Me]T Size markers

(b)

Figure 2: Extension of a 14-mer primer by varying concentration
(5, 10, 15, 20, and 50 nM) of hPol η (a) and yPol η (b) on control
and G[8,5-Me]T templates in the presence of all four dNTPs. The
experiments were carried out at 37◦C for 30 min.

the primer stalled after adding a base opposite the cross-
linked T and G, generating a 19-mer. It is interesting that
hPol η did not stall before either of the cross-linked bases, but
it was unable to continue synthesis only after incorporating
a dNMP opposite the cross-linked G. Longer incubation
allowed further extension, including a small fraction of full-
length product, but even after 2 h the 19-mer band was
the most pronounced extension product. The result was
qualitatively similar with yPol η, except that the extent of full-
length product was only marginally increased with time and
it stalled both after incorporation of a nucleotide opposite
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Table 1: Kinetic parameters for dCTP and dATP incorporation and chain extension by human DNA polymerase η (6.4 nM) on an
undamaged and G[8,5-Me]T cross-link containing substrate.

dNTP
kcat

(min−1)
Km (μM)

kcat/Km

(μM−1 min−1)
Finc

a X:G
kcat

(min−1)
Km (μM)

kcat/Km

(μM−1 min−1)
Fext

a

5′-GTGCĜTGTTTGTATCGCTTGCAGGGG-3′ 5′-GTGCĜTGTTTGTATCGCTTGCAGGGG-3′

ACAAACATAGCGAACp32 X ACAAACATAGCGAACp32

Nucleotide Incorporation Chain Extensionb

Undamaged substrate

dCTP 7.6 ± 0.1
0.02 ±
0.003

380 1.0 C:G 3.9 ± 0.2
0.09 ±
0.005

43.4 1.0

dATP
6.25 ±

0.01
6.5 ± 0.03 0.96 2.5 × 10−3 A:G 4.7 ± 0.1 5.1 ± 0.03 0.9 2.1 × 10−2

G[8,5-Me]T-containing substrate

dCTP
2.43 ±

0.02
0.11 ±
0.002

22.1 5.8 × 10−2 C:G∗ 2.0 ± 0.02
0.24 ±
0.004

8.3 0.2

dATP 1.75 ± 0.1
1.07 ±

0.01
1.63 4.2 × 10−3 A:G∗ 1.7 ± 0.01 2.6 ± 0.03 0.65 1.5 × 10−2

a
Fidelity (F) of incorporation or extension was determined by the following equation: (kcat/Km)incorrect/(kcat/Km)correct.

bSteady-state kinetics for dGTP incorporation opposite C immediately following the X:G or X:G∗ pair was determined.

Table 2: Kinetic parameters for dCTP and dATP incorporation and chain extension by yeast DNA polymerase η (6.4 nM) on an undamaged
and G[8,5-Me]T cross-link containing substrate.

dNTP
kcat

(min−1)
Km (μM)

kcat/Km

(μM−1 min−1)
Finc

a X:G
kcat

(min−1)
Km (μM)

kcat/Km

(μM−1 min−1)
Fext

a

5′-GTGCĜTGTTTGTATCGCTTGCAGGGG-3′ 5′-GTGCĜTGTTTGTATCGCTTGCAGGGG-3′

ACAAACATAGCGAACp32 X ACAAACATAGCGAACp32

Nucleotide Incorporation Chain Extensionb

Undamaged substrate

dCTP 7.3 ± 0.02
0.04 ±
0.002

182.5 1.0 C:G 4.4 ± 0.04
0.07 ±
0.001

62.8 1.0

dATP 5.3 ± 0.03
9.5 ±
0.002

0.56 3.1 × 10−3 A:G 3.7 ± 0.04 1.3 ± 0.01 2.8 4.4 × 10−2

G[8,5-Me]T-containing substrate

dCTP
1.99 ±
0.001

11.2 ±
0.01

0.17 9.3 × 10−4 C:G∗ 1.6 ± 0.1
0.31 ±
0.002

5.2 8.2 × 10−2

dATP 2.2 ± 0.01
0.59 ±
0.005

3.72 2.0 × 10−2 A:G∗ 1.2 ±
0.009

22.0 ± 1.0 0.05 7.9 × 10−4

a
Fidelity (F) of incorporation or extension was determined by the following equation: (kcat/Km)incorrect/(kcat/Km)correct.

bSteady-state kinetics for dGTP incorporation opposite C immediately following the X:G or X:G∗ pair was determined.

the cross-linked G (19-mer) and after incorporation of a
nucleotide opposite its 5′-neighbor (20-mer). Standing start
experiments were carried out, and the amount of extension
of the primer by one nucleotide was plotted with increasing
dNTP concentration to determine the initial velocity of the
polymerase-catalyzed reaction, which is shown in Figure 4.
From these plots, the steady-state kinetic parameters, Km

and kcat, for nucleotide incorporation opposite cross-linked
G and the same for the control were determined (Tables 1
and 2). For hPol η, catalytic efficiency (kcat/Km) of dCMP
incorporation was 17-fold decreased opposite the cross-
linked G whereas extension to the next base was decreased
5-fold relative to control. By contrast, for yPol η dCMP incor-
poration was decreased 1,000-fold, and extension to the next
base was decreased 12-fold relative to control. This suggests

that yPol η had more difficulty in bypassing G[8,5-Me]T than
hPol η. As was reported before [12, 19], in contrast to hPol
η, which incorporates the correct nucleotide preferentially
opposite G[8,5-Me]T, yPol η was much more error-prone,
and insertion of dAMP opposite the cross-linked G was
favored over that of the correct nucleotide, dCMP (Tables 1
and 2). In fact, dAMP misincorporation opposite the cross-
linked G was more than 20-times more efficient than dCMP
incorporation by yPol η. However, with yPol η the extension
was 100-fold slower for G∗:A pair compared to G∗:C pair
whereas the same for hPol η was about 13-fold slower. In each
case, the higher catalytic efficiency was due to a much smaller
Km. When nucleotide incorporation fidelity opposite the
cross-linked G and its 5′ base was considered, dCMP incor-
poration over dAMP misincorporation was 200-fold more
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Figure 3: Extension of a 14-mer primer by 50 nM hPol η (a) and
yPol η (b) on control and G[8,5-Me]T templates in the presence of
all four dNTPs for the indicated time at 37◦C.

efficient for hPol η whereas the same was only 5-fold more
efficient for yPol η. Nevertheless, it seems that dCMP was
preferred opposite the cross-linked G for bypass of G[8,5-
Me]T by both DNA polymerases although the ability to
discriminate against the wrong nucleotide by yPol η was not
high.

3.2. Analysis of the Full-Length Bypass Products. Although
steady-state kinetics provides useful information on the
ability to incorporate a nucleotide opposite a lesion and
further extension, it is important to determine the sequences
of full-length bypass products in the presence of all four
dNTPs. In mammalian cells, replication of G[8,5-Me]T-
containing DNA also generates significant level of semi-
targeted mutations [19], and it would be of interest to
determine if pol η causes errors not only opposite the cross-
link but also near the lesion. Guengerich and colleagues
have developed an elegant LC-ESI/MS/MS-based method
to analyze the polymerase extension products [25–30]. In
the current paper, we report a plasmid-based approach to
accomplish the same goal. The principle of this approach
is shown in Scheme 1. The pMS2 plasmid was linearized by
digestion with EcoR V. A scaffold 36-mer, containing two 12-
nucleotide regions complementary to the two ends of the
digested plasmid, was annealed to generate a gapped circular
DNA, in which the G[8,5-Me]T cross-link was located in the

middle of a 12-nucleotide gap. The scaffold G[8,5-Me]T-36-
mer contained the same local DNA sequence near the G[8,5-
Me]T cross-link as the 26-mer used in the steady-state kinetic
assay. It also contained several uracils replacing thymines
at the two ends where it annealed with the plasmid. The
circular scaffold plasmid DNA was incubated with 50 nM
hPol η or yPol η and a mixture of all four dNTPs (25 mM
each) in 25 mM Tris-HCl buffer (pH 7.5), 5 mM MgCl2, and
5 mM dithiothreitol at 37◦C for various times. We expected
a large fraction of the control construct to extend to full-
length circular product whereas a much smaller fraction of
the cross-linked construct was able to do the same. The full-
length extension product extended up to the 3′ end of the
circular DNA, and the nick between the two ends was sealed
by ligation overnight at 16◦C in the presence of an excess
of T4 DNA ligase to generate covalently closed circular ss
plasmid. Although the DNA polymerase was not inactivated,
both hPol η and yPol η were inefficient in continuing
further extension at 16◦C (data not shown). The scaffold 36-
mer was digested by treatment with uracil DNA glycosylase
and exonuclease III. The removal of the lesion-containing
scaffold was considered critical to avoid any potential in vivo
replication of the lesion. Therefore, we analyzed the products
by agarose gel electrophoresis after uracil DNA glycosylase
followed by exonuclease III treatment and confirmed that the
plasmid was quantitatively linearized when either Pol η or
DNA ligase was absent (data not shown). The proteins were
extracted with phenol and chloroform, and the DNA was
precipitated with ethanol. The DNA was used to transform
repair-competent E. coli DL7, and the transformants were
analyzed by DNA sequencing.

The number of colonies recovered upon transformation
in E. coli of the plasmid incubated with hPol η for different
times is shown in Figure 5. Since linear ss DNA is inefficient
in transfecting E. coli, no colonies were recovered from the
zero time point from both the control and the G[8,5-Me]T
scaffold whereas increasing numbers of colonies were recov-
ered as incubation times with the DNA polymerase were
increased. The number of colonies reflected the extent of full-
length product that was ligated, and relative to the control
36-mer scaffold, the G[8,5-Me]T scaffold generated only
9% progeny at 15 min, which increased to 18% at 30 min
and to 27% after 2 h (Figure 4). (For this calculation, the
number of colonies obtained from the 120 min extension of
the control 36-mer was considered 100%.) This suggests that
with increased time of incubation, more DNA polymerase
can bypass the G[8,5-Me]T cross-link, as we have also noted
in the primer extension experiment with the G[8,5-Me]T 26-
mer.

DNA sequencing results of the 2 h incubation products
from two independent experiments with hPol η and yPol η
are shown in Figure 6. The types and numbers of mutants
from two different experiments are shown in Figure 6(a)
whereas Figure 6(b) shows the combined result in a bar
graph. As noted in the kinetic studies, yPol η was found to
be more error-prone than hPol η. Mutational frequencies
of yPol η and hPol η were 36% and 14%, respectively,
for the G[8,5-Me]T cross-link whereas no mutants were
recovered from the control after sequencing in excess of
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Figure 4: Single nucleotide incorporation and extension assay. Template-primer (50 nM) was incubated with 6.4 nM hPol η or yPol η for
various times with increasing concentrations of dNTP. Steady-state kinetics for single nucleotide incorporation opposite cross-linked (G)
(solid line) or control (G) (dashed line) are shown in (a), (b), (e), and (f). (a) and (b) represent dCTP and dATP incorporations, respectively,
for hPol η whereas (e) and (f) represent the same for yPol η. Steady-state kinetics for dGTP incorporation opposite (C) immediately following
the cross-linked (G) (solid line) or control (G) (dashed line) are shown in (c), (d), (g), and (h). (c) and (d) represent extension of G∗:C and
G∗:A pairs, respectively, for hPol η whereas (g) and (h) represent the same for yPol η. Error bars show the standard deviation of at least three
experiments.
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Scheme 1: General protocol for analyzing the full-length extension products.
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Figure 5: The number of colonies obtained from extension by
hPol η of a control scaffold (black) was compared with the G[8,5-
Me]T scaffold (white) at different time points in the bar graph.
The number of colonies obtained from the 120 min extension of
the control 36-mer was arbitrarily considered 100%. The zero time
point showing no colonies ensures that colonies only originated
from the extension products.

one hundred colonies following extension with each DNA
polymerase. The pattern of mutagenesis from the G[8,5-
Me]T cross-link was significantly different for these two
polymerases. yPol η induced targeted G → T as the major
mutagenic event, followed by targeted G → C; these two
base substitutions, taken together, constituted 83% of the
mutations. By contrast, in the case of hPol η, semitargeted
mutations (7.2%) occurred at equal frequency as the targeted
mutations (6.9%). With hPol η, though most frequent
mutation was G → T (4%), approximately half as many
G → A (2.2%) was also detected. It is interesting that
even a single targeted G → A could not be detected in
the extension by yPol η. Similarly, targeted G → C was
completely absent with hPol η. For the cross-linked T, yPol
η bypass was completely error-free whereas low (0.6%) level

of T → G transversions was detected with hPol η. With yPol
η, semitargeted mutations were restricted to the immediate
5′-C and 3′-G of the cross-link, but with hPol η, errors
were noted as far as two bases 5′ and five bases 3′ to the
cross-link. In sum, despite the similarity of targeted G →
T transversions, the mutational profile of the two Y-family
DNA polymerases exhibited distinct patterns.

4. Discussion

In earlier studies it was shown that hPol η preferentially
incorporates the correct nucleotide opposite each of the
cross-linked bases whereas yPol η, though accurately incor-
porates dAMP opposite the cross-linked T, is highly error-
prone in nucleotide incorporation opposite the cross-linked
G [12, 19]. However, neither the kinetics of further extension
of the primer nor the sequences of the full-length extension
products were determined. Miller and Grollman [20] have
shown that DNA polymerase functions can be affected by
replication-blocking lesions remote from the lesion site.
In the current investigation, using steady-state kinetics, we
determined that though dAMP incorporation opposite the
G of G[8,5-Me]T by yPol η was more than 20-fold preferred
over dCMP incorporation, further extension of the G∗:A pair
was 100-fold less efficient than extension of the G∗:C pair. As
a result, dCMP incorporation followed by further extension
was 5-times as efficient as dAMP incorporation by yPol η. For
hPol η, on the other hand, it was nearly 200-times as efficient.

In order to characterize the full-length extension prod-
ucts in the presence of all four dNTPs, we developed a novel
method to sequence them. In this approach, as shown in
Scheme 1, a single-stranded plasmid (e.g., pMS2) containing
a restriction endonuclease site in a hairpin region is digested
and linearized by the enzyme. A DNA adduct containing
scaffold is annealed to the linear DNA to create a gapped
plasmid, in which the lesion is situated in the middle
of this gap. A DNA polymerase is allowed to extend the
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Figure 6: (a) Types and frequencies of mutations induced by G[8,5-Me]T as determined from the full-length extension products generated
by hPol η (top) and yPol η (bottom). It is noteworthy that no mutants were isolated from the control batches after sequencing in excess of one
hundred colonies. (b) The combined data in (a) is represented in bar graph showing the percentages of each type of single-base substitution
or deletion induced by G[8,5-Me]T by hPol η (top) and yPol η (bottom). The colors represent T (green), A (blue), G (red), C (orange), and
one-base deletion (yellow). The T deletion in a run of three thymines by hPol η was arbitrarily shown here at the T closest to the lesion.

3′-end of the plasmid to fill in the gap, which is then
enzymatically ligated to create a closed-circular plasmid
or viral genome. The ss circular DNA is replicated in E.
coli, and the progeny is subjected to DNA sequencing. The
scaffold is quantitatively removed prior to transformation in
E. coli to avoid biological processing of the lesion in vivo.
The DNA sequencing result of the area which originally
contained the gap provides the nature of extension products.
It is worth mentioning that other plasmid-based sequencing
techniques using PCR amplification have been developed
and successfully used in recent years [31, 32]. However,

we believe that the hallmark of our current approach is
its simplicity. It neither requires expensive instrumentation
nor is technically demanding. While the sensitivity of the
mass spectral analysis is limited by the signal to noise ratio,
which varies from experiment to experiment, the plasmid-
based sequencing approach enables determination of misin-
corporations occurring at a level of less than 1% frequency.
However, the sequence determination is dependent on the
efficiency of ligation, which is only proficient with full-
length extension products. As a result, a limitation of the
current plasmid-based approach is that it does not offer any
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information on the incomplete extension products, which
may be readily available by the MS approach. Using this
method of sequencing, we showed that yPol η was much
more error-prone in bypassing G[8,5-Me]T than hPol η. The
targeted G → T was the major type of mutation by both
DNA polymerases, but yPol η induced it nearly 6-times more
efficiently than hPol η. With hPol η, semitargeted mutations,
that is, mutations near the lesion, occurred at approximately
equal frequency as the targeted mutations whereas more than
80% of the mutations were targeted mutations with yPol η.

Several studies have established differences between the
yeast and the human enzyme. For translesion synthesis of
γ-hydroxypropanodeoxyguanosine, yPol η synthesizes past
the adduct relatively accurately whereas hPol η discrimi-
nates poorly between incorporation of correct and wrong
nucleotides opposite the adduct [33]. The mechanistic basis
of these two enzymes has been examined, which showed that
they differ in several important respects [34]. hPol η has a 50-
fold-faster rate of nucleotide incorporation than yPol η but
binds the nucleotide with an approximately 50-fold-lower
level of affinity. It is unclear how these differences influence
the nucleotide incorporation opposite the G[8,5-Me]T cross-
link.

When the hPol η mutational spectrum was compared
with the mutations detected in human embryonic kidney
cells [19], significant similarities in the two results are
apparent. Notably, the high frequency of G → T followed by
G → A and the semitargeted mutations 5′ to the cross-link
such as 5′-C → T and 5′-G → T reflect a similar pattern
in the in vitro studies using purified DNA hPol η and the
cellular studies. These similarities notwithstanding, certain
variations in the mutation profiles are also noteworthy.
Targeted T → A and substitutions at adjacent 3′-G and
the thymines noted in the mammalian cells were absent in
the hPol η extensions. It was suggested that in a cell the
binding to proliferating cell nuclear antigen (PCNA) via its
PCNA-interacting protein domain is a prerequisite for hPol
η’s ability to function in translesion synthesis in human
cells [35]. Therefore, certain differences between bypass of
a DNA damage by a purified hPol η in vitro and that in a cell
should be anticipated. Although there is insufficient evidence
to conclude that hPol η is responsible for the observed
mutations of G[8,5-Me]T in human cells, it seems reasonable
to postulate that this Y-family DNA polymerase is one of
the DNA polymerases involved in the cellular bypass of this
cross-link.

Abbreviations

G[8,5-Me]T or ĜT: Guanine-thymine intrastrand
cross-link where C8 of guanine is
covalently bonded to the methyl
carbon of the 3′-thymine

T[5-Me,8]G or T̂G: Thymine-guanine intrastrand
cross-link where C8 of guanine is
covalently bonded to the methyl
carbon of the 5’-thymine

hPol η and yPol η: Represent human and yeast DNA
polymerase η, respectively.
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Organisms are predisposed to different types in DNA damage. Multiple mechanisms have evolved to deal with the individual DNA
lesions. Translesion synthesis is a special pathway that enables the replication fork to bypass blocking lesions. Proliferative Cell
Nuclear Antigen (PCNA), which is an essential component of the fork, undergoes posttranslational modifications, particularly
ubiquitylation and sumoylation that are critical for lesion bypass and for filling of DNA gaps which result from this bypass. A
special ubiquitylation system, represented by the Rad6 group of ubiquitin conjugating and ligating enzymes, mediates PCNA
mono- and polyubiquitylation in response to fork stalling. The E2 SUMO conjugating enzyme Ubc9 and the E3 SUMO
ligase Siz1 are responsible for PCNA sumoylation during undisturbed S phase and in response to fork stalling as well. PCNA
monoubiquitylation mediated by Rad6/Rad18 recruits special polymerases to bypass the lesion and fill in the DNA gaps. PCNA
polyubiquitylation achieved by ubc13-mms2/Rad 5 in yeast mediates an error-free pathway of lesion bypass likely through template
switch. PCNA sumoylation appears required for this error-free pathway, and it plays an antirecombinational role during normal
replication by recruiting the helicase Srs2 to prevent sister chromatid exchange and hyper-recombination.

1. Introduction

DNA damage is an unavoidable aspect of existence that
results from both endogenous metabolism and exogenous
insults. These include reactive oxygen species and DNA
replication errors, in addition to ionizing radiation, UV light
and mutagenic chemicals. There are multiple specialized
DNA repair pathways that correct various DNA lesions, such
as abasic nucleotides [1], mismatched bases [2], single strand
defects or lesions [3], and double strand breaks (DSBs)
[4]. In certain conditions, the DNA damage may persist
unrepaired until a replication fork collides with it. This is
seen often with DNA interstrand cross-linking (ICL) lesions
which are some of the most toxic types of DNA damage. ICL
lesions are usually repaired in S-Phase, after replication forks
encounter them [5]. Other types of DNA damage observed at
the single strand level, resulting from UV exposure or certain
chemicals, can also block the replication fork.

The arrested fork usually deals with such collision
utilizing a potentially mutagenic process named Translesion
Synthesis (TLS) [6, 7]. This type of DNA synthesis ensures
relatively uninterrupted replication even in the face of DNA
injury. TLS was initially described in prokaryotes, and
termed Post-Replication Repair (PRR) [8]. In E Coli TLS
leaves behind single stranded gaps that are repaired at a
subsequent cell cycle stage. Similar gaps have been described
in Eukaryotes as well [9, 10]. When a replication fork collides
with an ICL or a single strand lesion, a one-ended DSB
may form. This could trigger homology-based repair, also
termed Homologous Recombination (HR), which is another
pathway the fork utilizes to repair DNA lesions particularly
ICLs [11]. The classic DNA polymerases that mediate
undisturbed replication cannot bypass most ssDNA lesions,
and several alternative (atypical) polymerases that mediate
lesion bypass in TLS have been described. The key regulator
of TLS is the replication sliding clamp Proliferative Cell
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Nuclear Antigen (PCNA). The PCNA trimer holds multiple
proteins that participate in both normal replication and TLS.
The role of PCNA in TLS is governed by posttranslational
modifications that occur to it in response to an arrested
fork. In this brief paper we describe the process of PCNA
ubiquitylation and sumoylation in response to replication
fork stalling and the impact of these modifications on TLS.

2. PCNA Ubiquitylation in Response to
Fork Stalling Lesions

PCNA has been described as the coordinator of the repli-
cating fork [12]. It mediates the recruitment of multiple
factors required for DNA replication and repair. In a seminal
paper, the Jentsch group described the involvement of
PCNA ubiquitylation and sumoylation in TLS [13]. This
Ubiquitylation is mediated by the Rad6 group TLS factors
[13]. It had been known for a long time that Rad6 family was
involved in TLS in Eukaryotes, and that most of its members
display ubiquitin conjugating and ligating activities [14–16].
Protein ubiquitylation has emerged as a widespread process
that impacts a myriad of cellular processes in eukaryotes
[17]. This process starts with binding of the conserved 76
aa peptide ubiquitin to E1 ubiquitin activating enzyme. This
transfers ubiquitin to an E2 conjugating enzyme, which
interacts with an E3 ligase to transfer ubiquitin to a specific
substrate. The E3 ligase is the determinant of the specificity
of the substrate to which ubiquitin is attached. Rad6/Rad18
are the E2/E3 complex that mediates PCNA ubiquitylation
at a conserved Lysine164 [13]. It has been shown that this
modification increases affinity of TLS DNA polymerases to
PCNA which contributes to lesion bypass [18]. This was
initially demonstrated for the human TLS Polymerase eta
(polη) but later was shown to apply to other eukaryotic
polymerases of the Y family, including polymerases ι and κ
which are not present in yeast [19, 20]. This enhanced affinity
for PCNA by the Y family of TLS DNA polymerases is due
to presence of ubiquitin-binding domains of the UBM or
UBZ types [21] in these polymerases which interact with
the monoubiquitin on PCNA (Figure 1). The major TLS
polymerases in yeast include Rad30, Rev1, Rev3, and Rev7
(Rev7 is the regulatory unit, and Rev3 is the catalytic unit of
Polymerase zeta.) Further discussion of the detailed role of
each TLS polymerase can be found elsewhere [6, 7].

PCNA undergoes further ubiquitylation on the same
Lysine 164 to generate a ubiquitin chain [13]. This polyu-
biquitin chain formation is dependent on the presence of
the monoubiquitin species mediated by Rad6/Rad18 [13].
The ubiquitin molecules within this chain bind each other
through the lysine 63 (K63) of each ubiquitin. This type
of ubiquitin chain is different from that of the canonical
ubiquitin chains bound through K48 which are responsible
for substrate degradation by the proteasome system [17].
Although a K63 ubiquitin chain could lead to protein degra-
dation, it has mainly been implicated in non-degradation
pathways such as vesicle excretion, signaling, the immune
response, and different forms of DNA repair [17]. PCNA
polyubiquitylation is mediated by another E2/E3 complex
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Figure 1: Fork stalling results in monoubiquitylation of the replica-
tion clamp PCNA which increases its affinity to a TLS polymerase.
The latter replaces the high-fidelity replicative polymerase and it can
accommodate the lesion even with the risk of generating mutations
in certain circumstances. This Polymerase binds PCNA through its
PIP box and a ubiquitin binding domain.

in the Rad6 pathway of PRR, namely ubc13-mms2/Rad 5
in yeast [13]. A mammalian ubc13-mms2 homologue has
been known for years [15], and two mammalian homologues
of Rad5 with E3 ligase and helicase activities (HLTF and
SHPRH) were recently described [22–24]. PCNA polyubiq-
uitylation in the setting of fork-blocking lesions results in a
form of error-free repair believed to be mediated by template
switching (Figure 2) [25]. The exact mechanism of such
template switching is unknown, but it appears (at least in
yeast) that there are two pathways: one is Rad52 dependent
and the other is Rad52 independent [26]. A recent study
indicated that Rad5-mediated template switch is appreciated
as X-shaped DNA structure on 2-gel electrophoresis, and
it appears to involve holiday junctions (recombination
intermediates) and HR proteins [27]. Another potential sce-
nario for this error-free pathway is through fork regression
after stalling which has been demonstrated in vitro [28].
Rad5 appears to promote this fork regression. However,
since competent replication checkpoint prevents such fork
regression, it is believed to be unlikely mechanism to mediate
this pathway [29]. Mutant Rad5 or ubc13 yeast strains lack
such error-free repair [13, 25]. PCNA monoubiquitylation
at K164 has been described across all eukaryotic cells, from
budding [13, 30] and fission yeast [31] to humans [18],
and includes chicken DT40 cells [32, 33] and Xenopus laevis
egg extracts [34]. This monoubiquitylation is seen during
normal replication in DT40 and mammalian cells [31, 32]. It
is induced by DNA damage in human cells, and is observed
only after DNA damage in budding yeast [13, 30]. PCNA
polyubiquitylation is clearly seen in yeast after DNA damage,
but has been difficult to demonstrate in mammalian systems,
and often requires over-expression of the E3 ligases to be
observed [22–24]. Evidence of the existence of an error-free
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Figure 2: PCNA polyubiquitination mediates an error-free repair believed to occur due to template switch. The factors that perform this
process are unknown. Holiday Junctions (HJs) appear be intermediates in this pathway [27].

TLS pathway mediated by PCNA polyubiquitylation is clearly
demonstrated in yeast, and such pathway is believed to exist
in higher eukaryotes including mammals. There appear to
be other E3 ligases besides Rad18 that could result in PCNA
monoubiquitylation, and although Rad18 is the major E3
ligase for PCNA monoubiquitylation post DNA damage, a
Rad18 independent monoubiquitylation has been described
[33]. A recent report revealed a contribution of the PCNA
binding E3 ligase CRL4 to PCNA monoubiquitylation, in
vitro and in vivo, in a steady state without DNA damage [35].
In preliminary experiments, we have observed that decreased
expression of the DNA repair, protein and E3 ligase Pso4
decreases PCNA monoubiquitylation (Shaheen and Hromas:
unpublished observation). Finally, PCNA monoubiquityla-
tion has also been noted in G1 phase of cell cycle in response
to ICL agents in a pathway that relies on NER and the TLS
polymerase Zeta [36].

3. The Sumoylation of PCNA in Response to
Fork Stalling

The Small Ubiquitin-like MOdifier (SUMO) is involved in
multiple cellular functions including nuclear transport, sig-
nal transduction, transcription, and genome stability [37]. It
has been shown that the ubiquitin and SUMO modifications
compete for the same attachment site on a common substrate
in certain circumstances, such as the case of the NF-κB
inhibitor IκBα, where sumoylation was found to counteract
the proteolytic effect of ubiquitylation [38]. In a screen for
sumoylated proteins, PCNA was identified as a target of this
modification [13]. PCNA from S. cerevisiae is sumoylated
primarily on K164, the same site as ubiquitination, during S
phase even in the absence of DNA damage. This is mediated
by the SUMO-specific E2 conjugating enzyme Ubc9 and the

SUMO E3 ligase Siz1. K127 on PCNA is also sumoylated
independently of Siz1 although not nearly to the same
extent as K164 [13]. The functional significance of PCNA
sumoylation is described only in budding yeast, and its role
in higher organisms is debatable. Although PCNA K164
sumoylation is seen in chicken DT40 cells [32] and Xenopus
laevis egg extracts [34], it has yet to be reported in human
cells. PCNA SUMO chains have been described but their
function is uncertain [30].

It was first suggested that PCNA sumoylation favors the
repair of fork blocking lesions by a mutagenic TLS pathway
over an error-free recombination based pathway. This is
shown through investigating the RAD6 pathway mutants
which are highly sensitive to various DNA-damaging agents,
but this sensitivity is partially rescued by blocking PCNA
sumoylation, in a manner dependent on homologous recom-
bination [30, 39]. A yeast antirecombination helicase (Srs2)
was identified as a suppressor of mutant Rad6 phenotype,
in a manner dependent on HR [40]. Subsequently, it
was shown that Srs2 binds sumoylated PCNA through its
sumo-interacting motif, and this may explain the function
of sumoylated PCNA during physiologic replication in
preventing deleterious hyper-recombination [41, 42]. The
lack of PCNA sumoylation leads to increased spontaneous
sister chromatid recombination during mitotic growth [41,
42]. A recent important yeast study [43] investigated the
required factors to form sister chromatid junctions (expected
to occur during template switching or HR) in the Rad18-
Rad5 mediated damage-bypass, and it identified the SUMO
conjugating enzyme Ubc9 and sumoylated PCNA as essen-
tial for this process, again dependent on Rad51 and so
potentially on HR [43]. This research suggested the presence
of two error-free pathways mediating lesion bypass: one is
mediated by template switching (which may or may not
involve recombination) and requires PCNA sumoylation
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and ubiquitination, and also it is genetically stable The
other pathway operates when the first pathway is defective,
and depends on Rad51 recombination and it is genetically
unstable, and could lead to chromosomal translocation [43–
45]. Another investigation demonstrated that sumoylation
of PCNA could interfere with its association with another
protein, Eco1 which is important for the establishment of
chromatid cohesion during replication [46]. Blocking PCNA
sumoylation partially rescues the temperature sensitivity of
some Eco1 mutants [47]. It is also believed that the binding
of the E2 SUMO ligase Ubc9 to PCNA-on a critical region
may block the binding of other PCNA interacting proteins
[12]. All the above may indicate that sumoylation of PCNA
also plays a key regulatory role in recombination and thus
genomic stability.

4. What Types of DNA Lesions Do Trigger
PCNA Modification?

PCNA ubiquitylation and sumoylation are triggered by a
wide variety of DNA lesions that block the replication fork,
such as the ones caused by alkylating chemicals (e.g., methyl-
methanesulfonate (MMS) and 4-nitroquinoline oxide),
bulky adducts such as benzo[a]pyrene dihydrodiol epoxide
(BPDE), hydrogen peroxide (which produces oxidative dam-
age), UV light (producing photoproducts) and ICL agents
[13, 30, 47]. Nucleotide depletion such as the one achieved
by hydroxyurea (HU), which causes a fork stalling and
subsequent collapse, can also induce PCNA modification.
However, HU is a weaker trigger of PCNA monoubiqui-
tylation when compared to ICL or alkylating agents [48].
PCNA modification is tightly connected to replication since
chemicals that cause direct DNA DSBs, such as bleomycin,
do not cause PCNA ubiquitination or sumoylation [47, 49].
The topoisomerase I inhibitor camptothecan does not trigger
PCNA ubiquitylation even though it blocks fork progression,
by collision with the camptothecin/Topo I complex [47, 49].
This led to the suggestion that the uncoupling of fork helicase
activity and polymerase movement is the actual trigger of
PCNA ubiquitylation [50]. This uncoupling creates ssDNA
that binds the Replication Protein A (RPA), which recruits
Rad18, to the stalled fork. RPA has been shown to be required
for TLS to proceed across multiple types of DNA lesions [44,
46]. Camptothecin triggers some PCNA ubiquitylation in S.
pombe [31], but this modification is minimally above the
normal S-phase ubiquitin signal that is seen in this organism.
Ionizing Radiation (IR) triggers PCNA ubiquitylation in
budding and fission yeast [30, 31] but not in mammalian
cells [18, 49]. As mentioned above, in S. cerevisiae, PCNA is
sumoylated in S phase without DNA damage while PCNA
ubiquitylation is noted during S phase in S. Pombe, and
higher eukaryotes including humans [13, 30, 31, 47, 49].

5. The Relation between PCNA Ubiquitylation
and the Kinetics of TLS

Traditionally, TLS is envisioned as an alternative replication
process by which the stalled fork can bypass a lesion. PCNA

ubiquitylation is imagined as facilitating this bypass by
recruiting low-fidelity polymerases. However, recent lines
of evidence suggest that PCNA ubiquitylation may play its
major role in filling in the gaps generated in PRR by utilizing
these TLS polymerases. One study, using 2-D gel and
electron microscopy to probe repair intermediates, revealed
that UV-irradiated S. cerevisiae cells uncouple leading and
lagging strand replication at irreparable UV lesions, thus
generating long ssDNA regions on one side of the fork [51].
Small ssDNA gaps accumulate along the replicated duplexes,
likely resulting from repriming events on both leading and
lagging strands. It was concluded that TLS and homologous
recombination factors counteract gap accumulation without
affecting fork progression [51]. Recent work revealed that
limiting the mutagenic or error-free pathways of TLS to
the G2/M phases of the cell-cycle promote efficiently lesion
tolerance indicating that both branches of the DNA damage
tolerance operate effectively after chromosomal replication,
outside S phase [52]. Another elegant study using an
inducible system of DNA damage bypass in S. cerevisiae
demonstrated that TLS occur predominantly during S-phase
but it is separable in time and space from genome replication
[53]. The same study found that both during and after
S phase, ultraviolet-radiation-induced lesions are bypassed
predominantly via error-prone translesion synthesis whereas
the error-free pathway functions as a backup system. The
process of bypassing the lesion itself may rely more on
other factors rather than on modified PCNA. For instance,
using the genetically tractable chicken cell line DT40, it
was shown that TLS at stalled replication forks requires
both Rev1 translesion polymerase-interaction domain and
ubiquitin-binding domain in its C terminus. Surprisingly,
however, PCNA ubiquitylation was not required to maintain
normal fork progression on damaged DNA. Conversely,
PCNA ubiquitylation was essential for filling PRR gaps [54].
Rev1 may recruit other essential TLS components through
its multifunctional domains required for lesion bypass. On
the other hand, it was demonstrated that the level of
Rev1 protein is extremely low during G1 and rises slowly
throughout early and mid-S phase but begins to increase
rapidly only in late S phase, reaching a maximum level
in G2. Its level is then maintained at a high intracellular
concentration throughout mitosis until after telophase [55].
DNA damage causes Rev1 to accumulate earlier in S phase
without significantly affecting the level reached in G2/M
phase. This is also suggestive of a role in PRR in G2 rather
than S phase, as would be predicted [55]. This cell cycle
regulation of Rev1 is seen mainly in yeast and has not
been demonstrated in higher eukaryotes. Notice that, Rev1
catalytic activity may be dispensable for TLS [56], and this
protein may play its major role in TLS as a scaffold that
attracts other TLS polymerases [57]. Overall, the picture is
still nebulous regarding the exact kinetics of TLS/PRR in
eukaryotes. Future studies may shed light on the detailed
mechanisms of lesion bypass.

With the sequence of events that build up at the stalled
fork, it was shown that Rad18 binds ssDNA [58], but this
binding is much weaker compared to the binding of RPA to
ssDNA. Thus, it appears that RPA recruits Rad18 to ssDNA
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[47]. Rad18 in turn binds directly to Rad6 [58, 59] to initiates
PCNA monoubiquitylation, and it also directly binds Rad5
[60], which together with MMS2/Ubc13 [16] mediate PCNA
polyubiquitylation. Fluorescence-based biophysical methods
revealed that mammalian Rad18 becomes immobilized in
nuclear foci only in S phase cells, and that its physical
association with Rad6 or Polymerase eta is appreciated only
in these foci upon DNA damage [61].

6. Other Functions of the Rad6/Rad18 in
DNA Repair

The 9-1-1 checkpoint clamp is a complex with structural
similarity of PCNA. It is implicated in signaling from ssDNA
at the stalled fork to the checkpoint proteins, particularly
Chk1, to activate the replication checkpoint [62, 63]. One
recent report identified 9-1-1 as a target of Rad6/Rad18
monoubiquitylation in budding yeast upon triggering DNA
damage [64]. This ubiquitylation is involved in control of
global gene regulation in a way reminiscent of the bacterial
SOS response to DNA damage which enhances DNA repair
gene transcription, translesion synthesis, and recombination
[64]. Rad18 was also shown to be recruited to sites of DNA
DSB probably through interaction of its Ubiquitin Binding
domain with ubiquitin chains deposited at the DSB site
[65]. It is shown that Rad18 contributes to homologous
recombination repair of DSB probably through direct inter-
action with the recombinase RAD51C [65]. Furthermore,
evidence implicates Rad18 in HR since chicken T40 deficient
in Rad18 show aberrant gene conversion (the main form of
HR) [66]. In addition, the HR pathway that gets activated
in the absence of rad18 is a defective one and may lead to
genetic instability [43, 66]. Rad18 appears to suppress an
NHEJ pathway when DSB is induced at the fork level to
promote repair by HR [67]. It seems from all the above
that Rad6/Rad18 play key roles in coordinating several DNA
damage response pathways through ubiquitylation of two
DNA clamps, PCNA and 9-1-1, as well as other unidentified
targets.

7. The Role of USP1 in PCNA Deubiquitylation

USP1 was identified in a screen for the ubiquitin protease
which mediates the removal of monoubiquitin from ubiqui-
tylated Fanconi anemia group D2 (Fancd2 is ubiquitylated
in response to fork stalling, and it contributes to TLS,
particularly in response to ICL lesions.) [68], Subsequently,
USP1 was identified as a deubiquitylating enzyme for
monoubiquitylated PCNA as well [48]. USP1 gets cleaved,
and subsequently degraded by the proteasome system in
response to UV light exposure, but not to alkylating or
cross-linking agents [48, 68]. It is believed that there is a
steady-state level of PCNA ubiquitylation by Rad6-Rad18
which is continuously antagonized by USP1, and when
USP1 level goes down post-UV exposure, this leads to
detectable PCNA ubiquitylation. Contrary to prediction,
USP1 deletion leads to DNA damage sensitivity [69], and
mice deficient in USP1 display DNA damage phenotype

reminiscent of Fanconi anemia [70]. This defective DNA
repair is associated with constitutively chromatin-bound
monoubiquitylated FANCD2. In contrast, persistent PCNA
monoubiquitylation has negligible impact on DNA repair
or mutagenesis [69]. The molecular mechanism of this
phenotype is uncertain. It is worth mentioning that PCNA
ubiquitylation occurs earlier after UV light than that after
chemical exposure, and it persists for a long time (at least
48 hours) after a single exposure to different DNA damaging
agents ([48, 49], and our observation).

8. Does the Replication Checkpoint
Activate PCNA Ubiquitylation?

The replication checkpoint gets activated in response to
situations that cause replication fork stalling in S phase.
ATR (Ataxia Telangiectasia and Rad3-related) protein plays
a central role in activating this checkpoint. The exposed
ssDNA at the fork recruits RPA, which, in turn, recruits
ATRIP (ATR-Interacting Protein), and that brings in ATR,
which phosphorylates and activates Chk1 [62, 63]. The
PCNA-like replication clamp (the 9-1-1 complex), whose
loader interacts with RPA, also contributes to ATR and
Chk1 activation. ATR and Chk1 phosphorylate multiple
proteins to among other functions stabilize the stalled fork,
suppress the late-firing origins of replications, halt cell cycle
progression, and induce repair pathways, [62, 63]. In yeast
and lower eukaryotes, it has been shown that this checkpoint
activation does not alter the status of PCNA ubiquitylation
[31, 47, 50]. In other words, checkpoint activation in yeast
could be prevented by suppressing ATR or Chk1 without
impacting PCNA ubiquitylation in response to fork stalling.
In mammalian systems, the picture is less clearer. One report
demonstrated 60% reduction in PCNA monoubiquitylation
triggered by chemical DNA damage when ATR or Chk1
levels were reduced by siRNA [20]. Another study failed
to show a change in the PCNA-monoubiquitin level upon
reducing ATR levels [49], but did find a reduction when
RPA was reduced. Thus, RPA appears to be instrumental
for PCNA ubiquitylation to be induced [47, 49]. PTIP/Swift,
an adaptor protein for the checkpoint kinases ATM and
ATR, appears to contribute to PCNA ubiquitylation in
human cells and X. laevis egg extracts since depletion of
PTIP/Swift results in a reduction in this modification [71].
The cell cycle inhibitor p21 binds PCNA, and its down-
regulation is required for PCNA monoubiquitylation upon
DNA damage [72]. On the other hand, a contradictory
study showed that depleting p21 or p53 results in a decrease
in PCNA monoubiquitylation post-UV exposure [73]. The
mechanisms of these conflicting effects are unknown, but it is
worth mentioning that one of these two studies exogenously
over-expressed p21 and this could have contributed to
the difference in outcome [72]. One report indicated that
replication checkpoint proteins are dispensable for TLS to
proceed in yeast [74]; however, if there is a deficiency of NER,
then repair of ssDNA lesions is heavily tilted toward TLS,
and checkpoint proteins enhance the repair by TLS in this
situation [74, 75].
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9. Summary and Future Directions

Research in TLS/PRR has progressed through multiple stages
over the past 5 decades, from its description in bacteria and
then eukaryotes, to discovering its mechanisms in bacteria
and yeast. A key step in this field was the identification
of Rad6 as essential for TLS in eukaryotes. This led to
the report [13] that described the fundamental role of the
Rad6 group in ubiquitylating PCNA. The identification of
PCNA posttranslational modifications opened the door for
a cascade of other studies into the role of modified PCNA in
TLS and the mechanism of that. However, there are questions
that remain to be answered about the details of the error-
free pathway of TLS, and the timing of events that take
place at the stalled fork. There is no doubt that ongoing
research in this area will come up with explanations for
all these questions that may or may not agree with current
predictions. It is noteworthy to mention that research in this
field has also enriched our understanding of the mechanisms
of mutagenesis, and the implications of that in carcinogenesis
and cancer therapy.
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Werner syndrome is a rare disorder that manifests as premature aging and age-related diseases. WRN is the gene mutated in WS,
and is one of five human RecQ helicase family members. WS cells exhibit genomic instability and altered proliferation, and in
vitro studies suggest that WRN has a role in suppressing homologous recombination. However, more recent studies propose that
other RecQ helicases (including WRN) promote early events of homologous recombination. To study the role of WRN helicase on
spontaneous homologous recombination, we obtained a mouse with a deleted WRN helicase domain and combined it with the in
vivo pink-eyed unstable homologous recombination system. In this paper, we demonstrate that WRN helicase is not necessary for
suppressing homologous recombination in vivo contrary to previous reports using a similar mouse model.

1. Introduction

Werner syndrome (WS) is a rare autosomal recessive disease
associated with premature age-related phenotypes such as
cancer, osteoporosis, diabetes mellitus and early graying of
the hair (review [1]). The gene responsible for WS (WRN) is
one of a five human RecQ helicases including BLM, RECQL1,
RECQL4, and RECQ5. Like WS, the absence of BLM and
RECQL4 gives rise to the clinically distinct diseases, Bloom’s
syndrome (BS) and Rothmund-Thomson syndrome, respec-
tively. Although a variety of different WRN mutations have
been discovered, many result in a truncated nonfunctional
WRN (summarized in [2]). Cells from WS patients depict an
aging phenotype including reduced proliferation associated
with an increase in S-phase [3] and early passage senescence
[3, 4]. Furthermore, WS cells show increased levels of
genomic instability thought be caused from increased levels
of illegitimate recombination. These observations lead us to
investigate the role of WRN in vivo.

For this study we used a WRN mouse model with a
deleted helicase domain [5] in combination with the well-
established murine pink-eyed unstable (pun) mouse model

that can be used to determine changes in the spontaneous
frequency of somatic homologous recombination (HR)
events [6–8]. Though rare, this particular Wrn mutation has
been found in a small population of WS patients [9, 10] and
is therefore relevant to the human disease. The pun assay is
based on an HR-mediated deletion of one copy of a 70 kb
DNA duplication that encompasses exons 6–18 of the p
gene [11]. The exact deletion of one copy of the repeated
region will restore the function of this pigmentation gene,
and this can be observed as somatic events in pigmented
tissues such as the fur and the retinal pigment epithelium
(RPE) [8, 12]. The further development of the pun eye spot
assay which identifies pun reversion events on a monolayer of
clear RPE cells has proven to be significantly more sensitive
and informative than the fur spot assay [6].

Studies in yeast using a similar duplication/deletion assay
to the pun reversion assay have identified several possible
mechanisms of HR that may mediate this type of deletion
event. These include intrachromatid exchange, one-sided
strand invasion, unequal sister chromatid exchange (SCE),
sister chromatid conversion, and single-strand annealing
(SSA) [13]. Excluding SSA, each of these HR mechanisms
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Figure 1: HR-mediated reversion of the pun allele. Schematic of the
pun mutation (tandem duplication of exons 6–18), where an HR
event mediates the deletion of one copy rendering a functional p
gene allowing pigmentation of RPE cells. Circles and arrowheads
represent centromere and telomere DNA, respectively.

is considered RAD51-dependent. RAD51-dependent HR is
considered a high fidelity DNA repair mechanism that is
frequently associated with DNA replication (review [14]).
For example, replication forks can stall or collapse when
the replication machinery encounters DNA damage like a
single strand break, and HR is capable of repairing the
damaged DNA template and restoring the replication fork
[15]. Claybon et al. recently reported that in the absence
of PARP1, somatic HR events, measured by the pun system,
are highly elevated and that a majority of these events were
large clonally expanded cells [16]. These authors went on to
suggest that these clonally expanded populations of cells are
the result of an HR-mediated deletion that occurred during
replication, probably in a RAD51-dependent mechanism (as
compared to SSA). The utility of the helicase domain of
mouse WRN is discussed below.

2. Materials and Methods

2.1. Mouse Lines and PCR Genotyping. WRN helicase mutant
(WrnΔhel/+) [5] mice on an FVB strain background were
obtained from Dr. P. Leder, and C57BL/6J and C57BL/6J
pun/un mice were obtained from the Jackson Laboratory
(Bar Harbor, ME). In order to obtain congenic C57BL/6J
pun/unWrnΔhel/+ mice (hereafter called WrnΔhel/+), WrnΔhel/+

mice were backcrossed 5 times to C57BL/6J followed by
two additional crosses to C57BL/6J pun/un mice. All mice
were maintained with pun/un mutation. Control (Wrn+/+)
and experimental (WrnΔhel/Δhel) animals result from cross-
ing WrnΔhel/+mice together. The pun/un allele was geno-
typed by the identification of the phenotypic dilute coat
color. Genotypes for the Wrn allele were determined by
a PCR amplification protocol obtained from Aya Leder,
Harvard Medical School, MA consisting of the follow-
ing 3 primers: (1) 5′-GTTTCCTCTATCATCTGTAACAGG-
3′, (2) 5′-GCGAAGGAGCAAAGCTGCTAT-3′ and (3) 5′-
AGTGAGACATGTATGACTACC-3′ and the thermo profile:
1 cycle of 94◦C for 5 min; 30 cycles of 94◦C for 30 s, 60◦C
for 30 s, and 72◦C for 1 min; 1 cycle of 72◦C for 3 min.
Amplicon size for the wt PCR product is 350 bp and Wrn
mutant 450 bp. When necessary, genomic DNA was isolated

from fixed RPE using the Qiagen DNeasy Blood and Tissue
kit according to manufacture’s recommendations.

2.2. Dissection, Visualizing, and Scoring Eye Spots on the Reti-
nal Pigment Epithelium. Harvesting of the eye and dissection
of the RPE were carried out as previously described in [7].
RPE whole mounts were visualized and imaged using a
Zeiss Lumar V.12 stereomicroscope, Zeiss Axiovision MRm
camera, and Zeiss Axiovision 4.6 software (Thornwood,
NY). pun reversion events were identified on the transparent
monolayer of the RPE as pigmented cells or eye spots. Total
number of eye spots and number of cells making up that eye
spot were recorded for each RPE according to the criteria set
forth by Bishop et al. in [7]. Additionally, the relative distance
from the optic nerve of each eye spot was recorded. This was
done by using the measurement tool in Adobe Photoshop,
by first measuring from the center of the optic nerve to the
proximal edge of the eye spot and then from the center of the
optic nerve to the edge of the RPE. The relative distance is
then determined by dividing the former by the latter.

2.3. Statistical Analysis. All statistics were carried using
GraphPad Prism (La Jolla, CA). These include tests for nor-
mality (Shapiro-Wilk test), equal variances (Fmax test), two
group comparisons (Mann-Whitney test), and contingency
tables (Fisher’s exact test).

3. Results

3.1. Loss of WRN Helicase Activity Does Not Affect the
Overall Frequency of Spontaneous Homologous Recombination
in Mouse RPE In Vivo. The frequency of spontaneous HR
for mice with helicase domain-deficient WRN protein was
previously reported as being increased 2-fold using the pun

fur spot assay [17]. Though the pun fur spot assay can
be considered a faithful assay for measuring HR frequency
in vivo, the puneye spot assay affords many advantages,
including being more sensitive to changes in HR frequency
[8] and can reveal information about the timing of events
during development [7], developmental patterning [18], and
even information about whether the HR events are associated
with replication [16]. Therefore, we set out to recapitulate
the fur spot study and to determine whether we might be
able to reveal any additional phenotypes associated with the
WRNΔhel HR events. Surprisingly, when we compared the
number of eye spots per RPE in Wrn+/+ versus WrnΔhel/Δhel

(Table 1 and Figure 2(a)), we were unable to detect a signif-
icant increase in the overall frequency of HR events (P =
.35, Mann-Whitney test) (Figure 2(b)). The nonparametric
Mann Whitney test was used because our data was found
to be not normal (data not shown) with unequal variances
using a Fmax test (P < .0001). Of interest, the variance
within the Wrn+/+ RPE was larger than expected due to
three RPEs with higher than usual numbers of reversion
events. To determine whether the lack of difference in HR
frequency between Wrn+/+and WrnΔhel/Δhel was due to the
wild-type RPE with elevated HR frequency, we compared the
frequency of eye spots of our WRN wild-type RPEs with an
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Table 1: Summary of RPE examined and pun reversion frequency
by Wrn genotype.

Genotype Number of
RPE

Total
number of
eye spots

Avg.
number of
eye spots
per RPE

Avg. eye
spot size
(cell
number)

Wrn+/+ 53 522 10 6

Wrn Δhel/Δhel 20 152 8 4

independent wild-type data set that was recently reported by
our laboratory [16]. No statistical difference in pun reversion
frequency was observed between these two groups of wild-
type RPE (data not shown). We therefore combined these
wild-type datasets, compared their combined pun reversion
eyespot frequency with Wrn�hel/�hel, and still did not observe
any statistical difference between genotypes (Figure 2(b)).
Therefore, it appears that WRN helicase activity is not
required for HR, and no additional HR events are instigated
by the WRN mutation.

3.2. Single- and Multicell Eye Spots in Mouse RPE Are Not
Affected by WRN Helicase. We classify eye spots as having
either single (1 cell) or multi-cell (≥2 cells) events [8].
Due to the edge-biased proliferation of the RPE [19] and
the apparent “position shift” between single-cell and multi-
cell eye spots [7], we speculate that multi-cell (clonally
expanded) pun reversion events are associated with DNA
replication (discussed below). Approximately 60% of eye
spots are normally single cell events. Even though we did not
observe an overall difference in HR frequency, we wanted to
see if WRN helicase activity affected the clonal expansion of
pun reversion events. Here we found no significant difference
between single versus multi-cell eye spots when comparing
Wrn+/+ versus WrnΔhel/Δhel RPE (P = .39, Fisher’s exact test
Figure (3)). These data indicate that the helicase activity of
WRN does not affect clonal expansion of mouse RPE cells
following HR.

3.3. Distribution of HR Events during RPE Development Is
Not Affected by WRN Helicase Mutation. The mouse RPE
develops radially outward from the optic nerve with an edge-
biased pattern of proliferation [19]. The RPE begins to form
in the developing eye cup at∼8.5 dpc and continues through
the first week of postnatal development [20, 21]. Much like
the age of a tree that can be determined using its concentric
rings, the retrospective mapping of an eye spot onto an RPE
suggests when during development a pun reversion event
occurred [7]. Previously we have reported mutant genotypes
that affected either the timing of pun reversion events during
RPE development or the pattern of RPE development by
examining eye spot patterns [6, 18]. In order to determine
if WRN helicase function has a role in HR at a specific point
during murine development, each RPE was divided into 10
concentric rings where the inner most ring contains the optic
nerve depicting the beginning of RPE development (0.0-0.1)
to the outer most ring at the edge of the RPE (0.9-1.0).
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Figure 2: Frequency of HR in mouse RPE. (a) Population
distribution of eye spots per RPE in wild-type (open boxes) and
WrnΔhel/Δhel (grey boxes). (b) Overall frequency of eye spots per RPE
shown as a box and whisker plot. No statistical difference in HR was
detected between wild-type and WrnΔhel/Δhel groups (P = .35).

At each interval, the pattern of positional distribution was
similar for both Wrn+/+ and WrnΔhel/Δhel for all eye spots
(P = .22, Chi-square test, Figure 4). Of note, the positional
analysis of the eye spots measures the distance from the
center of the optic nerve to the most proximal cell of an
eye spot, irrespective of the number of cells that constitutes
the eye spot. These results suggest that the effect of the
WRN helicase mutation on HR does not alter the timing or
distribution of pun reversion events during mouse RPE.

4. Discussion

In summary, mice expressing a helicase-deficient Wrn allele
did not have an increase in the frequency of spontaneous HR.
Our results differ substantially from earlier work done using
this same mouse model with the less sensitive pun fur spot
assay which observed at least a 2-fold increase in pun rever-
sion events [17]. In our experience we have never observed
a discrepancy in pun reversion frequency between the neural
crest-derived melanocyte-dependent fur spot assay and the
neural epithelium-derived RPE-based eye spot assay.
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Figure 3: Frequency of the different sizes of eye spot (number of
cells per eye spot) in mouse RPE. WrnΔhel/Δhel (grey boxes) does
not affect cell size distribution compared to wild-type (open boxes)
(P = .39).
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Figure 4: Positional distribution of all eye spots. WRN helicase does
not affect positional or pattern distribution (P = .22). Wild type
(open circles with dash line) and WrnΔhel/Δhel (closed circles with
solid line) RPE.

However, it should be noted that we have not examined
the frequency of pun fur spots in our C57BL6/J congenic
animals, and it is formally possible that the difference may
be due to difference in strain background. Our result also
differs from a more recent report using the pun eye spot
assay with the expression of a transgenic dominant negative
human WRN allele [22]. This latter report observed a 30%
increase in eye spots (from an average of 6 to 8 eye spots
per RPE in wild-type and WRN impaired, resp.), a relatively
slight, though significant increase for the pun eye spot assay,
that could be simply explained by sample size; Yamamoto
et al. [22] used approximately 50 RPE per group compared
to our 20 RPE. Alternately, the difference could be due to a
difference in using a mouse helicase deficient Wrn mutant
mouse and a mouse model that expressed a transgenic
dominant negative allele of human WRN.

The pun fur spot assay is reliant upon detecting large
clonal expansions of melanocytes following pun reversion
that are visible in the fur (at least 1 mm2). In contrast, the
pun eye spot assay can detect both single cell and clonally
expanded (multi-cell) reversion events. Additionally, the pun

eye spot assay can be used to determine any differences in
the timing of HR events during embryonic development. In
this study we found that the helicase activity of mouse WRN
does not affect the frequency of single versus multi-cell events
and nor does it affect the timing of spontaneous HR events
during mouse embryonic development.

Although WS cells are described as having genomic
instability, there is some discrepancy as to the role WRN plays
in HR. In support of WRN as a suppressor of illegitimate HR,
WS patients exhibit variegated chromosomal translocations
[23], elevated recombination levels between microhomology
plasmids [24], approximate 2-fold increase of RAD51 focus
formation [25], and sensitivity to agents that lead to
replication stress [5, 26–28]. Additionally, WRN is known to
associate with proteins tied to replication machinery like RPA
[29–32], PCNA [33–35], Polδ [36, 37], and RAD52 [38]. In
contrast though, WS cells do not have elevated amounts of
SCE which are the hallmark of BS [39].

More recent studies have begun to show that RecQ
helicases (e.g., WRN) promote HR via mechanisms like
DNA resection. Following double-strand breaks (DSBs), the
helicase domain of Sgs1 (yeast RecQ orthologue of WRN)
is required for resection of DNA ends to produce single
strand DNA substrates for RAD51 [40, 41]. Additionally,
the helicase function of Sgs1 is required for normal kinetics
of HR at the MAT locus, and yeast mutants for Sgs1 and
Exo1 nuclease exhibit sensitivity to DNA damaging at similar
levels to Rad52 mutants (which are diminished for HR
repair) [42]. These same authors subsequently went on to
demonstrate that the RecQ helicase BLM also has some DNA
resection functions following Camptothecin-induced DSBs
and that BLM function of DSB resection is in parallel with an
EXO1-dependent pathway [42]. A separate study investigated
the role of WRN following exposure to chromium(VI), an
agent known to induce DSBs, and found that chromium(VI)
treated human cells depleted of WRN and WS cells had
delayed or absent RAD51 focus formation [43]. This study
again suggests that WRN is important for promoting HR,
potentially in early steps of this process (e.g., initiation via
resection) following DNA damage. Unlike the other human
RecQ helicase members, WRN also has exonuclease activity,
so understanding which enzymatic function of WRN is
involved in promoting HR is valuable to our knowledge of
this protein, as well as insightful to the syndrome. As it
pertains to this study, we found that the helicase function of
WRN is neither necessary for, nor suppresses spontaneous
HR. With regard to other RecQ helicases, we recently found
HR to be significantly elevated in the absence of BLM using
the pun eye spot assay (data not shown). Considering the lack
of effect observed in our study, and only a mild suppressive
effect in the Yamamoto et al. study [21] compared to
a deficiency in BLM (data not shown), it would appear
that WRN only plays a minor role in suppressing HR,
possibly the result of redundancy amongst the different RecQ
family members. Together, these studies give insight into the
potential differences between two of the known five human
RecQ helicases and suggest that future studies are warranted
to better understanding the functions of WRN (and BLM) in
HR.
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Several enzymes of the metabolic pathways responsible for metabolism of cytosolic ribonucleotides and deoxyribonucleotides
are located in mitochondria. Studies described in this paper suggest dysfunction of the mitochondria to affect these metabolic
pathways and limit the available levels of cytosolic ribonucleotides and deoxyribonucleotides, which in turn can result in aberrant
RNA and DNA synthesis. Mitochondrial dysfunction has been linked to genomic instability, and it is possible that the limiting
effect of mitochondrial dysfunction on the levels of nucleotides and resulting aberrant RNA and DNA synthesis in part can be
responsible for this link. This paper summarizes the parts of the metabolic pathways responsible for nucleotide metabolism that
can be affected by mitochondrial dysfunction.

1. Introduction

Mitochondria are semiautonomous organelles present in
almost all eukaryotic cells in quantities ranging from a
single copy to several thousand per cell. Important mito-
chondrial functions include ATP production by oxidative
phosphorylation, β-oxidation of fatty acids, and metabolism
of amino acids and lipids. Furthermore, mitochondria have
a prominent role in apoptosis. Mitochondrial dysfunction
has been linked to genomic instability, and mutations in
mitochondrial DNA (mtDNA) have been shown in a wide
array of tumors [1, 2].

The focus of this paper is on the consequences of
mitochondrial function for metabolism of cytosolic ribonu-
cleotides and deoxyribonucleotides. Several of the rate-
limiting steps of these metabolic pathways take place in
the mitochondria and can be affected by the fitness of the
organelle. Disturbance of mitochondrial function therefore
has the potential to affect the cytosolic levels of ribonu-
cleotides and deoxyribonucleotides, which in turn can affect
the genomic stability.

Where deoxyribonucleotides are exclusively destined
for DNA synthesis in the form of deoxyribonucleotides

triphosphates (dNTP), ribonucleotides have a multitude
of uses in RNA synthesis in the form of ribonucleotide
triphosphates (rNTP), as chemical energy transporters in
the form of adenine-5′-triphosphate (ATP) and to form the
basis of second messenger molecules. Disruption of the intra-
cellular levels of deoxyribonucleotides or ribonucleotides is
unfavorable for the cell. Imbalance of the dNTP pools can
induce a variety of genetic changes such as base substitutions,
frameshift mutations, delay of replication fork progression
and DNA replication, as well as increase the frequency of
fragile sites [3–9]. Decreased levels of rNTP pools inhibits
RNA synthesis, likely by inhibiting the initiation frequency
of RNA polymerase I, and thereby inhibiting the synthesis
of rRNA [10]. Furthermore, inhibition of purine and
pyrimidine synthesis induces a potentially p53-mediated cell
cycle arrest and inhibits proliferation, which ultimately leads
to increased cytotoxicity [11–14].

The total number of genes encoding mitochondrial pro-
teins is estimated to 1013 [15]. Mitochondria contain their
own autonomous genome, which encodes 13 polypeptides.
The remainder is encoded by nuclear DNA and imported
into mitochondria. Mitochondrial dysfunction can therefore
be the result of mutations in either the mitochondrial or
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nuclear genome. Mitochondria are enclosed by a double-
membrane where the electron transport chain (ETC) main-
tains an electrochemical potential gradient between the inter-
membrane space and the matrix of the mitochondria. The
ETC is constituted of four membrane bound enzyme com-
plexes (complex I-IV) and two electron carriers (ubiquinon
and cytochrome c) and is located in the inner membrane of
the mitochondria. The electrochemical gradient is utilized by
the ATP synthase (complex V) to generate ATP by oxidative
phosphorylation.

The 13 polypeptides encoded by mtDNA constitute
critical subunits of the ETC and ATP synthase [16, 17].
Mitochondrial dysfunction resulting from mutations in the
mitochondrial genome therefore affects the function of the
ETC, the electrochemical gradient and the generation of ATP
by oxidative phosphorylation whereas mitochondrial dys-
functions caused by mutations in nuclear encoded proteins
can affect all mitochondrial processes.

Several studies have demonstrated a correlation between
different types of mitochondrial dysfunction and aberrant
synthesis of cytosolic ribonucleotides and deoxyribonu-
cleotides [18–21]. In the following, we will review mito-
chondrial pathways that are involved in the metabolism of
cytosolic ribonucleotides and deoxyribonucleotides. Exempt
from this paper is any direct link between aberrant produc-
tion of ATP from oxidative phosphorylation and synthesis
of cytosolic ribonucleotides and deoxyribonucleotides. Most
metabolic pathways are dependent on ATP and a review of
these processes in response to an insufficient ATP synthesis is
outside the scope of this paper.

2. Dihydroorotate Dehydrogenase
Links Mitochondria to the de novo
Pyrimidne Biosynthesis

The flavoenzyme dihydroorotae dehydrogenase (DHOD-
Hase) catalyzes the conversion of dihydroorotate to orotate
by oxidation, making DHODHase an integral step of the
de novo synthesis of pyrimidines. Subsequent catalytic steps
convert orotate into uridine monophosphates which can be
further converted to UTP and CTP, and ultimately, dTTP
and dCTP. DHODHase is located in the inner membrane
of the mitochondria with the active site facing the inner
membrane [22]. DHODHase is functionally connected to the
ETC by a flavin prosthetic group that couples dihydroorotate
oxidation to respiratory ubiquinone reduction [23]. From
ubiquinol, the reduced form of ubiquinone, the flow of
electrons continues through the ETC (see Figure 1).

As a result of the connection between DHODHase and
the ETC, it has been suggested that any dysfunction of the
ETC-lack of oxygen, presence of inhibitors or mutations of
complex III and IV, would entail impairments of the de novo
UMP synthesis and a subsequent decrease in the de novo
synthesis of pyrimidines and, thereby, the cytosolic ribonu-
cleotide pool [24]. Along this line, it has been suggested that
mitochondrial dysfunction will lead to an imbalance of the
cytosolic dNTP pool caused by inhibition of the DHODHase
[25]. The relationship between DHODHase and the ETC

has been described using the two ETC inhibitors, rotenone
and sodium cyanide, on mitochondria isolated from rat
liver, kidney, and heart. Rotenone inhibits the transfer
of electrons from complex I of the ETC to ubiquinone
whereas sodium cyanide inhibits complex IV. In isolated
mitochondria, treatment with sodium cyanide abolishes the
activity of DHODHase while treatment with rotenone does
not seem to have an effect [24]. This indicates that only
an inhibition or impairment of the complexes of ETC that
causes a build up of ubiquinol has an inhibitory effect on
the DHODHase. A functional ETC is not only necessary
for correct function of DHODHase, but also for correct
localization of the protein. DHODHase is encoded by nDNA
and the import into the membrane of the mitochondria is
dependent on a targeting signal in the N-terminal segment
of the protein. It has been demonstrated that import of rat
DHODHase into yeast mitochondria was abolished by an
uncoupling of the mitochondrial membrane indicating the
requirement of a membrane potential for correct positioning
of DHODHase [26].

The importance of a functional DHODHase for the de
novo synthesis of pyrimidines is emphasized by the effect
of inhibitors of DHODHase. Leflunomide and brequinar
are two examples of DHODHase inhibitors that bind to
the quinone-binding site of DHODHase, thereby, blocking
interaction between ubiquinone and the flavin prostethic
group of DHODHase [27]. Treatment of human lympho-
cytes with leflunomide or brequinar arrests the cells in G1
phase and inhibits both RNA and DNA synthesis [28–30].
The inhibitory effects are suppressed by addition of uridine,
which can be salvaged to UMP whereby the de novo synthesis
of pyrimidines is bypassed. Treating the human leukemic
cell line CCRF.CEM with leflunomide or brequninar cause
a significant reduction in the levels of CTP and UTP, while
the levels of purine nucleotides are unaffected after treatment
with lefunomide or increased after treatment with brequinar
[31].

Chloramphenicol is an antimicrobial agent that inhibits
mitochondrial protein synthesis [32]. Treatment of cells
with chloramphenicol therefore mimics an mtDNA induced
mitochondrial dysfunction and impaired ETC activity. Treat-
ment of chick embryo cells with chloramphenicol inhibits
activity of DHODHase as well as cell growth [33]. Growth
of Ehrlich Ascites tumor cells under hypoxic conditions
inhibited the ETC and caused reduced activity of the
DHODHase and resulted in a G1 arrest [34]. For both the
chloramphenicol treated chick embryo cells and hypoxic
Ehrlich Ascites tumor cells, growth inhibition was reversed
by addition of pyrimidines to the growth media. This
indicates that mitochondrial dysfunction affecting the ETC
has an inhibitory effect on DHODHase activity that is
comparable to inhibition with leflunomide or brequinar.
This conclusion is substantiated by the fact that cultured
mammalian cells devoid of mtDNA are auxotrophic for
pyrimidines and must be routinely grown in the presence of
a uridine supplement [21].

An inhibition of DHODHase has been demonstrated
to result in decreased levels of pyrimidne ribonucleotides
and has been proposed to result in imbalanced dNTP
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pools [24, 25]. The activity of DHODHase is coupled to
the activity of ETC and mitochondrial dysfunctions affecting
the activity of the ETC is therefore likely to affect the
activity of the DHODase and the de novo synthesis of
pyrimidine ribo- and deoxyribonucleotides. In concordance,
we have previously demonstrated the human cancer cells
depleted of mtDNA had lowered dNTP levels when com-
pared with parental cell lines with functional mtDNA [18].
Furthermore, unpublished data indicates that a leflunomide-
mediated inhibition of DHODHase in a human cervical
cancer cell line results in decreased levels of dTTP and dCTP
(data not shown). It is therefore possible that damage to the
ETC can affect the cytosolic levels of pyrimidine nucleotides
through the activity of the DHODHase.

3. Mitochondrial Production of One-Carbon
Units Links Mitochondria to the de novo
Purine Biosynthesis

Serine is a major source of one-carbon units required for
the synthesis of glycine, thymidylate, methionine, several
methylation reactions, and, most important for this paper,
purine synthesis (see Figure 1). In mammals, serine is
derived from the diet and is synthesized from glycolysis via 3-
phosphoglycerate. Serine is reversibly converted into glycine
in a process catalyzed by serine hydroxymethyltransferase
(SHMT) [35]. There are two isoenzymes of SHMT, a
cytosolic (cSHMT) and a mitochondrial (mSHMT) [36]. It
is generally believed that the process catalyzed by mSHMT
is the primary pathway for conversion of serine to glycine.
This is substantiated by studies using Chinese Hamster
Ovary (CHO) cells where loss of mSHMT activity was
demonstrated to result in an accumulation of intracellular
serine leading to a 15-fold higher serine concentration.
Nevertheless, the net flux through cSHMT was still in the
direction of serine synthesis [37]. Furthermore, CHO cells
deficient in mSHMT activity are glycine auxotrophs [38],
and the auxotrophy can be suppressed by transfection with a
human version of mSHMT, suggesting that the primary role
of mSHMT but not cSHMT is to generate glycine [39].

During the mSHMT catalyzed conversion of serine to
glycine, a methyl group is transferred from serine to tetrahy-
drofolate (THF), yielding glycine and 5,10-methylene-
THF [35]. Within the mitochondrial compartment, 5,10-
methyleneTHF is converted into formate in a series of
enzymatic conversions initiated by the conversion of 5,10-
methylene-THF into 5-methyl-THF and subsequently into
10-formyl-THF, in NAD+-dependent reactions catalyzed
by the bifunctional enzyme methylene-THF-dehydrogenase.
10-formyl-THF is converted into formate in a reaction
catalyzed by 10-formyl-THF-synthase and formate can be
exported from mitochondria to the cytosol, where it is
converted back to 10-formyl-THF in an ATP dependent
reaction catalyzed by 10-formyl-THF-synthetase. Cytosolic
10-formyl-THF is an essential one-carbon unit donor for
the de novo synthesis of purine nucleotides, requiring 2
moles of 10-formyl-THF per mole of purine ring formed
Reviewed in [40, 41]. The role of mitochondrial formate is

demonstrated using radioactive labeled variants of formate
and serine in murine fibroblasts and human breast cancer
cells. Labeled one-carbon units could be traced into both
RNA and DNA and their origin could be traced to originate
from serine imported to the mitochondria and exported as
formate [19, 42].

The contribution of mitochondrial formate to purine
synthesis is not existing in all cell types. The rate limit-
ing enzyme methylene-THF-dehydrogenase is expressed in
transformed and embryonic cell lines as well as undifferenti-
ated cells from bone marrow, thymus, and spleen but not in
differentiated tissue from brain, heart, skeletal muscle, liver,
or kidney where the mitochondrial production of formate
therefore is absent [43]. Even though a supply of mitochon-
drial produced formate is not necessarily an indispensible
carbon source for purine synthesis, a blocked production
of formate is demonstrated to inhibit cell-cycle progression
in mouse fibroblasts and in phytohemagglutin stimulated
splenocytes accompagnied by significant decreases in both
cellular deoxyribonucleotide and ribonucleotide pools [19,
20]. Furthermore, mouse embryos that do not express
methylene-THF-dehydrogenase and therefore are unable to
generate mitochondrial formate are not viable [44], under-
lining the importance of the mitochohondrial production for
formate on nucleotide synthesis in exposed cells.

The proteins necessary for mitochondrial production
of one-carbon units and export of formate are all nuclear
encoded. This eliminates the possibility of any direct involve-
ment of mitochondrial encoded proteins in this pathway. It
is, however, possible that mutations of the mitochondrial
genome that will result in a decreased function of the ETC,
turnover of intermediates or the production of ATP can
have an indirect effect on the mitochondrial production of
one-carbon units and formate export. Loss of mtDNA and
resulting damaged ETC has been argumented to cause a
decrease in mitochondrial NADH oxidation to NAD+ and a
resulting inhibition on mitochondrial processes dependent
on NAD+ [45]. Since methylene-THF-dehydrogenase is a
NAD+-dependent enzyme, lack of NAD+ could limit the
production of mitochondrial formate, and it is therefore
possible that loss of mtDNA indirectly can influence the
production of mitochondrial formate and thereby cytosolic
purine synthesis. By comparing human osteosarcoma cells
devoid of mtDNA with their parental mtDNA containing
cells, it was found that both cell lines grew equally well in
complete and glycine-deficient media, demonstrating that
the cells without mtDNA were not glycine auxotrophs [19].
This indicates that loss of mtDNA does not abolish purine
synthesis, however, it does not remove the possibility that loss
of mtDNA limits the production of mitochondrial formate
and results in lowered levels of cytosolic purine levels.

4. Mitochondrial Production of Nitric Oxide
Indirectly Affects the Nucleotide Metabolism

Nitric oxide (NO) is an uncharged and highly diffusible
inorganic signal molecule with a wide variety of roles in
the organism. Mitochondrial nitric oxide synthase (mtNOS)
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Figure 1: Overview of metabolic pathways responsible for nucleotide metabolism that can be affected by mitochondrial dysfunction.
The illustration depicts the outer and inner mitochondrial membrane. Complexes of the electron transport chain are illustrated with
boxes marked with numerals I-IV. Boxes marked with V depict ATP synthase. Darkened boxes illustrate enzymes of interest. Upper left:
Dihydroorotate (DHODHase) is an integral enzyme in the de novo synthesis of pyrimidines. The enzyme is located in the inner mitochondrial
membrane and its activity is dependent on an active electron transport chain. Upper right: Mitochondrial nitric oxide synthase (mtNOS)
creates NO in a Ca2+ dependent reaction. The enzyme is located in the inner mitochondrial membrane where it interacts with both complexes
I and IV of the electron transport chain. The activity of mtNOS is linked to the mitochondrial membrane potential. NO has the potential
to inhibit the activity of Complexes I, III, and IV, but also ribonucleotide reductase in the cytosol. Lower: Illustration of the mitochondrial
production of one-carbon units and mitochondrial export of formate. See text for details.

is a constitutively expressed nuclear encoded enzyme that
generates NO in a Ca2+-dependent reaction. Furthermore,
judging from proven properties of other nitric oxide syn-
thases, production of NO by mtNOS is likely regulated by
acetylation and phosphorylation of the enzyme [reviewed
in 46]. MtNOS is located in the inner membrane of the
mitochondria, [46] where it physically interacts with both
complexes I and IV of the ETC (See Figure 1) [47, 48]. NO
has at sub-micromolar concentrations been demonstrated to
act as a competitive inhibitor of complex IV and to inhibit
electron transport at complex III. Furthermore, complex I is
inhibited after long-term exposure to NO [49–51] As a result
of the inhibitory effects of NO on different sites of the ETC,
both the activities of DHODHase and ATP synthase have
been demonstrated to be inhibited in response to increased
NO levels [52, 53]. Both the localization of mtNOS and
the inhibitory effects of NO on the generation of ATP by

oxidative phosphorylation have lead to the general belief
that the purpose of mtNOS is to regulate the oxygen uptake
according to the energy requirement of the cell in a short-
term fashion. Besides a direct regulatory effect on oxygen
uptake, NO has in turn the potential of indirectly inhibiting
the synthesis of nucleotides through its inhibitory effects on
the DHODHase as discussed previously.

Efflux of NO from the mitochondria is maximal after
treatment with oligomycin and minimal after treatment of
CCCP. Treatment with oligomycin inhibits the ATP synthase
and produces a hyper polarization of the mitochondrial
membrane. Conversely, treatment with CCCP uncouples the
membrane. This led to the hypothesis that mtNOS is a
voltage-dependent enzyme, whose activity is regulated by
mitochondrial membrane potential [54, 55]. Very little is
known about any possible deregulation of mtNOS resulting
from mitochondrial dysfunction. If the activity of mtNOS
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is linked to the membrane potential and a depolarization
inactivates the enzyme, damage to the ETC will therefore
inactivate the protein. Conversely inhibition of the ATP
synthase leading to a hyperpolarization will activate mtNOS.
Examples of mutations affecting the ATP synthase are
known. The ATP synthase has been demonstrated to be
severely impaired in patients with mutated versions of the
mtDNA encoded ATPase 6 subunit of the ATP synthase [56].
The influence of this and other damages to the ATP synthase
on mtNOS has, however, not been investigated.

Nitric oxide produced by mtNOS is most likely not
constricted to the mitochondria, but may serve a role
in the cytosolic compartment. Efflux of NO from the
mitochondria to the cytosol has been demonstrated. This
efflux is correlated with the membrane potential of the
mitochondria and has been hypothesized to function as a
mitochondrial signal to the cytosol, reporting on the energy
status of the mitochondria [54, 55]. By using mitochondria
extracted from different rat tissue, the fraction of cytosolic
NO resulting from a mitochondrial efflux was calculated
to range from 61% in heart tissue to 18% in brain tissue
[54]. The role of an efflux of NO from the mitochondria
into the cytosol is unknown however, it has been suggested
that it may serve a regulatory role in cell metabolism and
proliferation [54, 57]. In this case, an imbalance of the dNTP
pool demonstrated in cells with a mitochondrial dysfunction
could be caused by a resulting error in this pleiotropic
regulation of cell metabolism. However, NO have several
targets in the cellular compartment, and depending on the
amount of NO emanating from the mitochondria, these
could provide a more direct relationship between the mito-
chondria and dNTP balance. During the de novo pathway
the reduction of ribonucleotides to 2′-deoxyribonucleotides
is catalyzed by the rate limiting enzyme ribonucleotide
reductase. The reductase constitutes the major regulator of
the de novo dNTP synthesis [58] mediating a reduction of
the 2′-hydroxy group in the ribose of the ribonucleotides
[59]. The resulting deoxyribonucleotides dADP, dCDP, and
dGDP undergo phosphorylation yielding the corresponding
dNTPs; however, dTTP is synthesized from dCDP, and dUDP
and requires additional steps. Ribonucleotide reductase has
been demonstrated to be directly inhibited by NO resulting
in a depletion of dNTP proportional to the amount of
NO. Treatment of a human lymphoblastoid cell line with
different NO prodrugs induced a dNTP imbalance that
was comparable to the dNTP profile after treatment with
the ribonucleotide reductase inhbitor hydroxy urea [60].
Inhibition of the reductase by NO was demonstrated to
induce a decrease of dATP and dCTP levels whereas the dTTP
levels were transiently increased [60].

5. Flux of Deoxyribonucleotides between
Mitochondria and the Cytosol Is Unlikely to
Cause a Cytosolic dNTP Imbalance

The cellular content of rNTP and dNTP is sequestered into
two pools, a mitochondrial and a cytosolic, separated by the
mitochondrial double membrane [61]. The existence of a

mitochondrial salvage pathway of dNTP is well-established
whereas the existence of a mitochondrial de novo pathway of
dNTP is debated [62]. The mitochondrial inner membrane is
impermeable to charged molecules, and consequently, there
is no direct exchange of rNTP or dNTP between the cytosolic
and mitochondrial compartments. However, several studies
have shown a facilitated transport of dNTP between the
two compartments reviewed in [62]. Furthermore, export
of dNTP from mitochondria and incorporation into nDNA
has been demonstrated [63]. It can, therefore, be speculated
that the mitochondrial production of dNTP complements
the cytosolic dNTP pools and dysfunction of mitochondrial
dNTP synthesis results in a cytosolic dNTP imbalance.

Both de novo and salvage pathways carry out synthesis
of cytosolic dNTP, while only the salvage pathway has
been demonstrated in mitochondria. The replication of
mtDNA is not synchronized with the synthesis of nDNA
[64] and therefore this organelle requires a constant supply
of dNTP. Mitochondria are able to synthesize dNTP by
a specific salvage pathway where imported deoxyribonu-
cleosides are phosphorylated by the two rate-determining
deoxyribonucleoside kinases: thymidine kinase 2 (TK2) and
deoxyguanosine kinase (dGK) yielding deoxyribonucleoside
mono-phosphates, which in turn can be further phospho-
rylated to their corresponding di- and triphosphates or be
dephosphorylated to deoxyribonucleosides again by mito-
chondrial deoxyribonucleotidases [65, 66]. The presence
of a mitochondrial located ribonucleotide reductase has
been proposed [62, 66], opening for the possibility of a
mitochondrial de novo synthesis of dNTP. The contribution
of this pathway to the mitochondrial and cytosolic pool of
dNTP is however unknown.

Export of deoxyribonucleotides from the mitochondrial
to the cytosolic compartment has been demonstrated. In cells
lacking essential enzymes of the cytosolic salvage pathway,
an exogenous source of labeled thymidine was imported
into the mitochondria and phosporylated exclusively by the
mitochondrial salvage pathway, resulting in a mitochondrial
pool of labeled dTTP. Efflux to the cytosolic compartment
and incorporation of labeled dTTP into nDNA could
be demonstrated, confirming an export of mitochondrial
deoxyribonucleotides. Even though the cells lacked a func-
tional cytosolic salvage pathway the contribution of the
labeled dTTP only constituted a fraction of the cytosolic
pool of dNTP, indicating a strong dominance of dNTP
produced by the de novo pathway, demonstrating that the
mitochondrial contribution to the cytosolic pool of dNTP is
negligible [63].

In nondividing tissue, loss of function mutations of
TK2 has been demonstrated to result in mitochondrial
dNTP imbalance and consequently deletions and depletions
of mtDNA [67]. Furthermore, even minor impairment of
TK2 activity has been reported to result in a decreased
mitochondrial dNTP pool [68]. Using a human cervical
cancer cell line that can be induced to express lower levels
of TK2, it was possible to reduce the activity of TK2 in
the cell with 47% [69]. The activity was assayed by the
ability of TK2 to phosphorylate thymidine-β-D-arabinoside.
Decreasing the activity of the mitochondrial salvage pathway
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by lowering the level of TK2 did not alter the cytosolic dNTP
pools, supporting the small contribution of mitochondrial
dNTP export to the cellular dNTP pool [69].

Whereas the mitochondrial export of dNTP, most likely
is an insignificant contribution to the cytosolic dNTP pools,
import of dNTP to the mitochondria is essential for the
fidelity of mtDNA. In cycling cells, the majority of the
intramitochondrial deoxynucleotides are synthesized in the
cytosol and imported into mitochondria [63]. The p53
inducible small subunit of the ribonucleotide reductase
p53R2 is believed to allow de novo synthesis of dNTP outside
the S-phase in response to DNA damage [70]. Mutations
of p53R2 have been demonstrated to result in mtDNA
depletion, likely caused by insufficient mitochondrial dNTP
pools [71]. This indicates that mitochondria is dependent of
cytosolic dNTP in all phases of cell cycle.

In summary, published data from the literature show
that export of mitochondrial-produced dNTP is negligible
compared to the cytosolic dNTP synthesis and the flux
of dNTP is most likely in the direction of from the
cytosol to the mitochondria. Furthermore, inhibition of
the mitochondrial salvage pathway has no effect on the
cytosolic dNTP pools. Together, this strongly suggests that
dysfunction of mitochondrial salvage, or potentially de
novo, synthesis of dNTP is unlikely to cause a cytosolic
dNTP imbalance by deficient export or excessive import of
deoxyribonucleotides.

6. Conclusion

In this paper we describe three mitochondrial pathways
involved in the synthesis of cytosolic rNTP and dNTP.
These three pathways encompass (1) DHODHase-mediated
conversion of dihydroorotate to orotate, a rate limiting
step of de novo synthesis of pyrimidines; (2) export of
mitochondrial one carbon units in the form of formate,
used in the production of cytosolic purine nucleotides; and
(3) mitochondrial produced NO acting as an effector with
both intra mitochondrial and cytosolic targets involved in the
cytosolic synthesis of rNTP and dNTP.

The mitochondrial production and export of formate
diverge from the pathways involving DHODHase and mito-
chondrial NO. All components responsible for mitochon-
drial production and export of formate are nuclear encoded
and the pathway is sensitive to mutations in the nuclear
genes encoding these. However, even though the pathway
can be limited by comprehensive damage to the ETC,
the pathway is most likely substrate-dependent and not
regulated by the overall activity of the mitochondria. In
contrast, the activity of DHODHase is directly dependent
on the activity of the ETC and the membrane potential.
In this regard, the activity of DHODHase reflects the
activity of the mitochondria. Even though DHODHase is
nuclear encoded, the ETC consists of both mitochondrial
and nuclear encoded subunits. A degradation of mtDNA
as seen in a multitude of pathological conditions including
cancer [1, 2], or as demonstrated in aged tissue [72] will
therefore affect the activity of DHODHase and consequently

the synthesis of pyrimidine nucleotides. In contrast, mito-
chondrial export of formate and related purine synthesis
will likely be unaffected by nothing less than a complete
degradation of mtDNA and the ETC. NO produced from
mtNOS targets both the DHODHase and ATPase and is
proposed to be a metabolic feedback mechanism regulated
by the mitochondrial membrane potential. By inhibiting
the DHODHase, mtNOS indirectly affects the de novo
synthesis of pyrimidines. MtNOS also releases NO into
the cytosolic compartment and can potentially target the
ribonucleotide reductase and thereby inhibit the major
regulator of the de novo synthesis of dNTP. It was demon-
strated that mtNOS is activated by hyper polarization of
the mitochondrial membrane. A mitochondrial dysfunction,
like damage to the ATP synthase, that allows an excessive
build up of mitochondrial membrane potential is therefore
likely to activate mtNOS whereas a general degradation
of mtDNA and/or the ETC leads to a depolarization of
the mitochondrial memebrane and inactivate the enzyme.

The effect of especially DHODHase, but also mtNOS
and to some extent mitochondrial production of formate,
is dependent on the activity of ETC and mitochondrial
membrane potential. In functional cells, this pathway prob-
ably constitutes at feedback mechanism, where synthesis of
RNA and DNA is regulated by the mitochondrial activity.
However, in a pathological context, this relationship has the
potential of affecting the genomic stability of the nuclear
genome. Mutations affecting the activity of the ETC can
lead to a detrimental effect on the cytosolic dNTP levels,
and in turn imbalanced dNTP pools can cause genetic
instability in the nuclear genome. In accordance, we have
demonstrated that human cell lines devoid of mtDNA
showed decreased and imbalanced levels of dNTP as well
as increased frequency of chromosomal instability compared
to parental cell lines with functional mtDNA [18, 73].
Chromosomal instability has been demonstrated to occur
in human osteosarcoma cell lines devoid of mtDNA. Fur-
thermore, the cells were demonstrated to have tumorigenic
properties measured by an increased anchorage independent
growth when compared to parental cells with functional
mtDNA. It was reported that the reintroduction of functional
mitochondria with mtDNA could suppress the tumorigenic
phenotype [74]. These observations and others define a
role for dysfunctional mitochondria in the progression of
cancer. It will be important to further elucidate the role of
the mitochondrial function on the dNTP regulation in the
detrimental relationship between dysfunctional mitochon-
dria and cancer due to the known mutagenic effects of dNTP
imbalance.
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Bloom’s syndrome (BS) displays one of the strongest known correlations between chromosomal instability and a high risk of
cancer at an early age. BS cells combine a reduced average fork velocity with constitutive endogenous replication stress. However,
the response of BS cells to replication stress induced by hydroxyurea (HU), which strongly slows the progression of replication
forks, remains unclear due to publication of conflicting results. Using two different cellular models of BS, we showed that BLM
deficiency is not associated with sensitivity to HU, in terms of clonogenic survival, DSB generation, and SCE induction. We suggest
that surviving BLM-deficient cells are selected on the basis of their ability to deal with an endogenous replication stress induced
by replication fork slowing, resulting in insensitivity to HU-induced replication stress.

1. Introduction

Bloom’s syndrome (BS) combines marked genetic instability
with an increase in the risk of cancer development and
results from mutations in the BLM gene, which encodes
BLM, a RecQ 3′-5′ DNA helicase [1]. BS cells have very high
frequencies of sister chromatid exchanges (SCEs) mediated
by RAD51-dependent homologous recombinations [2–4].
Physical and functional links between BLM, replication and
HR have been found. BLM deficiency is associated with
replication abnormalities [5–9] and with an increase in HR,
including a higher frequency of spontaneous symmetric
quadriradial interchanges, SCEs, and an increase in the
generation of homozygosity [10]. Following replication
arrest, BLM coprecipitates with RAD51 [11, 12] and the
primary mediators of the S-phase checkpoint, ATR and Chk1
[13]. BLM and RAD51 are colocalized during replication
fork stalling and reside in a matrix-bound complex [14,
15]. During replication stress, BLM, 53BP1, and RAD51
form a complex; Chk1-mediated phosphorylation of 53BP1
enhances its binding to BLM and is required for the accumu-
lation of 53BP1 at the site of stalled replication, and BLM

enhances the colocalization of 53BP1 and RAD51 during
replication arrest [16]. BLM-deficient cells display constitu-
tively large numbers of RAD51-containing foci. Both BLM
and 53BP1 abolish the formation of endogenous RAD51 foci
and disrupt RAD51 polymerization [11, 16]. SUMOylation
of BLM regulates its association with RAD51 by promoting
its recruitment and/or retention to damaged replication forks
[17]. BLM also acts downstream from RAD51 to rescue
anaphase bridges resulting from RAD51 deficiency, probably
at difficult-to-replicate DNA sequences such as fragile sites
[4]. In vitro, BLM unwinds DNA structures mimicking
replication forks and HR intermediates, such as D-loops,
and catalyzes the branch migration of Holliday junctions
[18–20]. It resolves double Holliday junctions, together
with topoisomerase IIIα, Rmi1/BLAP75, and Rmi2 [21, 22],
and catalyzes the regression of replication forks [23, 24].
BLM inhibits the D-loop formation catalyzed by RAD51,
by displacing RAD51 from single-stranded DNA, thereby
disrupting nucleoprotein filaments [25]. Several models of
the maintenance of genome integrity by BLM during DNA
replication have been developed, most suggesting that BLM
restarts replication after the stalling of the fork [26, 27]. In
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the absence of BLM, cells display a slowing of replication fork
progression associated with constitutive replication stress
[9]. This raises questions about the response of BLM-
deficient cells to an exogenous replicative stress slowing the
progression of replication still further, such as hydroxyurea
(HU). HU inhibits the ribonucleotide reductase commonly
used to induce replicational stress which slows fork rate
progression with respect to the temporal programme of
origin activation [28]. Conflicting data have been reported
concerning the sensitivity of BLM-deficient cells to HU.
BLM-deficient cells generated from the chicken DT40 B-
cell line display normal sensitivity to HU [29] whereas BS
lymphoblastoid cells are resistant to HU-induced apoptosis
[30], and BS GM08505 fibroblast cells are hypersensitive to
HU [31]. In this paper, we used two different cellular models
of BS to investigate the sensitivity of BLM-deficient cells to
HU-induced replication stress. We show that BLM deficiency
is not associated with sensitivity to HU, in terms of clonal
growth, DSB generation, and SCE induction. We discuss
these results in light of the reported cellular responses of
BLM-deficient cells to replication stress.

2. Materials and Methods

2.1. Cell Cultures and Transfections. The SV40-transformed
BS fibroblast cell line GM08505B and HeLa cells were used
as previously described [32]. HeLaV cells and HeLash cells
were obtained as described elsewhere [4]. For transient
transfection assay siRNAs, 3-4 × 105 cells were used to seed
3 ml of DMEM in six-well plates. Cells were transfected with
siRNAs specific for BLM (ON-TARGETplus, SMARTpool,
Dharmacon), or negative control siRNAs (ON-TARGETplus
siCONTROL Nontargeting Pool, Dharmacon) at a final con-
centration of 100 nM using DharmaFect 1TM (Dharmacon),
according to the manufacturer’s instructions.

BS-GFP and BS-GFP-BLM cells were obtained by trans-
fecting BS GM08505B cells with the EGFP-C1 vector alone
(Clontech, Mountain View, CA), or with this vector con-
taining the full length BLM cDNA [33], respectively, using
JetPEI reagent (Ozyme). After 48 hours, selection with 800
to 1600 μg/ml of G418 (Invitrogen) was applied. Individual
colonies were isolated and maintained in DMEM containing
500 μg/ml G418.

2.2. Chemicals. Hydroxyurea (HU) (Sigma) was used at a
final concentration of 2 mM or 5 mM.

2.3. Western Blot Analysis. Cells were lysed in 350 mM
NaCl, 50 mM Tris-HCl pH 7.5, 1% NP-40, 1 mM NaF, and
protease inhibitors for 30 min on ice, sonicated and heated.
Samples equivalent to 15 or 30 μg of protein were subjected
to electrophoresis in Novex 4–12% Bis-Tris precast gels
(Invitrogen). The procedures used for gel electrophoresis and
immunoblotting were as previously described [34].

2.4. Flow Cytometry Analysis. Cells were fixed with 70%
ethanol at −20◦C for at least 30 min. After 2 washes,
cells were incubated for 30 min at 37◦C in PBS containing

100 μg /ml RNase A (Sigma) and 10 μg/m1 propidium iodide
(Sigma). The DNA content was determined by measur-
ing fluorescent intensities on FACS-calibur flow cytometer
(Becton Dickinson). Data were processed with Cell Quest
software.

2.5. Antibodies. All the commercial antibodies were used
according to the manufacturers’ specifications. The primary
antibodies used against BLM were ab476 (1 : 1000; rabbit,
Abcam) and C18 (1 : 150; goat, Santa-Cruz Biotechnology).
We used rabbit polyclonal antibodies against Chk1 ser317,
Chk2 threonine 68, and H2AX serine 139 (1 : 1000; Cell
Signaling), β-actin (1 : 10000; Sigma), and GAPDH (1 : 5000;
Millipore).

Horseradish peroxidase-conjugated goat antimouse IgG
and goat antirabbit IgG (Santa Cruz Biotechnology) were
used as secondary antobodies, at dilutions of 1 : 5000 and
1 : 10000.

2.6. Sister Chromatid Exchange Assays. Cells were left
untreated or were transfected as indicated. After 24 h of
transfection with siRNA, cells were left untreated or were
treated with HU, transferred to slides and cultured in the
presence of 10 mM 5-bromodeoxyuridine (Sigma) at 37◦C,
under an atmosphere containing 5%CO2. After 40 h (HeLaV
and HeLashBLM cells) or 50 h (BS-GFP or BS-GFP-BLM)
of incubation, colchicine (Sigma) was added to a final
concentration of 0.1 mg/ml, and the cells were incubated for
1 hour. They were then incubated in hypotonic solution (1 : 6
(vol/vol) FCS-distilled water) and fixed by incubation with a
3 : 1 (vol/vol) mixture of methanol and acetic acid. Cells were
then stained by incubation with 10 mg/ml Hoechst 33258
(Sigma) in distilled water for 20 minutes, rinsed with 2 ×
SSC (Euromedex), exposed to UV light at 365 nm and at a
distance of 10 cm for 105 minutes, rinsed in distilled water,
stained by incubation with 2% Giemsa solution (VWR) for
16 minutes, rinsed in distilled water, dried, and mounted.
Chromosomes were observed with a Leica DMRB micro-
scope at 100x magnification. Metaphases were captured with
a SONY DXC 930 P camera, and SCEs were analyzed.

2.7. Clonogenic Survival Assays. Untreated or HU-treated
cells were plated in drug-free medium at 3 densities, in
triplicate, for the counting of 30 to 300 clones depending
on expected survival. Alternatively, cells were plated and
treated as previously described [31]. After 14 to 21 days of
incubation colonies were fixed and stained with methylene
blue (5 g/l in 50% water and 50% methanol) and scored.
Only experiments giving a linear correlation between the
different dilutions were considered. Cell survival was esti-
mated by dividing the number of colony-forming units in
treated samples by the number of colony-forming units in
untreated samples, with control cell survival defined as 1. The
percentage of cell survival is indicated within each histogram.

2.8. Comet Assays. BS-GFP and BS-GFP-BLM cells or
HeLashBLM and HeLaV transfected as in Figure 1(a) were
left untreated or were treated with 2 mM HU for 16 h or 48 h.
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Figure 1: BLM-downregulated HeLa cells and BS cells are insensitive to HU-induced replication stress. (a) HeLaV and HeLashBLM cells
were transfected with 100 nM of a negative control siRNA (ctrl) or with 100 nM of siRNA targeting the BLM mRNA (BLM), respectively.
After 24 h, cells were left untreated or were treated with 2 mM or 5 mM HU for 16 h. Cells were then plated in triplicate at three densities in
drug-free medium. The means of six independent experiments for 2 mM HU and of two independent experiments for 5 mM HU are shown.
The error bars indicate SD. (b) As in (a) except that cells were treated with 2 mM HU for 48 hr, the means of 3 independent experiments are
shown. (c) BS-GFP and BS-GFP-BLM cell lines were left untreated or were treated with 2 mM HU for 16 h and plated as in (a). The means
of 3 independent experiments are shown.

After 24 h, cells were left untreated or were treated with 2 mM
HU for 16 h or 48 h. At the end of the treatment period,
the cells were treated with Accutase (PAA). Aliquots of cell
suspension were mixed with an equal volume of 1% low-
melting-point agarose in DMEM to obtain a suspension of
cells in 0.5% agarose, which was then dispensed onto micro-
scope slides (with frosted ends) coated with a layer of 0.5%
normal-melting-point agarose. Slides were incubated in lysis
solution [2.5 mol/L NaCl, 100 mmol/L EDTA, 10 mmol/L
Tris, 1% sodium lauryl sarcosinate, 10% DMSO, and 1%
TritonX-100 (pH 10)] at 4◦C for 1 h, then denaturated in
alkali buffer (0.3 mol/L NaOH, pH 13 and 1 mmol/L EDTA)
for 40 minutes at 20◦C and subjected to electrophoresis
for 25 min at 25 V (300 mA). Slides were immersed in
neutralization buffer (400 mmol/L Tris-HCl, pH 7.5) for at
least 5 minutes. They were then drained, rinsed carefully with
distilled water, and stained with ethidium bromide staining
solution (20 μg/ml) before being covered with a coverslip.
For the visualization of DNA damage, ethidium bromide-

stained DNA was observed at a magnification of x20, under
a fluorescence microscope. Between 100 and 110 cells per
sample and per experiment were analyzed in Comet Assay
2 software (Perceptive Instrument).

2.9. Statistical Methods. Significance was assessed with Stu-
dent’s t-test. For all tests, P < .05 was considered statistically
significant.

3. Results

3.1. Both HeLa Cells with BLM Downregulation and BS
Cells Are Insensitive to HU-Induced Replication Stress. We
investigated whether BLM downregulation was associated
with changes in the sensitivity of cells to HU-induced
replication stress. We first used a new cellular model for BS
consisting of HeLa cells constitutively expressing an shRNA
specific for BLM and transiently transfected with a pool of
siRNAs directed against sequences other than that targeted
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by shBLM (HeLash-siBLM), together with the corresponding
control cells (HeLaV-sictrl) [4]. We assessed HeLash-siBLM
sensitivity to HU in clonogenic survival assays. BLM mRNA
levels and SCE frequency were assessed in all experiments
with HeLash-siBLM (data not shown). After treatment with
2 or 5 mM HU for 16 hr, HeLash-siBLM cells were either
less sensitive or displayed similar levels of sensitivity to
HU than control cells, respectively (Figure 1(a)). As BS cell
hypersensitivity was reported after 48 h of exposure to HU
concentrations from 0.01 to 10 mM in a previous study
[31], we repeated the experiments after 48 h of exposure
to 2 mM HU. The clonogenic survival of both HeLa cells
with BLM downregulation and control cells was strongly
decreased, with BLM-downregulated cells significantly more
sensitive to 48 h of exposure to HU than control cells
(Figure 1(b)). These experiments were repeated with BS
GM08505 fibroblasts (BS-GFP) and their complemented
counterparts (BS-GFP-BLM) (see Section 2). The clonogenic
survival of BS cells and control cells was similar after 16 h
of exposure to HU (Figure 1(c)). After 48 h of exposure to
HU, we detected no clones, for either BS cells or BLM-
complemented cells. Increasing the number of cells plated by
a factor 10 and using two different protocols did not affect the
results obtained. This indicates that the BS cell line we used
behaves differently from the one used by Davies et al. [31],
potentially because one of them derived in culture due to the
mutator and hyper-rec phenotype of BS cells [1]. Altogether
our results indicate that in terms of clonal survival, BLM
deficiency is not associated with an increase in the sensitivity
to 16 h of treatment with HU. However, BLM-downregulated
HeLa cells are significantly more sensitive to 48 h of HU
treatment than control cells are.

3.2. Levels of HU-Induced DSBs Are Similar in BLM-Deficient
Cells and in Control Cells. The prolonged treatment of
cells with HU results in the accumulation of DSBs [35].
We carried out a time-course study of the effect of HU
on DSB levels in BLM-downregulated HeLa cells and in
control cells. DSB induction was assessed by evaluating levels
of histone H2AX phosphorylated at serine 139 (γ-H2AX)
and of checkpoint kinase 2 phosphorylated at threonine
68 (Chk2 pT68). Chk1 activation and BLM accumulation
were induced by blocking replication [34, 36]. We therefore
determined the levels of activated Chk1 phosphorylated
at serine 345 (Chk1 pS345) and BLM. The progressive
accumulation of BLM in control cells was observed, with
the highest levels after 16 to 24 h of exposure to HU
(Figure 2(a)). No BLM was detected in HeLash-siBLM cells,
as expected. The efficiency of replication blockade by HU
was confirmed by FACS analysis and by the detection of
activated Chk1 in both control cells and BLM-depleted HeLa
cells. Significantly higher levels of accumulation of γ-H2AX
and activated Chk2 were observed in control cells and in
BLM-downregulated HeLa cells after 48 h of HU exposure
than after 16 h (Figure 2(a)). The amounts of γ-H2AX and
of Chk2pT68 detected in response to HU treatment were
similar in BLM-deficient cells and in control cells. In BS-
GFP cells and their complemented counterparts, γ-H2AX

accumulation was also stronger after 48 h of HU treatment
than after 16 h (Figure 2(b)).

We evaluated HU genotoxicity in BLM-deficient cells
further, by carrying out an in vitro alkaline DNA comet
assay [37]. The mean tail moment (a numerical mea-
surement of the DNA damage defined as the product of
the tail length and the fraction of total DNA in the tail)
was similar in BLM-deficient cells (HeLash-siBLM or BS-
GFP) and in control cells (HeLaV-sictrl or BS-GFP-BLM,
respectively), whether untreated or treated with 2 mM HU
for 16 h (Figures 2(c), 2(d), and 2(e)). However, the mean
tail moment was significantly higher after 48 h of HU
treatment than in the absence of treatment or after 16 h
of treatment, by a factor of about two in both BS cells
and their complemented counterparts (Figure 2(e)), and by
factors of four to ten in BLM-downregulated HeLa cells
and their controls (Figure 2(d)). Thus, 16 h of treatment
with 2 mM HU activates the Chk1-mediated replication
checkpoint but does not generate a significant increase in
DNA damage whereas 48 h of treatment with 2 mM HU leads
to a significant increase in DNA damage, to similar levels
in BLM-deficient cells control cells. BLM deficiency is not
therefore associated with an increase in DSB induction in
response to HU.

3.3. HU Treatment Induces a Similar Increase in the Fre-
quency of SCEs in BLM-Deficient Cells and Control Cells.
HU treatment efficiently induces SCEs formation [38]. We
analyzed the effect of HU-induced replication stress on SCEs
levels in BLM-deficient cells and in control cells. We found
a slight but significant increase in SCE levels in both BLM-
downregulated HeLa cells (x1.4) and in BS cells (x1.3) this
increase is similar to that observed in the corresponding
control cells (x1.7 and x1.4, resp.) (Figures 3(a) and 3(b)).
Thus, BLM deficiency is not associated with an increase in
SCEs induction in response to HU.

4. Discussion

We used hydroxyurea to investigate the cellular consequences
of HU-induced replication stress in two cellular models of
BS. We found that although BLM-deficient cells have a strong
increase in SCE frequency due to BLM deficiency, the further
increase in the SCE frequency induced by the treatment
with HU was similar to that of control cells. Thus, BLM
deficiency is not associated with sensitivity to HU in terms
of SCE induction. We also showed that BLM-deficient cells
were insensitive to HU induced replication stress (2 or 5 mM
HU for 16 h), consistent with the normal sensitivity to HU
of the BLM-defective chicken DT40 cells [29]. By contrast,
Davies et al. [31] showed that BS cells were hypersensitive
to prolonged exposure to HU. We also found that BLM-
downregulated HeLa cells were significantly more sensitive
to treatment with HU for 48 h than control cells were. We
investigated the reasons for this sensitivity of BLM-deficient
cells to 48 h of HU treatment but not to 16 h of treatment, by
analyzing the effects of HU on DSB induction. We found that
48 h of HU treatment generated numerous DSBs whereas
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Figure 2: Levels of HU-induced DSBs are similar in BLM-deficient cells and control cells. (a) HeLaV and HeLashBLM cells were transfected
as in Figure 1(a). Upper panel: After 24 h, cells were left untreated (0) or were treated with 2 mM HU for the indicated times. Protein
extracts were subjected to SDS-PAGE. The membrane was probed with anti-BLM (C18), anti-Chk1 pS345, anti-Chk2 pT68, and anti-γ-
H2AX antibodies, and with anti-β-actin antibody, as a loading control. The membrane was stripped and reblocked between successive
antibody incubations. Lower panel: After 24 h, cells left untreated or treated with 2 mM HU for 16 h were harvested, fixed, and analyzed by
FACS. (b) BS-GFP and BS-GFP-BLM cells were left untreated or were treated with 2 mM HU for the indicated times. Protein extracts were
subjected to SDS-PAGE and the bands were transferred to a membrane. The membrane was probed with anti-BLM (C18), anti-γ-H2AX
antibodies, and with anti-GAPDH antibody, as a loading control. Lower panel: After 24 h, cells left untreated or treated with 2 mM HU
for 16 h were harvested, fixed, and analyzed by FACS. (c) Representative images of HeLa cells in the comet assays. (Left) Untreated cell.
(Right) Example of cell displaying an increase in DNA migration after 48 h of HU treatment, due to DNA breaks. (d) The effect of 2 mM
HU treatment on DNA migration (tail moment) in the comet assays with HeLaV and HeLash BLM cells transfected as in Figure 1(a). After
24 h of transfection, cells were left untreated or were treated with 2 mM HU for 16 h or 48 h. The cells were subjected to comet assays (see
Section 2). Two independent experiments were analyzed for each set of conditions. Between 100, and 110 cells were scored for each set of
conditions, in each experiment. Error bars represent standard errors of the mean. (e) As in (d), using BS-GFP-BLM or BS-GFP cells left
untreated or treated with 2 mM HU for 16 h or 48 h.
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Figure 3: Levels of HU-induced SCEs are similar in BLM-deficient
cells and control cells. (a) Number of SCEs per chromosome in
HeLaV or in HeLashBLM cells transfected as in Figure 1(a), left
untreated or treated with 2 mM HU for 16 h. Between 2174 and
4314 chromosomes from 5 independent experiments were analyzed
for each set of conditions. Errors bars represent standard errors
of the means. (b) Number of SCEs per chromosome in BS-GFP-
BLM and BS-GFP cells left untreated or treated as in (a). Between
1864 and 2255 chromosomes from 4 independent experiments were
analyzed for each set of conditions. Errors bars represent standard
errors of the means.

16 h of treatment did not, as expected [35]. However, the
DSB levels determined on the basis of γ-H2AX detection or
in comet assays were found to be similar in BLM-deficient
cells and in control cells treated with HU, indicating a lack of
association between BLM deficiency and an increase in DSB
induction by HU. These results are consistent with the data

reported by Rao et al. [39] showing that despite the delay
in H2AX phosphorylation on serine 139 observed in BLM-
deficient cells treated with HU (1 mM) or camptothecin
(1 μM), the number of γ-H2AX foci per nucleus reaches
that of control cells 6 h after either of these treatments.
Camptothecin induces replication-associated DSBs [40], and
BS cells are hypersensitive to camptothecin [39]. These
results indicate that the reported differences in the sensitivity
of BLM-deficient cells to HU reflect differences in their
sensitivity to HU-induced DSBs; this sensitivity depends on
the numbers of DSBs generated by the HU treatment, but
not on HU-induced replication stress per se that is associated
with few DNA breaks. Indeed, unstressed BLM-deficient cells
have DNA replication defects, resulting in spontaneously
arrested replication forks and a decrease in the distance
between origins [8, 9]. Such inhibition of the progress
of replication forks may render BS cells susceptible to
some DNA breaks, accounting for constitutive endogenous
ATM-Chk2-γH2AX checkpoint activation detected only by
immunofluorescence [9]. Such checkpoint activation has
been found in clinical specimens from human tumours at
various stages and in cultured cells subjected to replication
stress [41, 42]. Endogenous ATM-Chk2-γH2AX activation
in BS cells is thus thought to reflect a precancerous state,
with replication stress associated with few DNA breaks [9].
If BS cells were hypersensitive to such replication stress,
they would not survive this constitutive replication defect.
We therefore suggest that surviving BLM-deficient cells have
been selected on the basis of their ability to survive in the
presence of a constitutive replication stress associated with
few DNA breaks.

5. Conclusion

We showed that the clonogenic survival of BLM-deficient
cells was insensitive to hydroxyurea (HU)-induced repli-
cation stress. Gamma-H2AX detection and comet assays
revealed the numbers of DNA double-strand breaks (DSB)
generated by HU treatment to be similar in BLM-deficient
cells and control cells. Moreover, BLM deficiency did not fur-
ther increase the frequency of HU-induced sister chromatid
exchanges (SCEs). We propose that BLM-deficient cells are
selected to survive with an endogenous replication stress
induced by replication fork slowing, resulting in insensitivity
to HU-induced replication stress.
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When a replicative DNA polymerase stalls upon encountering a lesion on the template strand, it is relieved by other low-
processivity polymerase(s), which insert nucleotide(s) opposite the lesion, extend by a few nucleotides, and dissociate from the
3′-OH. The replicative polymerase then resumes DNA synthesis. This process, termed translesion replication (TLS) or replicative
bypass, may involve at least five different polymerases in mammals, although the participating polymerases and their roles have not
been entirely characterized. Using siRNAs originally designed and an alkaline sucrose density gradient sedimentation technique,
we verified the involvement of several polymerases in ultraviolet (UV) light-induced TLS in HeLa cells. First, siRNAs to Rev3 or
Rev7 largely abolished UV-TLS, suggesting that these 2 gene products, which comprise Polζ , play a main role in mutagenic TLS.
Second, Rev1-targeted siRNA also abrogated UV-TLS, indicating that Rev1 is also indispensable to mutagenic TLS. Third, Polη-
targeted siRNA also prevented TLS to a greater extent than our expectations. Forth, although siRNA to Polι had no detectable
effect, that to Polκ delayed UV-TLS. To our knowledge, this is the first study reporting apparent evidence for the participation of
Polκ in UV-TLS.

1. Introduction

Multiple systems have evolved to manage the genomic
photoproducts generated by harmful UV light. One such
system is nucleotide excision repair (NER), which eliminates
photoproducts from DNA strands by dual incision on both
sides of a damaged base. The NER system cannot, however,
remove all UV-damaged bases. When a replicative DNA poly-
merase stalls upon encountering a residual photoproduct on
the template strand, it is relieved by other low-processivity
polymerase(s), which incorporate nucleotide(s) opposite the
lesion, extend by a few nucleotides and dissociate from
the 3′-OH. The replicative polymerase then resumes DNA
synthesis. This process, termed translesion replication (TLS)
or replicative bypass (reviewed in [1]), is also one of the
subtle systems that have evolved for the management of
genomic photoproducts.

UV-C (100–290 nm wavelength) induces 2 main pho-
toproducts [2]: the more frequent cyclobutane pyrimi-

dine dimer (CPD) and the several-fold lower pyrimidine-
pyrimidone (6-4) photoproduct ((6-4)PP). cis-syn CPD, a
predominant form of the multiple configurations, contains
2 adjacent pyrimidines that are covalently linked in parallel.
Although the frequency of CPD varies with nucleotide com-
position, a ratio of T-T to C-T to T-C to C-C of 68 : 13 : 16 : 3
is obtained from UV-irradiated plasmid DNA. Cytosines
within CPD are unstable, and are deaminated to uracil or 5-
methylcytosine, and further deaminated to thymine [3]. The
helical distortion caused by CPD is so inconspicuous that
almost half of the lesions remain unrepaired by NER, even
6 hours after UV irradiation in the case of CHO cells [2].

The (6-4)PPs from T-C, C-C, and, less frequently, T-T
sequences are detected in UV-irradiated DNA whereas that
of C-T are not. In (6-4)PP, linkage between C-6 of one
pyrimidine and C-4 of the adjacent pyrimidine cause the 2
bases to be in nearly perpendicular position. Consequently,
formation of this lesion causes a major distortion in the
double helix. NER preferentially removes (6-4)PP more
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rapidly than it removes CPD from the genome in human and
rodent cells [4].

At least 5 mammalian DNA polymerases are suggested to
be implicated in UV-induced TLS: Pols η, ι, ζ , κ, and Rev1,
all of which belong to the Y family except for Polζ (B family)
(reviewed in [1, 5, 6]). However, the participating poly-
merases and their roles have not been entirely characterized.

Patients with the autosomal recessive disorder, xero-
derma pigmentosum variant (XP-V), have a predisposition
to skin cancer, and XP-V cells demonstrate hypermutability
after UV irradiation (reviewed in [7]). The defective gene in
XP-V encodes Polη, which was first purified from a HeLa cell
extract as an activity that complements TLS defect in XP-V
cell extract [8]. Human Polη catalysed DNA synthesis past
TT-CPD very efficiently and in a relatively accurate manner,
as demonstrated by the lesion-bypass assay [7, 9]. When
template DNA contained a (6-4)TT-PP, Polη incorporated
one (random) nucleotide opposite the first thymine and
another nucleotide opposite the second thymine of the
lesion, but rarely continued across the lesion [7, 9].

Human Polη was also identified via a search for the
homolog of yeast Saccharomyces cerevisiae Rad30 gene, which
encodes an error-free bypass protein [10]. Various XP-V
causative mutations have been found in the Polη gene,
hRAD30A, of XP-V patients [10, 11].

Polι (RAD30B) is the other mammalian homolog of
yeast Polη, isolated by a similar approach [12]. In contrast to
Polη, Polι is less efficient and less accurate [13].

Polκ was obtained by cloning of a human homolog of
the E. coli dinB gene, encoding DNA Pol IV [14]. Polκ was
reported to be unable to bypass either CPD or (6-4)PP
[15, 16].

Originally, Rev1, 3, and 7 were cloned from S. cerevisiae
isolates, in which the frequency of UV-induced reversion
from cyc1 mutations was reduced [17]. Human and mouse
homologs (Rev1, 3, 7 gene) were later isolated [18–20]. Polζ
is a comprex of the Rev3 and Rev7 gene products, which
act as the catalytic and regulatory subunit, respectively. Yeast
Polζ is shown to be responsible for 98% of UV-induced base
substitutions and 90% of frameshift mutations, in addition
to spontaneous mutations [21]. Nonetheless, yeast Polζ itself
was revealed to be too faithful to incorporate opposite
CPD. Instead, it can efficiently extend from a matched or
mismatched 3′-end (reviewed in [5, 6]). Human or mouse
Polζ is assumed to have similar enzymatic properties to that
of yeast, because several lines of antisense RNA expression
or siRNA knockdown experiments in human or mouse cells
have proven that Polζ is involved in mutagenic TLS [22–24].

Yeast and human Rev1 encode highly specialized DNA
polymerases that preferentially insert a C residue opposite an
abasic site in the template. This deoxycytidyl (dC) transferase
activity is, however, unlikely to be required for UV-TLS,
judging by observation in a yeast rev1-1 mutant strain [25],
which retains much of its dC transferase activity, but has
a missense mutation (G193R) in the N-terminal BRCT
domain. Rev1 protein also contains ubiquitin-binding motifs
(UBMs) that interact with monoubiquitinated PCNA (a
DNA polymerase sliding clamp) [26]. In the downstream C-
terminal region, Rev1 interacts not only with Rev7 but also

with other bypass-polymerases [27], suggesting that Rev1
acts as a mediator and physical bridges between PCNA and
Polζ .

Following DNA damage, such as that caused by UV and
MMS, monoubiquitins are conjugated to PCNA arrested
at the lesion-site by RAD6/RAD18 and recruit bypass-
polymerases [28, 29]. In addition to Rev1, Pols η, ι, and κ
possess UBMs and physically interact with PCNA [1, 5, 6].
Stalled replicative Polδ is replaced, in turn, with one of these
bypass polymerases bound on the PCNA by yet unknown
“polymerase switching” mechanisms (reviewed in [1, 30]).

Translesion replication is typically detected with an alka-
line sucrose density gradient centrifugation (ASDG) tech-
nique. Pulse-labelled replication products are smaller in UV-
irradiated XP-V cells than in unirradiated cells; however, on
prolonged incubation, the replication products in the irradi-
ated cells eventually attain a high molecular weight similar to
that in unirradiated cells. This conversion is interpreted that
DNA synthesis is temporarily retarded by UV photoprod-
ucts, and then continues beyond the lesion, leaving a gap that
is subsequently sealed [31]. The initial size of the newly syn-
thesized DNA is approximately equal to the average distance
between lesions in the template strands [32]. This means the
gaps in the newly synthesized DNA are opposite the photo-
products [33]. Therefore, sealing of the gaps, by translesion
or other postreplication repair mechanisms, can be observed
by monitoring the molecular weight of labelled DNA.

Using a modified ASDG technique [34], we precisely
detected the elongation of pulse-labelled replication
products in the irradiated XP-V cells, showing that UV-TLS
is delayed in the cells, but not completely abolished [35].
The marginal TLS is markedly prevented by caffeine at
millimolar concentrations, as Lehmann et al. pointed out
[31], and by proteasome inhibitors as well (unpublished
results). In contrast, these agents do not retard UV-TLS in
normal diploid cells. To know more about the inefficient
polymerase(s) in vivo, we added specific DNA polymerase
inhibitors. Butylphenyldeoxyguanosine (BuPGdR) inhibited
TLS in XP-V cells [35], suggesting that Polζ may be involved
in this Polη-independent bypass.

We recently reported that caffeine or proteasome
inhibitors inhibit UV-TLS also in human cancer cells [36],
and that, similar to XP-V cells, UV-TLS was much slower
than in normal cells. These results suggested that UV bypass
in cancer cells is predominantly of the Polη-independent
type. Therefore, we expected that Polζ plays a major part
in UV-TLS in cancer cells. Although Polη exists in normal
quantity in these cells, it was supposed to be inactivated by
some reasons. We explored these hypotheses here.

2. Materials and Methods

2.1. Design of siRNAs. All siRNAs duplexes were synthesized
by JBioS (Japan) (Table 1). We designed the sequences for
siRNA according to the JBioS guide (http://www.JBioS.co
.jp/RNAiselect.htm). Selection of target sequence for each
siRNA proceeds as follows: first, an AAG or AAC sequence is
found at least 75 nucleotides (nt) downstream from the start
codon; the AAG (or AAC) and the following 18 nt sequence
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Table 1: siRNAs used.

siRNA Sense strand (a),(b) Antisense strand (a),(b) Prevention of UV-TLS
(result)

siRev3-A gcuuuacaugagauacaaaTT uuuguaucucauguaaagcTT significant

siRev3-B gacaguuuucagucaagauTT aucuugacugaaaacugucTT significant

siRev3-C gagguaugauccugauauuTT aauaucaggaucauaccucTT significant

siRev3-D guauugacuuaugucggauTT auccgacauaagucaauacTT significant

siRev3cont-A
(6nt mismatches)

gguuugaguaauguacgauTT aucguacauuacucaaaccTT no effect

siRev3cont-B
(4nt mismatches)

ggauugaguuauguacgauTT aucguacauaacucaauccTT no effect

siRev3cont-C
(2nt mismatches)

guauugaguuauguccgauTT aucggacauaacucaauacTT no effect

siRev7-A gauccaggucaucaaggauTT auccuugaugaccuggaucTT partial

siRev7-B gaugcagcuuuacguggaaTT uuccacguaaagcugcaucTT significant

siRev7-C cacugucugucucaaauacTT guauuugagacagacagugTT significant

siRev7cont-A gaugcagguuuacgucgaaTT uucgacguaaaccugcaucTT no effect

siRev1-A
siRev1-B
siRev1-C
siRev1-D
siRev1cont-E

cacauauuauugccacaaaTT
gaagauugaaacggaaaauTT
ccuucagacugcaauuuuaTT
gugugaauugacugaguuuTT
ccuucacaccgcaacguuaTT

uuuguggcaauaauaugugTT
auuuuccguuucaaucuucTT
uaaaauugcagucugaaggTT
aaacucagucaauucacacTT
uaacguugcggugugaaggTT

significant
significant
significant
significant
little to no effect

siPolη-4
siPolη-A
siPolη-B
siPolηcont-A

uaaaccuugugcaguuguaTT
gaaguuauguccagaucuuTT
gcuucgcuuucaucucuuaTT
uaaaccuggugcagucguaTT

uacaacugcacaagguuuaTT
aagaucuggacauaacuucTT
uaagagaugaaagcgaagcTT
uacgacugcaccagguuuaTT

partial
significant
significant
no effect

siPolι-A
siPolι-5

gccucauacagugagauuaTT
aaguguccacaguugguauTT

uaaucucacuguaugaggcTT
auaccaacuguggacacuuTT

no effect
no effect

siPolκ-A
siPolκ-B
siPolκ-C
siPolκcont-B

gagaaaauuaacaaaauuaTT
gaauaaaccaaauggacaaTT
cuguuaccauuaaguugaaTT
gagaaaaguaacaagcuuaTT

uaauuuuguuaauuuucucTT
uuguccauuugguuuauucTT
uucaacuuaaugguaacagTT
uaagcuuguuacuuuucucTT

partial
partial
considerable
little to no effect

(a)Small letters mean ribonucleotides, and large letters mean deoxyribonucleotides.
(b)Mismatched bases are illustrated in bold and italic letters.

(N18) are picked up. Ideally, the 2 nt following the N18 are
TT, TN, NT, or AA. GC content of N18 is recommended to be
about 40% to 50%. If GC content is less than 30%, or greater
than 70%, avoid the sequence. The N18 had better be AT-rich
in the 3′ half and especially at the 3′ end (2 nt).

2.2. HeLa Cell Culture and siRNA Treatment. HeLa cells were
maintained in monolayers in Dulbecco’s modified Eagle’s
medium (D’MEM) supplemented with 10% fetal calf serum
(FCS) (“normal” medium), trypsinized and seeded into
culture dishes (2 × 105 cells/φ 60 mm dish). About 6–8
hours later, the cells were treated with micelles of siRNA
and OligofectAMINE (Invitrogen), formed according to the
manufacturer’s protocol, except Opti-MEM was replaced
with D’MEM. The siRNA concentration used in RT-PCR
analysis and western blot analysis was 5 nM.

2.3. UV Irradiation and Translesion Replication. Forty hours
after siRNA addition, HeLa cells were exposed to UV
light (10 J/m2) from a germicidal lamp (Toshiba GL15) at

0.6 J/m2 per s. After 30 minutes in culture, the medium was
changed to labeling medium consisting of D’MEM supple-
mented with 10% FCS and 10 μCi/mL of [U- 14C]thymidine
(Moravek MC267, 470 mCi/mmol). UV-irradiated cells were
pulse-labelled for 1 hour, while nonirradiated cells were
labelled for 30 minutes. The medium was changed to normal
medium, and the cells were chased for 5 hours. These cells
were harvested by trypsinisation and examined by ASDG
[34].

2.4. Alkaline Sucrose Density Gradient Centrifugation
(ASDG). Cells (about 1 × 105 in 50 μL PBS) were gently
layered onto 50 μL of 1% sucrose in PBS, which was overlaid
on 100 μL of lysis solution (0.6 M KOH, 2.0 M KCl, 10 mM
EDTA, and 1% N-lauroylsarcosine), which was placed on top
of a 4.35 mL alkaline 5–20% sucrose gradient (0.3 M KOH,
2.0 M KCl, 1 mM EDTA, and 0.1% N-lauroylsarcosine) with
0.4 mL of alkaline 80% sucrose as a cushion at the bottom.
The gradient was centrifuged at 6,000 rpm (4, 320 × g)
for 15.6 hours at 15◦C in a Beckman SW 50.1 rotor. The
gradient was fractionated onto 30 circles of no. 17 paper
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(Whatman). The paper circles were dried, immersed in cold
5% trichloroacetic acid for 10 minutes, washed 3 times with
ethanol and once with acetone, and dried; radioactivity was
then measured. As a molecular weight marker, [14C]-labelled
T4 DNA phage particles were placed on the lysis layer and
sedimented in a parallel run. The approximate fragment
length of each fraction was estimated on the basis of the
position of the T4 DNA marker and that of E. coli DNA and
adjusted by sucrose density curve [34]. Average fragment
length (in megabase(Mb)) of each profile is shown in Figures
as fragment length of the median fraction [35]. (Median
fraction is the middle fraction that separates the higher half
of the profile from the lower half.)

2.5. RT-PCR. Total RNA was isolated using an RNeasy spin
column (QIAGEN). One μg of total RNA was treated with
DNase I (Invitrogen), reverse-transcribed using SuperScript
II (Invitrogen) with random hexamers or PrimeScript II
(TaKaRa) with oligo(dT) primers, followed by treatment
with E. coli RNase H (Invitrogen). The PCR mixture
contained cDNA templates, dNTPs, rTaq Pol (TOYOBO),
anti-Taq (TOYOBO), and appropriate primers. Primers to
assess knockdown of each gene were as follows: Rev3,
5′-GGAACGTCAACAGGAGCAAC-3′ and 5′-GGAGCA-
AATCCAACACCTGC-3′; Rev7, 5′-TGCTGTCCATCA-
GCTCAGAC-3′ and 5′-AGAGCACTTGGAATCAGGGC-
3′; Rev1, 5′-CTCCTGCAGAGAAACCCCTG-3′ and 5′-
ACAAGCACTTATGGCACAGCT-3′; Polη, 5′-CCCAGG-
CAACTACCCAAAAC-3′ and 5′-GGGCTCAGTTCCTGT-
ACTTTG-3′; Polι, 5′-ATGATCAAGTGTTGCCCACAC-
3′ and 5′-ACATGACCCGACACAGTCAC-3′; Polκ, 5′-
AGACAAGAATACCGCCAGCC-3′ and 5′-AGGAAGGAT-
TATTGCACTTGCC-3′; GAPDH, 5′-ACCACAGTCCAT-
GCCATCAC-3′ and 5′-TCCACCACCCTGTTGCTGTA-3′.
All PCR reactions were carried out for 27 cycles, with
the exception of GAPDH (25 cycles). PCR products were
subjected to a MultiNA microtip electrophoresis DNA/RNA
analyzer (Shimadzu Biotech).

2.6. Western Blotting. Cells were rinsed with PBS, lysed with
1 × SDS-PAGE loading buffer and collected by scraping.
Cell lysate was boiled for 10 minutes, sonicated for 30
seconds and centrifuged at 20, 000 × g for 10 minutes. The
supernatant was used for western blotting after measuring
protein content by Bradford method. The supernatant (60 μg
protein) was separated on 5–20% (Rev7, Rev1 and Polι)
or 3–10% (the rest) SDS-polyacrylamide gels (Wako) and
transferred onto Immobilon-PSQ membranes (Millipore).
The membranes were incubated with antibodies to bypass-
polymerases (Rev1, Santa Cruz Biotechnology sc-48806;
Rev7, BD Transduction Laboratories 612266; Polη, Santa
Cruz Biotechnology sc-17770; Polι, Abnova H00011201-
M01; Polκ, a kind gift from Dr. Tomoo Ogi, Nagasaki Univer-
sity), and then with horseradish peroxidase-conjugated sec-
ondary antibodies (anti mouse IgG, DAKO PO-0447; anti-
rabit IgG, DAKO PO-0448). Antibodies were diluted with
CanGetSignal (TOYOBO) to enhance immunoreactivity.
The signals were developed with ECL-Plus (GE Healthcare),

and blots were stripped for reprobing with anti α-tubulin
antibody (Sigma T5168).

3. Results

3.1. Effect of siRNAs to Rev3 or Rev7 on HeLa UV-TLS. We
selected 4 target sites from the human Rev3 mRNA sequence
(NCBI locus: NM 002912), according to the JBioS guide.
All the Rev3 siRNAs (Table 1) effectively knocked down
expression of Rev3 (Figure 1(a)) and, at 5 nM, abolished
UV-TLS in HeLa cells (Figure 1(b)). Replication products
immediately after UV irradiation were sedimented as a
sharp peak, illustrated by a thin line in Figure 1(b), slightly
larger in size than the T4 phage DNA marker. When only
Oligofectamine-treated cells were chased in normal medium
for 5 hours, the products joined to form larger DNA with
lengths in the order of megabases (Mb), illustrated by a thick
line. In Rev3 siRNA-transfected cells, the products remain
in smaller size, as depicted by a thin line with open marks,
demonstrating these siRNAs prevent UV-TLS (Figure 1(b)).

We assessed how many mismatched nucleotides (nt)
are necessary at minimum for the negative control siRNA
(Figure 1(c)) and found that siRev3cont-C, designed from
siRev3-D with 2 nt mismatches, did not prevent UV-TLS,
indicating that these Rev3 siRNAs degrade Rev3 mRNA
with high specificity. The dose-response profile of siRev3-D,
shows that only 1 nM siRNA sufficiently inhibited UV-TLS
(Figure 1(d)). The siRev3-D siRNA had no effect on normal
replication (Figure 1(e)).

We selected 3 target sites from the human Rev7
mRNA sequence (NM 006341) (Table 1), and found that
all siRNAs effectively reduced Rev7 expression (Figure 2(a));
5 nM siRev7-B or siRev7-C completely abolished UV-TLS
(siRev7-A elicited only partial prevention) (Figure 2(b)). The
siRev7cont-A, designed from siRev7-B with 2 nt mismatches,
had no effect (ibid). The dose-response profile of siRev7-
B shows that 1 nM siRNA was sufficient to inhibit UV-
TLS (Figure 2(c)); Rev7 siRNAs had no effect on normal
replication (Figure 2(d)).

3.2. SiRNAs to Rev1 Significantly Abrogated UV-TLS. For
knockdown of Rev1 expression, we selected 4 sites from
the human Rev1 mRNA sequence (NM 016316) (Table 1)
(Figure 3(a)). The siRNAs (5 nM) targeted to these sites abol-
ished UV-TLS in HeLa cells (Figure 3(b)). The siRev1cont-
E, designed from siRev1-C with 4 nt mismatches, had little
to no effect. The dose-response profile of siRev1-C shows
that 1 nM of the siRNA was enough to inhibit UV-TLS
(Figure 3(c)); siRev1-C or siRev1-D siRNA had no effect on
normal replication (Figure 3(d)).

3.3. SiRNAs to Polη Prevented UV-TLS to a Great Extent.
First, we tested the siRNA described by Choi and Pfeifer [37],
siPolη-4, which partially inhibited UV-TLS (Figure 4(a)).
The negative control, siPolηcont-A, was designed from
siPolη-4 with 2 nt mismatches, had no effect (ibid). We added
2 Polη siRNAs of new design (human Polη mRNA sequence:
NM 006502) (Table 1), and these siRNAs also effectively
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Figure 1: Efficient knockdown by Rev3 siRNAs and their effects on UV-induced TLS in HeLa cells (ASDG profiles of replication products).
(a) Efficiency of knockdown on Rev3 expression (RT-PCR analysis); (b) Effects of various Rev3 siRNAs; (c) Effects of Rev3 control siRNAs;
(d) Dose-response of siRev3-D; (e) Effect of various Rev3 siRNAs (no UV control). Twenty-four hours after Rev3 siRNA transfection,
total RNA was isolated and Rev3 RNA was quantified by RT-PCR. Results were shown in MultiNA gel images and the expression level was
presented under the panel (a). Forty hours after Rev3 siRNA transfection, cells were UV-irradiated (10 J/m2), incubated in normal medium
for 30 minutes, pulse-labelled with 10 μCi/mL of [14C]thymidine for 1 hour, washed twice with PBS, and incubated for 5 hours at 37◦C in
normal medium (b, c, d). siRev3cont-A, 6 nt mismatches; siRev3cont-B, 4 nt mismatches; siRev3cont-C, 2 nt mismatches (c). Forty hours
after Rev3 siRNA transfection, cells were not UV-irradiated, pulse-labelled with 10 μCi/mL of [14C]thymidine for 30 minutes, washed twice
with PBS, and incubated at 37◦C in normal medium for 1 hour (e). Some of these profiles overlap (c, d, e). Sedimentation is from right
to left. The arrow indicates the position of T4 phage DNA (166 kb, i.e., approximately 5.5 × 107 Da/single strand). Labelled E.coli DNA
(approximately 4 Mb) sedimented near the bottom (fractions 3–6) (4). Average fragment length (in Mb) of each profile is shown in square
brackets as fragment length of the median fraction.
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Figure 2: Efficient knockdown by Rev7 siRNAs and their effects on UV-induced TLS in HeLa cells (ASDG profiles of replication products).
(a) Efficiency of knockdown on Rev7 expression (RT-PCR analysis and western blot analysis); (b) Effects of various Rev7 siRNAs; (c) Dose-
response of siRev7-B; (d) Effect of various Rev7 siRNAs (no UV control). Twenty-four hours after Rev7 siRNA transfection, total RNA was
isolated and Rev7 RNA was quantified by RT-PCR. Results were shown in MultiNA gel images and the expression level was presented under
the panel (a). Forty hours after Rev7 siRNA transfection, whole cell extracts were prepared and Rev7 protein was quantified by western blot
analysis (a). Forty hours after Rev7 siRNA transfection, cells were UV-irradiated (10 J/m2), incubated in normal medium for 30 minutes,
pulse-labelled with 10 μCi/mL of [14C]thymidine for 1 hour, washed twice with PBS, and incubated for 5 hours at 37◦C in normal medium (b,
c). Forty hours after Rev7 siRNA transfection, cells were not UV-irradiated, pulse-labelled with 10 μCi/mL of [14C]thymidine for 30 minutes,
washed twice with PBS, and incubated at 37◦C in normal medium for 1 hour (d). Some of these profiles overlap (c, d). Sedimentation is from
right to left. The arrow indicates the position of T4 phage DNA (166 kb, i.e., approximately 5.5 × 107 Da/single strand). Average fragment
length (in Mb) of each profile is shown in square brackets.

knocked down Polη expression (Figure 4(b)). These latter
siRNAs at 5 nM abolished UV-TLS to a greater extent than
siPolη-4 (Figure 4(c)). The Polη siRNAs had no effect on
normal replication (Figure 4(d)).

3.4. Polκ siRNAs Delayed UV-TLS, While siRNAs to Polι
Did Not. Although Polι siRNAs efficiently prevented Polι
expression (Figure 5(a)), we could not detect these effects on
ASDG profiles (Figure 5(b)). The siPolι-5 was reported by
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Figure 3: Efficient knockdown by Rev1 siRNAs and their effects on UV-induced TLS in HeLa cells (ASDG profiles of replication products).
(a) Efficiency of knockdown on Rev1 expression (RT-PCR analysis and western blot analysis); (b) Effects of various Rev1 siRNAs on UV-TLS;
(c) Dose-response of siRev1-C on UV-TLS; (d) Effect of various siRNAs (no UV control). Twenty-four hours after Rev1 siRNA transfection,
total RNA was isolated and Rev1 RNA was quantified by RT-PCR. Results were shown in MultiNA gel images and the expression level
was presented under the panel (a). Forty hours after Rev1 siRNA transfection, whole cell extracts were prepared and Rev1 protein was
quantified by western blot analysis (a). Forty hours after Rev1 siRNA transfection, cells were UV-irradiated (10 J/m2), incubated in normal
medium for 30 minutes, pulse-labelled with 10 μCi/mL of [14C]thymidine for 1 hour, then washed twice with PBS, and incubated for
5 hours at 37◦C in normal medium (b, c). Forty hours after Rev1 siRNA transfection, cells were not UV-irradiated, pulse-labelled with
10 μCi/mL of [14C]thymidine for 30 minutes, washed twice with PBS, and incubated at 37◦C in normal medium for 1 hour (d). Some of
these profiles overlap (b, c). Sedimentation is from right to left. The arrow indicates the position of T4 phage DNA (166 kb, i.e., approximately
5.5× 107 Da/single strand). Average fragment length (in Mb) of each profile is shown in square brackets.

Choi et al. [38], and the target sequence of siPolι-A was 4 nt
downstream from the one reported by Machida et al. [39]
(human Polι mRNA sequence: NM 007195).

We prepared 3 siRNAs for knockdown of Polκ mRNA
(NM 016218) (Figure 6(a)). In contrast to siPolι, these
Polκ siRNAs (5 nM) delayed UV-TLS in HeLa cells

(Figure 6(b)). The siPolκcont-B, from siPolκ-A with
3 nt mismatches, had little to no effect. The dose-
response profile of siPolκ-A shows that the molecule
sufficiently inhibited UV-TLS at 1 nM (Figure 6(c)).
The Polκ siRNAs had no effect on normal replication
(Figure 6(d)).
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Figure 4: Efficient knockdown by Polη siRNAs and the effects on UV-induced TLS in HeLa cells (ASDG profiles of replication products).
(a) Dose-response of siPolη-4 on UV-TLS, Efficiency of knockdown on Polη expression; (b) RT-PCR analysis and western blot analysis,
(c) Effects of various Polη siRNAs on UV-TLS, (d) Effect of various Polη siRNAs (no UV control). Twenty-four hours after Polη siRNA
transfection, total RNA was isolated and Polη RNA was quantified by RT-PCR. Results were shown in MultiNA gel images and the expression
level was presented under the panel (b). Forty hours after Polη siRNA transfection, whole cell extracts were prepared and Polη protein was
quantified by western blot analysis (b). Forty hours after Polη siRNA transfection, cells were UV-irradiated (10 J/m2), incubated in normal
medium for 30 minutes, pulse-labelled with 10 μCi/mL of [14C]thymidine for 1 hour, then washed twice with PBS, and incubated for
5 hours at 37◦C in normal medium (a, c). Forty hours after Polη siRNA transfection, cells were not UV-irradiated, pulse-labelled with
10 μCi/mL of [14C]thymidine for 30 minutes, washed twice with PBS, and incubated at 37◦C in normal medium for 1 hour (d). Some of
these profiles overlap (d). Sedimentation is from right to left. The arrow indicates the position of T4 phage DNA (166 kb, i.e., approximately
5.5× 107 Da/single strand). Average fragment length (in Mb) of each profile is shown in square brackets.

4. Discussion

We verified the involvement of multiple bypass polymerases
in UV-TLS in HeLa cells using original siRNAs and ASDG

technique, which is consistent with the recent model of 2
polymerase mechanisms [40, 41]. Rev3 and Rev7, which
comprise Polζ , were confirmed to participate in mutagenic
UV-TLS. Also, Rev1 was suggested to play an important role
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Figure 5: Efficient knockdown by Polι siRNAs and the effects on UV-induced TLS in HeLa cells (ASDG profiles of replication products). (a)
Efficiency of knockdown on Polι expression (RT-PCR analysis and western blot analysis); (b) Effects of two Polι siRNAs on UV-TLS. Twenty-
four hours after Polι siRNA transfection, total RNA was isolated and Polι RNA was quantified by RT-PCR. Results were shown in MultiNA
gel images and the expression level was presented under the panel (a). Forty hours after Polι siRNA transfection, whole cell extracts were
prepared and Polι protein was quantified by western blot analysis (a). Forty hours after Polι siRNA transfection, cells were UV-irradiated
(10 J/m2), incubated in normal medium for 30 minutes, pulse-labelled with 10 μCi/mL of [14C]thymidine for 1 hour, then washed twice
with PBS, and incubated for 5 hours at 37◦C in normal medium (b). Sedimentation is from right to left. The arrow indicates the position of
T4 phage DNA (166 kb, i.e., approximately 5.5× 107 Da/single strand). Average fragment length (in Mb) of each profile is shown in square
brackets.

in human TLS, although in avian DT40 cells, Rev1 may have
a distinct role [42]. We were surprised to find that siRNAs
against Polη prevented TLS to a great extent. TLS was delayed
in Polκ siRNA-transfected cells, but not in siPolι-transfected
cells.

We anticipated a limited participation of Polη, because
UV-TLS in HeLa cells is very slow (i.e., inefficient) and
caffeine-sensitive [35]. However, siRNAs against Polη, partic-
ularly siPolη-A and siPolη-B, prevented TLS to a great extent.
Since both Rev3 and Rev7 siRNAs also significantly abolished
UV-TLS, these results suggest that the Polζ-dependent TLS
pathway and the Polη-dependent process are not mutually
exclusive but overlapped.

Enzymology of yeast Polζ revealed that this polymerase
is too faithful to insert nucleotides opposite a CPD, although
it efficiently extends from a matched or mismatched 3′

end [5, 6]. Therefore, we assumed that mutagenic (error-
prone) TLS proceeded through the insertion by Polι or
Polκ of mismatched nucleotides opposite UV photoproducts,
followed by extension by Polζ . Our data showed, however,
that siPolι had no effect, and siPolκ partially prevented TLS.
These results suggest that in some cases, Polη, and to a
lesser extent Polκ, may insert nucleotide(s) opposite UV
photoproducts, followed by extension by Polζ .

Polη is capable of bypassing a CPD without aid of other
TLS polymerases. Both yeast and human Polη, however,
incorporate wrong nucleotide at a fairly high rate and can

extend these mismatched primer termini with only a fre-
quency of ∼10−2 to 10−3 relative to extension from matched
primer termini [6, 43]. Plausibly, Polη dissociates from
there and the proof-reading exonuclease of Polδ removes
the wrong nucleotide [44]. To the primer termini, Polη is
recruited again and incorporates a new nucleotide. This cycle
is repeated until Polη incorporates a correct nucleotide. We
suppose that disruption or malfunction of this cooperation
renders mismatched primer termini accessible to Polζ .

Recently, Yoon et al. published 2 papers describing the
effects of siRNA knockdown on the efficiency of TLS at TT-
CPD [45] or (6-4)TT PP [46] on duplex plasmids in human
cells. They also reported the effects of siRNA knockdown on
mutation frequencies in the λ phage cII gene lysogenized in
mouse cells expressing a (6-4)PP photolyase [45] or CPD
photolyase [46]. The results of this tremendous and detailed
study demonstrated that Pols η, κ, and ζ contribute to
CPD bypass, wherein Pols κ and ζ promote mutagenic TLS
and Polη executes error-free bypasses (Polι siRNA had no
effect) [45]. As for (6-4)PP bypass, Pols η and ι provide
alternate pathways for mutagenic TLS, and Polζ acts in a
predominantly error-free manner (Polκ siRNA had no effect)
[46].

The participation of Pols κ or ι in CPD bypass was
similarly demonstrated by our results and those of Yoon et
al. [45]. Because (6-4)PP is a minor photoproduct, which
is removed predominantly by NER, and because HeLa cells
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Figure 6: Efficient knockdown by Polκ siRNAs and the effects on UV-induced TLS in HeLa cells (ASDG profiles of replication products).
(a) Efficiency of knockdown on Polκ expression (RT-PCR analysis and western blot analysis), (b) Effects of various Polκ siRNAs on UV-
TLS, (c) Dose-response of siPolκ-A on UV-TLS, (d) Effect of various Polκ siRNAs (no UV control). Twenty-four hours after Polκ siRNA
transfection, total RNA was isolated and Polκ RNA was quantified by RT-PCR. Results were shown in MultiNA gel images and the expression
level was presented under the panel (a). Forty hours after Polκ siRNA transfection, whole cell extracts were prepared, and Polκ protein
was quantified by western blot analysis (a). Forty hours after Polκ siRNA transfection, cells were UV-irradiated (10 J/m2), incubated in
normal medium for 30 minutes, pulse-labelled with 10 μCi/mL of [14C]thymidine for 1 hour, then washed twice with PBS, and incubated
for 5 hours at 37◦C in normal medium (b, c). Forty hours after Polκ siRNA transfection, cells were not UV-irradiated, pulse-labelled with
10 μCi/mL of [14C]thymidine for 30 minutes, washed twice with PBS, and incubated at 37◦C in normal medium for 1 hour (d). Some of these
profiles overlap (c, d). Sedimentation is from right to left. The arrow indicates the position of T4 phage DNA (166 kb, i.e., approximately
5.5× 107 Da/single strand). Average fragment length (in Mb) of each profile is shown in square brackets.

possess high NER activity (unpublished observation), it is
reasonable to conclude that our phenomena observed in
HeLa cells by ASDG are largely attributable to CPD, although
we have not yet determined the extent of remaining (6-4)PP.

We may also conclude that Rev1 is indispensable for
TLS across CPD. Thus far, it is unknown if Rev1 is equally
involved in TLS across CPD and (6-4)PP, or if it exhibits

some preference. Nelson et al. [25] demonstrated that
Rev1p participates in UV-TLS across (6-4)PP, based on yeast
transfected with a (6-4)PP-carrying plasmid; only slight
differences were observed with a CPD-carrying plasmid.

In vitro lesion-bypass assay showed that Polη alone
accomplishes bypass across TT-CPD as above (i.e., both
insertion and extension) [8, 9]. However, Yoon et al.
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presented complex results showing involvement of multiple
bypass polymerases. They used SV-untransformed XP-A
and XP-V cells, but did not include SV-untransformed
normal fibroblasts, wherein we detected quick and caffeine-
insensitive UV-TLS [35, 36]. It is possible that the kind
of damage, as well as cell status (normal, transformed,
or cancerous) may determine the participation of bypass
polymerase(s).

We have presented the first apparent evidence that Polκ
participates in UV-TLS. Polκ knockout mouse embryonic
cells are known to be UV sensitive [47], but the mechanism
had not yet been determined. Polκ is also thought to play a
part in the repair-synthesis step of NER [48, 49]. From the
results of lesion-bypass assays, human Polκ was suggested to
be unable to bypass CPD or (6-4)PP. Because the outcomes of
such in vitro assays depend on the assay conditions [12], these
results must be validated in vivo, such as by ASDG analysis.

5. Conclusions

Using siRNAs originally designed and ASDG technique, we
verified the participation of multiple bypass polymerases in
UV-induced TLS in HeLa cells, which is the consistent with
recent model of 2 polymerase mechanisms. UV-TLS was
largely abolished by siRNAs to Rev3 or Rev7, suggesting that
these 2 proteins, which constitute Polζ , play a primary role
in mutagenic TLS. Rev1-targeted siRNAs also significantly
abolished UV-TLS, consistent with prior suggestions that
Rev1 is indispensable in mammalian mutagenic TLS. Unex-
pectedly, siRNAs to Polη prevented TLS to a great extent,
implying that the Polη- and Polζ-dependent processes do
not alternate but overlap. Polκ siRNAs, but not siRNAs to
Polι, delayed TLS; this is the first apparent evidence for the
participation of Polκ in UV-TLS.
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A critical step in the transformation of cells to the malignant state of cancer is the induction of mutations in the DNA of cells
damaged by genotoxic agents. Translesion DNA synthesis (TLS) is the process by which cells copy DNA containing unrepaired
damage that blocks progression of the replication fork. The DNA polymerases that catalyze TLS in mammals have been the topic
of intense investigation over the last decade. DNA polymerase η (Pol η) is best understood and is active in error-free bypass of UV-
induced DNA damage. The other TLS polymerases (Pol ι, Pol κ, REV1, and Pol ζ) have been studied extensively in vitro, but their
in vivo role is only now being investigated using knockout mouse models of carcinogenesis. This paper will focus on the studies of
mice and humans with altered expression of TLS polymerases and the effects on cancer induced by environmental agents.

1. Introduction

Tumorigenesis is a multistep process beginning with the
transformation of a single cell by the accumulation of
at least six distinct characteristics. These include infinite
lifespan, resistance to antigrowth signals, resistance to apop-
tosis, autocrine production of growth signals, sustained
angiogenesis, and tissue invasion [1]. Most environmental
carcinogens induce transformation by causing mutations in
the DNA that alter the activity of protooncogenes or tumor
suppressors. These mutations are formed when residual,
unrepaired DNA damage stalls progression of the replication
fork during S phase. Stalled replication forks are most
frequently resolved using error-free mechanisms that include
homologous recombination or use of the homologous
nascent strand as a template. Nevertheless, replication may
proceed using the damaged strand as a template in an error-
prone process known as translesion DNA synthesis (TLS).
TLS is defined as the incorporation of a nucleotide across
from DNA damage followed by extension of the potentially

mispaired primer-template, and can be error-free or error-
prone. Cellular commitment to error-free, recombinatorial
damage avoidance or error-prone TLS is modulated by the
molecular switch PCNA (Figure 1). Cells presumably risk
mutations caused by TLS to relieve replication fork blockage
at DNA adducts and to avoid the potential formation of
extremely cytotoxic double strand breaks (DSB). Although
it accounts for less than 10% of all bypass synthesis events in
yeast [2], the frequency of potentially mutagenic TLS may be
as high as 50% in higher eukaryotes [3–5]. The propensity
and mutagenic potential of TLS explain why it is etiologic
in most environmentally-induced cancers and has been the
focus of numerous investigations over the past decade.

TLS is performed by a relatively new category of acces-
sory DNA polymerases. Polymerase η (Pol η), Pol ι, Pol κ,
and REV1 in the Y-family [6] and Pol ζ in the B-family [7, 8]
are responsible for most TLS in mammalian cells. These
proteins have active sites that are larger and more open than
those of the high-fidelity replicative DNA polymerases (Pol
α, δ, and ε), allowing accommodation of and synthesis past
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DNA templates with large, helix-distorting lesions [9]. This
unique ability to synthesize DNA opposite bulky adducts
helps cells avoid double strand breaks associated with
replication fork stalling, but can also lead to mutagenesis by
incorrect base addition. It is important to note that poly-
merases in the Y-family are expressed in all three kingdoms
of life, indicating a critical and evolutionarily conserved role
for these proteins [6]. The obviously conflicting roles of
these enzymes in both preventing and promoting genetic
instability are reflected in the tight cellular control of the
TLS pathway (Figure 1). Although extensive in vitro studies
have given us a better understanding of their role in the cell,
much less is known about the function of TLS polymerases
in living animals. Limited epidemiological studies have been
conducted to associate single nucleotide polymorphisms
(SNPs) with cancer risk in humans. Knockout mice have
been generated for each gene, and carcinogenesis studies
are published or underway. Importantly, studies in mice
and humans have shown that TLS polymerases, particularly
Pol η, are involved in immunoglobulin gene hypermutation.
Readers are directed to reviews by Reynaud et al. and Diaz
et al. for an exploration of this function of TLS polymerases
[10, 11]. This review will focus on the rapidly progressing
connection of TLS and cancer research in knockout mice and
human populations.

2. REV1

REV1 was discovered in budding yeast by the Lawrence
group in 1989 as a component of the Pol ζ complex [17].
The catalytic activity of REV1 is limited to insertion of dCMP
across from a template dG [18]. The human homolog was
cloned in 1999 and has the same template-dependent dCMP
transferase catalytic activity on an undamaged template or
an abasic site [19]. One locus used in eukaryotic cells to
measure mutation frequency is HPRT, a gene involved in the
purine salvage pathway. In this forward mutation assay, cells
with loss-of-function mutations in HPRT are resistant to the
drug 6-thioguanine (TG). REV1 is required for carcinogen-
induced HPRT mutagenesis in human cells [20–22], but the
catalytic activity appears to be dispensable for the induction
of UV-induced mutations [23, 24], indicating that this
protein probably plays a structural rather than catalytic role
in UV mutagenesis.

Cells from mice with a targeted deletion of the BRCA1 C-
terminal (BRCT) homology domain of Rev1 (Rev1B/B) have
a reduced UV-induced mutation frequency at the Hprt locus
[25]. However, the animals have a paradoxically decreased
latency of squamous cell carcinoma (SCC) formation and
only marginally reduced p53 mutagenesis in the skin after
UV exposure [26]. Despite Rev1B/B cells showing a moderate
increase in chromatid breaks and exchanges after UV in
vitro [25], comparative genomic hybriziation of UV-induced
SCC and normal skin DNA reveals no increase in the
frequency of gross genomic alterations in Rev1B/B SCC [26].
If point mutations and chromosomal rearrangements are
near normal levels in BRCT-deleted Rev1B/B mice, what is the
reason for accelerated SCC development? Acute UV exposure
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Figure 1: Regulation of DNA lesion bypass in Saccharomyces
cerevisiae and humans. Bulky DNA lesions can cause blockage of
replicative polymerases and replication fork stalling. The ubiquitin
conjugase/ubiquitin ligase pair Rad6/Rad18 is recruited to stalled
replication forks where the proteins catalyze monoubiquitylation of
PCNA at lysine 164. TLS proteins such as REV1 and Pol η have
increased affinity for monoubiquitylated PCNA, which facilitates
their recruitment and the completion of TLS. In yeast, Rad5 and the
MMS2-Ubc13 complex (UBE2V2-UBE2N in humans) can catalyze
polyubiquitylation of PCNA via lysine 63 of ubiquitin, which
blocks TLS and activates error-free damage avoidance. Damage
avoidance includes template switching, during which the nascent
DNA strand from the sister duplex is used as an undamaged
homologous template to replicate past the lesion. Humans express
two Rad5 homologs, SHPRH and HLTF, and both catalyze K-
63-linked polyubiquitylation of PCNA in human cells [12–15].
In yeast, Ubc9-Siz1 can attach the small ubiquitin-like modifier
(SUMO) to lysine 164 of PCNA in a reaction that competes with
Rad6/Rad18-mediated monoubiquitylation. PCNA SUMOylation
at K-164 attracts the helicase Srs2 and prevents error-prone
RAD52-dependent recombination. Reproduced with permission
from Watson et al. [16].

of these Rev1-mutant mice induces enhanced Atr signaling,
senescence, and apoptosis in the skin. However, long-term
low-dose UV exposure causes a mitogenic response, as
evidenced by epidermal hyperplasia, decreased apoptosis,
and increased proliferation of CPD-containing keratinocytes
[26]. Based on literature reports of the etiological role of IL-
6 in carcinogenesis and elevated IL-6 levels in the skin after
a single subtoxic UV dose, the authors conclude that error-
prone TLS of UV-induced DNA damage is responsible for
suppressing the proinflammatory, tumor-promoting effects
of UV in the skin. However, more direct immunological
studies are needed to confirm that Rev1 suppresses UV-
induced inflammation and tumor suppression.

REV1 has also been implicated in TLS across other
types of DNA lesions. Benzo[a]pyrenediolepoxide (BPDE)
is the primary carcinogenic metabolite of B[a]P and causes
point mutations in a REV1-dependent manner [22, 27].
BPDE-induced Hprt mutations are dramatically decreased
in primary mouse fibroblasts after ribozyme-mediated Rev1-
knockdown. When a plasmid expressing this ribozyme is
delivered to the lungs of A/J mice by aerosol nebulization,
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Rev1 mRNA is reduced by ∼ %50 in the bronchial epithe-
lium. This targeted gene therapy causes a ∼ %40 reduction
in the lung tumor multiplicity after B[a]P treatment. In
addition, only 73% of ribozyme-treated mice develop lung
adenomas after B[a]P, compared with 100% penetrance in
control animals [28]. This report highlights the potential
for interrupting translesion synthesis as a chemoprevention
strategy.

Although no human disorder involving REV1 deficiency
is known, there are 16 SNPs in humans that result in
nonsynonymous amino acid changes. The F257S SNP, which
lies outside of all known functional domains of the protein,
has been associated with an increased risk of squamous
cell carcinoma of the lung in patients who have ever
smoked cigarettes [29]. However, this association remains
controversial [30]. The same F257S SNP was associated
with decreased risk of cervical cancer, and N373S within
the catalytic domain was associated with increased risk of
cervical cancer. Both effects were specific for squamous
cell carcinoma and not relevant for adenocarcinoma of
the cervix [31]. Although the functional consequences of
these polymorphisms are unknown, these studies support
a role for REV1 in the formation of multiple internal
cancers.

3. Pol η

The study of translesion synthesis in mammals began in
1999 with the discovery of the molecular defect that results
in Xeroderma Pigmentosum (XP) variant syndrome. All
XP patients have dramatically increased susceptibility to
UV-induced skin cancer [32]. Patients in complementation
groups A through G are deficient in nucleotide excision
repair (NER), the major pathway for removal of helix-
distorting lesions, including those induced by UV. However,
the XP variant subset of patients has normal NER activity
[33, 34], yet displays the skin cancer-prone phenotype of
NER-deficient patients. The XP variant mystery persisted for
nearly three decades. Intensive investigations indicate that
after UV-irradiation cells from these patients have difficulty
exiting S-phase that is exacerbated by caffeine [35, 36]. Fur-
ther, these cells are extremely hypermutable after UV [37]. In
1999, two groups independently discovered that XP variant
patients carry autosomal recessive mutations in POLH, the
human gene coding for Pol η, and that the enzyme can
catalyze error-free DNA synthesis across from a template TT
cyclobutane pyrimidine dimer (CPD) [38–40]. The dramatic
increase in skin cancer risk of XP variant patients could now
be explained by the absence of a critical translesion DNA
polymerase. UV principally induces photoaddition products
between intrastrand adjacent pyrimidines, the most frequent
of which are TT CPD. These lesions block progression
of the replication fork. Data indicate that helicase activity
may continue in spite of the blocked replication complex,
resulting in single-stranded DNA that is rapidly coated with
replication protein A (RPA). This appears to attract the
ubiquitin ligase RAD18, which has binding sites for the
ubiquitin conjugase RAD6, Pol η, and RPA. One target of

ubiquitylation is PCNA. Since Pol η has a ubiquitin binding
domain, Pol η is now thought to be preferentially attracted to
the stalled fork because it is chaperoned directly by RAD18
and binds to the ubiquitylated PCNA (Figure 1) [41]. Data
indicate that Pol η then incorporates AA across from TT CPD
in the template. In the absence of Pol η, another translesion
polymerase, which is potentially error-prone when bypassing
these common UV-induced lesions, accesses the damaged
template (reviewed in [42, 43]). Generation of Pol η-
knockout mice shows that the highly homologous mouse
Pol η protein functions similarly in UV-induced mutagenesis
and carcinogenesis. Pol η-deficient mice develop squamous
cell carcinoma with 100% penetrance at a UV fluence
that does not cause any tumors in wild-type littermates.
In addition, approximately one-third of heterozygous mice
develop cancer after UV exposure [44]. This raises the
possibility that humans carrying heterozygous mutations in
the POLH gene may have an increased risk of developing
skin cancer. However, this speculation has not been clinically
investigated.

There is evidence that XP variant patients develop
internal cancers faster than Pol η-proficient individuals [45,
46], raising the possibility that Pol η-deficiency is involved
in the formation of multiple human cancers caused by
DNA damaging agents other than UV. Six SNPs in POLH
have been found to date that result in nonsynonymous
amino acid substitutions, but their functional significance
is unknown. There is a single study evaluating the effects
on cancer risk of POLH polymorphisms. Flanagan and
colleagues found no significant changes in coding-region
SNPs of POLH among 40 basal cell carcinoma and squamous
cell carcinoma patients in a fair-skinned Irish population
[47]. It is clear that larger epidemiological studies of
POLH status are needed to evaluate the effects of POLH
polymorphisms.

4. Pol ι

DNA polymerase ι (Pol ι) was discovered in 1999 as a
novel homolog of Pol η in mammals and is encoded by
the human POLI gene [48]. In vitro studies with purified
enzyme indicate error-prone TLS function on almost all
substrates examined, perhaps due to the still controversial
ability of Pol ι to incorporate incoming nucleotides using
Hoogsteen base pairing [49, 50]. Exhaustive characterization
of the error-prone replication properties of Pol ι has lent
credibility to the hypothesis that Poli is a candidate gene
for the Pulmonary adenoma resistance 2 (Par2) locus in
mice [51–53]. The Par2 locus was identified in 1996 by
chromosomal linkage mapping between BALB/cJ and A/J
mouse strains and plays a major role in the relative resistance
of BALB mice versus the A/J strain to developing urethane-
induced lung adenomas [54]. Wang et al. identified ten
amino acid-substitution polymorphisms between A/J and
BALB mice that produce changes in substrate recognition
of Pol ι; while the enzyme from both strains is functional,
the isoform expressed in BALB mice may be more accu-
rate on certain undamaged templates [52]. These studies
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suggest that Pol ι acts to suppress urethane-induced lung
adenomas. It has been hypothesized that this activity is
due to the augmentation of base excision repair (BER)
by Pol ι, because the enzyme has 5′deoxyribose phosphate
(dRP) lyase activity and can partially reconstitute the BER-
deficiency of Pol β-null cells in vitro [55]. It is possible
that after urethane-induced DNA damage, which produces 1,
N6-ethenoadenine adducts [56] that are primarily repaired
by BER [57], Pol ι acts in the gap-filling step of lesion
repair. If the isoform of Pol ι expressed in A/J mice is
more likely to add the incorrect G opposite a template
T in the gap-filling step of BER, as was found in vitro
[52], this could explain the increased incidence of lung
adenomas in A/J mice. In support of this hypothesis, nearly
all urethane-induced adenomas in mice have a CAA→CGA
transition in codon 61 of Kras2 [51]. In addition, 129-
derived mouse strains that carry a SNP in codon 27 of
Poli resulting in a severely truncated protein [58] display
extreme sensitivity to urethane-induced lung adenomas [53].
In the absence of Pol ι, it has been hypothesized that another
DNA polymerase, such as Pol β, inserts the incorrect base
during gap filling in the repair of urethane-induced DNA
damage. However, normal mouse Pol ι displays extremely
error-prone properties during synthesis opposite all four
undamaged template bases in vitro [58], making it unlikely
to prevent mutations during BER in mice that are Pol ι-
competent. Further studies must be completed to determine
the tumor suppression mechanism of Pol ι in mouse lung
carcinogenesis.

A growing body of evidence suggests that Pol ι is involved
in error-prone TLS of UV-induced DNA damage in vivo.
The heightened UV mutagenesis of Pol η-null (XP variant)
human cells has been attributed to TLS by Pol ι [59].
Loss of the functional Poli gene in dermal cells results
in a dramatically reduced UV-induced mutation frequency
at the Hprt locus in both wild-type and Pol η-deficient
mice (Figure 2). Remarkably, however, the decreased UV-
induced mutagenesis observed due to loss of the error-
prone Pol ι from Pol η-deficient mice is associated with
increased cancer risk after UV exposure (Figure 3) [60].
This result was confirmed and extended by Ohkumo and
colleagues who showed that Poli−/− mice are more likely
to develop aggressive mesenchymal tumors after UV than
Poli-proficient siblings [61]. These apparently contradictory
findings speak to the fact that cancer etiology is more
complex than the point mutations scored by the Hprt assay,
and that one cannot use cell biology alone to accurately
predict cancer risk in a TLS model. Indeed, they suggest
a tumor suppressor role for Pol ι that could be separate
from its role as a TLS polymerase prone to induce single
base-substitution mutations. It is also possible that Pol ι
is error-free when bypassing a minor UV adduct, or that
it is involved in error-free BER of the minimal oxidative
damage induced by UVB used in these studies [62], but more
detailed experiments must be performed to evaluate these
possibilities.

The role of Pol ι in the induction of cancer induced
by other carcinogens has not been systematically studied to
date. It is interesting to note that Newcomb et al. found
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Figure 2: Frequency of 6-thioguanine-resistant (TGr) clones as
a function of survival after UV irradiation. Cells were plated
on three 150-mm-diameter dishes at a density of 104 cm−2 to
determine mutant frequency or at cloning density to determine
survival. After attachment, plates were irradiated with UV fluences
to yield 20%−40% survival. The actual survival in the mutagenesis
experiments was determined by refeeding the survival plates at
one week and staining with crystal violet after two weeks. Percent
survival for each UV fluence was corrected for replating and
plotted on the x-axis. The corresponding mutant frequency at each
survival is plotted on the y-axis. Each point represents the mean of
three independent dishes at the indicated survival, ±1 SD. Mutant
frequency at the Hprt locus is defined as the number of TGr clones
per million clonable cells. Each data point represents independent
experiments in which 2-4 × 106 surviving cells were selected after
UV irradiation and an 8- to 9-day expression period. The data have
been corrected for cloning efficiency on the day of selection, and
the spontaneous background mutant frequency (1×10−5) has been
subtracted. The arrows indicate the reduction in mutant frequency
when Polι is disrupted in the Pol η-deficient background (larger
arrow) and in the Pol η-proficient background (smaller arrow).
Reproduced with permission from Dumstorf et al. [60].

that Pol ι-deficient 129 mice are resistant to γ-irradiation-
induced thymic lymphoma but sensitive to methylating
agent-induced thymic lymphoma [63]. γ-Irradiation induces
DNA strand breaks and oxidative damage, and Pol ι is
known to protect cells from oxidative stress [64]. It is
therefore possible that increased cell death after γ-irradiation
protects Poli−/− 129 mice from lymphomagenesis. However,
Pol ι does not affect the sensitivity of Pol β-null cells to
methylating agents [65], so the sensitivity of 129 mice to
thymic lymphoma induced in this way is still unexplained.

There is no known human disorder involving deficiency
for Pol ι. However, Pol ι is overexpressed in some lung
cancer cell lines [52] as well as in primary human gliomas
[66]. The T706A SNP was found to increase the risk of
adenocarcinoma and squamous cell carcinoma of the lung
in persons < 61 years of age [29]. However, this association
was not confirmed by another independent study [67]
and failed to show significance in a meta-analysis [68].
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Figure 3: UV light-induced skin cancer in mice. Mice were shaved
once per week and irradiated three times per week with 3.75 kJ/m2

for 20 weeks or until the first skin tumor arose. Mice were inspected
weekly for the development of skin tumors. All 12 homozygous
Polh knockout mice (open diamonds) developed skin tumors by
18 weeks, while all 12 Polh−/−Poli−/− mice (open circles) developed
skin tumors by 13 weeks. This Poli-dependent decrease in tumor
latency is highly significant (P < .0002). No difference was found
in the histological analysis of skin tumors among the groups.
Reproduced with permission from Dumstorf et al. [60].

Another SNP in human POLI, F532S, is associated with
prostate cancer patients whose tumors display TMPRSS2-
ERG fusion with a highly significant odds ratio of 4.6 [69].
The protooncogenic transcription factor ERG was identified
as the most frequently overexpressed gene in human prostate
cancers [70], and fusion with the androgen-responsive serine
protease TMPRSS2 by chromosomal rearrangement was
found in >90% of ERG-overexpressing cases [71]. Threonine
706 and serine 532, the two residues altered by these SNPs
in Pol ι, are located in the noncanonical ubiquitin-binding
motifs UBM2 and UBM1, respectively [72]. These two
polymorphisms could therefore affect binding of Pol ι to
ubiquitylated PCNA, which is required for its recruitment to
stalled replication forks following DNA damage. In the case
of prostate cancer, the F532S variant of Pol ι may promote
chromosomal instability by causing replication fork stalling
and double-strand break (DSB) formation. DSB formed in
this way could promote cellular transformation by causing
chromosomal rearrangements that place the protooncogene
ERG under control of the androgen-responsive promoter
elements of TMPRSS2 and lead to ERG-overexpression as is
found in many prostate cancers [71]. Evidence supports the
suppression of skin and lung cancers by Pol ι in humans and
mice, and new studies suggest that other cancers could be

affected by this protein, making it a promising candidate for
future investigation.

5. Pol κ

The fourth member of the Y-family is DNA polymerase
κ. Pol κ performs faithful TLS of BPDE-induced DNA
damage in vitro by inserting dC opposite a template BPDE-
adducted G [73–75]. Pol κ is required for recovery from
a novel BPDE-induced intra-S phase checkpoint, and the
protein relocalizes to stalled replication forks after BPDE-
induced DNA damage [76, 77]. Polk−/− mouse embryonic
fibroblasts (MEFs) show persistent S-phase arrest after BPDE
exposure, which results in increased DSB formation at stalled
replication forks and increased toxicity in cells without
functional Pol κ [77]. Avkin and colleagues measured TLS
efficiency and fidelity in Polk−/− MEFs using a shuttle vector
technique. TLS efficiency on a plasmid containing a site-
specific BPDE-N2-dG adduct is reduced nearly threefold in
Polk−/− MEFs, and mutagenic TLS is increased from 29%
to 50% in knockout cells, supporting a role for Pol κ in
the efficient and error-free bypass of BPDE DNA damage
[78]. siRNA-mediated POLK-knockdown also reduces the
efficiency of TLS past BPDE-N2-dG in human U2OS cells
[79]. This body of evidence suggests that Pol κ could have
an important role in cancers caused by bulky chemical
carcinogens like BPDE. Pol κ has also recently been linked to
nucleotide excision repair. Polk−/− MEFs have reduced levels
of NER of UV damage, including reduced repair synthesis
and removal of 6-4 photoproducts after UV. Both of these
phenotypes are largely corrected by expressing wild-type
Pol κ, but not a catalytically inactive mutant [80]. Pol κ
carries out NER repair synthesis and is recruited to sites of
NER through its interaction with XRCC1 and ubiquitylated
PCNA [81]. These remarkable studies highlight the ability
of TLS polymerases to function in multiple cellular path-
ways and the likelihood that Polk plays an important role
in preventing DNA damage-induced carcinogenesis. While
Polk-knockout mice have been generated [82, 83] and show
increased spontaneous mutagenesis in kidney, liver, and lung
[84], no cancer studies have yet been reported using these
models.

Pol κ is overexpressed in ∼70% of nonsmall cell lung
cancers (NSCLC) examined [85], and this overexpression
correlates with mutation status of TP53 [86] which is
itself an indicator of poor prognosis [87]. In addition,
POLK promoter activity is increased in TP53−/− cells, and
p53 protein suppresses POLK promoter activity in vitro.
These reports suggest that Pol κ overexpression in NSCLC
could be secondary to loss of functional p53, but the
correlation between these two events must be investigated
to rule out an etiological role for Pol κ in lung cancer.
Much stronger epidemiological evidence shows that Pol κ
is overexpressed in gliomas. Multivariate analysis indicates
that Pol κ overexpression is an independent prognostic factor
for the assessment of glioma patient outcomes (Figure 4)
[66]. Although the potential role of Pol κ in the etiology
of brain tumors is unclear, Pol κ is clearly a candidate for
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Figure 4: Immunohistochemical analysis of Pol κ, Pol ι, and Pol η expression in primary glioma tissues (g) and normal brain tissues (n).
Paraffin-embedded tissue microarrays comprising 104 primary glioma specimens from WHO grades I-IV were stained for Pol κ, Pol ι, or
Pol η. Representative images of Pol κ, Pol ι, and Pol η expression: Aa, Ab, Ba, Bb, Ca, and Cb, normal brain tissue; Ac, Ad, Bc, Bd, Cc, and
Cd, pilocytic astrocytoma (WHO grade I); Ae, Af, Be, Bf, Ce, and Cf, diffuse astrocytoma (WHO grade II); Ag, Ah, Bg, Bh, Cg, and Ch,
anaplastic astrocytomas (WHO grade III); Ai, Aj, Bi, Bj, Ci, and Cj, glioblastoma multiforme (WHO grade IV); magnification: X100 (Aa, Ac,
Ae, Ag, Ai, Ba, Bc, Be, Bg, Bi, Ca, Cc, Ce, Cg, and Ci) and X400 (Ab, Ad, Af, Ah, Aj, Bb, Bd, Bf, Bh, Bj, Cb, Cd, Cf, Ch, and Cj). Reproduced
with permission from Wang et al. [66].

investigation of cancer risk and chemoprevention of multiple
tumor types.

6. Pol ζ

The human homolog of yeast DNA Polymerase ζ is required
for mutagenesis by UV, BPDE, and other carcinogens [7, 88].
Pol ζ belongs to the B-family of DNA polymerases and
contains a large catalytic subunit encoded by the REV3
gene in humans [7] along with the much smaller regulatory
protein REV7 [89]. Early investigations in Saccharomyces
cerevisiae showed that rev3 mutant strains have reduced
rates of spontaneous mutation [90], indicating that Pol ζ
is involved in the mutagenic processing of spontaneous
and UV-induced mutations. Studies in mammalian cells
indicate that Pol ζ has a role in both repair of double
strand breaks and base substitution mutagenesis, the latter
likely involving extension of mispaired primer termini after
initial TLS by another polymerase [91, 92]. Pol ζ is the only

TLS polymerase required for development, and complete
Rev3-knockout results in mitotic catastrophe and lethality
at mouse embryonic day 10.5 [93–95]. However, conditional
Rev3-knockout mice have been generated and are viable and
fertile. While Rev3-deficiency alone is insufficient to promote
cancer formation, conditional Rev3 knockout accelerates the
spontaneous formation of lymphoma in Trp53−/− mice. In
humans, REV3 gene expression is reduced by twofold in
40 of 74 (54%) colon carcinomas compared to matched
normal tissue [96]. However, normal expression is found
in much smaller sample sets of gastric, colon, lung, and
renal cancers [97], and the gene is not mutated in primary
tumors or cell lines from breast and colon cancers [89]. The
expression levels of REV3 in human cancers, particularly
colon carcinoma, must be revisited using larger sample sizes
to draw firm conclusions about the correlation of gene
expression and cancer progression. No studies are published
investigating the 25 nonsynonymous SNPS in human REV3,
but the possibility exists that functional changes in human
Pol ζ could alter the risk of cancer formation.
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7. Conclusions

The importance of translesion DNA synthesis in preventing
human cancer is well understood from the example of
XP variant, in which patients lacking the Y-family DNA
polymerase η are prone to develop UV-induced skin cancers
due to an extremely hypermutable phenotype. However,
we understand very little about how the other polymerases
involved in TLS affect human health and cancer risk.
Recently developed mouse models have so far provided
conflicting results; ribozyme-mediated knockdown of total
Rev1 and removal of the BRCT domain both result in
reduced mutagenesis by BPDE or UV, respectively. As
expected, when Rev1 mRNA is knocked down using the
same ribozyme delivered to the lungs of mice, multiplicity
of B[a]P-induced lung adenomas decreases [28]. In contrast,
Rev1 BRCT-null mice develop UV-induced squamous cell
carcinomas faster than wild-type controls [26]. In a similarly
paradoxical finding, mice lacking both Pol η and Pol ι have
decreased UV-induced mutations in their dermal fibroblasts
and accelerated development of squamous cell carcinoma
after UV treatment compared to Pol ι-proficient animals
[60]. While it is understood that the mutations induced by
these polymerases are etiological in many environmentally-
induced cancers, it is clear from these studies that simply
blocking TLS is not sufficient to reduce cancer risk, and
in fact may cause an acceleration of carcinogenesis. More
detailed studies are needed using existing mouse models to
determine the effects of TLS polymerase activity on cancer
development after diverse carcinogen exposures. In addition,
molecular epidemiological studies must be conducted to
evaluate the functional consequences of the many nonsyn-
onymous SNPs in TLS polymerase genes, some of which have
already been associated with cancer risk or protection. After
a decade of intense research, there are still critical gaps in our
understanding of the role of TLS in human health and cancer
risk.
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In cells, DNA repair has to keep up with DNA damage to maintain the integrity of the genome and prevent mutagenesis and
carcinogenesis. While the importance of both DNA damage and repair is clear, the impact of imbalances between both processes
has not been studied. In this paper, we created a combined mathematical model for the formation of DNA adducts from oxidative
estrogen metabolism followed by base excision repair (BER) of these adducts. The model encompasses a set of differential equations
representing the sequence of enzymatic reactions in both damage and repair pathways. By combining both pathways, we can
simulate the overall process by starting from a given time-dependent concentration of 17β-estradiol (E2) and 2′-deoxyguanosine,
determine the extent of adduct formation and the correction by BER required to preserve the integrity of DNA. The model allows
us to examine the effect of phenotypic and genotypic factors such as different concentrations of estrogen and variant enzyme
haplotypes on the formation and repair of DNA adducts.

1. Introduction

Estrogens are known carcinogens recognized as prime risk
factor for the development of breast cancer [1]. The principal
enzyme controlling estrogen metabolism in breast tissue is
cytochrome P450 1B1 (CYP1B1), which sequentially oxidizes
E2 to 4-OHE2 and the estrogen quinone (E2-3,4-Q, Figure 1).
The highly reactive quinone nonenzymatically attacks DNA
and forms covalent adducts with bases, such as 4-OHE2-N7-
Gua (GUAadduct), which undergoes depurination by hydrol-
ysis of the N-glycosylic bond between base and sugar, leaving
an apurinic (AP) site in the double-stranded DNA. AP sites
are repaired by the base excision repair (BER) pathway in
a sequence of enzymatic reactions. AP endonuclease APE1
cleaves 5′ to the AP site to generate a nick with 3′-OH and
5′-deoxyribose phosphate termini. DNA polymerase (Pol)
catalyzes the release of the deoxyribose phosphate residue
and DNA synthesis to fill the gap, which is then sealed by
DNA ligase (Figure 1). This reaction sequence is carried out
in one of two pathways, “short-patch” and “long-patch”,
which differ in the number of inserted nucleotides and the
protein components.

In this paper, we present a mathematical model for
the formation of DNA adducts from oxidative estrogen
metabolism followed by BER of these adducts. The modeling
is initially done in two stages: (1) formation of estrogen-
deoxyribonucleoside adducts, and (2) repair of adducts in
the BER. By combining both stages, we can simulate the
overall process by starting from a given time-dependent
concentration of E2 and 2′-deoxyguanosine, determine the
extent of adduct formation and the correction by BER
required to preserve the integrity of DNA.

2. Mathematical Model

The mathematical model is constructed in stages. Stage 1
deals with the formation of DNA adducts from estrogen
metabolism and Stage 2 encompasses the repair of adducts.
In the differential equations that will constitute the model,
E2 denotes 17β-estradiol, 4-OHE2 the catechol estrogen, E2-
3,4-Q the estrogen quinone, GUA the deoxyribonucleoside
2′-deoxyguanosine, and GUAadduct the estrogen adduct 4-
OHE2-N7-Gua over time t. We assume that the starting
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Figure 2: Comparison of stage 1 mathematical model (DNA damage) with experimental data. The metabolism of E2 (a), 4-OHE2 (b), and
GUAadduct (c) is shown as a function of time. In each graph the dots represent the experimental data [2], and the curves are derived from the
mathematical model.

points for the dynamic model are the initial concentration
of GUA(0) = GUA0 and a prescribed time series is given for
E2.

The first stage of the model is based on the first three
steps of the reaction sequence shown in Figure 1. As chemical
reactions, these steps are

E2 + ECYP1B1 � 4-OHE2 + ECYP1B1,

4-OHE2 −→ E2-3, 4-Q,

GUA + E2-3, 4-Q −→ GUAadduct.

(1)

In the first reaction, the production of 4-OHE2 from E2

is an enzymatic reaction mediated by CYP1B1 that follows
Michaelis-Menten kinetics with parameters Km1 and kcat1 [3].
In the second reaction, E2-3,4-Q is produced from 4-OHE2

according to Hill-type kinetics. It has been shown that E2-
3,4-Q is highly reactive and will spontaneously form adducts
with DNA without enzyme involvement [2]. Thus, in the
third reaction, the formation of adducts is proportional to
the levels of the quinone and the deoxyribonucleoside with
a rate constant denoted by kQ. Estrogen-DNA adducts have
been detected in normal and malignant human breast tissues

[4, 5], and we have recently provided direct experimental
evidence that oxidative metabolism of the parent hormone
E2 leads to the formation of 4-OHE2 and deoxyribonu-
cleoside adducts, such as 4-OHE2-N7-Gua [2]. Using a
compartmental analysis we created a mathematical model
for reaction sequence (1). Figure 2 shows superimposed the
experimental data (dots) and the model simulations (curves)
for E2, 4-OHE2, and GUAadduct.

The second stage of the model is based on the BER
pathway (Figure 1) and uses a compartmental analysis
with Michaelis-Menten kinetics to simulate the enzymatic
reactions in the pathway [6]. The enzymes include the
endonucleases APE1 and FEN1, DNA polymerases β and δ
(Polβ, Polδ), and ligases 1 and 3 (Lig1, Lig3). The dynamic
process is modeled by a system of nonlinear differential
equations. S(t) denotes the concentration of DNA adducts.
We define the source and removal function for the repair
cycle functions, S(t) and R(t), as S(t) = ksGUAadduct and
R(t) = kr(E2-3, 4-Q)y9. Here, ks is a modeling parameter
expressed in [1/ min] which reflects the rate at which
GUAadduct enters the repair cycle. The parameter kr is
the rate at which y9(t) interacts with E2-3, 4-Q to form
GUAadduct. The two parameters, ks and kr , can be used to
control the rates of entering and exiting of adducts and
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Table 1: Parameters for System of Differential Equations [6].

Reaction subscript (i) kcati [1/min] Kmi [nmol/L]

5 192.168 34.7

6 4.500 500

7 49.020 210

8,11 1.278 56.7

9 36.000 100

10 8.130 39

repaired lesions, respectively. For the simulations, we have
chosen, kr = ks = 1,

dy4

dt
= S(t)− kcat5 EAPE1y4

Km5 + y2
,

dy5

dt
= kcat5 EAPE1y4

Km5 + y4
− kcat6 EPolβ y5

Km6 + y5
− kcat9 EPolδ y5

Km9 + y5
,

dy6

dt
= kcat7 EPolβ y7

Km7 + y7
− kcat6 EPolβ y6

Km6 + y6
,

dy7

dt
= kcat6 EPolβ y5

Km6 + y5
− kcat7 EPolβ y7

Km7 + y7
,

dy8

dt
= kcat6 EPolβ y6

Km6 + y6
− kcat11 ELig1y8

Km11 + y8
− kcat8 ELig3y8

Km8 + y8
,

dy9

dt
= kcat11 ELig1y11

Km11 + y11
+
kcat8 ELig3y11

Km8 + y11

+
kcat11 ELig1y8

Km11 + y8
+
kcat8 ELig3y8

Km8 + y8
− R(t),

dy10

dt
= kcat9 EPolδ y5

Km9 + y5
− kcat10 EFEN1y10

Km10 + y10
,

dy11

dt
= kcat10 EFEN1y10

Km10 + y10
− kcat11 ELig1y11

Km11 + y11
− kcat8 ELig3y11

Km8 + y11
.

(2)

There are several Michaelis-Menten parameters, kcati and
Kmi , for which experimental values have been estimated
or measured (Table 1) [6]. The enzyme levels are denoted
by EAPE1, EFEN1, EPolβ, EPolδ , ELig1, and ELig3. The variable,
y9(t), represents the repaired GUAadduct, and if we set its
initial condition in the system of differential equations as
y9(0) = GUA0, it has the same meaning as GUA(t).
AP endonucleases, such as AP endonuclease 1 (APE1), are
quite abundant in most cells, ranging from 200,000 to
7,000,000 APE1 molecules per cell in fibroblasts and HeLa
cells, respectively [7, 8]. Thus, the minimal concentration
of APE1 in nuclear extract can be assumed to be 2000 nM
[6]. The equivalent estimated concentrations of Polβ, Polδ,
FEN1, Lig1, and Lig3 are 419, 600, 450, 254, and 254 nM,
respectively [6, 9, 10].

It is estimated that AP sites are also generated sponta-
neously at an estimated rate of 2,000 to 10,000 per cell per
day [11, 12]. We used (2) to determine the time necessary
to repair these AP sites. In Figure 3 we demonstrate that the
repair of lesions is a nonlinear process. For small values of
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Figure 3: Stage 2 mathematical model of BER. The plot shows
the time required to repair a fixed number of AP sites per 105

nucleotides with wild-type BER enzymes. The horizontal axis
represents the starting number of AP sites per 105 nucleotides and
the vertical axis the time for this number of sites to be repaired.

the ratio (AP lesions/105 Nucleotides), the slope of the repair
time function is relatively large as compared to larger values
of the ratio. Figure 3 captures the dynamics of only the repair
part of the model, that is, it shows the repair times for a fixed
amount of AP lesions.

In the experiments addressed mathematically in Stage
1 of the model, we demonstrated that the CYP1B1-
mediated oxidation of E2 resulted in the formation of
approximately 10 nmol/L 4-OHE2-N7-Gua, which translates
into 10 adducts per 105 nucleotides per hour [2]. Since
the formation of 4-OHE2-N7-Gua leads to spontaneous
depurination [13], we can assume an equal number of AP
sites formed as a result of oxidative estrogen metabolism.
This is one order of magnitude higher than the number
of AP sites formed in normal leukocytes and fibroblasts,
10 AP sites per 106 nucleotides per hour [13]. The living
cell depends on efficient enzymatic repair of the continuous
chemical damage inflicted on genomic DNA. Therefore, in
the last stage of the model we combine the adduct formation
model (Stage 1) and the adduct repair model (Stage 2). The
mathematical model used in Stage 1 was chosen to fit batch
data (a fixed amount of E2). However, we consider the case
when E2 is continuously available and can vary over time and
hence, there is continuous adduct formation and repair. In
our modification of the Stage 1 model, we assume that the
total amount of 2′-deoxyguanosine is fixed, and it exists in
two states: damaged (GUAadduct) and undamaged or repaired
(y9). The modified Stage 1 model, which accounts for the
continuous nature of damage and repair, is then given by the
following system of ordinary differential equations

d(4-OHE2)
dt

= kcat1 ECYP1B1E2

Km1 + E2
− VmaxQ 4-OHE2

KmQ + 4-OHE2
,

d(E2-3, 4-Q)
dt

= VmaxQ 4-OHE2

KmQ + 4-OHE2
− kQE2-3, 4-Q,

d(GUAadduct)
dt

= kr(E2-3, 4-Q)y7 − ksGUAadduct.

(3)
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Figure 4: Effects of different concentrations of estrogen and variant haplotypes of CYP1B1 and APE1 on the formation and repair of DNA
adducts. (a) Shows the effect of doubling the concentration of E2 on the number of AP lesions per 105 nucleotides over time using E2 = 1
(red curve) and E2 = 2 (blue curve). (b) Shows the effect of variant haplotypes of CYP1B1 and APE1 leading to an increase in the number
of AP lesions per 105 nucleotides relative to wild-type enzymes. Each curve uses different assumptions about the kinetic constant, kcat, for
the CYP1B1 and APE1 enzymes. The red curve depicts the wild-types with kcat1 = 1.6 (CYP1B1) and kcat5 = 192.168 (APE1). The blue curve
uses a 30% increase in kcat1 , keeping kcat5 = 192.168. The green curve employs a 30% reduction in kcat1 , keeping kcat5 = 192.168. Finally, the
purple curve uses both a 30% increase in kcat1 and a 30% reduction in kcat5 . (c) Shows the effect of different variant haplotypes of CYP1B1
and APE1 that cause a decrease in the number of AP lesions per 105 nucleotides relative to wild-type enzymes. The wild-type is shown in
red, a 30% decrease of CYP1B1 activity with APE1 activity held at its wild-type level in blue, 30% increase of APE1 activity with CYP1B1
activity held at its wild-type level in green, and a 30% decrease in CYP1B1 activity with a 30% increase of APE1 activity in purple.

The endpoint of the repair process is y9(t) which is the
concentration of GUA(t). The term, R(t) = kr y9(E2-3, 4-Q)
where kr is a constant, is the term that connects (2) and
(3). In case the AP sites are not generated spontaneously but
produced by DNA glycosylases, we can easily incorporate the
enzymatic reaction catalyzed by glycosylases, which is not
rate limiting for BER [9].

The combined Stage 3 model is composed of the
differential in (2) and (3) along with their initial conditions.
One can easily show that the system has a conservation law

GUAadduct(t)
GUA0

= 1− 1
GUA0

11∑
i=4

yi(t). (4)

Since this equation holds for all times, it calculates, at least in
theory, the steady-state value of the unrepaired ratio.

3. Discussion

Numerous epidemiological studies have implicated estrogens
in the development of breast cancer [1]. A pooled analysis
of nine prospective studies of serum estrogen levels and
breast cancer in over 2,400 postmenopausal women revealed
a strong association of serum E2 concentrations with breast
cancer risk [14]. In Figure 4(a), we show the results of
the combined model for a constant source of estrogen,
E2(t) ≡ 1, on the number of AP sites per 105 nucleotides
as well as the effect of doubling the E2 level, E2(t) ≡ 2.
Clinical studies estimate that the doubling of serum E2 levels
confers a 1.3-fold increase in the risk of breast cancer [14].
Our model predicts a larger increase in the number of AP
sites, indicating the involvement of other factors, such as
enzyme activities. Enzymes involved in the production of
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Figure 5: Three-dimensional graph displaying the interaction
of estrogen exposure, enzyme genotypes, and resulting AP sites
per 105 nucleotides. We display estrogen exposure in tertiles on
the x-axis. Estrogen exposure can be represented by actual E2

values, measured in pmol/L, in combination with semiquantitative
estimates of each woman’s overall exposure to estrogen. The latter
can be derived by taking into account her total years of ovulation
as a function of current age, age at menarche, age at menopause,
numbers of full-term pregnancies, and the dosage and duration
of the use of exogenous estrogens. Thus, as far as the model is
concerned, exogenous and endogenous estrogens can be combined
although their precise contribution to estrogen exposure is presently
unknown. The y-axis represents the combined effects of wild-
type and variant enzyme haplotypes in the oxidative estrogen
metabolism and BER pathways on AP levels. In theory, all enzyme
genotype combinations shown in Figures 4(b) and 4(c) could be
plotted. However for clarity, we have plotted only the wild-type and
the lowest and highest variant haplotypes, separated into tertiles
based on their respective AP sites per 105 nucleotides, which is
represented on the z-axis. (The authors acknowledge Eric Parl for
the design of this figure.)

DNA-damaging carcinogens and in repair of the resulting
adducts are critical in maintaining the integrity of genomic
DNA. Genetic variants of these enzymes, which occur in the
general population, have been shown to play a role in altering
specific reactions catalyzed by the individual enzymes. For
example, we have shown that commonly occurring variants
of CYP1B1 differ in their activity of producing 4-OHE2

from the parent hormone E2 [3, 15]. Similarly, the APE1
gene contains over 20 polymorphic sites, which have been
assessed functionally as recombinant proteins or based on
structural predictions [16, 17]. Several APE1 variants are
associated with substantially reduced or increased activities.
For example, L104R, E126D, and R237A exhibit 50% and
D283G 90% reduction in repair capacity [16]. In view of
these associations we used the model to examine the effect
of variant enzyme haplotypes on the formation and repair
of DNA adducts. In Figure 4(b), we illustrate the effect of
replacing wild-type CYP1B1 with a variant having a 30%
greater kcat and wild-type APE1 with a variant having a 30%
lower kcat. As expected, the more active CYP1B1 variant
increases DNA damage, and the less active APE1 variant
results in decreased repair, which is reflected in higher levels
of AP lesions for each. Their combined occurrence has an
additive effect on AP lesions. Figure 4(c) shows the effect

of different variants of CYP1B1 and APE1, which cause a
decrease in number of AP sites relative to the wild-type
enzymes. The panels in Figure 4 demonstrate the number
the DNA adducts, which are constantly being created and
repaired as modeled in (2) and (3), approaching steady
values in the integrated process of adduct formation and
repair.

A limitation of the model is its focus on BER and
the omission of other DNA repair pathways. While the
majority of adducts derived from 4-OHE2 and E2-3, 4-Q
are depurinating N7 guanine adducts susceptible to BER,
other stable, bulky DNA adducts that do not depurinate
are also formed. However, the level of the stable adducts
is three to four orders of magnitude lower than the level
of depurinating adducts justifying the emphasis on BER
[13, 18]. A vast number of depurination events occur under
normal conditions involving not just guanine but other bases
as well [19]. The importance of depurinating adducts derived
from oxidative estrogen metabolism relative to the total
spectrum of depurination events is presently unknown.

A critical strength of the model is that it can readily incor-
porate additional enzymes involved in the metabolism, as
we have shown for CYP1A1, catechol-O-methyl transferase,
and glutathione S-transferase P1 in the estrogen metabolism
pathway [20]. Moreover, the model incorporates both phe-
notypic measures of estrogen exposure and genotypic data.
This is schematically shown in Figure 5, which displays the
interaction of estrogens, enzyme genotypes, and resulting
AP sites per 105 nucleotides as a three-dimensional graph.
In designing Figure 5, we assumed that the difference in
estrogen exposure between individual women is no more
than twofold, with the tertiles 1.0, 1.5, and 2.0 used for the x-
axis. This range is conservative since up to fivefold differences
in breast tissue concentrations have been reported in [21].
Regardless of the scale used for the x-axis, the production of
AP sites would be expected to be greater in women with more
endogenous (more ovulatory cycles) or exogenous (hormone
replacement therapy, oral contraceptives) estrogen exposure.
The effect of wild-type and variant enzyme haplotypes on
AP sites is displayed on the y-axis. It is evident from Figure 5
that the combined phenotypic and genotypic factors exert
not just an additive but multiplicative effect on AP site levels,
which are shown on the z-axis.

In conclusion, we modeled the dynamic interaction
between the estrogen-mediated DNA damage pathway and
the DNA BER pathway in order to assess the overall
impact on carcinogenesis. The model encompasses a set of
differential equations representing the sequence of enzymatic
reactions in both damage and repair pathways. The model
allows us to examine the effect of phenotypic and genotypic
factors such as different concentrations of estrogen and
variant enzyme haplotypes on the formation and repair of
DNA adducts. As a practical application, the model can be
used to explore genetic factors in the damage-repair cycle
(through the rate constants and estrogen levels) as a first
step in understanding why some women develop breast
cancer while others with similar circumstances do not. As
better information about the kinetics in the model (e.g.,
rate constants for different haplotypes) becomes available,
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predictions about breast cancer risk will improve. Thus, the
model may be useful for the construction of breast cancer
risk models.
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Nucleotide excision repair (NER) plays a critical role in maintaining the integrity of the genome when damaged by bulky DNA
lesions, since inefficient repair can cause mutations and human diseases notably cancer. The structural properties of DNA lesions
that determine their relative susceptibilities to NER are therefore of great interest. As a model system, we have investigated the
major mutagenic lesion derived from the environmental carcinogen benzo[a]pyrene (B[a]P), 10S (+)-trans-anti-B[a]P-N2-dG in
six different sequence contexts that differ in how the lesion is positioned in relation to nearby guanine amino groups. We have
obtained molecular structural data by NMR and MD simulations, bending properties from gel electrophoresis studies, and NER
data obtained from human HeLa cell extracts for our six investigated sequence contexts. This model system suggests that disturbed
Watson-Crick base pairing is a better recognition signal than a flexible bend, and that these can act in concert to provide an
enhanced signal. Steric hinderance between the minor groove-aligned lesion and nearby guanine amino groups determines the
exact nature of the disturbances. Both nearest neighbor and more distant neighbor sequence contexts have an impact. Regardless
of the exact distortions, we hypothesize that they provide a local thermodynamic destabilization signal for repair.

1. Introduction

Nucleotide excision repair (NER) plays a central role in
preserving the genome of prokaryotes and eukaryotes. This
versatile repair system removes structurally and chemically
diverse bulky DNA lesions, including those induced by expo-
sure to UV light and environmental chemical carcinogens
[1, 2]. The vital importance of this mechanism is demon-
strated by several human NER-deficiency syndromes includ-
ing xeroderma pigmentosum (XP), cockayne syndrome
(CS), and trichothiodystrophy (TTD) [3]. XP, for example, is
characterized by high photosensitivity, hyperpigmentation,
premature skin ageing, and proneness to developing skin
cancer [4]. Furthermore, the capacity of the NER pathway
is important in cancer chemotherapy [5]: NER diminishes
the efficacy of chemotherapeutic agents such as cisplatin,
which act via the formation of bulky DNA adducts. A
better understanding of the mechanisms of recognition of
DNA lesions by the NER system may lead to the design of
improved chemotherapeutic drugs that can modulate the
repair response. Recent findings reveal that polymorphisms

in human NER repair genes have an impact on the repair of
DNA lesions and cancer susceptibility [6, 7], as well as on
chemotherapeutic efficacy [8].

The eukaryotic NER pathway is a biologically compli-
cated process and consists of two sub-pathways with different
substrate specificity: global genome NER (GG-NER) [9, 10]
and transcription-coupled repair (TCR) [11–14]. Both sub-
pathways consist of ordered multistep processes, which differ
in the early steps, when the DNA lesions are recognized,
but converge in the later steps. In GG-NER, the focus
of our present interest, the whole genome is scanned for
bulky lesions to initiate the repair process. Two indepen-
dent complexes, one involving the XPC/HR23B/Centrin 2
proteins [15–17] and the other involving the DDB1/DDB2
heterodimer [18–21], have been implicated in the early steps
of base-damage recognition during NER [9]. By contrast, the
TCR sub-pathway is activated by a stalled RNA polymerase
during transcription [12]. Once the lesion is detected, the
two sub-pathways proceed in an essentially identical manner
to excise it: the multisubunit transcription factor. TFIIH,
containing helicases XPB, and XPD, is recruited to the
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lesion site, followed by XPA, the single-strand DNA binding
protein RPA, and the two nucleases XPG and XPF-ERCC1.
Once assembled, a 24–32 oligonucleotide stretch containing
the lesion is excised from the damaged strand. This 24–32
oligonucleotide stretch is the hallmark of a successful NER
event. Finally, gap resynthesis by DNA polymerases δ, ε, and
κ [22] and ligation by DNA ligase I complete the NER process
[23].

One remarkable characteristic of the NER pathway is
its ability to excise an astounding variety of chemically
and structurally diverse lesions [2], and the rates of repair
can vary over several orders of magnitude. However, the
differences in the structural and thermodynamic properties
of the lesions that control the diverse NER efficiencies have
remained elusive. It has been suggested that the NER factors
do not recognize the lesion itself, but rather the local dis-
tortions and destabilizations in the DNA that are associated
with it [24–30]. A number of different properties of damaged
DNA that elicit the NER response have been proposed.
These include disruption of Watson-Crick hydrogen bonding
[24, 31], kinks in the damaged DNA [32], thermodynamic
destabilization [24, 29, 33], diminished base stacking [34,
35], local conformational flexibility [36], and flipped-out
bases in the unmodified complementary strand [37–40].
A crystal structure of yeast Rad4/Rad23, the homolog of
the human NER recognition factor XPC/HR23B, bound to
DNA containing a cyclobutane pyrimidine dimer, shows that
Rad4/Rad23 inserts a β-hairpin through the DNA duplex
and expels two mismatched thymines in the undamaged
strand out of the duplex to bind with the enzyme (PDB
ID: 2QSG) [41]. This structure suggests that lesions which
thermodynamically destabilize the DNA duplex and facilitate
the flipping of base pairs and the intrusion of the beta-
hairpin are good substrates to the NER machinery: the more
locally destabilized the lesion, the better it is repaired.

The modulation of NER susceptibility for the same lesion
by neighboring base sequence context, is however, a relatively
unexplored area. If a lesion is better repaired in one sequence
context than the other, a lesion-induced mutational hotspot
could result. In order to elucidate the relationship between
NER efficiency and base sequence-governed DNA distortion
and destabilization induced by a bulky DNA adduct, we have
employed as a model system the major lesion derived from
the cancer-causing compound benzo[a]pyrene (B[a]P) [42].
B[a]P is the most well-studied member in a family of ubiqui-
tous environmental pollutants known as polycyclic aromatic
hydrocarbons. The tumorigenic metabolite of B[a]P [43]
is the diol epoxide r7, t8-dihydroxy-t9,10-epoxy-7,8,9,10-
tetrahydrobenzo[a]pyrene (B[a]PDE). This intermediate
reacts with DNA and RNA; the most abundantly stable
adduct produced in mammalian cells [44–46] is the 10S (+)-
trans-anti-B[a]P-N2-dG adduct ([G∗]) (Figure 1(a)), the
focus of our work. This adduct, unless removed by DNA
repair mechanisms [47], is highly mutagenic [48, 49].

We have investigated the identical 10S (+)-trans-anti-
B[a]P-N2-dG adduct in the six sequence contexts shown
in Figure 1(b), utilizing an array of approaches: NER in
human HeLa cell extracts, ligation and polyacrylamide gel
electrophoresis techniques to assess bending properties of

the modified duplexes, and structural studies utilizing high
resolution NMR methods as well as unrestrained molecular
dynamics (MD) simulations. The position of the B[a]P
ring system in the B-DNA minor groove, directed 5′ along
the modified strand, was first determined by NMR in the
5′-. . .C[G∗]C-I. . . sequence in 1992 [50], but sequence-
governed structural details as well as dynamic properties
remained to be elucidated. One important motivation for
our work was to explore the role of nearby guanine amino
groups on the structural properties and NER susceptibilities
of these duplexes. The key difference in these duplexes is
the presence and positioning of guanines flanking the [G∗],
either immediately adjacent to the lesion or beyond: the
B[a]P rings compete for space with the bulky amino group
of guanine on the minor groove side of B-DNA, which
we anticipated would differentially impact the structures
of the damaged duplexes in a sequence context-dependent
manner. A further motivation was to explore the role of
differing sequence contexts beyond the lesion that vary
in intrinsic flexibility. We hypothesized that subtle but
critical structural effects governed by sequence context would
manifest themselves by impacting NER efficiencies. Our
results determined that sequence context could cause an up
to four-fold difference in relative NER susceptibility, with
even distant neighbors influencing NER. Locally disturbed
Watson-Crick hydrogen bonding and flexible bending are
two key sequence-governed structural distortions caused by
this lesion that the NER machinery appears to recognize
with different efficiencies. More generally, different lesions
in varied sequence contexts will cause different kinds of
distortions; thus, the extent of the local thermodynamic
destabilization will also vary; we hypothesize that it is the
extent and type of destabilization that determines the relative
NER efficiency.

2. Nearest Neighbor Base Sequence
Context Impacts NER of the
10S (+)-trans-anti -B[a]P-N2-dG Adduct

The 5′- . . .C[G ∗]G. . ., 5′- . . .G[G ∗]C. . ., and 5′- . . .I[G
∗]C. . . Sequences. High resolution NMR solution studies
have shown that the bulky aromatic B[a]P residue is
positioned in the minor groove on the 5′-side of [G∗]
[51] in the 5′-. . .C[G∗]G. . . and 5′-. . .G[G∗]C. . . duplexes
(Figure 2). However, there are sequence-governed differences
in some of the structural features. Specifically, in the 5′-
. . .C[G∗]G. . . duplex, NMR studies revealed that the C : G
base pair on the 5′-side of [G∗] is severely disturbed. In
the case of the sequence-isomer 5′-. . .G[G∗]C. . . duplex, this
perturbance is not observed. On the other hand, analyses of
MD simulations [51, 52] based on the NMR data revealed
significant unwinding near the lesion site combined with an
anomalously enlarged Roll (Figure 3), not observed in the
5′-. . .C[G∗]G. . . duplex. Polyacrylamide gel electrophoresis
techniques revealed an unusual slow electrophoretic mobility
of the 5′-. . .G[G∗]C. . . duplex, which is a manifestation of
a kink [53] that is highly flexible [54]. This flexible bend
is caused on a molecular level by the severe untwisting
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Figure 1: (a) Chemical structure of the 10S (+)-trans-anti-B[a]P-N2-dG adduct. (b) Base sequence contexts investigated. For 5′-
. . .I[G∗]C. . ., formally, inosine is the nucleoside, while hypoxanthine is the correct name for the corresponding base; for simplicity we
utilize the term inosine.
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Figure 2: Effects of nearby guanine amino groups on the positioning of the 10S (+)-trans-anti-B[a]P-N2-dG adduct in the minor groove of
the lesion-containing duplexes. The presence or absence and exact location of the guanine amino groups is governed by the base sequence
contexts and determines the structural distortion/destabilization of the damaged duplexes. The damaged strand is light grey, and the partner
is dark grey.
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Figure 3: (a) In the 5′-. . .C[G∗]G. . . sequence context, steric hinderance between the B[a]P moiety and nearby guanine amino groups
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helicoidal parameters Roll and Twist, respectively. These cartoons are adapted with permission from Lu et al., Nucleic Acids Res. 31 (17):
5108–5121, Figure 1, Copyright 2003, Oxford University Press.

and enlarged Roll determined by MD from the NMR
data: DNA bending is largely caused by increased Roll,
which is correlated with untwisting [55–57]. The underlying
structural reasons for the disturbed Watson-Crick hydrogen
bond in the 5′-. . .C[G∗]G. . . case and the flexible bend in
the 5′-. . .G[G∗]C. . . duplex were revealed from MD simu-
lations: for 5′-. . .C[G∗]G. . ., the bulky amino group on G20
(Figure 3), which is partner to the C on the 5′ side of [G∗],
is sterically crowded by the B[a]P ring system since both are
on the minor groove side, and hence this C5 : G20 base pair is
episodically denatured (Figure 3(a)); for the 5′-. . .G[G∗]C. . .
case, the B[a]P rings crowd the G6 amino group, and in this
case the crowding is relieved by the severe untwisting accom-
panied by the increased Roll, which produces the flexible
bend observed by gel electrophoresis. Investigations with the
5′-. . .I[G∗]C. . . sequence context substantiated the critical
role of the guanine amino group since “I” (Figure 1(b)) lacks
this group: the gel electrophoretic manifestation of a flexible
bend was abolished. The NMR data showed conformational
heterogeneity in minor groove conformations [51], and the
MD simulations showed episodic denaturation of one of the
two hydrogen bonds at the I:C base pair, explaining the
heterogeneity.

The repair efficiency relative to 5′-. . .C[G∗]C-I. . ., the
standard sequence utilized in many NMR and NER
studies [53, 58], is 4.1 ± 0.2, 1.7 ± 0.2 and 1.3
± 0.2 for the 5′-. . .C[G∗]G. . ., 5′-. . .G[G∗]C. . . and 5′-
. . .I[G∗]C. . . duplexes, respectively (Figure 4). In the 5′-
. . .C[G∗]G. . .duplex, dynamic episodic denaturation of
Watson–Crick base pairing flanking the lesion on the 5′-
side correlates with the greatest NER susceptibility while
the flexible bend in 5′-. . .G[G∗]C. . . is a less pronounced
NER recognition signal, and the disturbance to one hydrogen
bond in the 5′-. . .I[G∗]C. . . case provides a still lesser signal
[52, 53] in this series.

The 5′-. . .C[G∗]C-II. . . and 5′-. . .T[G∗]T-II. . . Sequence
Contexts. The 5′-. . .C[G∗]C-II. . . and 5′-. . . T[G∗]T-II. . .
sequences (Figure 1(b)) are of unusual interest for several
reasons. While a single, well-defined minor groove adduct
conformation is observed in 5′-. . .C[G∗]C. . . duplexes
[50], in the 5′-. . .T[G∗]T-II. . . sequence context, the minor
groove-aligned adduct conformation is heterogeneous
[59]. Furthermore, polyacrylamide gel electrophoresis
studies showed that the adduct induces a rigid bend in
the 5′-· · ·C[G∗]C-II. . . DNA duplex [60], while in the
5′-. . .T[G∗]T-II. . . sequence context, the lesion induces a
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Figure 4: Hierarchy of NER recognition signals for the 10S (+)-trans-anti-B[a]P-N2-dG adduct in various sequence contexts.

highly flexible bend [59, 60]. Also, the 5′-. . .T[G∗]T-II. . .
11-mer duplex has a lower thermal melting point than
the 11-mer 5′-. . .C[G∗]C-II. . . duplex (the exact difference
depends on sequence length) [61] as expected from the
thermodynamic properties of T : A and C : G Watson-Crick
base pairs [62, 63]. Molecular insights on these experimental
observations [64] were provided by MD simulations for
the 5′-. . .T[G∗]T-II. . . and 5′-. . .C[G∗]C-II. . . duplexes.
Consistent with the conformational heterogeneity observed
in the NMR studies [59], it was found that the 5′-. . .T[G∗]T-
II. . . duplex is much more dynamic than the 5′-. . .C[G∗]C-
II. . . duplex: the highly dynamic base pair on the 5′-side of
the lesion exhibits episodic denaturation of one of the two
Watson-Crick hydrogen bonds, in agreement with the partial
rupturing of this base pair observed by the NMR methods
[59]; also, the 5′-. . .T[G∗]T-II. . . duplex shows somewhat
increased and more dynamic Roll and untwisting compared
to the 5′-. . .C[G∗]C-II. . . duplex, consistent with the flexible
bend observed only for the 5′-. . .T[G∗]T-II. . . case; in
addition, the B[a]P ring system exhibits greater mobility
and the duplex groove dimensions are more variable.
The differences are accounted for by a coupled series of
properties: the intrinsically weaker stacking of T-G compared
to C-G steps allows for greater flexibility in the 5′-. . .T[G∗]T-
II. . . duplex; the weaker T : A pair, with only two hydrogen
bonds, compared to the C : G pair, with three bonds, provides

enhanced flexibility; moreover, the absence of guanine amino
groups adjacent to the [G∗] in the 5′-. . .T[G∗]T-II. . . case
allows for greater mobility for the B[a]P ring system. Overall,
the greater flexibility of the 5′-. . .T[G∗]T-II. . . sequence is
attributable to the absence of the guanine amino group.

The rates of incision in the human HeLa cell assay
relative to 5′-. . .C[G∗]C-I. . . is 2.4 ± 0.2 and 1.6 ± 0.2 for
the 5′-. . .T[G∗]T-II. . . and the 5′-. . .C[G∗]C-II. . . duplexes,
respectively [53], corresponding to a 1.5 ± 0.2-fold higher-
repair efficiency for the 5′-. . .T[G∗]T-II. . . case relative
to 5′-. . .C[G∗]C-II. . . . The better repair susceptibility in
the 5′-. . .T[G∗]T-II. . . case is consistent with the overall
enhanced dynamics manifested in various structural proper-
ties, notably Watson-Crick hydrogen bonding and bending.

3. Distant Neighbor Base Sequence
Context Affects NER of the
10S (+)-trans-anti -B[a]P-N2-dG Adduct

The 5′-. . .C[G∗]C-I. . . and 5′-. . .C[G∗]C-II. . . sequences
(Figure 1(b)) differ in the sequences beyond the nearest
neighbors to [G∗].

Since different sequence steps are known to be differen-
tially flexible [57, 65], we hypothesized that the same minor
groove lesion [50, 64] with different distant neighbors would



6 Journal of Nucleic Acids

T20

A19

G18

C17

G16

A3

T4

C5

C7

OH
OH

OH

G20

T19

G18

C17

G16

C3

A4

C5

C7

1

2

OH
OH

OH

3′ 5′

5′ 3′

5′-. . .C[G∗]C-I. . .

3′ 5′

5′ 3′

5′-. . .C[G∗]C-II. . .

G6∗ G6∗

OHOH

OH G∗

10S (+)-trans-anti-B[a]P-N2-dG

−NH2

(a) (b)

Figure 5: Cartoon representation of the lesion-containing duplexes (a) 5′-. . .C[G∗]C-I. . . and (b) 5′-. . .C[G∗]C-II. . .. Note that 5′-
. . .C[G∗]C-I. . . and 5′-. . .C[G∗]C-II. . . differ beginning with the next nearest neighbor to [G∗] and beyond. The locations of the key guanine
amino group “1” and highly flexible dinucleotide C-A step “2”, present only in the 5′-. . .C[G∗]C-II. . . sequence, are marked in red balloons.

be differentially repaired. Polyacrylamide gel electrophoresis
and self-ligation circularization experiments revealed that
the 5′-. . .C[G∗]C-II. . . duplex is more bent and suggested
that it has more torsional flexibility than the 5′-. . .C[G∗]C-
I. . . duplex [66]. Our MD simulations revealed the under-
lying structural origins to this bending difference. The key
role is played by the unique -C3-A4-C5- segment in the 5′-
. . .C[G∗]C-II. . . duplex. The more torsionally flexible bend
observed for the 5′-. . .C[G∗]C-II. . . duplex originates from
the guanine amino group at the C3 : G20 pair (Figure 5).
This amino group acts as a wedge to open the minor groove;
facilitated by the highly deformable local -C3-A4- base step,
the amino group allows the B[a]P ring system to better
bury its hydrophobic surface within the groove walls. This
produces a yet more enlarged minor groove which is coupled
with more local untwisting and more enlarged and flexible
Roll [67], causing the greater bend in 5′-. . .C[G∗]C-II. . . [66]
(Figure 5).

The NER efficiencies are 1.6± 0.2 times greater in the 5′-
. . .C[G∗]C-II. . . than in the 5′-. . .C[G∗]C-I. . . sequence con-
text [66] showing that distant neighbors to [G∗] modulate
the NER susceptibility. The greater NER susceptibility for the
5′-. . .C[G∗]C-II. . . duplex is explained by its greater bending
with enhanced flexibility: the intrinsic minor groove enlarge-
ment caused by both the guanine amino groups [55, 68]
and the great flexibility of pyrimidine-purine steps, including
the C-A step [57, 69–72] allow the B[a]P moiety (Figure 5)
to more favorably position itself, but at the expense of the
greater bend that makes it more repair-susceptible.

4. Understanding Repairability Differences:
the Degree of Local Thermodynamic
Destabilization Is a Unifying Hypothesis

We have carried out a series of studies with the same
10S (+)-trans-anti-B[a]P-N2-dG lesion in a number of
sequence contexts that differ in how the lesion is positioned
in relation to nearby guanine amino groups. Additionally,
we have considered differences in intrinsic flexibility of
sequences flanking the lesion. These are model systems for
gaining understanding of NER lesion recognition factors.
We have obtained molecular structural data by NMR and
MD simulations, bending properties from gel electrophoresis
studies, and NER data from human HeLa cell extracts
for all of our investigated sequence contexts (Figure 1(b)).
Figure 4 summarizes our key findings and enables us to
infer a hierarchy of NER recognition signals for the series of
sequences and the single lesion we explored. We point out
here that a variety of structural disturbances are found in
each case, which are correlated. Examples include impaired
Watson-Crick pairing that is accompanied by diminished
base stacking, and DNA bending towards the major groove,
that is induced by a minor groove lesion and is accompanied
by minor groove enlargement. Our present model system
suggests that disturbed Watson-Crick base pairing is a better
recognition signal than a flexible bend, and that these can
act in concert to provide an enhanced signal: for example,
for 5′-. . .T[G∗]T-II. . . one episodically ruptured Watson-
Crick hydrogen bond combined with the flexible bend results
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in better repair than just one disturbed hydrogen bond
as in 5′-. . .I[G∗]C. . ., or the flexible bend alone in 5′-
. . .G[G∗]C. . . (Figure 4). For our system, steric hindrance
between the minor groove-aligned lesion and nearby guanine
amino groups, if present, determines the exact nature of
the disturbances, depending on exactly where the guanine
amino groups are situated. The intrinsic flexibility of the
specific base steps also plays an important role in causing
the differential disturbances. Both the nearest neighbor
and the more distant neighbor sequence contexts have an
impact.

More globally, different lesions may cause different types
of distortions depending on the specific nature of the lesion
and its sequence context. However, regardless of exactly
what these distortions are, we hypothesize that they must
provide a local thermodynamic destabilization signal for
repair to ensue, and the greater the extent of destabilization,
the better the repair. The destabilization would facilitate
the strand separation, base-flipping, and β-hairpin insertion
by the XPC/HR23B recognition factor [41, 73] needed
to initiate NER. In this way, the NER machinery would
excise a large variety of lesions with different efficiencies,
by recognizing the thermodynamic impact of the lesions
rather than the lesions themselves [24, 29, 41, 73]. Lesions
that resist NER present a great hazard, as they survive to
the replication step and produce a mutagenic outcome;
such NER-resistant lesions provide an important opportu-
nity for gaining further understanding of the mechanism
utilized by the NER apparatus to recognize different lesions
[74].
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[73] O. D. Schärer, “A molecular basis for damage recognition in
eukaryotic nucleotide excision repair,” ChemBioChem, vol. 9,
no. 1, pp. 21–23, 2008.

[74] T. Buterin, M. T. Hess, N. Luneva et al., “Unrepaired fjord
region polycyclic aromatic hydrocarbon-DNA adducts in ras
codon 61 mutational hot spots,” Cancer Research, vol. 60, no.
7, pp. 1849–1856, 2000.



SAGE-Hindawi Access to Research
Journal of Nucleic Acids
Volume 2010, Article ID 616342, 10 pages
doi:10.4061/2010/616342

Review Article

True Lies: The Double Life of the Nucleotide Excision Repair
Factors in Transcription and DNA Repair

Nicolas Le May, Jean-Marc Egly, and Frédéric Coin

Department of Functional Genomics, IGBMC, CNRS/INSERM/Université de Strasbourg, BP 163,
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Nucleotide excision repair (NER) is a major DNA repair pathway in eukaryotic cells. NER removes structurally diverse lesions
such as pyrimidine dimers, arising upon UV irradiation or bulky chemical adducts, arising upon exposure to carcinogens and
some chemotherapeutic drugs. NER defects lead to three genetic disorders that result in predisposition to cancers, accelerated
aging, neurological and developmental defects. During NER, more than 30 polypeptides cooperate to recognize, incise, and excise
a damaged oligonucleotide from the genomic DNA. Recent papers reveal an additional and unexpected role for the NER factors. In
the absence of a genotoxic attack, the promoters of RNA polymerases I- and II-dependent genes recruit XPA, XPC, XPG, and XPF
to initiate gene expression. A model that includes the growth arrest and DNA damage 45α protein (Gadd45α) and the NER factors,
in order to maintain the promoter of active genes under a hypomethylated state, has been proposed but remains controversial. This
paper focuses on the double life of the NER factors in DNA repair and transcription and describes the possible roles of these factors
in the RNA synthesis process.

1. Introduction

A number of DNA repair pathways protect us from the
deleterious effects of DNA damage. The importance of
these mechanisms is highlighted by the existence of genetic
disorders in which impaired DNA repair mechanisms pre-
dispose patients to cancer and early onset of aging. A
major advance in our understanding of these DNA repair
mechanisms has been to uncover the tangled connection
existing between these systems and other fundamental
cellular processes such as DNA replication and transcription.
These cellular processes are not only highly connected
with DNA repair pathways but they also share common
factors with them. This complexity leads to new hypothesis
about the cause of the phenotypes displayed by patients
suffering from DNA repair disorders and may even force
us to re-evaluate the place of the repair factors in cellular
homeostasis.

2. The NER Pathway: The Fountain of
Youth of Our Genome

We do not live forever young. We all have to experience
aging, a functional decline coupled to an increased mortality
risk from diseases such as cancer. The molecular origins of
aging can be sought, at least in part, in an alteration of the
expression of our genes that results from the physicochemical
constitution of DNA, which does not guarantee life-long
stability (for reviews see [1, 2]). Over time, DNA accumulates
a tremendous diversity of lesions that, if unrepaired, lead to
mutations that dysregulate the function of proteins. DNA
lesions originate from environmental agents such as the
ultraviolet (UV) component of sunlight, ionizing radiation,
and numerous genotoxic chemicals, and also from the
products of normal cellular metabolism. Aging is a relatively
slow process for most of us, but unfortunately premature
appearance of multiple symptoms of aging can be observed
in a growing family of human syndromes [3, 4]. Among
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Figure 1: Three disorders for nine genes. Mutations in ten
genes are responsible for the xeroderma pigmentosum (XP), the
trichothyodystrophy (TTD) or the Cockayne syndrome (CS). XPA,
XPC, XPE and XPF are only involved in XP; CSA and CSB are only
involved in CS; XPG is involved in pure XP or in an combined
XP/CS syndrome; XPB and XPD are involved in TTD, XP, or in a
combined XP/CS syndrome. TTDA is only involved in TTD.

them, the xeroderma pigmentosum (XP), trichothyodystrophy
(TTD), and Cockayne syndrome (CS) are remarkable as
they all include two distinct phenotypes: either a 1000-fold
elevated suninduced skin cancer risk, for XP patients, or a
segmental progeria without an increase in cancer incidence,
for CS and TTD [5]. These syndromes uncover what our
lives would be if a “fountain of youth” was not protecting
our genome day after day from endogenous and exogenous
assaults. Indeed, the main molecular defect of the XP, CS,
and TTD patients resides in a defect in the nucleotide
excision repair (NER) pathway [6]. NER is an evolutionarily
conserved DNA repair caretaker pathway involving about
30 proteins, ten of which (designated XPA to G; TTDA,
CSA, and CSB) are differentially associated with XP, CS, or
TTD disorders in an intricate network (Figure 1). NER is
divided into two subpathways, which differentially remove
damages from our genome depending on their location [7].
In the Global Genome NER (GGNER), the XPChHR23B
complex recognizes damages. The DNA is then opened by
the XPD and XPB helicasecontaining transcription/repair
complex TFIIH together with XPA and RPA to generate
the damaged single stranded DNA ready for incision by
the specific endonucleases XPG and ERCC1-XPF. DNA gap
filling is done by the replicative DNA polymerases δ and ε
or the translesional polymerase k, in the presence of PCNA,
RFC, and RPA [8] (Figure 2). In transcription-coupled NER
(TC-NER), blockage of transcribing RNA Polymerase II
(RNA-Pol II) on the damaged DNA template is thought
to initiate the repair reaction in a process that requires, in
addition to TFIIH, XPA, XPG, and ERCC1-XPF, the TCR-
specific proteins CSB and CSA [9] (Figure 2). Although CSB
is required to recruit NER factors to the stalled RNA-Pol II,
CSA is coming later and is not needed for the formation of
the TCR complex [10] (Figure 2).

Next to the basal NER machinery, additional factors
modulate the efficiency of the NER reaction but are not

required to incise a damaged oligonucleotide in vitro. The
GG-NER damage recognition factor, XPC, forms in vivo a
heterotrimeric complex involving one of the two human
homologs of S.cerevisiae Rad23p (hHR23B) and centrin 2, a
centrosomal protein [11]. The role of centrin 2 and hHR23B
in NER has been elusive but they seem to increase the
damage recognition capacity of XPC [12]. The XPE complex,
mutated in XP-E patients, is another accessory NER factor
composed of DDB1 and DDB2. The role of the XPE protein
remains unclear, but it could participate in the recognition
of lesions together with XPC [13]. Another NER factor,
XPA-binding protein 2 (XAB2), was identified by virtue of
its ability to interact with XPA [14]. XAB2 also associates
with the TC-NER specific proteins CSA and CSB, as well
as with RNA-Pol II, after UV irradiation and is specifically
involved in the TC-NER subpathway [15]. Finally, the DDB2
and CSA polypeptides can be found integrated into nearly
identical complexes containing cullin 4A, Roc1, and COP9
that seem to favor NER [16]. Although limited today, the
list of proteins that modulate the NER reaction should
increase in a near future and benefit from high through-
put technologies. The study of these cofactors will constitute
an important challenge, as the modulation of the efficiency
of NER to eliminate DNA lesions may explain some cancer
predispositions in healthy people. Moreover, identifying the
complete set of proteins that participate in NER is a crucial
aspect of cancer therapy since the resistance to chemotherapy
treatment could partially rely on the capacities of the cell to
eliminate drug-induced DNA lesions.

3. The NER Pathway in a Chromatin Context:
Take Old Factors to Make Them New

New DNA repair players have also emerged from the study
of NER in the chromatin context. Reorganisation of nucle-
osome structure following NER was observed over 30 years
ago [17], and many studies demonstrate that chromatin acts
as a barrier for the recognition of the lesions by NER factors
[18]. Not surprisingly, chromatin remodelers identified in
NER were already known to promote accessibility to the
DNA for the transcription machinery. The ATP-dependent
chromatin remodelling complexes SWI/SNF or ISW2 have
been shown to act on UV-damaged nucleosomes and to
stimulate repair in vitro [19]. In yeast, UV irradiation
increases contacts between SWI/SNF and the homologs of
XPC-hHR23B, and inactivation of SWI-SNF leads to a slow
removal of CPD lesions [20]. Finally, the ATP-dependent
chromatin assembly factor-1 (CAF-1) is required to restore
the chromatin conformation after the removal of the lesions
[21].

Apart from ATP-dependent nucleosome remodelling,
many forms of histones modifications have been unveiled
after UV irradiation. Histone acetylation was the first
modification to be shown to play a role in NER. Treatment
of nonreplicating human cells with the histone deacetylase
inhibitor sodium butyrate enhances NER [22]. PCNA, the
replicative protein involved in the DNA resynthesis step
of NER, interacts with the p300 histone acetyltransferase



Journal of Nucleic Acids 3

following UV irradiation [23]. On the other hand, a
complex containing the damaged DNA-binding protein
DDB1, the CREB-binding protein CBP, and p300 has been
isolated in vivo [24]. Another complex, TBP-free-TAFII
complex (TFTC), directs histone H3 acetylation by hGCN5
after UV irradiation and facilitates access of DNA repair
machinery to lesions within chromatin [25]. In addition to
histone acetylation, UV damage also induces histone H2A
monoubiquitination in the vicinity of DNA lesions [26].
Monoubiquitination of H2A depends on functional NER
and occurs after incision [27].

Overall, these data show that histone modifications form
part of the cellular response to UV damage and clearly play a
role in chromatin remodelling during DNA repair. However,
the exact nature of the modified histones and residues as well
as the role of these modifications in the facilitation of DNA
damage access or in the DNA damage response not clear.
Much remains to be done to define a histone code in NER,
comparable to that acquired in other fundamental cellular
processes like transcription or double-strand break repair.

4. The Unveiled Side of the XP, CS, and
TTD Syndromes

Although the UV sensitivity and/or cancer predisposition
of XP, CS, and TTD patients can be explained by defects
in NER, some other of their phenotypes (including neu-
rological and developmental defects) are more difficult to
rationalize. For instance, some group A patients show the
most severe progressive neurological disorders while the
XPA protein is only known for its role in the verification
of the damages [5]. Thus, several studies have aimed to
discover additional processes that may be disrupted in these
pathologies and at a first glance have found evidence for
transcription defect in TFIIH-, XPG-, and CSB-mutated
cells.

TFIIH is a ten-subunit complex composed of a core
(XPB, p62, p52, p44, p34, and TTDA) coupled to the Cdk-
activating kinase complex (CAK) through the XPD subunit
[28]. A recent study showed that CAK does not participate
to NER and is released from the core TFIIH during the for-
mation of the preincision complex following the recruitment
of XPA [29] (see also Figure 2). As a component of TFIIH,
CAK phosphorylates both the carboxyl terminal domain of
RNA-Pol II and some nuclear receptors (NRs) including the
retinoic acid receptors (RARα and γ) [30], the thyroid hor-
mone receptor (TR) [31], and the peroxysome proliferator-
activated receptor (PPAR) [32]. Phosphorylation of these
NRs is required for the transactivation of specific genes.
Cdk7 also activates the vitamin D receptor indirectly, by
phosphorylating the Ets1 coactivator [33] (Table 1).

Patients with mutations in XPB and XPD display a
transcriptional defect in specific genes, which may help
clarifying the origin of their developmental or neurological
problems. In TTD-XPD cells, mutations in XPD destabilize
the CAK complex from TFIIH leading to defects in the
phosphorylation of RAR, ER, and PPAR. In XP-B patients,
two mutations in XPB (F99S and fs740) lead to the combined

XP/CS defect with a very low level of residual NER activity
[34]. However, only the fs740 mutation is cancer prone
[35]. It was shown that this mutation specifically blocks
transcription activation by the FUSE-Binding Protein (FBP),
a regulator of c-myc expression, and inhibition by the FBP-
Interacting Repressor (FIR) [36]. The fact that the regulation
by FBP and FIR is impaired could directly affect proper
regulation of c-myc expression and explain the development
of malignancy in the corresponding patient. The XPB and
XPD subunits of TFIIH are not the only NER polypeptides
to be involved in transcription.

The first evidence for an involvement of XPG in tran-
scription came from a study in yeast. RAD2, the S.cerevisiae
counterpart of XPG, was shown to be required in promoting
efficient RNA-Pol II transcription [37]. Later, it was demon-
strated that mutations in human XPG, as found in XP-G/CS
patient cells, prevent the association of XPG with TFIIH,
resulting in the dissociation of the CAK and XPD from
the core TFIIH [38]. This dissociation leads to an impair
transactivation of the NR-dependent responsive genes.

The TCR-specific CSB protein belongs to the ATP-
dependent SWI2/SNF2 family of chromatin remodeling pro-
teins and has been shown to play a role in both remodeling
the chromatin structure and disrupting protein–DNA inter-
actions [39]. Besides its role in TCR, CSB is involved in the
transcription recovery of housekeeping genes after UV irra-
diation [40]. CSB is specifically recruited to the promoters
of these genes and helps in the recruitment of both the RNA-
Pol II and the associated basal transcription factors, probably
through its chromatin remodeling activity (Table 1).

Altogether, these data show that the transcription defect
in XP/CS, CS, or TTD is subtle and more difficult to evaluate
than the NER defect because this defect targets specific
genes, under specific conditions, and probably in a cell-
specific manner. However, the involvement of transcription
dysregulation in aging and cancer makes these studies
very important for the understanding of these diseases.
Interestingly, a picture emerges from these studies, which
shows that mutations in XP factors lead to a modification
of the expression of specific genes by possibly two means;
either through the accumulation of unrepaired lesions that
will lead to mutations or through a direct involvement of
repair factors in gene expression. However, a piece of the
puzzle is missing. Even though a clear involvement of XPB,
XPD, XPG, or CSB in transcription was documented, it has
been more difficult to assign a transcriptional role to XPC,
XPA, or ERCC1-XPF until the recent works discussed below.

5. Behind the Evidence: A Transcriptional
Role for the NER Factors

Protein coding genes expression is the result of an acute
process that starts at the promoter of a given gene and
involves, in the addition to the RNA-Pol II and the basal
transcription factors, a cocktail of proteins such as the NR,
coactivators, mediator, and histone-modifying enzymes. A
study from our group [41] shows that some NER factors are
associated with the transcription machinery at the promoter
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Figure 2: The two subpathways of mammalian NER. Physical or chemical agents like UV, cis-platin, or benzopyrene can damage DNA and
induce damage-mediated helix distortions anywhere in the genome (GG-NER in green, bottom panel) or on the transcribed strand of a gene
(TC-NER in red, top panel). Bottom panel: (I) XPC-RAD23B recognizes and binds to DNA damage-mediated helix distortion to initiate
GG-NER. (II) TFIIH is recruited in an ATP-dependent manner, followed by XPA and RPA, which verify the presence of the lesion. During
this step, the CAK module of TFIIH is released from the preincision complex [29]. (III) Within the preincision complex, ERCC1-XPF and
XPG structure-specific endonucleases incise the damaged strand on the 5′ and 3′ sides of the lesion, respectively. Following incision, NER

factors are released from the DNA, except XPG and RPA that favour the recruitment of the replication machinery composed of PCNA, RFC,
and the DNA Polymerases δ, ε, or κ (ref). (IV) Following replication of the gap, the DNA is sealed by the ligase 1 (or the ligase III-XRCC1

complex in nondividing cells). Top Panel: (I) TC-NER is triggered by DNA damage-mediated blockage of RNA-Pol II (Top panel). (II) CSB
is then recruited to the stalled RNA-Pol II enzyme and triggers the recruitment of the NER factors TFIIH, XPA, RPA, ERCC1-XPF, and XPG
together with the CSA-CNS complex (III). (IV) Following the excision of the damaged oligonucleotide, the same DNA replication machinery
of the GG-NER subpathway fills the gap created by the incision/excision step.
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Table 1: Repair/transcription factors and their functions.

Factors Role in NER Role in transcription

TFIIH
Opens DNA around the damage.
Favors 5′ incision by ERCC1-XPF.

Opens DNA around the promoter.
Phosphorylates the CTD of RNA-Pol II.
Phosphorylates NR and coactivators.

XPG Incises DNA in 3′ from the lesion
Involved in NR-dependent transcription.
Stabilizes the interaction of CAK to the core TFIIH.

CSB
TC-NER-specific factor.
Recruits NER factors to stalled RNA-Pol II.

Chromatin-remodeling factor (SWI-SNF family).
Reinitiates transcription after DNA damage removal.

XPC Recognition of lesions
Involved in NR-dependent transcription.
Removal of 5meC
Chromatin modification?

XPA Verification of lesions
Involved in NR-dependent transcription.
Removal of 5meC
Chromatin modification?

XPF Incises DNA in 3′from the lesion

Involved in NR-dependent transcription.
Removal of 5meC,
Chromatin modification?
Incision?

In bold, the new NER factors involved in transcription.

of several activated NR-dependent genes. The recruitment
occurs in a sequential order after the formation of the
preinitiation complex (PIC) and induces XPC, CSB, XPA,
and the XPG and ERCC1-XPF endonucleases. The tran-
scriptional complex equipped with NER factors is formed
in the absence of any exogenous genotoxic attack and
is distinct from a repair complex, since it is specifically
sensitive to transcription inhibitors and can be formed in
the absence of the TCR specific-CSB protein (Figure 3).
Following transcription initiation, NER factors escort the
RNA-Pol II during the elongation step to form a complex
that does not include XPC but requires CSB (Figure 3).
These observations suggest a different function for the NER
factors located at promoters in respect to those located at
distal regions of the gene; while the latter may represent a
pre-TCR complex ready to remove lesions on transcribed
genes, the former may play an active role in transcription. In
line with this hypothesis, patient cell lines mutated in XPC,
XPA, or XPG show a dysregulation of the NR-dependent
genes that results from a defect in the association of the
NER factors with the transcription machinery. Although
the corresponding XPC, XPA, XPG, and ERCC1-XPF repair
factors are not essential for PIC formation, it remains that
they optimize the efficiency of transcription.

6. Insight into the Function of the NER
Factor in Transcription

How do NER factors favor NR-dependent genes transcrip-
tion? Several studies have reported a controversial role for
Gadd45α in association with the endonuclease activity of
XPG in transcription: the active demethylation of CpGs
islands localized at proximal promoters [42–44]. Recent
works support these findings and demonstrate that the
recruitment of XPC, XPA, XPG, and ERCC1-XPF on the
promoter of active RNA-Pol I- and II-dependent genes

allows the association of Gadd45α to the PIC and induce
the demethylation of promoters [41, 44]. Mutations in
XPC, XPA and XPG found in XP patients dysregulate the
corecruitment of the NER factors and Gadd45α to active
promoters, thereby abolishing the active demethylation step
and thus affecting transcription.

How can the NER factors demethylate DNA? Similar to
a classical NER lesion, 5′-methylcytosine (meC) combined
to the specific chromatin environment during transcription
initiation could be recognized and eliminated by the NER
machinery [45] (Figure 4(a)). Indeed, a previous study
demonstrated a faster repair rates near the transcription ini-
tiation site linked to increased local concentrations of DNA
repair factors associated with basal transcription factors [46].
The sequential recruitment of NER factors could help the
incision and the replacement of meC with unmethylated
nucleotides. Even if incision by XPG on the promoter
of RNA Pol I-dependent genes has been reported [44],
this hypothesis is highly controversial, and several groups
propose other alternatives to explain the demethylation of
meC. Recent studies have supported a model involving at
least two steps [43, 47] (Figure 4(b)). The model predicts
the conversion of meC to cytosine by the direct removal
of the methyl group or by the hydrolytic deamination of
meC to thymine further excised by a DNA repair enzyme.
The first step concerns the deamination reaction and implies
apolipoprotein B mRNA editing enzyme (APOBECS) pro-
teins such as activation-induced cytidine deaminase (AID)
and APOBEC1, which function in sequence specific context.
Alternatively, it has also been suggested that enzymes called
DNA methyltransferases (DNMTs) exhibit dual and opposite
actions, not only to methylate CpG islands but also to
deaminate them [48]. The second step is related to the
action of a DNA glycosylase such as Mdb4 or TDG that
remove thymine from G/T mispairs to generate abasic sites
rapidly cleaved through the activity of apurinic/apyrimidinic
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Figure 3: NER factors and gene transcription. Upon gene activation, the formation of preinitiation complex (PIC) precedes the recruitment
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The association of NER factors and Gadd45α with the transcription machinery leads to a cascade of histone PTMs. Concomitantly, an active
demethylation of 5′CpG islands occurs.

endonuclease (APE) (Figure 4(b)) [43]. It was recently
shown that Mdb4 is corecruited to active promoters with
proteins from base-excision-repair (BER) process such as
APE-1, DNA ligase I, or polymerase δ [48]. Even though
the role of Gadd45α is controversial, it clearly increases the
efficiency of the demethylation process.

The results obtained recently by several groups lead
us to propose another hypothesis that could account for
the active demethylation of promoters during transcription
and involves both the NER and the BER factors. Active
DNA demethylation at promoters is intimately linked with
histones posttranslational modifications (PTMs) [49]. Di/tri

methylation of H3K4 (H3K4me) and di/trimethylation of
H3K9 (H3K9me) correlate with active transcription and
heterochromatin, respectively. In a repressed status, the
methyltransferase G9a catalyzes the methylation of H3K9,
which allows the binding of the heterochromatin protein
1 (HP1) to facilitate the local formation of heterochro-
matin. The G9a-containing complex also recruits the DNA
methyltransferases DNMT3A and DNMT3B that catalyze
the de novo methylation of DNA at promoters. Conversely,
during active transcription and concomitantly to demethy-
lation/acetylation of H3K9, methylation of H3K4 inhibits
contacts between nucleosome and DNMT3 to facilitate active



Journal of Nucleic Acids 7

Apobecs

DNMTs

DNA Glyc

APE-1

DNA Ligase I

RNA Pol

ERCC1XPF

XPGRNA PolXPA

Gad
d45

XPCCSB

RNA Pol

RNA Pol

TFIIH

XPCCSB

XPG

Gad
d45

ERCC1 XPF

XPA

RNA Pol

DNA Pol

RNA Pol

RNA Pol

RNA Pol

T

?

(a) (b)

(c)

3′
5′ 3′

5′

3′

3′

5′

5′

3′
5′

3′
5′ 3′

5′

3′
5′ 3′

5′

3′
5′ 3′

5′

3′
5′ 3′

5′

3′
5′ 3′

5′ 3′
5′ 3′

5′

3′
5′ 3′

5′

3′
5′ 3′

5′

3′
5′ 3′

5′
+1

+1

+1

+1+1

+1

+1

+1

+1

+1+1
MeC

MeC

MeC

MeC

MeC

MeC

MeC

TATA

TATA

TATA

H3K9me H3K9me

H3K9me H3K9meH3K4 H3K4
C

C

Mbd4, TDG

BER

H3K9ac H3K9ac

H3K9ac H3K9ac

H3K4me H3K4me

G

G

G

G

Deamination

Cleavage

Repair

On

Apobecs
Mbd4, TDG
BER factors

AID, apobec1

NER factors

Off

Figure 4: Potential mechanisms of cytosine demethylation. (a) The NER machinery, recruited to the preinitiation complex, can recognize
the 5-methyl cytosine (meC) as a NER-specific substrate, in the presence of Gadd45α, and eliminate it in a process closely related to the
canonical NER process with the incision/excision of the oligonucleotide containing the meC. (b) Another pathway involves two steps; first,
the deamination of 5-methylcytosine (meC) to thymine, which involves proteins from Apobec family such as AID or APOBEC1. A role in
deamination has been also suggested for DNMTs proteins. Consequently, the impairment of the thymine with the guanine in the opposite
strand induces the recruitment of DNA glycosylases such as Mbd4 or TDG that remove thymine through cleavage of the glycosidic bond.
Following the action of DNA glycosylases, it remains an apyrimidinic site, which is cleaved by an AP endonuclease such as APE1 and repaired
through the polymerase β and DNA ligases. NER factors and Gadd45α are involved in this mechanism but their roles are not determined. (c)
We propose that NER factors control the epigenetic environment of the promoter favouring the demethylation of H3K9 and the methylation
of H3K4. Following the action of the NER factors, Apobec proteins and BER factors demethylate the meC in a process similar to (b).
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DNA demethylation [50]. NR-dependent altered transcrip-
tion observed in XP-C, XP-A, or XP-G cells is accompanied
by dysregulation of PTMs of histones. The hypermethylated
status of these promoters in these cells is associated with
absence of H3K4me and maintenance of the H3K9me
marks. These observations imply that the promoter of NR-
dependent genes persists in a heterochromatin environment,
despite the formation of the RNA-Pol II machinery, thereby
impairing optimal transcription. There is no evidence of a
direct role of repair factors in the regulation of histones
PTMs or histone-modifying enzymes; it can be hypothesised
that NER factors function upstream of the BER factors to
help to maintain a euchromatin environment characterised
by a demethylation of H3K9 and a methylation of H3K4
(Figure 4(c)).

7. Conclusion

Almost twenty years after the discovery that the basal
transcription factor TFIIH was also involved in NER [51], a
new age arises from the discovery that basal NER factors are
involved in activated transcription. The emergence of repair
factors in transcription forces us to modify our approach for
the understanding of the broad clinical features described for
the so-called XP, TTD, and CS “repair syndromes”, but it also
represents a breakthrough in gene expression studies. Indeed,
the effects of DNA methylation variations on gene expression
have been largely studied, but the mechanisms that promote
active demethylation combined to histones modifications are
just appearing with the finding that DNA repair factors may
participate to this process.

Besides the 2D space organisation of a gene, one has
also to consider the 3D space organisation of the nucleus.
Transcription is deeply associated to genome organization;
the location of a gene within the chromosome territories
influences its ability to be reached by the suitable machinery
[52]. Since the PTMs of histone and the methylated status
of genomic DNA are connected to the dynamic topological
regulation of chromatin, we have to consider that NER
factors could contribute to transcription through a role in
the nonrandom organization of the nucleus. Surprisingly,
besides the DNA repair disorders, a second group of diseases
that are characterized by accelerated aging comprises the
Hutchinson-Gilford syndrome (or Progeria) that is due to
a point mutation in Lamin A [53, 54]. This protein is a
structural component of the nuclear matrix that plays a role
in the 3D organization of the genome. It is then tempting
to propose that changes in the nuclear architecture in these
disorders participate in the modification of the transcription
program and possibly to the impairment of the repair of
some lesions, that altogether lead to accelerated aging and
cancer.
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It is well known that ionizing radiation (IR) can damage DNA through a direct action, producing single- and double-strand breaks
on DNA double helix, as well as an indirect effect by generating oxygen reactive species in the cells. Mammals have evolved several
and distinct DNA repair pathways in order to maintain genomic stability and avoid tumour cell transformation. This review
reports important data showing a huge interindividual variability on sensitivity to IR and in susceptibility to developing cancer;
this variability is principally represented by genetic polymorphisms, that is, DNA repair gene polymorphisms. In particular we
have focussed on single nucleotide polymorphisms (SNPs) of XRCC1, a gene that encodes for a scaffold protein involved basically
in Base Excision Repair (BER). In this paper we have reported and presented recent studies that show an influence of XRCC1
variants on DNA repair capacity and susceptibility to breast cancer.

1. Introduction

During evolution, mammalian cells have optimised distinct
pathways to repair DNA preserving genome integrity and
avoiding fixing of harmful mutations. DNA lesions could be
caused by external insults as well as by exposure to mutagenic
substances. They could also be produced endogenously,
for example, by reactive oxygen species generated during
physiological processes.

Five main different repair mechanisms have been desc-
ribed in humans: MMR (Mismatch Repair), BER (Base Exci-
sion Repair), NER (Nucleotide Excision Repair), HRR (Ho-
mologous Recombination Repair), and NHEJ (Nonhomolo-
gous End Joining).

MMR is a postreplicative mechanism that ensures the
application of the Watson-Crick base pairing principle on
DNA double helix, discriminating mismatches resulting
from DNA polymerase errors, and rectifying them to avoid
mutation [1].

Generally, BER corrects DNA base lesions due to
oxidative, alkylation, deamination damages via two general
pathways: short patch and long patch [2]; NER is a more
versatile pathway that senses the distortion caused by a base

damaged by chemical (i.e., cross-linking agents) or physical
(i.e., UV) agents and excises a tract of few nucleotides around
the lesion [3].

In BER and NER mechanisms, single-strand breaks
(SSBs) are an enzymatic consequence of the repair of
damaged DNA but they could represent a serious risk for
cells if they are not filled by a polymerase and rejoined by
DNA ligase. In fact during DNA replication SSBs could be
converted to more lethal DNA double-strand breaks (DBSs).
DSBs could generate deletions, chromosome translocations,
hence genomic instability [4, 5] and in some circumstances
induce cell cycle arrest and apoptosis [6, 7].

Homologous Recombination Repair (HRR) and Non-
homologous DNA-End Joining (NHEJ) are the two major
pathways of DSBs repair. A third system, single-strand
annealing (SSA), shares HRR and NHEJ components. The
fundamental difference between HRR and NHEJ is the
dependence on DNA homology template [8].

All DNA repair pathways are finely regulated and many
of the genes involved in these mechanisms are highly
conserved from bacteria to humans. This high conservation
degree indicates the importance of repair pathways in living
organisms.
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Figure 1: Human XRCC1 protein and gene structure. (a) The diagram shows XRCC1 domains and the regions of interaction with other
components of BER. (b) The diagram shows the structure of the gene with the most common and studied single nucleotide polymorphisms
(SNPs): −77 T → C, R194W, R280H and R399Q. Each of them is detailed in the text.

In literature it has been well documented that defects
in DNA repair are associated with human disorders. Several
genetic diseases are linked to mutations in genes involved in
DNA repair, that is, XP Xeroderma Pigmentosum, CS Cock-
ayne Syndrome, FA Fanconi Anemia, and NBS Nijmegen
Breakage Syndrome. Furthermore, studies conducted on
knockout and mutant animal models have suggested the key
function of specific components of DNA repair machineries.

Despite the lack of a pathological phenotype, humans
bearing variant alleles of DNA repair genes could show a
different individual response to DNA damage.

The principal source of interindividual variability is
represented by genetic polymorphisms. The presence of
polymorphic alleles in DNA repair genes may alter the repair
capacity modifying the biological responses to exogenous
and endogenous DNA insults, both at cellular and tissue
level, and the individual susceptibility in developing different
kind of disease, such as cancer.

In this review we focussed on the influence of DNA repair
polymorphisms on human individual sensitivity to Ionising
Radiation (IR) treatment and susceptibility to cancer; in
particular we are interested in better understanding whether
SNPs in XRCC1 gene, encoding, for a scaffold protein
involved basically in BER pathway, could impair DNA repair
efficiency so increasing the risk to develop tumour, such as
sporadic breast cancer.

2. XRCC1 Polymorphisms and IR Exposure

XRCC genes, abbreviation of X-ray cross complementing, are
components of several different damage recovery pathways,
and XRCC proteins do not show similarity in biochemical
functions.

The human XRCC1 (X-ray repair cross-complementing
group 1) gene, located on chromosome 19q13.2, encodes for
a 633aa protein (Figure 1) that plays an important role in

BER and single-strand breaks repair (SSBR), following expo-
sure to endogenous reactive oxygen species, IR or alkylating
agents [9, 10]. Additionally, XRCC1 seems to take part also
in DSBs repair [11, 12]. Lévy et al. [11] demonstrated that
the DNA-dependent protein kinase (DNA-PK), a key factor
in NHEJ, is able to phosphorylate XRCC1 (Ser 371) after
ionizing radiation that causes XRCC1 dimer dissociation.
This posttranslation modification seems to be important for
rejoining DSBs in response to DNA damage caused by IR, as
also showed by the failure of S371L mutant XRCC1 to rescue
DSBs repair defect in deficient EM9 cells.

In 2004 Audebert et al. showed an involvement of the
XRCC1/Lig III complex in DSBs rejoining. The complex,
otherwise involved in BER, could act in an alternative end-
joining mechanism that complements DNA-PK/XRCC4/Lig
IV dependent NHEJ [12].

A lot of information about XRCC1 function has been
derived from mutant mammalian cell lines; XRCC1 mutants
were initially identified in the AA8 strain of Chinese hamster
ovary (CHO) cells, and four of these, denoted EM7, EM9,
EM-C11 and EM-C12, represent a model to study the
consequence of the lack or a reduced level of this protein
[13].

The XRCC1 is a scaffold protein that interacts with other
many components of BER as DNA polymerase β, APE1,
hOGG1, poly-(ADP-ribose) polymerase and DNA ligase III
in the NH2-terminal, central, and COOH-terminal regions,
respectively, as resumed in Figure 1 [14–16].

In 1998 Shen et al. [17] described three polymorphisms
of XRCC1 gene, which resulted in non-conservative amino-
acid changes at evolutionary conserved regions: C → T
substitution in codon 194 of exon 6 (Arg to Trp); G → A
substitution in codon 280 of exon 9 (Arg to His) and G → A
substitution in codon 399 of exon 10 (Arg to Gln). (Figure 1)

Recently, Hao et al. [18] identified, in Chinese popu-
lation, another variant in the XRCC1 gene located in the
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5′UTR (5′-untraslated region), −77 T → C. (Figure 1).
Afterwards this polymorphism was also confirmed to be
present, with a higher frequency, in Caucasian population
[19, 20].

All these single nucleotide polymorphisms (SNPs) could
alter the XRCC1 function and impair DNA repair efficiency
or accuracy. In 1983, Setlow [21] claimed that healthy
subjects differ in their intrinsic capacity in repairing DNA
damage and this variation could be a result of variants
in DNA repair genes that consequently can modify the
individual susceptibility to radiation exposure.

A report by Lunn et al. [22] suggested that XRCC1
codon 399 polymorphism located within the BRCT domain
[23] which interacts with PARP, may result in deficient
DNA repair. More recently, Taylor et al. (2002) showed
that although BRCT1 domain is critical for efficient single-
strand break repair and cell survival, 399 polymorphism
located within this domain did not appear to significantly
affect XRCC1 function. On the contrary, by using molecular
dynamics techniques Monaco et al. (2007) predicted the
structure of wild-type and polymorphic form of BRCT1
domain of XRCC1 demonstrating that the polymorphism in
exon 10 changed the XRCC1’s secondary structure. These
contrasting results call for further investigations to clarify
whether the Arg→Gln substitution in codon 399 could affect
DNA repair capability [24, 25].

Hu and co-workers (2001) evaluated whether amino acid
substitution variants of DNA repair genes, that is, XRCC1-
399, contribute to ionizing radiation (IR) susceptibility as
measured by prolonged cell cycle G2 delay. In γ-irradiated
lymphocytes from disease-free controls, they found a higher
mitotic delay in subjects with Arg/Gln and Gln/Gln geno-
types than homozygous wild-type ones. The difference,
however, was not statistically significant. In conclusion, they
indicated that the XRCC1 Arg/Gln genotype may influence
cellular response to IR, particularly in women with positive
family history (FH) of breast cancer [26].

In order to elucidate the influence of the most common
SNP of XRCC1 (Arg399Gln) on the individual DNA repair
capacity, Cornetta et al. [27] assessed the repair capacity
through alkaline Comet assay in human peripheral blood
cells of healthy subjects treated in vitro with X rays.
They observed that subjects with XRCC1 variant Gln/Gln
genotype exhibited lower values of DNA damage than those
with homozygous wild-type (Arg/Arg) and heterozygous
(Arg/Gln) genotypes, both at basal level and after treatment.
On the contrary, the baseline DNA damage, measured as Tail
Moment, was found to be increased in healthy individuals
bearing the XRCC1 399Gln variant allele in Weng and
colleagues’ work [28].

Hence, Cornetta et al. [27] concluded that individuals
bearing Gln/Gln genotype had fewer DNA breaks and
resolved open breaks faster than homozygote wt and het-
erozygote subjects. Anyway, as they noticed, the Comet assay
does not provide information about the fidelity of DNA
repair and misrepaired lesions could lead to chromosomal-
type damage. Angelini et al. [29] demonstrated that subject
exposed to IR (both X- and γ-rays) with XRCC1 variant
genotypes had a higher frequency of micronuclei (MN) with

respect to wild type ones. Furthermore, a high chromosomal
damage could trigger off apoptosis in cells with 399 polymor-
phic genotypes consequently resulting protective through the
elimination of potentially transformed cells. This hypothesis
is supported by Seedhouse et al. [30] who showed a
protective effect of XRCC1-399 variant allele against the
development of therapy-related acute myeloblastic leukemia
(t-AML).

On the contrary, Aka et al., [31] showed that XRCC1-399
polymorphism resulted in higher residual DNA values, mea-
sured by Comet assay, after γ-ray treatment and Godderis
et al., [32] in collusion with Rzeszowska-Wolny et al. [33],
performing Comet assay and MN analysis, concluded that
XRCC1-399 did not seem to influence DNA damage repair
after γ-rays exposure.

The individual susceptibility to IR can also differ in
subjects affected by cancer, as interindividual variation in
therapeutic exposure to ionising radiation response revealed.
Moreover, cancer patients seem to be more radiosensitive
than healthy persons: Scott et al. [34] found that about
40% of breast cancer (BC) patients are radiosensitive in
comparison to about 9% of healthy controls.

Recently, our group analysed the response to IR exposure
in sporadic BC patients and healthy controls by measuring
DNA damage through alkaline Comet assay [35]. We did
not observe a great interindividual variation in either group
but we found that BC patients were more radiosensitive and
exhibited a significantly higher mean of basal and IR-induced
DNA damage when compared to healthy controls. Anyhow,
in this study the impairment of BC repair capacity did not
result to be associated with XRCC1-399 polymorphism. But,
interestingly the reduced repair ability in BC patients was
related to high degrees of tissue side effects.

This is in agreement with results reported by Alapetite
and colleagues who observed that BC patients with most
severe complications showed impaired rejoining as analysed
through alkaline Comet assay [36].

3. XRCC1 Polymorphisms and Risk of
Developing Cancer

Related to an impaired DNA repair capacity and an increased
mutagenesis, polymorphisms in DNA repair genes could
also modify the risk of developing cancer. Epidemiological
studies were focussed on assessing a possible link between
genetic factors, in particular low penetrance genes as well
as SNPs, and increased/decreased risk of tumour. Along this
line Breast Cancer (BC) is a very interesting field of research.

It is the most common cause of cancer death in women
worldwide. Most etiologic factors are established [37–39],
but concerning the association between DNA repair SNPs
and the sporadic form of this tumour, literature data are
often contradictory.

Recently, in 2009, Huang et al. [40] performed a meta-
analysis that collected data about the association between
breast cancer and the XRCC1 polymorphisms Arg194Trp
(9411cases and 9783 controls), Arg399Gln (22 481 cases and
23 905 controls) and Arg280His (6062 cases and 5864
controls) in different inheritance models [dominant model:
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Table 1: Reported studies about the association of XRCC1-399 polymorphism and DNA repair capacity.

XRCC1-399
GENOTYPE

IR
EXPOSURE

EFFECTS ON DNA
REPAIR CAPACITY

REFERENCES

Variant γ-rays
Higher mitotic delay
index

Hu et al., 2001
[26]

Variant X-and γ-rays Higher MN frequency
Angelini et al.,
2005 [29]

Variant γ-rays

No-one on DNA
damage values
(Comet) Higher
background
frequency of MN

Rzeszowska et
al., 2005 [33]

Variant γ-rays
Higher residual
damage (Comet)

Aka et al., 2006
[31]

Gln399Gln X-rays
Lower DNA damage
(Comet)

Cornetta et al.,
2006 [27]

Variant γ-rays
No-one on DNA
damage values
(Comet) and MNCB

Godderis et al.,
2006 [32]

Variant No
Higher basal DNA
damage (Comet)

Weng et al.,
2009 [28]

Variant= Arg399Gln + Gln399Gln.

Table 2: Reported studies about the association of XRCC1-399 and
BC risk.

Protective effect
Breast Cancer Association Consortium, 2006 [41]

Saadat et al., 2008 [42]

Risk factor

Duel et al., 2001 [43]

Moullan et al., 2003 [44]

Smith et al., 2003 [39]

Zhang et al., 2006 [45]

Huang et al., 2009 [40]

Sterpone et al., 2010 [20]

homozygous wild-type versus (homozygous mutant+hetero-
zygous) and recessive model: (homozygous wild-type+hete-
rozygous) versus homozygous mutant).

Reference to SNPs in codon 194 and 280, they did not
appear to be risk factors for breast cancer but case-control
studies on Arg399Gln have provided conflicting results.

About XRCC1 Arg399Gln polymorphism, in 2006, Breast
Cancer Association Consortium [41] reported that there was
no evidence of an association of BC with this SNP and
with a large meta-analysis Saadat et al. [42] concluded that
this polymorphism was associated with BC risk in studies
from Asian countries but not from Western countries, when
using a recessive model. On the other hand, Huang [40]
suggested that both under recessive and dominant models,
the Arg399Gln was associated with a trend of increased
breast cancer risk, regardless of ethnic subgroups division.
In agreement with this conclusion and several other studies
[39, 43–45], our group showed a slightly increase of BC risk
in Caucasians using dominant model: women bearing at least
one XRCC1-399 variant allele seem to be at higher risk of
developing this tumour [20].

Additionally, we found that the presence of variant
allele at codon 399 combined with the variant allele in the
promoter, −77 C which alone was not associated with BC,
determined a significantly higher risk of developing this
cancer: this combination could affect strand breaks repair
as a consequence of the reduced availability of XRCC1
transcript, even in the variant form.

To date, only one other study reported the analysis of
haplotypes considering the promoter SNP together with 194,
280 and 399 polymorphisms in BC patients and healthy
controls. In collusion with our analysis [20], Brem et al. did
not find any association between BC and promoter polymor-
phism; BC risk was positively associated with −77, 194, and
399 wild-type alleles and 280 variant allele haplotype, even if
the P value was not significant [19].

The haplotype risk association could be an interesting
and more complete approach than association studies in
which only individual XRCC1 SNPs are considered, thus
leading to errors in risk estimation.

4. Conclusions

In this review we have focussed on the effect of genetic basis
on interindividual differences in response to DNA damaging
agents. In particular we have considered DNA damage caused
by ionizing radiation, commonly used in the care of tumour.

The consequences of IR exposure could be very serious
and radiation injury may develop months to years later after
treatment with numerous and individual manifestations.
Hence, radiation-induced DNA damage and its repair play
a critical role for the susceptibility of patients affected by
cancer to side effects after radiotherapy.

In conclusion, as the reported studies want to support
(see Table 1 and Table 2), it is an important goal of biological
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and clinical research to detect genetic components like
DNA repair gene polymorphisms as possible indicators of
radiosensitivity in order to adjust radiotherapy protocols for
both sensitive and resistant patients.
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We showed that XPC complex, which is a DNA damage detector for nucleotide excision repair, stimulates activity of thymine DNA
glycosylase (TDG) that initiates base excision repair. XPC appeared to facilitate the enzymatic turnover of TDG by promoting
displacement from its own product abasic site, although the precise mechanism underlying this stimulation has not been clarified.
Here we show that XPC has only marginal effects on the activity of E. coli TDG homolog (EcMUG), which remains bound to
the abasic site like human TDG but does not significantly interacts with XPC. On the contrary, XPC significantly stimulates the
activities of sumoylated TDG and SMUG1, both of which exhibit quite different enzymatic kinetics from unmodified TDG but
interact with XPC. These results point to importance of physical interactions for stimulation of DNA glycosylases by XPC and have
implications in the molecular mechanisms underlying mutagenesis and carcinogenesis in XP-C patients.

1. Introduction

DNA, which carries the genetic information, is liable to alter-
ations by various agents of endogenous and environmental
origin. In order to prevent the deleterious effects yielded
by such DNA lesions and to maintain the integrity of the
genome and cellular functions, cells are equipped with sev-
eral DNA repair systems, such as base excision repair (BER),
nucleotide excision repair (NER), and mismatch repair (for
review, see [1]). BER is one of the most versatile repair
pathways that can deal with base lesions resulting mainly
from alkylation, oxidation, deamination, and replication
errors. This pathway is initiated by damage-specific DNA
glycosylases that release the altered or inappropriate bases
by cleavage of the N-glycosylic bond from the phosphate-
sugar backbone, thereby resulting in production of the
apurinic/apyrimidinic (AP) sites (reviewed in [2, 3]). The
phosphodiester bond 5′ to the AP site is then nicked by

AP endonucleases. A class of DNA glycosylases, designated
bifunctional DNA glycosylases, possess additional AP lyase
activity that further cleaves the phosphodiester bond 3′ to
the AP site generated by its own glycosylase activity. When
BER is initiated by such bifunctional DNA glycosylases, AP
endonuclease removes 3′-unsaturated aldehyde left behind
by the AP lyase activity. As a consequence of either pathways,
3′-OH end is generated which is suitable for the following
DNA repair synthesis.

Unlike BER that mainly repairs base lesions, NER deals
with a wide variety of helix-distorting lesions, including
ultraviolet (UV) light-induced pyrimidine photodimers as
well as intrastrand crosslinks and bulky adducts induced by
numerous chemical compounds. Xeroderma pigmentosum
(XP) is one of the autosomal recessive disorders that are
associated with defective NER and clinically characterized
by severe photosensitivity against UV exposure and a
high risk of skin cancer. To date, seven NER-deficient XP
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CTGCCTAGGGGCCCTTAAGTGACCGG-
GACGGATCCCCGGGAATTCACTGGCC-

-TACTGGTACTAATGCGGTTCGAACCGACGTCCA
-ATGACCATGATTACGCCAAGCTTGGCTGCAGGT

G
X

5′
3′

3′
5′

(X = T or U)

(a) G/T or G/U (60 bp)

TCTACGACTGCTC- U -GTGACTGACATACTAG 3′5′

(b) ss-U (30 mer)

Figure 1: DNA substrates used in this study.

genetic complementation groups have been identified (XP-
A through -G), for each of which the responsible gene
has been cloned [4]. Unlike most of the other XP groups,
XP-C patients show defects only in one of the two NER
subpathways, that is, global genome NER that covers the
entire genome. The other subpathway is referred to as
transcription-coupled NER, which repairs transcription-
blocking lesions on the transcribed strand of active genes.
The XPC protein, the responsible gene product for the XP
group C, plays an essential role in DNA damage recognition
and the following initiation of global genome NER [5–
7]. It forms in vivo a stable heterotrimeric complex with
either RAD23A or RAD23B, one of the two mammalian
homologues of Saccharomyces cerevisiae Rad23p, and centrin
2, which is known also as a component of the centrosome
[8–10]. RAD23 stabilizes the XPC protein in vivo [11, 12],
and the XPC-RAD23 heterodimer is sufficient to reconstitute
the cell-free NER reaction [13, 14], whereas centrin 2
appears to potentiate the damage-specific DNA binding
activity of the XPC complex [15]. Biochemical and structural
analyses revealed that this complex recognizes a specific DNA
secondary structure containing a junction between double-
stranded DNA and a single-stranded 3′-overhang [16–18].
After the DNA binding by XPC, ATPase/helicase activities of
TFIIH (exerted by the XPB and XPD subunits) open DNA
duplex and demarcate damage, probably with the aid of XPG,
XPA, and replication protein A (RPA). The damaged strand
is then cleaved in both sides of the lesion by two structure-
specific NER endonucleases, ERCC1-XPF and XPG, and the
resulting gap is refilled with the DNA repair synthesis [19].

We have previously shown that XPC interacts directly
with one of the DNA glycosylases, thymine DNA glycosylase
(TDG) [20]. TDG removes thymine or uracil residues from
G/T or G/U mismatches, which are mainly derived from
hydrolytic deamination of 5-methylcytosines or cytosines,
respectively (for review, see [21]). TDG is unique in that
it cannot dissociate from the substrate DNA by itself
after accomplishing its enzymatic activity [22, 23]. Crystal
structure of the E. coli homolog of TDG, the mismatch-
specific uracil DNA glycosylase (EcMUG), demonstrated
that the inability to turnover is due to its tight interaction
with the guanine opposite the AP site [24, 25]. Extensive
biochemical analyses have suggested that this feature may
be applicable also to the human TDG [22, 23, 26]. Since
continuous attachment of TDG to AP sites must interfere
with the following BER process, it has been conceivable that
there should be certain factors that promote dissociation
of TDG from the processed DNA. One candidate for such
factors relieving TDG of the product inhibition is AP

endonuclease 1 (APE1), which acts in the BER pathway
immediately after the DNA glycosylases [22, 27–29]. Another
factor would be sumoylation of TDG, which occurs at a
single specific site (Lys330 in human TDG) [30]. The X-
ray crystal structure of sumoylated TDG revealed that this
modification induces a significant conformational change in
the C-terminal domain of TDG, which seems to sterically
prevent its interaction with DNA [31]. Thus, it has been
proposed that the sumoylation following base excision may
promote the enzymatic turnover of TDG [32], although
precise timing and regulation of the modification in vivo
still remain to be elucidated. In addition, we have previously
shown that XPC-RAD23B forms a ternary complex with
TDG bound to the substrate DNA and promote dissociation
of TDG from the AP site [20]. Like TDG and APE1, XPC can
recognize and bind to AP sites, although the observed affinity
is relatively low if opposite base is guanine [20]. Therefore,
two notions have been conceivable concerning molecular
mechanisms underlying the stimulation of TDG turnover
by XPC: direct physical interaction and competition for
the AP site. More recently, it has been reported that XPC
interacts with and stimulates the activity of OGG1, a major
DNA glycosylase that removes various oxidative base lesions
including 8-oxoguanine [33]. Here we further investigate
possible involvement of the XPC protein complex in BER
by using various DNA glycosylases as well as a sumoylated
form of TDG, which gives further insights to the molecular
mechanisms for the TDG stimulation.

2. Materials and Methods

2.1. Purification of Recombinant Proteins. Purification
of recombinant human XPC and His-tagged RAD23B
(RAD23B-His) was carried out [34, 35], and the XPC-
RAD23B-His heterodimer was reconstituted in vitro as
described previously [17]. His-TDG, GST-TDG, GST, and
His-SMUG1 were also purified as described elsewhere
[20, 36].

EcMUG and UNG2, both fused to the N-terminal His-
tag, were expressed in E. coli strain BL21 (DE3) using the
pET-28a vector (Novagen). Expression of His-EcMUG was
induced with 1 mM isopropyl-β-d-thiogalactopyranoside
(IPTG) at 37◦C for 3 hours. The bacterial cell pellets were
sonicated in buffer A [25 mM sodium phosphate (pH 7.5),
1 mM EDTA, 25 mM NaCl, 0.01% Nonidet P-40, 1 mM
dithiothreitol (DTT), 0.25 mM phenylmethylsulfonyl fluo-
ride (PMSF), protease inhibitor cocktail (Complete; Roche
Diagnostics)] and centrifuged for 30 minutes at 100,000 g.
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Figure 2: XPC stimulates the activity of TDG that cleaves uracil
from G/U mismatches. The activity of TDG was measured by using
1.6 nM of 60-bp DNA containing a single G/U mismatch as a
substrate. The reaction was done at 30◦C for the indicated time
with 0.42 nM His-TDG in the presence of various concentrations of
XPC-RAD23B. The DNA samples were then purified and subjected
to alkali-treatment to cleave the resulting AP sites and separated
with denaturing PAGE. The ratio of the cleaved product was
calculated and plotted as a graph. The mean values and standard
errors were calculated from at least two independent experiments.

The supernatant was loaded onto a phosphocellulose column
(P-11; Whatman) equilibrated with buffer B [20 mM sodium
phosphate (pH 7.5), 10% glycerol, 0.01% Triton X-100,
0.25 mM PMSF] containing 0.1 M NaCl. After the resin was
washed thoroughly with the same buffer, bound proteins
were eluted stepwise with buffer B containing 0.2 and 1 M
NaCl. Proteins recovered in the 1 M NaCl fraction were then
applied to a column packed with TALON resin (Clontech)
equilibrated with buffer C [20 mM Tris-HCl (pH 7.5),
10% glycerol, 0.1 M NaCl, 0.01% Triton X-100, 0.25 mM
PMSF] containing 5 mM imidazole. The column was then
washed extensively with the same buffer, followed by stepwise
elution of the bound proteins with buffer C containing 20,
100, and 250 mM imidazole. Finally, the 100 mM imidazole
fraction containing His-EcMUG was dialyzed against buffer
D [20 mM sodium phosphate (pH 7.5), 1 mM EDTA, 10%
glycerol, 0.01% Triton X-100, 1 mM DTT, 0.25 mM PMSF]
containing 0.2 M NaCl.

Expression of His-UNG2 was induced with 1 mM IPTG
at 30◦C for 3 hours. The bacterial cell extract was prepared
as described above and loaded onto a HiLoad 16/10 SP
Sepharose HP column (GE Healthcare Biosciences) equili-
brated with buffer B containing 0.1 M NaCl. After washing
the resin with the same buffer, bound proteins were eluted
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Figure 3: XPC physically interacts with SUMO-1-conjugated TDG,
but not with EcMUG. Glutathione-Sepharose beads (20 μl) were
incubated in 100 μl of the binding mixture containing 10 nM of
GST (negative control), GST-TDG (positive control), GST-EcMUG,
or SUMO-1-GST-TDG in the presence of the same concentration
of XPC-RAD23B. After extensive washing, bound proteins were
eluted with buffer containing 10 mM glutathione. One-fourth of
each eluate was mixed with whole cell extract from XP4PASV cells
which do not express XPC and subjected to 8% SDS-PAGE followed
by immunoblotting with anti-XPC antibody (upper panel). The
same samples were also subjected to 12% SDS-PAGE followed by
immunoblotting with anti-GST antibody (lower panel).

stepwise with buffer B containing 0.5 and 1 M NaCl. His-
UNG2 recovered in the 0.5 M NaCl fraction was further
purified with TALON resin, exactly as described above
for His-EcMUG. The 250 mM imidazole fraction was then
loaded onto a Mono S PC 1.6/5 column equilibrated with
buffer D containing 0.1 M NaCl. The column was developed
with a linear gradient of 0.1–0.7 M NaCl in buffer D and His-
UNG2 was eluted around 0.4 M NaCl. Finally, the sample
was subjected to gel filtration chromatography using a
Superdex 75 PC 3.2/30 column (GE Healthcare Biosciences)
equilibrated with buffer D containing 0.2 M NaCl.

Sumoylation of His-TDG was conducted in E. coli strain
BL21 (DE3) as described [37]. After induction of protein
expression with 1 mM IPTG at 30◦C for 3 hours, bacterial
cell extract was prepared and fractionated on SP Sepharose
and TALON columns exactly as described above for His-
UNG2. The 250 mM imidazole fraction from the TALON
column containing SUMO-1-His-TDG was subsequently
loaded onto a Mono Q HR 5/5 column (GE Healthcare
Biosciences) equilibrated with buffer E [20 mM Tris-HCl
(pH 7.5), 1 mM EDTA, 10% glycerol, 0.01% Triton X-100,
1 mM DTT, 0.25 mM PMSF] containing 0.1 M NaCl. The
column was developed with a linear gradient of 0.1–0.5 M
NaCl in buffer E and SUMO-1-His-TDG was eluted around
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Figure 4: The effect of XPC on the activity of EcMUG that cleaves
uracil from G/U mismatches. The activity of EcMUG was measured
by using 1.6 nM of 60-bp DNA containing a single G/U mismatch
as a substrate. The reaction was done at 30◦C for the specified time
with 0.8 nM His-EcMUG and indicated concentrations of XPC-
RAD23B. The DNA samples were then purified and subjected to
alkali-treatment to cleave the resulting AP sites and separated with
denaturing PAGE. The ratio of the cleaved product was calculated
and plotted as a graph. The mean values and standard errors were
calculated from at least two independent experiments.

0.2 M NaCl. Finally, proteins were loaded onto a Mono S PC
1.6/5 column equilibrated with buffer D containing 0.1 M
NaCl and then eluted with a linear gradient of 0.1–0.5 M
NaCl in buffer D. SUMO-1-His-TDG was collected from the
fractions around 0.2 M NaCl.

GST-fusion proteins were expressed in E. coli strain BL21
(DE3) using the expression vector pGEX4T3 and purified
through two successive chromatography procedures using
a GSTrap column (GE Healthcare Biosciences) and then a
Mono S PC 1.6/5 column.

Flag-tagged MBD4 (Flag-MBD4) was expressed in insect
cells using the Bac-to-Bac baculovirus expression system
(Invitrogen). High Five cells were infected with the recom-
binant baculovirus, and proteins were extracted from the
cells with buffer F [25 mM Tris-HCl (pH 8.0), 1 mM EDTA,
0.3 M NaCl, 10% glycerol, 1% Nonidet P-40, 1 mM DTT,
0.25 mM PMSF, protease inhibitor cocktail (Complete)] and
dialyzed against buffer D containing 0.1 M NaCl. Samples
were then loaded onto a HiLoad 16/10 SP Sepharose HP
column (GE Healthcare Biosciences) equilibrated with buffer
D containing 0.1 M NaCl. After washing the column with the
same buffer, bound proteins were eluted stepwise with buffer
D containing 0.5 and 1 M NaCl. The 0.5 M NaCl fraction
was subsequently loaded to an anti-Flag M2-agarose column

(Sigma-Aldrich) and eluted with buffer D plus 1 M NaCl
and 0.1 mg/ml 3 x Flag-peptide (Sigma-Aldrich). The eluate
was adjusted at 0.3 M NaCl by dilution with buffer B and
then loaded to a HiTrap heparin HP column (GE Healthcare
Biosciences) equilibrated with buffer D containing 0.3 M
NaCl. Bound proteins were eluted stepwise with buffer D
containing 0.5 and 1 M NaCl, and Flag-MBD4 appeared in
the 1 M NaCl fraction. Finally, the fraction was diluted by
buffer D in order to decrease the NaCl concentration to
0.3 M again and subjected to a Mono S PC 1.6/5 column
equilibrated with buffer D containing 0.3 M NaCl. The
elution of the bound protein was conducted with a linear
gradient of 0.3–1 M NaCl in buffer D, where Flag-MBD4 was
collected from the fractions around 0.5 M NaCl.

2.2. Nicking Assay. The enzymatic activities of DNA glyco-
sylases in the presence or absence of XPC-RAD23B were
measured as described previously [20]. Substrates used (G/T,
G/U, and ss-U) are shown in Figure 1.

2.3. GST Pull-Down Assay. Glutathione-Sepharose 4 fast
flow (GE Healthcare Biosciences: 20 μl) was mixed with
recombinant proteins as indicated in 100 μl of the binding
buffer 20 mM sodium phosphate (pH 7.4), 1 mM EDTA,
150 mM NaCl, 1 mM DTT, 5% glycerol, 0.01% Triton X-100,
100 μg/ml bovine serum albumin. After incubation on ice
for 1 hour with occasional agitation, the beads were washed
eight times with 500 μl of the binding buffer and the proteins
retained on the beads were eluted using 20 μl of the binding
buffer containing 10 mM glutathione. Since purified XPC has
a tendency to aggregate when boiled in the presence of SDS,
each eluate was mixed before denaturation with the whole
cell extract (0.4 μg protein) from XP4PASV cells that do not
express endogenous XPC [20]. An aliquote of each eluate
mixed with XP4PASV cell extract was subjected to 8% SDS-
PAGE and analyzed by immunoblotting using polyclonal
anti-XPC or anti-GST antibodies.

2.4. Antibodies. The polyclonal antibodies against XPC and
TDG were raised as described previously [20, 35]. The
polyclonal anti-GST (GE Healthcare Biosciences) and anti-
SUMO-1 (Santa Cruz Biotechnology) antibodies were pur-
chased.

3. Results

3.1. XPC Stimulates the Repair of G/U Mismatches Initiated
by TDG. We first examined whether XPC can stimulate
the enzymatic activity of TDG that removes uracils from
the G/U mismatches by the conventional DNA glycosylase
assay involving the substrate shown in Figure 1(a). We have
previously shown by using the DNA substrate containing
a single G/T mismatch that XPC-RAD23B stimulates the
activity of TDG by promoting dissociation of the enzyme
from the AP site [20]. Although TDG has been shown
to exhibit significantly higher activity with G/U than G/T
mismatches, the severe product inhibition has been also
observed with the G/U substrate [23]. In this point of
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Figure 5: The effect of XPC on the activity of SUMO-1-modified TDG that cleaves uracil from G/U mismatches. (a) Silver staining of the
purified recombinant nonmodified His-TDG and SUMO-1-modified His-TDG. M represents the size marker. (b) The sumoylation of TDG
was verified with western blot analyses using anti-TDG antibody (left) or anti-SUMO-1 antibody (right). (c) The activity of sumoylated
His-TDG was measured by using 1.6 nM of 60-bp DNA containing a single G/U mismatch as a substrate. The reaction was done at 30◦C
for the time indicated with 2 nM SUMO-1-conjugated His-TDG in the presence of XPC-RAD23B. The DNA samples were then purified
and subjected to alkali-treatment to cleave the resulting AP sites and separated with denaturing PAGE. The ratio of the cleaved product was
calculated and plotted as a graph. The mean values and standard errors were calculated from at least two independent experiments.
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view, the effect of XPC on TDG may be similar regardless
of which substrate is used, because the AP site opposite
guanine is in any way produced as a result of the enzymatic
action. Compared with the reaction kinetics of TDG alone,
addition of XPC-RAD23B stimulated the activity of TDG on
G/U mismatches up to 5-fold in a dose-dependent manner
(Figure 2), exactly as expected.

3.2. XPC Has Only a Marginal Effect on the Activity of E.
coli Homolog of TDG. In order to test the significance of
protein-protein interaction between XPC and TDG for the
stimulation, we purified an E. coli homolog of TDG, the
mismatch-specific uracil-DNA glycosylase (EcMUG) [38].
Unlike TDG, which is involved in correction of both G/T and
G/U mismatches, EcMUG is primarily G/U-specific, with
very low activity toward G/T mismatches [24]. However,
EcMUG resembles human TDG in that, after cleavage of
the particular bases, it remains tightly bound to the AP
site generated after exhibiting the glycosylase activity [22–
25]. We first tested the presence or absence of physical
interaction between XPC and EcMUG fused to glutathione
S-transferase (GST-EcMUG). Ten nanomolar each of GST-
EcMUG, GST-TDG as a positive control, or GST alone as
a negative control was mixed with the equal concentration
of XPC-RAD23B, and proteins were pulled down with
glutathione-Sepharose beads. Immunoblot analyses revealed
that a significant amount of XPC was bound to GST-TDG
whereas only little amount of XPC was bound to GST alone
as expected (Figure 3, compare lanes 1 and 2; see also [20]).
It should be noted that the amount of GST-TDG recovered
in the bound fraction was only ∼20% of GST. Meanwhile,
the binding between XPC and EcMUG was as much as the
background level (Figure 3, compare lanes 1 to 3), indicating
that XPC-RAD23B does not interact with EcMUG in vitro
under the conditions tested.

We next added XPC into the nicking assay using the G/U
substrate in order to see whether it influences the activity
of EcMUG. Although significant physical interaction could
not be detected (Figure 3), it was possible that XPC-RAD23B
may still stimulate the activity of EcMUG by displacing the
glycosylase from the AP site, since XPC itself also seems to
have a binding affinity toward the AP site [20]. As shown in
Figure 4, however, XPC hardly affected the enzymatic activity
of EcMUG; while 0.8 nM EcMUG processed about 6% of the
substrate DNA (1.6 nM) within 120 minutes, ∼9% of the
uracil was removed from the G/U mismatched-DNA in the
presence of 4 nM XPC-RAD23B. Although there might be
thus a very weak stimulation, the effect of XPC on EcMUG
activity was much less pronounced than that on TDG.

3.3. XPC Stimulates the Activity of Sumoylated TDG. A
covalent modification of TDG by SUMO-1 was shown to
dramatically affect its DNA binding properties [30, 32].
Consequently, TDG appears to lose its activity on G/T
mismatches, whereas the excision of uracils from G/U sub-
strates is even enhanced upon sumoylation. The stimulation
of the uracil cleavage seemed to be due to relief of TDG
from the product inhibition via SUMO-1 conjugation [30].

Given that the sumoylated TDG may not be bound to
the AP site so stably, it was of our great interest to know
whether XPC can interact with and stimulate the activity
of the modified enzyme. To test this idea, we prepared
SUMO-1-conjugated TDG by expressing E1 (Aos1-Uba2),
E2 (Ubc9), SUMO-1, and TDG (His- or GST-tagged) in
E. coli simultaneously, which enables efficient sumoylation
of TDG within bacteria [37]. The sumoylated His-TDG
(Figure 5(a)) and GST-TDG (data not shown) were purified
to near homogeneity. We confirmed that the purified protein
specifically reacts with both anti-TDG and anti-SUMO-1
antibodies (Figure 5(b)). Analysis of the protease-digested
fragments with mass spectrometry and peptide sequencing
further demonstrated that SUMO-1 is conjugated exactly to
the predicted site (Lys330 of TDG; data not shown).

At first, we tested a protein-protein interaction between
XPC and the sumoylated TDG by GST pull-down assay.
As shown in Figure 3, a significant amount of XPC was
coprecipitated with SUMO-1-GST-TDG if compared to GST
alone, and approximately 2-fold more XPC appeared to
bind to SUMO-1-GST-TDG than to nonmodified GST-
TDG. This indicates that XPC can bind to TDG regardless
of the presence or absence of modification by SUMO-1.
We then examined whether XPC can affect the activity
of SUMO-1-TDG. As reported by Hardeland et al. [30],
the purified recombinant SUMO-1-TDG had only marginal
activity for G/T mismatches (data not shown). On the
other hand, SUMO-1-TDG showed nearly linear kinetics
of uracil removal from G/U mismatches up to 120-minute
incubation, suggesting that the product inhibition was much
less pronounced as described previously (Figure 5(c); [30]).
Interestingly, this activity of SUMO-1-TDG was further
stimulated by the addition of XPC in a dose-dependent
manner (Figure 5(c)). Incubation of 4 nM XPC-RAD23B
resulted in ∼5-fold processing of the G/U mismatch in 120
minutes, and this ratio was comparable to the stimulation of
nonmodified TDG cleaving the same substrate (Figure 5(c)).
Thus, these results demonstrate that XPC can upregulate the
activity of not only nonmodified TDG but also SUMO-1-
modified TDG in vitro.

3.4. Effects of XPC on Other DNA Glycosylases. Since it
has been reported that XPC stimulates OGG1 in addi-
tion to TDG, we next investigated the effect of XPC on
various DNA glycosylases, especially the monofunctional
DNA glycosylases that are involved in G/T and/or G/U
mismatch repair, including UNG2, MBD4 (also referred to
as MED1), and SMUG1. UNG2 and SMUG1 mainly remove
uracils not only from double-stranded DNA but also from
single-stranded DNA, whereas MBD4 as well as TDG is
more or less specialized toward correction of G/T and G/U
mismatches particularly in the CpG context. As shown in
Figure 6, XPC showed no obvious effect on the activity of
UNG2 against G/U mismatch (Figure 6(a)), that of MBD4
against G/T mismatch (Figure 6(b)), or that of MBD4 against
G/U mismatch (data not shown). Although the activities
of both UNG2 and MBD4 were somewhat reduced in
the presence of XPC, this may be due to the nonspecific
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Figure 6: The effect of XPC on the activity of other DNA glycosylases involved in G/T and/or G/U mismatch repair. The activity of UNG2
(a), MBD4 (b), or SMUG1 ((c) and (d)) was measured in the presence of various amounts of XPC-RAD23B. In each reaction, 1.6 nM of
60-bp DNA containing a single G/U mismatch ((a) and (c)), G/T mismatch (b), or single stranded 30-mer oligonucleotide containing a
single uracil residue (d) was used as the substrate. The reaction was done at 30◦C for the time indicated with specified concentration of
purified recombinant proteins as shown. The DNA samples were then purified and subjected to alkali-treatment to cleave the resulting AP
sites and separated with denaturing PAGE. The ratio of the cleaved product was calculated and plotted as a graph. The mean values and
standard errors were calculated from at least two independent experiments.
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Figure 7: XPC interacts physically with SMUG1 in vitro.
Glutathione-Sepharose beads (20 μl) were incubated in 100 μl of
the binding mixture with 10 nM of either GST or GST-TDG in
the presence of the same concentration of XPC-RAD23B. After
extensive washing, bound proteins were eluted with buffer con-
taining 10 mM glutathione. One-fourth of each eluate was mixed
with whole cell extract from XP4PASV cells which do not express
XPC and subjected to 8% SDS-PAGE followed by immunoblotting
with anti-XPC antibody (upper panel). The same samples were
also subjected to 12% SDS-PAGE followed by immunoblotting with
anti-GST antibody (lower panel).

binding of XPC to DNA. On the contrary, XPC showed a
striking stimulation on the activity of SMUG1 against G/U
mismatch in a dose-dependent manner (Figure 6(c)). In the
absence of XPC, 2.5 pM SMUG1 processed about 5% of
1.6 nM G/U-mismatched DNA in 120 minutes under the
conditions tested. Meanwhile, the presence of 2 nM XPC-
RAD23B boosted the SMUG1 activity up to 4-fold under the
equivalent conditions. This stimulation was also observed
when a single-stranded 30-mer oligonucleotide containing
a single uracil residue was used as a substrate (Figures 1
and 6(d)). While 62.4 pM SMUG1 cleaved about 2% of
the substrate (1.6 nM) in 120 minutes, addition of 1 nM
XPC-RAD23B stimulated the cleavage up to 8% under the
same conditions. Although SMUG1 is known to remove
uracils more efficiently from single-stranded DNA than
from double-stranded DNA, our results showed the opposite
pattern. This might be due to the difference in length of the
substrate DNA between G/U-mismatched double-stranded
DNA (60 bp) and single-stranded DNA (30 mer) [39]. These
results suggest that XPC functionally interacts not only with
TDG but also with SMUG1.

3.5. XPC Physically Interacts with SMUG1. Since our results
indicate that XPC could stimulate the activity of SMUG1

in vitro, we tested the existence of the protein-protein
interaction between XPC and SMUG1 by using the GST-pull
down assay (Figure 7). Ten nanomolar each of GST or GST-
fused SMUG1 was incubated with an equimolar amount of
XPC-RAD23B, and then bound to the glutathione-Sepharose
beads. After eluting the bound protein with glutathione, the
presence of GST and GST-SMUG1 or XPC was visualized
by immunoblotting using anti-GST or anti-XPC antibody,
respectively. While equivalent molar amounts of GST and
GST-SMUG1 were observed within the eluates, only little
amount of XPC was bound to the control GST. On the
other hand, a significant amount of XPC was pulled-
down with GST-SMUG1. Although this protein-protein
interaction seems to be relatively weak (only ∼0.4% of the
input was bound to XPC), these results indicate presence of
a direct interaction between XPC and SMUG1.

4. Discussion

4.1. Mechanistic Implications on the Enzymatic Turnover of
TDG Promoted by XPC. In this study, we have further
examined the molecular mechanisms of interaction between
XPC and TDG that facilitate the enzymatic turnover of
TDG. In our previous studies, XPC appeared to promote
dissociation of TDG from the AP site that is generated by
its own glycosylase activity on G/T mismatch [20]. At least
two possible mechanisms have been considered, which could
contribute to the displacement of TDG from the abasic
reaction product: (1) protein-protein interaction between
XPC and TDG weakens the binding affinity of TDG to the
substrate DNA, and (2) XPC and TDG compete for the same
AP site, and thus TDG is pushed out. In order to examine
which factor is more critical for the enhanced enzymatic
turnover, EcMUG, an E. coli homolog of mammalian TDG,
was utilized as a model that can bind to the AP site as well
as TDG [24, 25] but cannot interact with XPC (Figure 3).
Our results indicate that the stimulation of EcMUG by
XPC is almost negligible when compared to human TDG
(Figure 4). Although there might be very weak stimulation of
EcMUG, which could be due to competitive displacement of
the enzyme from the AP site by XPC-RAD23B, these results
point to importance of the protein-protein interaction for
the stimulation of TDG by XPC. In agreement with this
idea, we show here that XPC also stimulates the activities
of sumoylated TDG and SMUG1, both of which interact
physically with XPC (Figures 3 and 7).

Our present data also indicate that very stable association
of DNA glycosylase with the produced AP site is not a
prerequisite for stimulation by XPC. It has been reported
that modification of TDG by SUMO alters its structure
in the C-terminal domain, which leads to the release of
TDG from the AP site and therefore induces accelerated
enzymatic turnover [30–32]. In fact, in contrast to the
immediately saturating reaction patterns of unmodified
TDG, the sumoylated enzyme exhibited a nearly linear
kinetics of uracil removal from G/U mismatches. Even under
these conditions, intriguingly, XPC has an ability to further
stimulate the activity of SUMO-1-TDG. It is possible that,
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like the reported case for OGG1, XPC may stimulate loading
of certain DNA glycosylases to substrate DNA. Although
competition with XPC for the AP site may not be sufficient
by itself to displace the tightly bound DNA glycosylase, our
data do not exclude that the binding affinity of XPC to the
AP site may still contribute to promotion of the enzymatic
turnover. Considering the fact that XPC and APE1 stimulate
the activity of TDG in an additive fashion [20] and that
APE1 also further stimulates the activity of SUMO-1-TDG
[30], XPC, sumoylation, and APE1 might be collaborating
to control the repair of G/T and G/U mismatches positively
in vivo. To understand the relationship between these three
factors in detail, in vivo regulation of the TDG sumoylation
should be clarified in the future experiments. In addition, it
has been shown that XPC undergoes in vivo posttranslational
modifications, such as ubiquitylation [40, 41], sumoylation
[41], and phosphorylation [42, 43]. Although the observed
stimulation of DNA glycosylases seemed to occur in the
absence of these modifications, it is still possible that one
or more of these modifications may affect interaction with
and/or stimulation of some DNA glycosylases. Future studies
would be necessary to address such intriguing possibility.

4.2. Possible Roles of Interactions between XPC and TDG/
SMUG1 in Prevention of Mutagenesis and Carcinogenesis.
Mammalian cells contain at least four nuclear DNA glyco-
sylases that can correct G/U and/or G/T mismatches, that
is, TDG, UNG2, MBD4, and SMUG1. Although precise
niche for each of these DNA glycosylases remains to be
clarified, their biological roles have been suggested through
observations of in vivo behaviors and through interacting
partners. UNG2 seems to be specialized in counteracting
U:A base pairs formed by misincorporation of dUTP during
DNA replication. Among the uracil-DNA glycosylases, only
UNG2 specifically accumulates in the replication foci during
the S phase, thereby colocalizing with proliferating cell
nuclear antigen (PCNA) and RPA [44]. On the other hand,
SMUG1 was first identified by in vitro expression cloning
[39] and also independently found to be a backup enzyme
for UNG2 [45, 46]. Unlike UNG2, SMUG1 may account
for the repair of replication-independent premutagenic G/U
mispairs resulting from cytosine deamination in vivo, since
it is expressed similarly in nonproliferating and proliferating
cells [45] and it does not colocalize with PCNA during
the S phase [47]. TDG and MBD4 apparently have very
similar substrate specificities: G/T and G/U mispairs that
are spontaneously generated by deamination of cytosines in
CpG dinucleotides. Besides its function in BER, TDG is also
known to interact with and regulate several transcription
factors [48–51]. MBD4 interacts with a mismatch repair
protein MLH1 [52], which may be involved in regulation
of some DNA damage response pathways [53]. Interestingly,
human UNG, TDG, and SMUG1 genes are closely located
within the long arm of chromosome 12, and these genes are
believed to be the derivatives from an identical ancestral gene
[54]. In fact, structural studies revealed that they contain
several common folds despite rather low (∼10%) amino acid
sequence homology [55, 56]. In these points of view, TDG

and SMUG1 might still possess the common surface that
might be the remnant of the ancestor to interact with XPC.

It has been reported that TDG is able to process certain
oxidative pyrimidine lesions, such as thymine glycol, 5-
hydroxyuracil, and 5-hydroxymethyluracil, when paired with
guanine [21]. In addition, SMUG1 was shown to be a
primary repair enzyme for a subset of oxidized uracil deriva-
tives such as 5-formyluracil, 5-hydroxymethyluracil, and 5-
hydroxyuracil in both single- and double-stranded DNA [57,
58]. Taken together with the recent report showing that XPC
stimulates the activity of OGG1 [33], these findings suggest
that XPC might be involved in repair of diverse oxidative
DNA lesions. In fact, lack of endogenous XPC seems to result
in inefficient repair of spontaneous oxidative DNA damage.
Interestingly, while a significant amount of H2O2 is produced
upon UV irradiation in most of the complementation groups
of the XP cells including XP-C compared to normal cells
[59], plasmid reactivation assays revealed that only XP-C
cells exhibited markedly reduced repair capacity for some
singlet oxygen-induced DNA lesions [60]. Furthermore,
extensive mutational analyses of the Trp53 of UVB-induced
skin tumors in Xpc−/− mice revealed a mutational hotspot
at a nondipyrimidinic CpG site in codon 122 [61, 62]. At
this site, C to T transition has been frequently detected
specifically in Xpc−/− mice (not in Xpa−/− or Csa−/− mice),
which is plausibly explained by reduced TDG activity in the
absence of functional XPC protein. However, the tandem
mutations AC > TT and AC > CT have been also found
at the same site, which cannot be attributed either to UV-
induced dipyrimidinic photolesions or to deamination of the
cytosine alone. In addition, it has been reported that age-
dependent spontaneous mutations significantly accumulate
in Xpc−/− mice even without UV exposure [63], and p53
gene mutations were identified in internal tumors of XP-
C patients [64]. Many of these mutations are less likely
to be the result of defects in correction of G/T and/or
G/U mismatches. It could be possible that impaired repair
of certain types of oxidative damage may be involved in
occurrence of these mutations.

5. Conclusions

Here we show that XPC stimulates activities of a certain
spectrum of DNA glycosylases, for which protein-protein
interactions seem to be important, rather than competition
for AP sites. In order to clarify the significance of interaction
between XPC and TDG or SMUG1 in vivo, it should
be necessary to understand the precise physiological roles
of the different thymine- and uracil-DNA glycosylases.
Further studies would reveal novel and important aspects in
understanding the mutagenesis and carcinogenesis in XP-C
patients.
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In mammalian cells, DNA double-strand breaks (DSBs) are primarily repaired by nonhomologous end joining (NHEJ). The
current model suggests that the Ku 70/80 heterodimer binds to DSB ends and recruits DNA-PKcs to form the active DNA-
dependent protein kinase, DNA-PK. Subsequently, XRCC4, DNA ligase IV, XLF and most likely, other unidentified components
participate in the final DSB ligation step. Therefore, DNA-PK plays a key role in NHEJ due to its structural and regulatory
functions that mediate DSB end joining. However, recent studies show that additional DNA-PK-independent NHEJ pathways
also exist. Unfortunately, the presence of DNA-PKcs appears to inhibit DNA-PK-independent NHEJ, and in vitro analysis of DNA-
PK-independent NHEJ in the presence of the DNA-PKcs protein remains problematic. We have developed an in vitro assay that is
preferentially active for DNA-PK-independent DSB repair based solely on its reaction conditions, facilitating coincident differential
biochemical analysis of the two pathways. The results indicate the biochemically distinct nature of the end-joining mechanisms
represented by the DNA-PK-dependent and -independent NHEJ assays as well as functional differences between the two pathways.

1. Introduction

DNA double-strand breaks (DSBs) constitute the most
cytotoxic form of DNA damage in the genome. DSBs are
generated not only by exogenous sources, such as ionizing
radiation, radiomimetic compounds, and topoisomerase
inhibitors but also from endogenous cellular processes that
generate reactive oxygen species [1, 2]. In mammalian
cells, one of the major pathways for the repair of DSBs is
nonhomologous end joining (NHEJ) [3, 4]. The principle
proteins that participate in this DNA end joining pathway
both in vitro [5–7] and in vivo [8–10] are the Ku 70/80
heterodimer, DNA-PKcs, XRCC4, DNA ligase IV and XLF
(XRCC4-like factor; also called Cernunnos) that has recently
been identified as a binding partner of the DNA ligase IV-
XRCC4 complex and as necessary for efficient ligation via
NHEJ [11, 12]. Subsets of NHEJ may involve other factors

such as Artemis [13]. Together with the Artemis protein,
DNA-PKcs can stimulate processing of the DNA ends [14,
15]. Additional proteins, including DNA polymerases μ and
λ , TDP1 (tyrosyl-DNA phosphodiesterase), PNK (polynu-
cleotide kinase), and WRN (Werner’s syndrome helicase) are
also likely to play a role in DSB repair [16]. Recent reports
suggest that numerous other proteins, including ATM, his-
tones H1 and H2AX, NBS1, and Mre11 may also have some
influence on the NHEJ pathway [17–19]. NHEJ is a complex,
multistep process initiated by the binding of a heterodimeric
complex composed of Ku70 and Ku80 subunits (encoded
by the XRCC5 and XRCC6 genes, respectively) to both
ends of the broken DNA molecule with high specificity and
affinity [20]. Ku binds DNA DSB ends and recruits DNA-
PKcs, which is a 460 kDa serine/threonine protein kinase, to
the ends [21]. Ku then translocates inward, approximately
14 bp on the DNA, allowing DNA-PKcs to contact DNA [22].
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The resulting DNA-PK holoenzyme (Ku/DNA-PKcs) has a
serine/threonine protein kinase activity that is necessary for
efficient repair [23]. A current model of NHEJ suggests that
inward translocation of Ku allows DNA-PKcs molecules on
opposing DSB ends to interact across the DSB and form a
molecular “bridge” or synapse between the two DNA ends
[24], and end-joining may then be completed by ligation of
the DNA ends by DNA ligase IV/XRCC4/XLF complex [25].

Therefore, DNA-PK has important roles in NHEJ that
include its DNA end-bridging activity [24], and its function
in regulating DSB end processing enzymes, such as the
structure-dependent nuclease Artemis [15] and its require-
ment for the stable recruitment of the DNA ligase IV/XRCC4
complex [26]. In support of this DNA-PK-dependent NHEJ
model, previous studies have shown that DNA-PK binds
XRCC4-ligase IV [26, 27], but not the other mammalian
DNA ligases (I or III) in vitro [28]. It has also been
shown that wortmannin, a chemical inhibitor of DNA-PK,
[29] inhibits NHEJ [5] in a way similar to that seen in
cells expressing kinase deficient DNA-PKcs [23]. However,
the role of DNA-PK kinase activity in NHEJ has not yet
been fully understood. Although DNA-PKcs binds to Ku
at DNA DSB sites, disruption of these DNA-PK complexes
by autophosphorylation [30, 31] is required for subsequent
ligation of the DNA ends [32, 33]. It has been established
that DNA-dependent protein kinase (DNA-PK) undergoes a
series of autophosphorylation events that facilitate successful
completion of nonhomologous end joining [32]. DNA-PKcs

is phosphorylated at multiple sites in vivo in response to DNA
damage, including serine 2056 [34], a cluster of sites between
residues 2609–2647 (referred to as the ABCDE or Thr-2609
cluster), and threonine 3950 [35]. Although DNA-PKcs in
which the ABCDE sites have been mutated to alanine has
normal protein kinase activity, its ability to dissociate from
the Ku-DNA complex is reduced in vitro [36] and in vivo
[37], suggesting that phosphorylation of the ABCDE sites
plays a major role in regulating disassembly of the initial
DNA-PK complex. DNA-PK also phosphorylates the Ku
subunits [38] and XRCC4 [39], but mutation of these phos-
phorylation sites does not inhibit NHEJ [26, 40]. It has been
suggested that activation of the kinase may be required for
mobilization of the DNA ligase IV/XRCC4 complex [41], but
the mechanism for mobilization is unknown. It has also been
suggested that phosphorylation of histone H1 by DNA-PK,
which reduces the affinity of the histone for DNA is required
for NHEJ [42]. Alternatively, it has also been proposed that
DNA-PKcs stimulates, but is not essential to, NHEJ [10, 18].
Recent studies have revealed the overall structural architec-
ture of DNA-PKcs and Ku with DNA under conditions that
mimic DSBs and DNA-PKcs autophosphorylation [43]. The
results indicate that efficient association and dissociation of
the DNA-PKcs at DSBs is regulated by Ku and DNA-PKcs

autophosphorylation that induces dramatic conformational
changes in the protein. Recently, a three-dimensional crystal
structure of purified DNA-PKcs in complex with C-terminal
fragments of Ku80 has been determined and reveals irregular
regions of repetitive structures (α-helical HEAT repeats)
that might provide a flexible cradle to promote DNA DSB
repair [44]. Conceivably, individual phosphorylation events

have different effects on DNA-PKcs structure and function,
both in vitro and in vivo, which in turn influences the
assembly and disassembly of the initial NHEJ complex
that regulates the accessibility of the DSB to other repair
factors as well as pathway progression [3, 33, 45]. The
DNA-PK dependent pathway could thus be characterized
as the principle NHEJ pathway that employs the products
of DNA-PKcs, Ku70/80, DNA ligase IV, XRCC4, XLF, and
Artemis. Defects in the components of this pathway have
been implicated in genomic instability and development of
cancer [46, 47]. The possibility however of the presence
of alternative pathways for NHEJ was suggested by early
experiments in which cells deficient in DNA-PKcs, Ku, DNA
ligase IV, or XRCC4 showed a high potential of end joining
with preferential use of microhomologies [48]. The presence
of at least one alternate pathway was first indicated by the
observation that DNA-PK mutant MO59J cells, which do not
express DNA-PKcs, retain the ability to repair DNA DSBs
[8] and exhibit wild-type end-joining activity in vitro [49],
suggesting the involvement of a DNA-PK-independent end-
joining pathway in these cells. At least two NHEJ mechanisms
have also been identified in cells with DNA-PKcs in vivo: an
immediate, high-fidelity end joining that occurs within two
hours, followed by an error-prone DSB repair with slower
kinetics [49, 50]. A study of cell lines with and without DNA-
PKcs, M059K, and M059J, respectively, suggests that the first,
faster NHEJ pathway is DNA-PKcs-dependent and the sec-
ond, slower NHEJ pathway is DNA-PKcs-independent [51,
52]. DNA-PK-dependent and -independent repair has also
been indicated in vivo as a function of cell cycle [53]. Recent
studies have confirmed the operation of alternative pathways
of NHEJ in the absence of the DNA-PK/LigIV/XRCC4
complex, in which another ligase partially substitutes for
DNA ligase IV [54, 55]. Although Polβ, XRCC1, PARP-
1, and DNA ligase III contribute predominantly to base
excision repair (BER) and SSB repair [56], these proteins
are also considered to be candidate components for backup
pathways for NHEJ in which ligase III provides the major
ligation activity [57, 58]. Indeed, PARP-1 has been shown
to compete with Ku for repair of DNA double-strand
breaks but apparently through distinct NHEJ pathways [59].
These backup pathways are not typically detectable in the
presence of DNA-PKcs, suggesting that the binding of the
protein to the DNA inhibits DNA-PK-independent NHEJ
[49, 54]. A more recent work has identified histone H1 as an
additional putative factor that operates preferentially within
these backup pathways [60]. Although there is a significant
evidence in vivo and in vitro of a DNA-PKcs-independent
NHEJ pathway, this DNA end-joining mechanism has only
been reported in vitro in the absence of the kinase subunit
due to the apparent inhibition of alternate pathways by DNA-
PKcs [54]. In this study, we have identified in vitro reaction
conditions that optimize the repair of DNA DSBs via a
DNA-PK-independent pathway in the presence of functional
DNA-PKcs. We also evaluated DSB end-joining efficiency and
DNA-PK activity in extracts treated with wortmannin, which
is a potent and selective inhibitor of phosphatidylinositol 3-
kinases (PI3K) as well as the PI3K-like DNA-PK and has a
pronounced effect on DNA DSB repair [61, 62]. Under these
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same conditions, we have found that DNA-PK is active in
the absence of wortmannin and inhibited in the presence of
wortmannin but that inhibition of DNA-PK’s kinase activity
does not inhibit NHEJ. Results also confirm that under
reaction conditions that favor DNA-PK-dependent NHEJ,
wortmannin completely inhibits DNA end joining. We have
found that the individual activities of the two NHEJ repair
pathways are differentially affected by reaction conditions.
Furthermore, as evidenced in earlier studies [49, 50], we
have observed decreased DSB repair fidelity under reaction
conditions that favor DNA-PK-independent NHEJ.

2. Materials and Methods

2.1. Materials. T4 DNA ligase (10 U/μL) was purchased from
Invitrogen (Carlsbad, CA.). Wortmannin was from Sigma
(St. Louis, MO). Restriction enzymes were from New Eng-
land BioLabs (Beverly, MA). Vistra Green was obtained from
Amersham Biosciences (Piscataway, NJ). Antibodies to Ku80,
XRCC4, GAPDH, PARP-1, histone H1 (IgG2a), DNA-PKcs,
and ATM were purchased from Abcam, Inc. (Cambridge,
MA). Antibodies to DNA ligase I, Mre11, Rad50, and NBS1
were from GeneTex, Inc. (San Antonio, TX). Antibodies to
DNA ligase III were from Novus Biologicals (Littleton, CO).
All antibodies were of isotype IgG1 except where noted. The
DNA-PK peptide substrate was purchased from Promega
(Madison, WI). Plasmid pSP189 was a gift from Dr. Michael
Seidman (National Institute of Aging, Baltimore, MD).

2.2. Cellular Extraction. Unless otherwise indicated, cervical
cancer (HeLa) cells, fibroblast (WI-38) cells, and malignant
glioma (M059K) cells (8 × 107 cells/mL) were extracted by
triplicate rounds of freezing and thawing in B1 lysis buffer
(10 mM HEPES pH 7.9, 60 mM KCl, 1 mM EDTA pH 8.0,
1 mM DTT, and 1 mM PMSF). Lysates were cleared by
centrifugation at 16, 000 × g for 30 min at 4◦C and the
supernatants constituting the WCEs were stored as aliquots
at −80◦C.

2.3. DSB End-Joining Assays. Reactions (50 μL; 50 mM Tris-
HCl, pH 7.6, 5 mM MgCl2, 1 mM DTT, 1 μg/mL aprotinin,
1 μg/mL leupeptin, 10 μg/mL bestatin, 1 mM pefabloc, 1 mM
ATP, 100 ng StuI-cut pSP189 plasmid DNA unless otherwise
indicated, and with or without 5% (w/v) polyethylene glycol,
MW ∼8 kDa, ((PEG) also where indicated) were initiated
with the addition of 15 μg WCE. Reactions were incubated at
30◦C for the times indicated. Experiments with wortmannin
were prepared and incubated on ice for 10 min before heating
to 30◦C. All reactions were stopped with the addition of
SDS (0.4%) and incubation at 65◦C for 15 min. DNA was
recovered by phenol: chloroform extraction and ethanol
precipitation, separated on 1% agarose gels, and stained
with Vistra Green for 1 hr. Images were digitized with a
FluorImager 595 system and quantified densitometrically
using GelPro v2.0 software (Media Cybernetics, Gaithers-
burg, MD).

DSB repair fidelity experiments employed a modification
of the end-joining assay described above. Repair fidelity was

measured as a function of restriction enzyme recleavage
efficiency for the end-joined DNA products recovered from
the assay described above. Standard end-joining reactions
were run with pSP189 DNA linearized with StuI, EcoRI,
PvuI, or Hin1I (producing blunt, 4 nucleotide 5′-overhang,
2 nucleotide 5′-overhang, or 2 nucleotide 3′-overhang DSB
ends, respectively). DNA recovered from these reactions in
the ethanol precipitation step was redissolved in 20 μL of
the appropriate manufacturer’s restriction enzyme reaction
buffer and split into two 10 μL aliquots. One aliquot was
incubated at 37◦C for 2 h with 2.5 U of the restriction
enzyme originally used to linearize the plasmid. Following
this redigestion step, both aliquots were electrophoresed and
analyzed as described above for the end-joining assay. All
DSB repair fidelity reactions were run in triplicate.

2.4. Kinase Assays. Kinase activity was assayed under the
same conditions as DNA end joining, except for the addi-
tion of 5 μg peptide substrate (EPPLSQEAFADLWKK) and
0.2 μCi [γ- 32P] ATP. Reactions were incubated at 30◦C for
10 min then quenched as described for the end-joining assay.
The peptide substrate was isolated on 16% Tris-Tricine SDS
PAGE gels and analyzed by autoradiography.

2.5. Immunodepletions. WCE (700 μg) was incubated with
antibody (70 μg) for 1 hr on ice. Antibody-bound protein was
removed by adding either Sepharose A or G in binding buffer
(50 mM Tris-HCl, pH 7.6; 0.1 mg/mL BSA), and rotating for
1 hr at 4◦C. Unbound proteins were recovered by filtration
through a 0.22 μm cellulose acetate membrane and stored at
–80◦C. Target protein depletion was confirmed by western
blot, following 4–12% Tris-Glycine SDS gradient PAGE.
Immunodepletion of DNA ligase IV was performed using
antibodies to XRCC4 due to the lack of ligase IV-specific
antibodies. It has been reported that only trace ligase IV is
found unbound to XRCC4 due to the instability of free DNA
ligase IV [63]. In our hands, immunodepletion of XRCC4
resulted in nearly complete removal of the ligase.

3. Results and Discussion

3.1. Determination of Preferential Reaction Conditions for
DNA-PK-Dependent, and DNA-PK-Independent Nonhomol-
ogous End-Joining Pathways. In previous studies, both DNA-
PK dependent and independent NHEJ pathways have been
observed in vivo [5, 49–51, 58], however, no in vitro reaction
conditions in the presence of a functional DNA-PKcs protein
have been reported to date that favor DNA-PK-independent
DNA end joining. Several studies have noted the role of
polymers such as PEG in stabilizing and enhancing the
binding of proteins to the DNA through a macromolecular
crowding effect [64]. Earlier works had shown that in the
presence of high concentrations of macromolecules such as
PEG, T4 DNA ligase as well as DNA ligase preparations
from rat liver nuclei or from Escherichia coli actively catalyze
blunt end ligations, in contrast to the poor activity of
these enzymes on such substrates under conventional assay
conditions [65]. These and other studies have argued that
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such macromolecular crowding or confinement may perhaps
play a more essential role in cell biology and physiology than
otherwise noted and could well be a more adequate model
for intracellular, in vivo conditions [66].

We observe that, in the presence of 5% polyethylene
glycol (PEG), DNA end joining is insensitive to wortmannin,
a potent and selective inhibitor of DNA-PK [29] that
covalently binds to the protein. Whole cell extracts (WCE)
from HeLa, WI-38, and M059K cells were assayed for
DNA end-joining activity with and without 5% PEG and
10 μM wortmannin. The WCEs were assayed for the ability
to end-join blunt-end StuI-cut plasmid DNA (which we
have previously shown to be NHEJ-dependent [67]) and
produce plasmid dimers and trimers that were detected on
agarose gels stained with Vistra Green (Figure 1(a)). After
2 hrs at 30◦C in the absence of PEG, the WCEs generated
5 to 25% product, depending on cell type (Figure 1(b)).
The same reactions run with 10 μM wortmannin reduced
the total amount of product to between 0 to 4%, also
depending on cell type. The assay was repeated in the
presence of 5% PEG, resulting in 12 to 24% product in
the absence of wortmannin. For HeLa and WI-38 WCEs,
product yield increased up to 2-fold with the addition
of PEG, while addition of 10 μM wortmannin resulted in
little or no decrease in product. However, an approximately
60% decrease in product was observed with M059K WCE
in the presence of PEG and wortmannin, which though
significantly less than the wortmannin inhibition observed
with this extract in reactions without PEG still indicated that
a fraction of the NHEJ was wortmannin-sensitive even in the
presence of PEG. It could be argued that a residual amount of
the end-joined product is due to DNA-PK-dependent NHEJ
or that alternatively, DNA-PKcs may be playing a structural
and/or stimulatory role in the organization of the initial
NHEJ complex [43].

The end-joining reactions were repeated with HeLa
WCE, 1% DMSO, and 0.1 to 10 μM wortmannin in 1%
DMSO (Figure 2(a)). Complete inhibition of DNA end
joining was observed in the absence of PEG with 1.5 μM
wortmannin. In contrast, in the presence of 5% PEG, only
a 15 to 20% reduction in product was observed with 1.5 μM
wortmannin. No further inhibition was observed with up to
10 μM wortmannin. To determine the effective concentration
of PEG required to favor wortmannin-insensitive NHEJ,
the DNA end-joining assay was repeated for 1 hr at 30◦C
with 0 to 5% PEG with and without 10 μM wortmannin
(Figure 2(b)). In the absence of wortmannin, a steady
increase in product formation was observed with the addi-
tion of up to 4% PEG, after which, a trend towards a small
decrease in product formation was observed. Conversely, in
the presence of wortmannin, a minimum of 3% PEG was
required for the generation of end-joined product and at
5% PEG, little or no wortmannin inhibition was observed.
Presumably, at a concentration of 5% PEG, the product
is being formed by a wortmannin-insensitive, DNA-PK-
independent NHEJ pathway.

It has been reported previously that blunt-ended DNA
activates DNA-PK less efficiently than DNA DSBs with 3′- or
5′-overhangs [68]. Therefore, we wished to confirm DNA-PK

activity under our end-joining reaction conditions in the
absence of PEG and wortmannin and also determine whether
the loss of wortmannin sensitivity in the presence of PEG was
due to the operation of a DNA-PK-independent pathway or
simply due to the inability of wortmannin to inhibit DNA-
PK in the presence of PEG. DNA-PK kinase activity was
assayed under the same reaction conditions as those used for
the end-joining assays (Figure 2(c)). Reactions were prepared
in the same manner as the DNA end-joining reactions,
but with the addition of 5 μg of a peptide DNA-PK-
phosphorylation substrate and [γ- 32P] ATP. The reactions
were prepared with and without DNA, 5% PEG, and 10 μM
wortmannin, and incubated at 30◦C for 5 minutes. As is
typical with the peptide substrate-based DNA-PK activity
assay, nonspecific background kinase activity is observed for
samples in the absence of added activator DNA, regardless
of the presence or absence of PEG. A 2.5- to 3-fold DNA-
dependent increase in kinase activity was observed following
addition of the blunt-ended end-joining substrate DNA, and
no difference in activity was observed between reactions
with and without PEG. The addition of 10 μM wortmannin
inhibited all detectable kinase activity in both reactions, indi-
cating that the PEG did not affect the ability of wortmannin
to inhibit DNA-PK kinase activity. Therefore, PEG did not
inhibit DNA binding, kinase activation, or wortmannin-
mediated inhibition of DNA-PK. Consequently, even though
DNA-PK kinase is active in the presence of PEG, DNA end
joining seems to be independent of this kinase activity, since
addition of 10 μM wortmannin, which completely inhibits
kinase activity, does not inhibit NHEJ in the presence of PEG.
Thus, in the presence of 5% PEG, in vitro reaction conditions
are established in which the NHEJ proceeds via a DNA-PK-
independent pathway or at least one that is independent of
the kinase activity of DNA-PK. This result argues for a much
broader role for DNA-PK in the context of the structural
architecture of the initial NHEJ complex in addition to the
role it plays in catalyzing phosphorylation of several other
repair proteins [43, 44].

3.2. Survey of Proteins Involved in DNA-PK-Dependent and
-Independent Nonhomologous End Joining. We wished to
determine the contribution of individual proteins to either
of the two NHEJ pathways. To this end, a variety of proteins
were individually immunodepleted from the HeLa WCE
and DNA end-joining assays were conducted (with and
without 5% PEG) to detect depletion-dependent reductions
in end-joining activity (Figure 3). Immunodepletion of Ku80
and DNA ligase IV resulted in an almost complete loss
of DNA end-joining efficiency for reactions both in the
presence or absence of 5% PEG. This supports our earlier
observations [69] and indicates the indispensable role that
Ku plays in the initial recognition and binding of DSB
ends and that of ligase IV in the final ligation step of the
NHEJ process. Immunodepletion of NBS1 and histone H1
resulted in a significant loss of DNA-PK-dependent DNA
end-joining activity in reactions without PEG (Figure 3(a)).
In comparison, in reactions with 5% PEG, only a min-
imal loss of presumed DNA-PK-independent activity was
observed with immunodepletion of NBS1 and histone H1
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Figure 1: DNA end joining with HeLa, WI-38, and M059K WCEs with and without 5% PEG and/or 10 μM wortmannin. (a) Agarose gel
image showing typical DNA end-joining reaction results. Dimer and trimer DNA end-joining product yields are calculated as a fraction of
the total DNA in the lane and reported graphically as shown in panel B. (b) Graphical depiction of results for triplicate end-joining reactions
run with the three cell extracts under each of the conditions indicated. Error bars indicate the standard deviation for triplicate reactions.
Significant differences, as determined by the Student t-test, are indicated by an asterisk. The P-values for each pairing are given above the
brackets.

(Figure 3(b)). This is an interesting result in the context
of the supposed stimulatory role of NBS1 and histone
H1 in the backup pathways of NHEJ, where histone H1
enhances the activity of both DNA ligase III and PARP-
1 [60]. Immunodepletion of DNA-PKcs resulted in a 30%
reduction in the efficiency of the end-joining reactions
without PEG, with little reduction observed in the presence
of PEG. In addition, immunodepletion of Poly (ADP-
ribose) polymerase 1 (PARP) and DNA ligase III consistently
resulted in a trend toward increased efficiency for both
the presumed DNA-PK-dependent and -independent NHEJ
over the course of multiple experiments. This observation
suggests the operation of backup pathways under these
conditions and supports the hypothesis that these proteins
may compete for repair at the DSB ends through alternate
NHEJ pathways [58, 59]. Perrault et al. reported that
DNA-PK independent DNA end joining is observed after
immunodepletion of DNA-PKcs [54]. To confirm that the
DNA end joining observed after immunodepletion of DNA-
PKcs is actually DNA-PK-independent, the immunodepleted
extract was assayed for activity with and without 10 μM
wortmannin (Figure 3(c)). End joining by the WCE was
inhibited in the presence of 10 μM wortmannin; whereas
the DNA end-joining activity of the DNA-PKcs immun-
odepleted extract was wortmannin-insensitive, indicating
that a DNA-PK-independent process formed the prod-
uct.

From an examination of the immunodepletion data, only
Ku and ligase IV-XRCC4 complex could be specifically iden-
tified as participating in the DNA-PK-independent NHEJ in
this system, while Ku, DNA-PKcs, ligase IV-XRCC4, NBS1,
and histone H1 are implicated in the DNA-PK-dependent
NHEJ. These results support a previous model proposed
by Riballo et al., in which one pathway consists of Ku and
ligase IV-XRCC4 that can be stimulated by DNA-PKcs, and

a second, DNA-PKcs-dependent pathway that requires NBS1
[18].

3.3. The In Vitro DNA-PK-Dependent and -Independent Non-
homologous End-Joining Pathways Exhibit Different Optimal
Reaction Conditions.. Several groups have reported in vitro
assays for DNA DSB repair but reaction conditions differ
considerably. To investigate if reaction conditions could be
established for the end-joining assay that favor one pathway
over the other, we tested the DNA end-joining activity of
HeLa WCE with and without 5% PEG under a variety of
reaction conditions. Two separate buffers were used. Buffer
A is composed of 50 mM Tris-HCl, pH 7.6, and 75 mM
KOAc along with 5 mM MgCl2, 1 mM DTT, and a protease
inhibitor cocktail. Buffer B includes bis-tris-propane, pH
8.2, and 75 mM KCl with 5 mM MgCl2, 1 mM DTT, and
a protease inhibitor cocktail as before (see Materials and
Methods for details). DSB end joining with HeLa WCE
under these two conditions were measured over time with
and without 5% PEG. In the absence of PEG, buffer A
produced a small but consistently higher yield of DNA end-
joining products over time compared to reactions in buffer
B, and under both conditions, a linear increase in product
was generated during the first 5 hours (data not shown).
With PEG, an increase in end joining was observed with
buffer B compared to buffer A (Figure 4(a)). However, under
both conditions, product formation appeared to plateau
after about 3 hours. Buffer A therefore, seemed to provide
the most optimal reaction conditions for the DNA-PK-
dependent (without PEG) end-joining whereas Buffer B
seemed to provide the same for the DNA-PK-independent
(with PEG) end-joining pathway in our system.

This observation was also reported by Ramsden et al.,
who demonstrated a modest increase in Ku-dependent
ligation of DNA lacking DNA-PKcs on increasing the
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Figure 2: DNA end-joining activity and DNA-PK activity responses in PEG and/or wortmannin. (a) Wortmannin dose response. DNA end-
joining reactions were run using HeLa WCE under standard conditions with or without 5% PEG and wortmannin for 1 hr at 30◦C. Reactions
contained 0 to 10 μM wortmannin in 1% DMSO. Error bars indicate the standard deviation for triplicate reactions. (b) PEG dependence of
wortmannin sensitivity. DNA end-joining reactions were run in triplicate with and without 10 μM wortmannin at 0–5% PEG. (c) DNA-PK
kinase activity under DNA end-joining reaction conditions in the presence and absence of PEG. Standard DNA end-joining reactions were
run with HeLa WCE for 10 min at 30◦C in the presence of a DNA-PK peptide substrate and [γ- 32P] ATP. The peptide was isolated on a 16%
PAGE gel and the intensity of the radiolabeled band, a measure of DNA-PK kinase activity, was detected by autoradiography. The presence
or absence of 5% PEG during the end-joining reaction did not affect DNA-PK kinase activity, nor did it affect the ability of wortmannin to
inhibit DNA-PK kinase activity. The mean activity of duplicate reactions is plotted.

concentration of KCl from 25 mM to 120 mM [70]. High
concentrations of chloride have been reported earlier to
reduce protein-DNA interactions [71, 72]. Of the NHEJ
proteins, only Ku can bind directly to DNA in 75 mM
KCl [73]. However, since both the NHEJ-dependent and -
independent pathways utilize Ku, a reduction in the number
of nonspecific protein-DNA interactions competing with Ku
for the DNA ends should enhance both NHEJ pathways.
However, high-chloride concentrations can also inhibit
protein-protein interactions and have indeed been shown to
inhibit DNA-PK holoenzyme formation [72, 74].

Variable concentrations of the divalent cations Mg2+

and Mn2+ were also examined for their effect on DNA
end-joining activity. Increasing MgCl2 concentration from
its optimum at 5 mM, up to a final concentration of 10 mM
(by steps of 1, 2, and 5 mM additions of MgCl2) had little

effect on DNA end-joining activity with or without PEG
(data not shown). Addition of up to 5 mM MnCl2 in addition
to the 5 mM MgCl2 already in the standard reaction buffers,
increased DNA-PK-dependent end-joining activity (without
PEG) and reduced DNA-PK-independent end joining (with
PEG) (as shown in Figure 4(b)). To further study the effect
of manganese on DNA end joining, various concentrations
of MnCl2 were added to reactions with 5% PEG and 10 μM
wortmannin (Figure 4(c)). As observed previously in the
absence of MnCl2 and presence of PEG, a small decrease
in DNA end-joining activity occurred with the addition
of 10 μM wortmannin. Without wortmannin, DNA end-
joining activity was reduced at low MnCl2 concentrations
but partially recovered with the addition of 0.5 to 1 mM
MnCl2. This recovery in activity, however, was inhibited
by wortmannin, indicating that even in the presence of
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Figure 3: DNA end joining with immunodepleted extracts. HeLa WCE was immunodepleted for the various potential NHEJ proteins
indicated, and immunodepletion (≥ 3-fold) of the target protein was confirmed by western blot (data not shown). The individual
immunodepleted extracts were then assayed for DNA end-joining activity at 30◦C for 2 hrs. (a) Results of DNA end-joining reactions
performed in the absence of 5% PEG. (b) Results of DNA end-joining reactions performed in the presence of 5% PEG. All reactions were
performed in triplicate and error bars indicate the standard deviation. (c) Wortmannin-insensitive DNA end joining is detectable in the
DNA-PKcs immunodepleted HeLa WCE in the absence of PEG. Reactions were run in the absence of 5% PEG and where indicated, in the
presence of 10 μM wortmannin at 30◦C for 2 hrs. (L) T4 DNA ligase positive control; (−) negative control; (ID) DNA-PKcs-immunodepleted
WCE.

5% PEG, a small fraction of the observed DNA end-joining
activity results from the DNA-PK-dependent pathway or at
least one that is dependent on the DNA-PK kinase activity.
Furthermore, the addition of MnCl2 increases the activity
of this wortmannin-sensitive pathway. Previous studies have
shown that one factor that could alter the relative influence
of a particular end-joining pathway in the reaction is the
concentration of divalent cations, particularly Mg2+ and
Mn2+ [75]. We observe that the DNA-PK-dependent NHEJ
activity present in our system is sensitive to the reaction
concentration of Mg2+ and particularly, Mn2+. Elevated
concentrations of these divalent cations stimulate overall
end-joining activity and mask the requirement for DNA-
PK, suggesting the involvement of a DNA-PK-independent
NHEJ pathway. Thus, the relative contribution of a particular
pathway to the overall end-joining activity observed in WCEs
seems to depend on, and in turn reflect, the in vitro reaction
conditions used. Taken as a whole, differential reaction
buffer preference and variable responses to divalent cations
observed in this study emphasize the existence of distinct
biochemical differences between the DNA-PK-independent
and -dependent NHEJ activities observed in the presence and
absence of PEG, respectively.

3.4. Functional Changes Are Associated with DNA-PK-
Dependent and -Independent Reaction Conditions. Previous

studies have suggested that DNA-PK-dependent and -
independent repair pathways may be functionally distinct,
possibly preferentially interacting with certain subclasses of
DNA DSBs and/or having different DSB repair fidelity [18,
49–51, 58]. We therefore chose to investigate DSB repair
fidelity under our DNA-PK-dependent and -independent
reaction conditions. To test DSB repair fidelity, the ability
of the HeLa WCE to accurately end-join DSBs with various
DSB-end overhang configurations was determined. Standard
DNA end joining assays run both with and without 5%
PEG were conducted using substrate plasmid DNA that had
been linearized by restriction digestion with, StuI (blunt
ends), EcoRI (4 nucleotide 5′-overhang), Hin1I (2 nucleotide
5′-overhang), or PvuI (2 nucleotide 3′-overhang). The
products of these end-joining reactions were then subjected
to redigestion with their corresponding restriction enzyme
(Figure 5). Accurate DSB end-joining restores the enzyme
recognition sequence at the end-joining junction sites,
resulting in product DNA that is susceptible to recutting
with the restriction enzyme originally used to linearize the
plasmid. DSB repair fidelity is defined as the frequency
with which the DNA end-joining assays accurately join
DSB ends, and is reported here as the percent of total
end-joined product DNA cleaved following redigestion with
the appropriate restriction enzyme. As shown in Figure 5,
substantial functional differences were detected between DSB
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Figure 4: Effects of reaction conditions on DNA end-joining activity. (a) Reaction buffer composition effects on HeLa WCE end-joining
activity time course reactions in the presence of 5% PEG. Reactions were run at 30◦C for the times indicated in either of the two standard
reaction buffers as described in the text. The mean values of triplicate reactions were plotted and the error bars indicate standard deviation.
(b) Effects of MnCl2 on HeLa WCE DNA end-joining activity. Reactions were run with the addition of 0–5 mM MnCl2 to standard DNA
end-joining reactions containing 5 mM MgCl2 for 2 hrs at 30◦C in the presence or absence of 5% PEG as indicated. (c) The DNA end-joining
reactions employing MnCl2 (0–5 mM) in the presence of PEG were repeated with and without 10 μM wortmannin (6 hrs at 30◦C). Reactions
were run in triplicate and the error bars indicate standard deviation.

repair reactions catalyzed by the DNA-PK-dependent and
-independent NHEJ pathways. End joining under DNA-
PK-dependent reaction conditions (without PEG) resulted
in substantially higher DSB repair fidelity than reactions
(with PEG) favoring the DNA-PK-independent end-joining
pathway, and these results are consistent with the pathway-
dependent DSB repair fidelity reported by others [51].

4. Conclusion

In summary, we have demonstrated in vitro assay conditions
that permit coincident and differential analysis of DNA-PK-
dependent and -independent NHEJ activities under condi-
tions in which functional DNA-PKcs is present. Establishing
and defining these reaction conditions facilitates biochemical
analysis of these important subpathways of NHEJ regardless
of the cellular source of enzyme activities, and irrespective
of intrinsic DNA-PKcs expression status. We found that
reactions containing 5% PEG favored DNA-PK-independent
NHEJ while reactions lacking PEG favored DNA-PK-
dependent NHEJ. The biochemically distinct nature of the

pathways represented by these two reaction conditions is
borne out by the differential end-joining activity observed in
response to the DNA-PK inhibitor wortmannin, immunode-
pletion of individual proteins that may participate in NHEJ,
and the pathway specific responses to divalent cations, and
reaction buffer composition.

In addition to these results that indicate the bio-
chemically distinct nature of the end-joining mechanisms
represented by the DNA-PK-dependent and -independent
NHEJ assays, we also observe functional differences between
the two pathways. We find that DNA-PK-dependent DSB
end joining is a higher fidelity process than DNA-PK-
independent end joining. This latter finding is consistent
with in vivo results reported by others using cell lines that
lack expression of DNA-PKcs [51, 52, 54], or following
depletion of DNA-PKcs from extracts of cells that do express
the protein [54].

In vitro end joining of restriction enzyme-cut plasmid
DNA is routinely reported as a measure of NHEJ activity,
yet these reports are often conflicting with respect to what
enzymes are involved in the repair of DNA DSBs. Our
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Figure 5: DNA end-joining fidelity reactions run in the presence or
absence of 5% PEG. DNA DSB end joining was performed with each
of the four different restriction enzyme linearized plasmid DNA
substrates indicated to assess the effects of different DSB overhang
configurations (see text) upon the fidelity of DSB repair occurring
under DNA-PK-independent and -dependent reaction conditions.
DSB repair fidelity is measured as the fraction of total DNA end-
joining reaction products that are capable of being recut with the
restriction enzyme that was originally used to linearize the end-
joining substrate DNA. All reactions were run in triplicate. Bars
represent the average restriction enzyme redigestion efficiency of
the end-joining reaction products, which is reported as % fidelity.

results indicate that multiple pathways may simultaneously
contribute to the production of linear plasmid multimers in
vitro. Consequently, the ability to selectively shift the mecha-
nism of product formation by altering reaction conditions
not only suggests the need for care when evaluating data
obtained by the wide variety of in vitro DSB repair assays
currently in use, but also provides a means by which greater
control may be achieved over the repair mechanism through
which this end point is reached.

Application of the reaction conditions described in this
report may permit concurrent investigations of the rela-
tive contributions of DNA-PK-dependent and -independent
NHEJ pathways to DSB repair in any mammalian cell. This
approach could be helpful in identifying proteins involved
in the DNA-PK-dependent and -independent NHEJ DSB
repair subpathways, and characterizing their individual roles
in these multiprotein repair complexes. Information such as
this is likely to be useful in identifying new and more effective
approaches for manipulating cellular DSB repair activity.
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Formamidopyrimidines (Fapy) lesions result from ring opening of the imidazole portion of purines. Fapy lesions can isomerize
from the natural β-anomeric stereochemistry to the α-configuration. We have unambiguously demonstrated that the α-methyl-
Fapy-dG (MeFapy-dG) lesion is a substrate for Escherichia coli Endonuclease IV (Endo IV). Treatment of a MeFapy-dG-containing
24 mer duplex with Endo IV resulted in 36–40% incision. The catalytic efficiency of the incision was comparable to that of α-dG
in the same duplex sequence. The α- and β-MeFapy-dG anomers equilibrate to ∼21 : 79 ratio over ∼3 days. Related studies with a
duplex containing the α-Fapy-dG lesion derived from aflatoxin B1 epoxide (α-AFB-Fapy-dG) showed only low levels of incision. It
is hypothesized that the steric bulk of the aflatoxin moiety interferes with the binding of the substrate to Endo IV and the incision
chemistry.

1. Introduction

Formamidopyrimidines (Fapy) are DNA lesions that result
from ring opening of the imidazole portion of purines.
Fapy lesions derived from dG can form by either initial
oxidation or N7-alkylation of the guanine base (Scheme 1)
[1–6]. These are structurally related lesions that differ by the
substitution at the N5-formamide. The formyl nitrogen of
the Fapy-dG derived from oxidative damage is unsubstituted,
and it has been proposed that recognition of this lesion
by human OGG involves hydrogen-bonding interactions
between the protein and this functional group [7]. The
formyl nitrogen is substituted with the alkylating agent from
the alkylative pathway, and this substitution is likely to
change the conformation of the adduct and its interaction
with repair proteins and DNA polymerases. The corre-
sponding Fapy-dG adducts were shown to be the persistent
DNA lesions resulting from exposure to methylating agents
(MeFapy-dG) and aflatoxin B1 (AFB-Fapy-dG) [8–10].

An unusual property of Fapy lesions is that the C1′

stereochemistry can interconvert between the β- and α-
anomers. This presumably occurs through the N 6-C1′ imine

intermediate [11, 12]; the pyranose form can also result at
the nucleoside level [13, 14]. The α-anomer of dA, dT, and
dC results from γ-radiolysis of DNA [15, 16]; however, the
α-stereochemistry of these lesions is static once it is formed.

Escherichia coli Endonuclease IV (Endo IV) is a double-
strand specific AP endonuclease that hydrolyzes the phos-
phodiester bond on the 5′-side of abasic sites and accounts
for ∼10% of the AP endonuclease activity in E. coli [17–19].
The incision of the damaged strand results in a 5′-terminal
ribosyl-5′-phosphate on the downstream fragment and a free
3′-hydroxyl group of the upstream fragment. Endo IV also
possesses 3′-diesterase activity and can remove 3′-blocking
groups such as 3′-phosphates, 3′-phosphoglycolate, and the
3′-(4-hydroxy-2-pentenal)-5-phosphate group that results
from β-elimination of abasic sites. Endo IV was also found
to possess 3′ → 5′ exonuclease activity and can generate a
single base gap at the 5′-side of a damaged base [20, 21].
Endo IV contains three Zn2+ atoms in its active site and
recognizes the damage site by a double nucleotide-flipping
mechanism [22–24]. Oligonucleotides containing the α-
dA, α-dT, α-dC, α-Fapy-dA, and α-Fapy-dG lesions as well
as the configurationally stable N6-carbon Fapy analogues
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α-C-Fapy-dA have been shown to be substrates for Endo IV
[25–29]. Oligonucleotides containing MeFapy-dG have also
been examined as potential substrates for Endo IV. Asagoshi
et al. reported that a MeFapy-dG-containing oligonucleotide
was not a substrate for Endo IV and concluded that
this lesion existed as the β-MeFapy-dG anomer [30, 31].
However,Ishchenko et al. [32] reported incision of the
MeFapy-dG lesion with a catalytic efficiency comparable to
that reported for α-C-Fapy-dA [29]. Interestingly, evidence
that Endo IV plays a role in the repair of deoxyribosylurea
lesions has also been reported [33]; this lesion can also
undergo anomerization, and it is likely that the α-anomer is
a substrate for Endo IV [34–36].

We recently described the synthesis of a phosphoramidite
reagent of the MeFapy-dG lesion and its utility in the site-
specific synthesis of modified oligonucleotides [11]. Two
transitions were observed in the thermal melting curve of
a 12-mer duplex containing a MeFapy-dG lesion. The lower
melting transition was assigned as the α-MeFapy-dG anomer
and the higher melting transition as the β-anomer. These
assignments were based on a similar thermal melting profile
of the AFB-Fapy-dG adduct for which the conformations of
the α- and β-anomers (Scheme 2) have been determined by
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Figure 1: Structures of the methyl and aflatoxin B1 Fapy-dG lesions.

NMR [37, 38]. The α : β anomeric ratio of the MeFapy-
dG adduct was estimated to be ∼40 : 60. We report here the
selective incision of the α-MeFapy-dG anomer from duplex
DNA by Endo IV.

2. Materials and Methods

α-dG was purchased from Berry and Associates, Inc. and
was converted to its phosphoramidite reagent using standard
protocols [39]. T4 polynucleotide kinase and E. coli Endo
IV were purchased from New England Biolabs. γ-32P-ATP
was purchased from PerkinElmer Life Sciences. Unmodified
oligonucleotides were purchased from Midland Certified
Reagents. MALDI-TOF mass spectra were recorded using
a 3-hydroxypicolinic acid (HPA) and ammonium hydrogen
citrate matrix.

Oligonucleotide Synthesis. The MeFapy-dG and AFB-Fapy-
dG modified oligonucleotides were synthesized as previously
described [11, 40]. The α-dG-containing oligonucleotide was
synthesized via the phosphoramidite method. The purity
of all oligonucleotides was judged to be >99% by capillary
gel electrophoresis. Oligonucleotides were characterized by
MALDI-TOF mass spectrometry and enzymatic digestion.

5′-ACCACGCTAGC-(α/β-MeFapy-dG)-AGTCCTAACAAC-
3′. It was purified by reversed-phase HPLC using gradient 1
and further purified by PAGE. MALDI-TOF MS (HPA) m/z
calcd for (M-H), 7304.4; found 7305.4.

5′-ACCACGCTAGC-(α-dG)-AGTCCTAACAAC-3′. It was
purified by reversed-phase HPLC using gradient 2. MALDI-
TOF MS (HPA) m/z calcd for (M-H), 7272.2; found
7272.3.

5′-ACCACTACTAT-(α-AFB-Fapy-dG)-ATTCATAACAAC-3′.
It was purified by reverse-phase HPLC using gradient 3.
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MALDI-TOF MS (HPA) m/z calcd for (M-H), 7593.2; found
7594.1.

HPLC Purification. A YMC ODS-AQ column (250 ×
4.6 mm, flow rate 1.5 mL/min; 250 × 10 mm, flow rate
5 mL/min) or Phenomenex Gemini-C18 column (250 ×
4.6 mm, flow rate 1.5 mL/min; 250 × 10 mm, flow rate
5 mL/min) was used for oligonucleotide purifications and to
monitor reactions. Oligonucleotides were detected by their
UV absorbance at 254 nm. The mobile phase consisted of
CH3CN and 100 mM ammonium formate buffer (v/v).

Gradient 1. Initial conditions were 1% CH3CN; a linear gra-
dient to 8% CH3CN over 5 minute; a linear gradient to 13%
CH3CN over 15 minute; a linear gradient to 80% CH3CN
over 2 minute; isocratic at 80% CH3CN for 2 minute; then
a linear gradient to the initial conditions over 3 minute.

Gradient 2. Initial conditions were 1% CH3CN; a linear gra-
dient to 5% CH3CN over 5 minute; a linear gradient to 10%
CH3CN over 15 minute; a linear gradient to 80% CH3CN
over 2 minute; isocratic at 80% CH3CN for 2 minute; then
a linear gradient to the initial conditions over 3 minute.

Gradient 3. Initial conditions were 6% CH3CN; a linear
gradient to 25% CH3CN over 25 minute; a linear gradient
to 80% CH3CN over 2 minute; isocratic at 80% CH3CN for
2 minute; then a linear gradient back to the initial conditions
over 3 minute.

LC-ESI-MS Analysis. MS analysis was performed in the
Vanderbilt University facility on a Waters Acquity UPLC
system connected to a Finnigan LTQ mass spectrometer
(ThermoElectron) equipped with an Ion Max API source
and a standard electrospray probe using an Acquity UPLC
BEH C18 column (1μm, 1.0 mm × 100 mm). LC conditions
were as follows: buffer A contained 10 mM NH4CH3CO2

plus 2% CH3CN (v/v), and buffer B contained 10 mM
NH4CH3CO2 plus 95% CH3CN (v/v). The following gra-
dient program was used with a flow rate of 150μL/min:
initially 0% B, 3 minute linear gradient to 3% B, 1.5 minute
linear gradient to 20% B, 0.5 minute linear gradient to
100% B, isocratic at 100% B for 0.5 minute, 1 minute linear
gradient to 0% B, and isocratic at 0% B for 3 minute. The
temperature of the column was maintained at 50◦C, and
the samples (10 μL) were infused with an autosampler. The
electrospray conditions were as follows: source voltage: 4 kV;
source current: 100 μA; N2 was used as the auxiliary gas
at a flow rate setting of 20; sweep gas flow-rate setting,
5: sheath gas flow setting: 34; capillary voltage: −49 V;
capillary temperature, 350◦C; and tube lens voltage: −90 V.
The automatic gain control (AGC) setting in full MS was
10000. The maximum injection time in full MS was 10 ms.
The MS data were acquired in negative mode. The number
of μscan used for data acquisition in full MS was 2. Product
ion spectra were acquired over the range of m/z 345–2000.

Oligonucleotide Labeling and Annealing. The labeling of the
MeFapy-dG oligonucleotide was performed as previously
described using T4 polynucleotide kinase and γ-32P-ATP
[41]. Electrophoresis gels were exposed to a PhosphorImager
screen (Imaging Screen K , Bio-Rad) overnight. The bands
were visualized with a PhosphorImaging system (Bio-Rad,
Molecular Imager FX) using the manufacturer’s Quan-
tity One software, version 4.3.0. Unless otherwise noted,
the oligonucleotide duplexes were formed by annealing
the 5′-32P-labeled MeFapy-dG-containing oligonucleotide
(200 nM) with its complementary strand (600 nM) in Tris
buffer (100 μL, 50 mM, pH 8.0) at 95◦C for 5 minute; the
solution was then slowly cooled to ambient temperature over
1 h.

Time Course Incision of the MeFapy-dG and α-dG-Containing
Duplexes by Endo IV. The oligonucleotide duplex (4 μL,
0.8 pmols) was added to the Endo IV reaction buffer (74 μL
of 1X : 100 mM NaCl, 50 mM Tris-HCL, 10 mM MgCl2, and
1 mM dithiothreitol, pH 7.9) and warmed to 37◦C. Endo IV
(0.08 nM) was added; aliquots (5 μL) were removed at the
appropriate times, added to 10 μL of 95% formamide loading
buffer containing xylene cyanol and bromophenol blue dyes,
and heated for 1 minute at 90◦C. Aliquots (6 μL) from the
samples were separated by electrophoresis on a denaturing
gel.

To determine the extent of background deglycosylation
of the lesion, aliquots of the MeFapy-dG-containing oligonu-
cleotide were treated with 0.1 M NaOH and incubated
at 37◦C for 20 minute. The samples were neutralized by
addition of 0.1 M HCl, diluted with loading buffer, and
analyzed by gel electrophoresis. The amount of the cleavage
in this control experiment was subtracted from the amount
of incision in the Endo IV reactions. Reactions were carried
out in duplicate. The same procedure was used for the
incision of the 5′-32P-labeled α-dG-containing duplex.

Incision of the α-AFB-Fapy-dG-Containing Duplex by Endo
IV. The 5′-32P-labeled α-AFB-Fapy-dG oligonucleotide
(120 nM) was annealed to its complementary strand
(160 nM) in Tris buffer (100 μL, 50 mM, pH 8.0) at room
temperature. Aliquots (10 μL, 120 nM) were taken every
5 minute and added to a mixture of Endo IV enzyme buffer
(10X, 6 μL), water (40 μL), and Endo IV (0.4 nM) at 37◦C;
the incision reactions were incubated at 37◦C and pH 7.9.
Aliquots (5 μL) were taken every 2 minute and added to
10 μL of 95% formamide loading buffer containing xylene
cyanol and bromophenol blue dyes and heated for 1 minute
at 90◦C. Aliquots (6 μL) were separated by electrophoresis on
a denaturing gel. The extent of background deglycosylation
of the α-AFB-Fapy-dG lesion was determined as described
above. The amount of the cleavage in the control experiment
was subtracted from the amount of incision in the Endo IV
reactions. Reactions were carried out in duplicate.

Kinetics for the Incision of the MeFapy-dG- and α-dG-
Containing Duplexes by Endo IV. The duplex was annealed
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as described above with the following modifications. The 5′-
32P-labeled MeFapy-dG and its complementary strand were
100 and 150 nM, respectively. Endo IV (0.08 nM) was added
to varying concentrations of the DNA duplex (0.5–35 nM in
1X Endo IV reaction buffer, pH 7.9) to a final volume 50 μL.
Reactions were run at 37◦C for up to 10 minute. Aliquots
(5 μL) were taken at 1 minute intervals, added to loading
buffer (10 μL), and heated at 90◦C for 1 minute. Separation
was achieved by gel electrophoresis. The kinetics parameters
were calculated using KaleidaGraph 4.0. Reactions were
carried out in duplicate. The same procedure was used for
incision of the α-dG-containing duplex.

Time Course Incision of the MeFapy-dG-Containing Duplex
by Endo IV at pH 7.0. The oligonucleotide duplex (12 μL,
2.4 pmols) was added to the Endo IV reaction buffer
(100 mM NaCl, 50 mM Tris-HCl, 10 mM MgCl2, 1 mM
dithiothreitol, pH 7, 222 μL), followed by addition of Endo
IV (0.08 nM). The reaction was incubated at 37◦C for 5
days. A fresh portion of Endo IV (0.08 nM) was added every
24 h. Aliquots (5 μL) were removed 30 minute after the Endo
IV addition, added to 10 μL of 95% formamide loading
buffer containing xylene cyanol and bromophenol blue dyes,
and heated for 1 minute at 90◦C. The incision reaction was
analyzed by gel electrophoresis. The experiment was run in
duplicate.

Incision of the MeFapy-dG-Containing Duplex after Denat-
uration and Reannealing. The DNA duplex was formed
as described above with the following modifications. The
5′-32P-labeled MeFapy-dG and its complementary strand
were 200 and 400 nM, respectively. The oligonucleotide
duplex (8 μL, 1.6 pmols) was added to 1X Endo IV reaction
buffer (148 μL), followed by addition of Endo IV (0.08 nM).
The reaction was run at 37◦C for 40 minute and aliquots
(5 μL) were removed periodically, added to 10 μL of 95%
formamide loading buffer containing xylene cyanol and
bromophenol blue dyes and heated for 1 minute at 90◦C. The
remaining reaction mixture was heated at 95◦C for 5 minute,
cooled to 75◦C for 30 minute, then cooled to ambient
temperature over 1 h. The reannealed DNA duplex incubated
at 37◦C and Endo IV (0.08 nM) was added. Aliquots were
taken as previously described, and the level of incision
was analyzed by gel electrophoresis. The denaturation and
reannealing cycles were repeated one more time.

LC-ESI-MS Analysis of the Incision of the MeFapy-dG-
Containing Duplex by Endo IV. MeFapy-dG-containing
24 mer oligonucleotide (0.774 nmol) was annealed to its
complimentary strand (1.5 eq., 1.161 nmol) in Tris buffer
(100 μL, 50 mM, pH 8.0) as described above. To this solution
Endo IV reaction buffer (13 μL, 10X) was added followed
by addition of Endo IV (0.8 nM). The reaction mixture was
incubated at 37◦C for 2 h. The reaction mixture was then
passed through a spin column (Bio-spin 6 Tris columns) and
lyophilized. The white residue was dissolved in water and
analyzed by LC-ESI-MS.

Incision of the MeFapy-dG-Containing Duplex by Endo IV at
pH 7.0. The DNA duplex was annealed as described above
in Tris buffer (50 mM, pH 7.0). The oligonucleotide duplex
(12 μL, 2.4 pmols) was added to the Endo IV reaction buffer
(222 μL, 100 mM NaCl, 50 mM Tris-HCl, 10 mM MgCl2, and
1 mM dithiothreitol, pH 7.0). The reaction was incubated
at 37◦C. Aliquots (50 μL) were removed after 1, 3, 5, 7,
and 10 days and treated with Endo IV (0.08 nM). Aliquots
(8 μL) were added to 10 μL of 95% formamide loading buffer
containing xylene cyanol and bromophenol blue dyes and
heated for 1 minute at 90◦C. The experiment was run in
duplicate.

Thermal Melting (Tm) Analysis of the MeFapy-dG-Containing
12 mer Duplex. A 1 : 1 mixture of MeFapy-dG contain-
ing 12 mer oligonucleotide and its complementary strand
(0.25 A260 units) were placed in melting buffer (0.5 mL,
10 mM Na2HPO4/NaH2PO4, 1.0 M NaCl, and 50 μM
Na2EDTA, pH 7.2). The UV absorbance of the duplex was
monitored 260 nm as a function of temperature. Absorbance
measurements were taken at 1 minute intervals with a
1◦C/min temperature gradient. The temperature was cycled
between 15 and 85◦C. The first derivative of the melting
curve was used to establish Tm values. After running the first
Tm, the sample was incubated at 37◦C for 5 days, then Tm

experiment was repeated.

3. Results and Discussion

3.1. Incision of MeFapy-dG-Containing Duplex by Endo IV.
The MeFapy-dG lesion was site specifically incorporated at
position 12 of the 24 mer oligonucleotide shown in Figure 2
(X = MeFapy-dG) and annealed to its complementary strand.
The activity of Endo IV toward the MeFapy-dG lesion
when paired with dC was examined. PAGE analysis of the
reaction mixture typically showed between 36% and 40%
of the 5′-32P-ACCACGCTAGC-3′ incision product after
30 minute (Figure 2(a)). Increasing the initial concentration
of Endo IV or addition of a second portion of enzyme
after the initial 30 minute incubation period did not increase
the amount of incised product. The incision reaction
was also followed by LC-ESI-MS with nonradiolabeled
oligonucleotides (Figure 3). In addition to the MeFapy-
dG-containing oligonucleotide (m/z = 1825.4 [M-4H] and
1460.3 [M-5H]) and its complementary strand (m/z = 1484.9
[M-5H] and 1237.2 [M-6H]), the 5′-ACCACGCTAGC-3′

(m/z = 1094.1 [M-3H] and 820.3 [M-4H]) and 5′-
p(MeFapy-dG)-AGTCCTAACAAC-3′ (m/z = 1345.2 [M-
3H] and 1009.0 [M-4H]) incision products were observed.

After the initial incision of the MeFapy-dG-containing
duplex, the remaining 24 mer duplex, which was presumably
highly enriched in the β-MeFapy-dG anomer, was dena-
tured by heating to 90◦C, then slowly cooled to reanneal
the duplex. The heating and annealing cycle is expected
to equilibrate the α- and β-anomers of the MeFapy-
dG lesion [29]. Additional Endo IV was added and the
5′-32P-ACCACGCTAGC-3′ incision product was found to
be ∼59% (Figure 2(b)); the 23% increase of the incision
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Figure 2: Gel electrophoretic analysis of the incision of the
MeFapy-dG containing duplex with E. coli Endo IV. (a) Incision
after the annealing of the 5′-32P-labelled MeFapy-dG containing
oligonucleotide (24 mer) with its complement. The right lane is a
standard of the 5′-32P-ACCACGCTAGC-3′ incision product. (b)
Percentage of the incision product after subsequent denaturation-
reannealing and additional Endo IV.

products represents ∼36% cleavage of the MeFapy-dG
duplex remaining (64%) after the initial Endo IV incision.
A subsequent denaturation-reannealing cycle followed by
addition of a third aliquot of Endo IV resulted in an
additional 14% increase of the incision product (73% total),
representing ∼34% cleavage of the MeFapy-dG-containing
duplex remaining after the prior two rounds of Endo IV
treatment (41%). These results are similar to those reported
by Patro et al. for the incision of the Fapy-dA containing
duplex and is consistent with selective incision of the α-
MeFapy-dG anomer [29].

The MeFapy-dG-containing oligonucleotide was also
hybridized to complementary strands in which the lesion
was mismatched with dG, dA, and dT. Treatment of these
duplexes with Endo IV and PAGE analysis resulted in 30%,
32%, and 30% incision, respectively. The reactions products
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Figure 3: Full-can mass spectrum of the Endo IV incision
of the MeFapy-dG containing duplex; m/z 1825.4 [M-4H]
and 1460.3 [M-5H] are the 5′-ACCACGCTAGC-(MeFapy-dG)-
AGTCCTAACAAC-3′, m/z 1484.9 [M-5H] and 1237.2 [M-6H] are
the 5′-GTTGTTAGGACTCGCTAGCGTGGT-3′, m/z 1094.1 [M-
3H] and 820.3 [M-4H] are the 5′-ACCACGCTAGC-3′, and m/z
1345.2 [M-3H] and 1009.0 [M-4H]) is the 5′-p(MeFapy-dG)-
AGTCCTAACAAC-3′ oligonucleotide.

from the mismatched duplexes were also characterized by
LC-ESI-MS analyses.

3.2. Steady-State Analysis for the Endo IV Incision of the
MeFapy-dG-Containing Duplex. Figure 4 shows the steady-
state kinetic analysis for the incision of MeFapy-dG strand
when paired with dC. The modified strand was incised with
a kcat = 5.5± 0.5 min−1 and Km = 17.8± 3.8 nM (kcat/Km =
0.33 ± 0.12 nM−1 min−1; filled circles). When the DNA
concentration used in the rate calculation was adjusted to
reflect only the amount of the α-MeFapy-dG adduct (∼40%,
open circles), the catalytic efficiency improved to 0.78 ±
0.33 nM−1 min−1 by virtue of a lower Km (7.1±1.5 nM). This
treatment of the rate data assumes that the β-MeFapy-dG-
containing duplex does not inhibit Endo IV and is based on
the observation that the incision of duplex DNA containing
α-dA was not inhibited by the addition of an unmodified
duplex, even at concentrations 30-fold higher than the
substrate DNA [25]. For comparison, the phosphoramidite
reagent of α-dG was prepared and incorporated into the
same 24 mer sequence; α-dG was chosen for this comparison
because of the commercial availability of the nucleoside. The
catalytic efficiency for the incision of the α-dG-containing
duplex (kcat/Km) was 0.69 ± 0.5 nM−1 min−1 (kcat = 4.9 ±
0.5 min−1 and Km = 7.1± 1.0 nM) (Figure 4 (b)).

3.3. Equilibration of the MeFapy-dG Anomers in DNA. The
α-MeFapy-dG lesion was excised from the 24 mer duplex,
and the equilibration of the remaining β-MeFapy-dG to
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Figure 4: Steady-state kinetic analysis for the incision of the
MeFapy-dG-(a) and α-dG-(b) containing duplexes when the modi-
fied base was opposite dC. The Endo IV concentration was 0.08 nM.

a mixture of α- and β-anomers was monitored at 37◦C
(Figure 5). Aliquots were taken every 24 h after the initial
incision reaction and additional Endo IV was added; the
increase in the 5′-32P-ACCACGCTAGC-3′ was attributed
to the anomerization of the β-MeFapy-dG remaining after
initial incision. The prolonged exposure of the incision
product to Endo IV resulted in its conversion to a product
one nucleotide shorter. We attribute this observation to the
3′ → 5′ exonuclease activity of Endo IV, and the product
is presumably 5′-32P-ACCACGCTAG-3′ [20]. Virtually no
anomerization was observed at pH 8.0, consistent with
studies that showed that the anomerization of the AFB-
Fapy-dG lesion was acid catalyzed [40]. We found that the
anomeric stereochemistry of the β-MeFapy-dG equilibrated
over∼5 days to an α : β ratio of∼21 : 79 at pH 7.0 and 37◦C.
To insure that the additional cleavage of the duplex was not
due to fortuitous deglycosylation of the MeFapy-G base, the
MeFapy-dG-containing duplex was incubated at 37◦C for 5
days, then E. coli Endonuclease V was added, which is known
to cleave abasic sites. No cleavage was observed.
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Figure 5: Gel electrophoretic analysis of the equilibration of the
β- and α-MeFapy-dG anomers in duplex DNA. (a) Anomerization
of the β-MeFapy-dG after initial incision with Endo IV. Aliquots
were treated with additional Endo IV every 24 h; the increase in
the incision product is attributed to equilibration of the β-MeFapy-
dG to the α-anomer. (b) Treatment of the MeFapy-dG-containing
duplex with Endo IV after incubation at 37◦C, pH 7.0 for up to 5
days.

The duplex that resulted from annealing the MeFapy-dG
modified oligonucleotide with its complement initially con-
tained ∼36%–40% of the α-MeFapy-dG. The equilibration
of the α-MeFapy-dG anomer to the β-anomer was monitored
by incubating the annealed duplex at 37◦C and treating
aliquots with Endo IV (Figure 5 (b)). We observed that the
α : β anomeric ratio was ∼30 : 70 after 24 h and 23 : 77 after
3 days; the reaction was monitored up to 10 days, and the
percentage of incision product remained at ∼23%. These
results are in good agreement with those starting from the
β-anomer.
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Figure 6: Thermal melting analysis of the 12 mer duplex containing
the MeFapy-dG lesion opposite dC after 5 days at 37◦C. The Tm for
the unmodied duplex was 59◦C.

We initially reported that the thermal melting (Tm)
curve of a 12 mer duplex containing the MeFapy-dG lesion
did not change over time [11]; these studies were con-
ducted at 5◦C. The thermal melting temperature of the
12 mer duplex 5′-GCTAGC-(MeFapy-dG)-AGTCC-3′ · 5′-
GGACTCGCTAGC-3′ was reexamined by monitoring the
hyperchromicity of the DNA UV absorption at 260 nm as
a function of temperature (Figure 6). This duplex has the
same local sequence as the 24 mer duplex used for the
Endo IV incision studies. The duplex was incubated at 37◦C
for 5 days then analyzed. The Tm values were determined
by taking the first derivative of the melting and annealing
curves. As previously reported, two transitions were present
in the melting cycle; however, the relative proportions of
the transitions differed after 5 days at 37◦C. The higher
melting transition (Tm = 50◦C), which was assigned as the
β-MeFapy-dG anomer, made up ∼80% of the duplex after
the incubation period. The Tm curve for the annealing
cycle was displaced from the heating cycle, reflecting that
the reannealing of the MeFapy-dG oligonucleotide with its
complement resulted in a different α : β anomeric ratio than
after equilibration for 5 days. Similar melting and annealing
profiles were recently reported for a duplex containing the
AFB-Fapy-dG lesion [38]. These studies are consistent with
the Endo IV incision data.

The initial anomeric ratio (∼36 : 64) after annealing
the MeFapy-dG-containing oligonucleotide with its comple-
ment may reflect the ratio in single-strand DNA. The α-
and β-MeFapy-dG anomers equilibrate over several days and
reach a final α : β ratio of ∼21 : 79. The equilibration studies
may provide insight to the conflicting reports by Asagoshi
et al. regarding the Endo IV incision of the MeFapy-dG
lesion in DNA. The MeFapy-dG-containing duplexes were
prepared differently. Ishchenko et al. prepared the MeFapy-
dG lesion by treating a single-stranded oligonucleotide
containing a single dG with a methylating agent [32]; the
resulting 7-methyl-dG was then subjected to base treatment

to generate the MeFapy-dG lesion. Annealing of the MeFapy-
dG-containing oligonucleotide is expected to contain both
the α- and β-anomers as demonstrated in our studies.
Asagoshi et al. prepared a DNA duplex by incorporating 7-
methyl-dGTP opposite a template strand containing a single
dC with a DNA polymerase [30, 31]; alkali treatment of the
duplex produced the MeFapy-dG lesion. It is likely that ring
opening of β-7-methyl-dG in duplex DNA produced largely
or exclusively the β-MeFapy-dG anomer. We demonstrated
that the anomerization of the β-MeFapy-dG anomer is slow
at pH 7.0 and is expected to be slower at pH 7.5, the
conditions reported by Asagoshi et al. for the attempted
Endo IV incision [30]. It is possible that the β-MeFapy-dG
anomer had not equilibrated when treated with Endo IV, and
consequently, no incision was observed.

The MeFapy-dG lesion was shown to be the persistent
DNA lesion in rats treated with methylnitrosourea, 1,2-
dimethylhydrazine, and N,N-dimethylnitrosamine [8, 9].
The MeFapy-dG lesion was reported to be present 21 days
after exposure; these studies detected the MeFapy-G base,
thus information regarding the anomeric stereochemistry
was lost. As noted above, the MeFapy-dG lesion is likely to
be initially formed as the β-anomer; our observation that β-
MeFapy-dG will slowly equilibrate to∼21% of the α-anomer
over 3–5 days suggests that the α-anomer is present in cells
due to the long-lived nature of this lesion and therefore may
be biologically relevant.

3.4. Incision of AFB-Fapy-dG by Endo IV. The 24 mer
oligonucleotide containing the AFB-Fapy-dG lesion, 5′-
ACCACTACTAT-(AFB-Fapy-dG)-ATTCATAACAAC-3′, was
synthesized as previously described, and the α- and β-
AFB-Fapy-dG-containing oligonucleotides were separated
by HPLC [38]. The oligonucleotide containing the α-AFB-
Fapy-dG lesion was 5′-32P-end labeled and hybridized to its
complementary strand in which the lesion was opposite dC.
Treatment of this duplex (20 nM) with Endo IV (0.08 nM)
under the same conditions used for incision of the MeFapy-
dG-containing duplex resulted in ∼5% incision of α-AFB-
Fapy-dG modified strand after 30 minute (Figure 7); the level
of incision did not increase after 90 minute. The level of
incision reached ∼ 9% when the Endo IV concentration was
increased by 10-fold.

The activity of Endo IV toward the AFB-Fapy-dG lesion
was low in comparison to the MeFapy-dG lesion. The α-
AFB-Fapy-dG was reported to have completely isomerized
to the β-anomer over several days at pH 7.0 and 5◦C [37].
It is possible that the low level of incision observed for the
AFB-Fapy-dG-containing 24 mer duplex was due to rapid
isomerization of the α-anomer to the β; however, HPLC
analysis indicated that the level on the β-AFB-Fapy-dG
anomer was less than 5% over the 90 minute reaction time
and conditions used to 32P-labeled the substrate. In Figure 1
a recent NMR structure of the α-AFB-Fapy-dG leson in a
5′-CTAT-(AFB-Fapy-dG)- ATTCA-3′ · 5′-TGAATCATAG-3′

10 mer duplex revealed that the AFB moiety was intercalated
to the 5′-side of the modified α-Fapy-dG base [38] and well
stacked (Figure 8). The modified α-AFB-Fapy-dG base was
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Figure 7: Gel electrophoretic analysis of the incision of the α-AFB-
Fapy-dG-containing 5′-32P-labeled 24 mer duplex by Endo IV. The
right lane is a standard of the 5′-32P-ACCACTACTAT-3′ incision
product.
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Figure 8: Conformation of the α-AFB-Fapy-dG-containing 10 mer
duplex. The AFB moiety (magenta) was intercalated to the 5′-side of
the Fapy-G base, which was paired with its complement (pdb code
2KH3).

paired with its complementary dC, and both bases were
intrahelical. The 10 mer sequence possesses the same local
sequence as the AFB-Fapy-dG containing 24 mer used in this
study. The insertion of the Tyr-72 side chain of Endo IV into
the DNA helix plays an important role in the recognition
and catalytic mechanism by promoting the flipping of the
abasic nucleotide along with its partner nucleotide into the
active site of the enzyme, stabilizing a 90◦ bend in the DNA
and positioning the phosphate for hydrolysis. The position
of the bulky AFB group may severely interfere with the
binding of the substrate DNA to Endo IV and the incision
reaction [22, 23]. Alternatively, a solvent accessible pocket in
the active site of Endo IV is hypothesized to accommodate
α-nucleotides, and it is plausible that bulky lesions such
as the α-AFB-Fapy-dG cannot be readily accommodated in
this pocket [22]. Chromatographic evidence for a minor

conformation of the α-AFB-Fapy-dG in single strand was
reported [38]; the nature of this conformation is not clear
but the possibilities include geometric isomers of the amide
or atropisomers [14, 40, 42]. It is possible that Endo IV is
selectively incising this minor α-AFB-Fapy-dG conformer.

4. Conclusion

We unambiguously observed that the α-MeFapy-dG lesion
is a substrate for Endo IV. This activity was exploited to
probe the anomeric configuration of the MeFapy-dG lesion
in duplex DNA. Endo IV was used to follow the equilibration
of the α- and β-MeFapy-dG lesions, and we estimate the α :
β-ratio to be ∼21 : 79. Although the equilibration was slow,
it was faster than the repair of the MeFapy-dG lesion from
the DNA of rats. We conclude that the α-MeFapy-dG will be
present in mammalian cells, and its repair and replication
are therefore of interest. Only low levels of incision were
observed for the α-AFB-Fapy-dG-containing duplex. It is
likely that the bulk of the AFB moiety, which was intercalated
on the 5′-side of the modified base, interferes with substrate
recognition and the incision reaction by Endo IV.

The MeFapy-dG lesion has been shown to be a substrate
for the Fpg/Nei family of glycosylases [3, 30, 43–45]. It is
possible that Endo IV and the Fpg/Nei glycosylases have
distinct roles during the repair of the MeFapy-dG with Endo
IV incising the α-anomer and Fpg/Nei glycosylases excising
the β-anomer. The specificity of Endo IV for the α-MeFapy-
dG anomer may provide a valuable tool for uncovering the
mechanistic details of the repair of MeFapy-dG and related
lesions.
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As many DNA-damaging conditions repress transcription, posttranscriptional processes critically influence gene expression during
the genotoxic stress response. The RNA-binding protein HuR robustly influences gene expression following DNA damage. HuR
function is controlled in two principal ways: (1) by mobilizing HuR from the nucleus to the cytoplasm, where it modulates
the stability and translation of target mRNAs and (2) by altering its association with target mRNAs. Here, we review evidence
that two main effectors of ataxia-telangiectasia-mutated/ATM- and Rad3-related (ATM/ATR), the checkpoint kinases Chk1 and
Chk2, jointly influence HuR function. Chk1 affects HuR localization by phosphorylating (hence inactivating) Cdk1, a kinase
that phosphorylates HuR and thereby blocks HuR’s cytoplasmic export. Chk2 modulates HuR binding to target mRNAs by
phosphorylating HuR’s RNA-recognition motifs (RRM1 and RRM2). We discuss how HuR phosphorylation by kinases including
Chk1/Cdk1 and Chk2 impacts upon gene expression patterns, cell proliferation, and survival following genotoxic injury.

1. Introduction

Damage to the cellular DNA can transiently inhibit the
activity of RNA polymerase II at a time when DNA damage
response (DDR) proteins and DNA repair proteins are
critically needed [1]. As transcription is reduced, there
is increased need to regulate the production of proteins
from the pre-existing pool of mRNAs. Two main posttran-
scriptional mechanisms control protein expression follow-
ing genotoxic damage: mRNA turnover and translational
regulation [2, 3]. These two sets of events are potently
influenced by RNA-binding proteins (RBPs) and noncoding
RNAs (primarily microRNAs), which interact with mRNAs
and modulate their half-lives and translation rates [4–6].

During the DDR, several RBPs showing altered levels or
subcellular localization have been implicated in controlling
gene expression. For example, many RBPs that control
RNA metabolism showed altered expression in response to
ionizing radiation (IR) and ultraviolet radiation (UV) [7];
in another study, several members of the heterogeneous
ribonuclear protein (hnRNP) family were found to partici-
pate in the response to IR [8]. Specific RBPs have also been
shown to participate in different types of DDR; for example,

the RBPs AU-binding factor 1 (AUF1) and T cell-restricted
intracellular antigen-related protein (TIAR) controlled the
expression of the growth arrest- and DNA damage-inducible
(gadd)45a protein in response to alkylating DNA damage [9],
the RBPs nucleolin and nucleophosmin participated in the
cellular responses to IR and UV [10], and the RBP Sam68
modulated alternative splicing following DNA damage [11].
One of the best characterized RBPs that control expression of
DDR genes, HuR, is the subject of this review.

2. Stress-Response Protein HuR

HuR is the ubiquitous member of the embryonic lethal
abnormal vision (ELAV)/Hu family of RBPs, which also
contains the primarily neuronal members HuB, HuC, and
HuD [12]. Although HuR is predominantly nuclear, its
translocation to the cytoplasm is linked to its ability to
stabilize target mRNAs and/or modulate their translation
[13, 14]. The 326-aa long HuR binds target mRNAs through
its three RNA recognition motifs (RRMs); located between
RRM2 and RRM3 is a hinge region that encompasses
a nucleocytoplasmic shuttling sequence (HNS, spanning
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Figure 1: Sites of HuR phosphorylation by DNA damage-inducible kinases. Schematic of HuR depicting the RNA recognition motifs
(RRMs, dark blue), the hinge region (brown) with the HuR nucleocytoplasmic shuttling sequence (HNS), the sites of phosphorylation
(under “Phosphorylated Amino Acids”), and the DNA Damage-Regulated Kinases responsible, including an unknown kinase predicted to
phosphorylate S242. The consequences of HuR phosphorylation at the different sites are indicated under “Impact on HuR Function”. More
details in the text.

residues 205–237 [15]) (Figure 1). The nuclear export of
HuR is mediated by its association with transportin 1 (Trn1)
and Trn2 [16] and with nuclear ligands pp32 and APRIL,
which contain nuclear export signals that are recognized by
the export receptor CRM1 [17, 18].

HuR target mRNAs encode many proteins implicated
in the cellular response to DNA damage, including tumor
suppressors (p53, pVHL), cyclins (A, B1, and D1), proto-
oncogenes (c-fos, c-myc), growth factors (VEGF), cytokines
(TGF-β, TNF-α), cyclin-dependent kinase (cdk) inhibitors
(p21, p27), antiapoptotic factors [prothymosin α (ProTα),
Bcl-2, and Mcl-1], and signaling molecules like the mitogen-
activated protein (MAP) kinase phosphatase MKP-1 [19–
30] (Table 1); most of these transcripts contain one or
several copies of a U-rich RNA signature motif [31]. Given
the functions of the proteins encoded by HuR-regulated
mRNAs, HuR has been implicated in processes such as
carcinogenesis, proliferation, immune function, differentia-
tion, and responsiveness to oxidative and genotoxic damage
[14, 26, 32–38].

With a few exceptions [38, 44], acute changes in HuR
function do not involve changes in protein abundance but
rely instead on two regulatory steps: (1) the subcellular
localization of HuR and (2) the interaction of HuR with

target mRNAs. In response to DNA-damaging stresses, the
past few years have uncovered a signaling pathway that
jointly affects both of these processes, HuR’s subcellular
distribution and its interaction with target transcripts. DNA
damage is recognized by sensor proteins, such as the Rad9-
Rad1-Hus1 complex (also termed “9-1-1 complex”) that
recognizes certain types of DNA damage and is mediated
by proteins such as those that comprise the Mre11-Rad50-
Nbs1 complex (MRN), which recruits the transducer protein
DNA damage-activated ataxia telangiectasia mutated (ATM)
to sites of DNA damage [45]. The transducer proteins
include the kinases ATM and ATM- and Rad3-related
(ATR); ATM/ATR phosphorylates and thereby activates the
checkpoint kinases Chk1 and Chk2, which control HuR
cytoplasmic abundance and RNA binding, respectively. ATM
is primarily activated by double-strand breaks in DNA,
such as those caused by IR [46] while ATR is activated in
response to other damaging agents, including UV, alkylating
agents, and chemical inhibitors of DNA replication [47, 48],
but there is extensive evidence that both kinases work in
tandem [49]. As these kinases are essential for genomic
integrity, deficiencies in ATM/ATR and other components of
DNA damage checkpoints cause debilitating diseases such as
ataxia telangiectasia, Fanconi’s anemia, and Seckel syndrome,
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Table 1: HuR target mRNAs showing altered expression after DNA damage. Partial list of HuR target mRNAs encoding proteins that change
following DNA damage (first column), the region of interaction with HuR (second column), and the genotoxic damage that was shown to
affect HuR regulation of the mRNA (third column); “n.r.”: no reported. The HuR kinases linked to the regulation of the mRNAs in the first
column are indicated (fourth column).

Target mRNA after
DNA damage

Binding region
DNA damage conditions affecting

regulation by HuR
HuR Kinase References

mRNA stabilization

c-fos 3′UTR n.r. n.r. [−]

p21 3′UTR UVC, arsenite, IR Chk2, p38 [27, 39]

cyclin A2 3′UTR H2O2 Chk2, Cdk1 [27, 29]

cyclin B1 3′UTR H2O2 n.r. [40]

cyclin D1 3′UTR UVC Chk2 [27]

iNOS 3′UTR n.r. n.r. [−]

VEGF 3′UTR n.r. n.r. [−]

SIRT1 3′UTR H2O2 Chk2 [27]

TNF-α 3′UTR n.r. n.r. [−]

bcl-2 3′UTR n.r. Cdk1 [28]

mcl-1 3′UTR n.r. Cdk1 [28]

COX-2 3′UTR n.r. PKC, p38 [41, 42]

uPA 3′UTR n.r. n.r. [−]

uPAR 3′UTR n.r. n.r. [−]

IL-3 3′UTR n.r. n.r. [−]

MKP-1 3′UTR H2O2 Cdk1 [43]

↑ Translation

p53 3′UTR UVC n.r. [−]

ProTα 3′UTR UVC Chk2, Cdk1 [29]

cytochrome c 3′UTR n.r. Chk2 [27]

MKP-1 3′UTR H2O2 Cdk1 [29]

HIF-1α 3′UTR n.r. Cdk1 [29]

↓ Translation

p27 5′UTR n.r. n.r. [−]

IGF-IR 5′UTR n.r. n.r. [−]

Wnt5a 3′UTR n.r. n.r. [−]

HuR 3′UTR n.r. n.r. [−]

c-Myc 3′UTR n.r. n.r. [−]

thereby contributing to premature aging and carcinogenesis
[50, 51]. Given that HuR target transcripts encode proteins
implicated in the DDR, HuR control by ATM/ATR is rising as
a major gene regulatory paradigm in the pathophysiology of
DNA damage (Figure 2). Consequently, even in the presence
of normal HuR levels in the cell, HuR’s ability to regulate
DDR gene expression posttranscriptionally is impaired in
cells with aberrant ATM/ATR signaling.

3. Regulation of HuR by
ATM/ATR → Chk1� Cdk1

During DDR such as that resulting from exposure to UV,
oxidants, or IR, Chk1 is phosphorylated by ATM/ATR at
serine (S)317 and S345 [52]. Chk1 plays a pivotal role in
the regulation of the cell division cycle by phosphorylating
proteins such as the cyclin-dependent kinase 1 (Cdk1, also
named Cdc2). ATM/ATR → Chk1 signaling leads to the
inactivation of a dual-specificity phosphatase, Cdc25, which

consists of three members (A, B, and C). Chk1 phosphory-
lates Cdc25A at S76, a modification that triggers the degra-
dation of Cdc25A via SCFβ-TRCP-mediated ubiquitination
[53]. Chk1 also associates with Cdc25B and Cdc25C and
inactivates these phosphatases through phosphorylation at
S309/323 and S216, respectively, in turn causing their nuclear
exclusion through association with 14-3-3 [54]. Cdk1 is
fully activated in two steps: by phosphorylation at threonine
(T)161 via the kinase Cdk7 and by dephosphorylation of
phosphor- (p-) thyrosine (Y)15 via the phosphatase Cdc25.
Thus, by inhibiting Cdc25, ATM/ATR → Chk1 inactivates
Cdk1. Additionally, Chk1 activates the kinase Wee1, which
is responsible for the inhibitory phosphorylation of Cdk1
at Y15 [55]. As recently reported, during mitosis Cdk1
phosphorylates Chk1 at S286 and S301; the mitotic phos-
phorylation of Chk1 is accompanied by the translocation
of Chk1 to the cytoplasm [56]. Phosphorylation of Chk1
resulting in its removal from chromatin has been shown
to modify cytoplasmic substrates and plays a role at the
centrosome during cell division [57].
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Figure 2: Regulation of HuR function by ATM/ATR →
Chk1/Chk2. ATM/ATR regulates HuR function through the acti-
vation of Chk1 and Chk2. Active Chk1 phosphorylates (and hence
inactivates) Cdk1, a kinase that phosphorylates HuR at S202; in
turn, unphosphorylated HuR(S202) can be transported to the
cytoplasm (orange). Active Chk2 phosphorylates HuR at S88, S100,
and T118 (at RRM1 and RRM2); in turn, HuR association with
target mRNAs is altered (purple). Jointly, ATM/ATR → Chk1/Chk2
modulates the amount of HuR in the cytoplasm and its interaction
with target mRNAs (green).

The cellular DDR dynamically regulates the subcellular
presence of HuR. Although predominantly nuclear, exposure
to UV or oxidants triggers the accumulation of HuR in
the cytoplasm [20, 24, 43], where it modulates the stability
and/or translation of numerous target mRNAs, as explained
above. We recently reported that HuR was a direct substrate
for Cdk1, which phosphorylated HuR at S202 [29]. HuR
subcellular localization during the cell division cycle followed
fluctuations in Cdk1 activity [29]. The reduction in Cdk1
activity that followed UV irradiation of HeLa cells resulted
in the loss of HuR phosphorylation at S202, which in
turn promoted the cytoplasmic accumulation of HuR. HuR
translocation following Cdk1 inhibition was linked to the
nuclear interaction of p-HuR(S202) and 14-3-3 [29]. Inhi-
bition or silencing of Cdk1 enhanced the cytoplasmic level
of HuR and increased its interaction with target mRNAs,
including those that encode anti-apoptotic proteins like
Bcl-2, Mcl-1, and prothymosin-α; therefore, lowering Cdk1
also diminished the proapoptotic influence of etoposide or
staurosporine. Given that DNA damage triggered by many
agents reduces Cdk1 activity and increases the cytoplasmic
presence of HuR, it is likely that the ATM/ATR → Chk1
� Cdk1 pathway is broadly responsible for controlling
the cytoplasmic levels of HuR after different types of
DDR.

Other DNA damage-activated pathways also affect HuR
localization through Cdk1. Activation of the MAP kinase
(MAPK) p38 by DNA damage phosphorylates Cdc25B
and thus triggers it for degradation. In this manner,
p38 affects Cdk1 levels through its influence on Cdc25B
abundance. DNA damage induces the cleavage of PKCδ
and generates a constitutively active catalytic fragment
termed PKCδ-cat. PKCδ-cat can also phosphorylate Cdk1 at
Y15, thereby inactivating Cdk1 and inducing G2/M arrest.
Moreover, PKCδ can phosphorylate directly HuR at S221 and
S318 (see below), triggering the cytoplasmic translocation
of HuR [58]. Overall, DNA damage inactivates Cdk1,
which increases cytoplasmic HuR level and thus enhances
mRNA stability and translation of DNA damage response
proteins.

4. Regulation of HuR by ATM/ATR → Chk2

One of the main roles of the ATM/ATR → Chk2 pathway is
to induce cell cycle arrest, allowing cells to repair damaged
DNA [59]; see [60] for a recent review on Chk2 and Chk1.
Activated Chk2 phosphorylates downstream effectors such as
p53, BRCA1, and Cdc25 and Cdc25A, which are involved in
cellular processes such as apoptosis, DNA repair, and growth
arrest [61].

Exposure of human diploid fibroblasts to genotoxic doses
of hydrogen peroxide (H2O2) activated Chk2, which in
turn phosphorylated HuR [27]. HuR phosphorylation by
Chk2 triggered the dissociation of the mRNA encoding
the longevity and stress-response protein SIRT1 from HuR
ribonucleoprotein (RNP) complexes; this dissociation ren-
dered the SIRT1 mRNA unstable and triggered a decrease
in the abundance of SIRT1 mRNA and protein. Three
putative Chk2 phosphorylation sites were identified: HuR
residues S88, S100, and T118. In human diploid fibroblasts,
mutating S100 to a nonphosphorylatable residue (S100A)
promoted the continued association of SIRT1 mRNA with
HuR after oxidative damage, indicating that phosphorylation
at residue S100 (located between RRM1 and RRM2) was
critical for dissociation of the mRNA [27]. A more stable
target transcript, the prothymosin α (PTMA) mRNA, also
showed increased binding to HuR(S100A) compared to wild-
type HuR following H2O2 treatment. Interestingly, mutation
of T118 (located within RRM2) to a nonphosphorylatable
site (T118A) generally showed reduced binding to all target
mRNAs, suggesting that phosphorylation at T118 enhanced
HuR binding to target mRNAs. Additional studies are needed
to elucidate if other DNA-damaging agents also act upon
Chk2 to phosphorylate HuR and how these modifications
affect HuR function following genotoxic stress. Further
work is also necessary to investigate how other HuR target
mRNAs are regulated following HuR phosphorylation by
Chk2.

Unexpectedly, HuR phosphorylation by Chk2 in
response to heat shock helped to prevent its degradation
in this stress paradigm [38]. Following heat shock, the
nonphoshorylatable HuR mutants (S88A, S100A, and
T118A) were more labile while HuR phosphomimic
mutants (S88D, S100D, and T118D) were more resistant
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to degradation [38]. Although details of this process await
further analysis, Chk2 phosphorylation of HuR appeared to
block HuR proteolysis mediated by ubiquitination at HuR
residue K182 [38]. Whether DNA damage also helps to
increase HuR stability via Chk2-mediated phosphorylation
also warrants careful consideration.

In addition, since Chk2 phosphorylates HuR, and Chk2
mutations influence Chk2 function, it is important to study
in detail the influence of Chk2 upon HuR function on target
mRNAs, just as was done for SIRT1 mRNA [27]. Chk2 was
found to be mutated in the Li-Fraumeni cancer syndrome
and in cancer [62, 63]; these mutations modified Chk2’s
ability to interact with substrates, Chk2 kinase activity, and
Chk2 subcellular localization [59, 64]. How the role of
HuR in gene expression is affected in Chk2 mutant cells
remains unclear and will be an important aim of future
studies.

5. Other HuR Kinases Regulated by
DNA Damage

Genotoxic damage also activates additional kinases that
control HuR function, including protein kinase C (PKC) and
the MAPK p38. Although less is known about their influence
on HuR function after DNA damage, they are also expected
to be intimately linked to this response (Figure 1).

5.1. PKC. Protein kinase C (PKC)α was reported to phos-
phorylate HuR at S158 and S221 while PKCδ was phospho-
rylated HuR at S221 and S318 [41, 58, 65, 66]. PKCα and
PKCδ were implicated in the cytoplasmic export of HuR,
its enhanced association with target transcripts (e.g., COX-
2, cyclin D1, and cyclin A mRNAs), and their stabilization
[41, 58, 65, 66]. Doller and coworkers primarily examined
the effect of angiotensin II (AngII) in human mesangial cells,
uncovering a complex set of regulatory features. However,
PKC is a bona fide DNA damage response kinase [39, 67].
The influence of PKC on HuR-modulated gene expression is
a promising area for future study.

5.2. p38. The MAPK p38 plays a key role in the growth arrest
that follows exposure to DNA-damaging agents [68–70]. An
important mediator of this effect is the cdk inhibitor p21,
whose levels increase in response to genotoxins such as IR.
The Nebreda laboratory recently showed that following IR,
p38 phosphorylated HuR at T118, leading to the cytoplasmic
accumulation of HuR, and increased the binding of HuR
to p21 mRNA. p21 mRNA was thus stabilized, leading to
increased expression of p21 protein and to the activation
of the G1/S checkpoint [71]. Inhibiting p38 or using the
non-phosphorylatable mutant HuR(T118A) prevented the
p38-mediated increase in p21 expression after IR, which
abrogated the G1/S arrest. The effect of p38 upon HuR
translocation and binding to target mRNAs appears to
require the p38 downstream substrate MAPKAPK-2 (MK2),
as shown in cells responding to taxanes or oxidants [42,
72], although MK2 does not appear to phosphorylate HuR

directly. While a direct influence of p38 on HuR after H2O2

has not been studied to date, the mutant HuR(T118A) also
showed reduced binding to p21 mRNA in H2O2-treated
cells [27], suggesting that H2O2-activated p38 could similarly
change HuR binding to target mRNAs.

5.3. Additional Kinases Affecting HuR Function. The AMP-
activated protein kinase (AMPK) does not phosphorylate
HuR directly, but it phosphorylates and enhances the acety-
lation of importin α1 [42]; in turn, importin α1 favors the
nuclear import of HuR. Stress conditions that reduce AMPK
activity can suppress this import pathway, thus allowing
cytoplasmic HuR to accumulate [73]. How DNA damage
affects importin 1α-mediated localization of HuR remains
to be tested directly. Finally, an as-yet unidentified kinase
was reported to phosphorylate HuR at S242, promoting its
nuclear retention [40, 74] (Figure 1).

6. Concluding Remarks

HuR function is regulated by several kinases that play
central roles in the DNA damage response, notably those in
the ATM/ATR → Chk1/Chk2 pathway. Together with PKC
and p38, these signaling cascades govern HuR’s cytoplas-
mic abundance and interaction with target mRNAs. It is
intriguing that these kinases converge on a shared substrate
protein, HuR, which potently influences gene expression
patterns posttranscriptionally. A deeper understanding of the
signaling pathways that govern HuR function is helping to
elucidate HuR’s role in the overall DDR and in the gene
expression changes that ensue.

The emergence of HuR a key effector of the DDR
program has important biological and clinical implications.
First, it suggests that modulation of gene expression by
ATM/ATR → Chk1/Chk2 is strongly influenced by HuR;
consequently, cells with impaired ATM/ATR → Chk1/Chk2
signaling could express different subsets of proteins due
to aberrant HuR function (localization and RNA-binding
activity). Second, since lowering HuR levels or preventing
its phosphorylation reduced cell survival following genotoxic
damage [26, 27, 75], HuR could be a promising target
for therapeutic intervention. Third, the high levels of HuR
observed in many cancers (which appear to underlie HuR’s
role in tumorigenesis [76, 77]) could engender an effective
DDR in cancer cells. Thus, cancer treatments that do not rely
on DNA damage might be advantageous when tumoral HuR
levels are elevated.

In sum, the posttranscriptional control of gene expres-
sion is particularly important during the DDR, when tran-
scription may be depressed to avoid the synthesis of aberrant
transcripts. Through post-translational modification by the
kinases reviewed here (primarily ATM/ATR → Chk1/Chk2,
but also PKC and p38), HuR helps to orchestrate protein
expression from pre-existing mRNAs following damage to
DNA. In this capacity, HuR is a key factor that helps to ensure
the maintenance of cellular homeostasis following genotoxic
injury.
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DNA mismatch repair (MMR) corrects mismatched base pairs mainly caused by DNA replication errors. The fundamental
mechanisms and proteins involved in the early reactions of MMR are highly conserved in almost all organisms ranging from
bacteria to human. The significance of this repair system is also indicated by the fact that defects in MMR cause human hereditary
nonpolyposis colon cancers as well as sporadic tumors. To date, 2 types of MMRs are known: the human type and Escherichia coli
type. The basic features of the former system are expected to be universal among the vast majority of organisms including most
bacteria. Here, I review the molecular mechanisms of eukaryotic and bacterial MMR, emphasizing on the similarities between
them.

1. Introduction

DNA mismatch repair (MMR) is a highly conserved DNA
repair system (Table 1) that greatly contributes to maintain
genome stability through the correction of mismatched
base pairs. The major source of mismatched base pairs
is replication error, although it can arise also from other
biological processes [1]. In Escherichia coli, MMR increases
the accuracy of DNA replication by 20–400-fold [2]. Muta-
tions and epigenetic silencing in MMR genes have been
implicated in up to 90% of human hereditary nonpolyposis
colon cancers [3–8], indicating the significance of this repair
system. Postreplicative MMR is performed by the long-patch
MMR mechanism in which multiple proteins are involved
and a relatively long tract of the oligonucleotide is excised
during the repair reaction [9, 10]. In contrast, particular
kinds of mismatched base pairs are repaired through very
short-patch MMR in which a short oligonucleotide tract is
excised to remove the lesion [11–13]. In this paper, I refer to
long-patch MMR as MMR.

Currently, 2 types of MMR mechanisms have been
elucidated: one is expected to be employed by eukaryotes and
the majority of bacteria, and the other is specific to E. coli
and closely related bacteria. As shown in Figures 1(a) and
1(b), MMR in eukaryotes and most bacteria directs the repair
to the error-containing strand of the mismatched duplex by
recognizing the strand discontinuities. On the other hand,

as shown in Figure 1(c), E. coli MMR reads the absence of
methylation as a strand discrimination signal. In both MMR
systems, strand discrimination is conducted by nicking
endonucleases. MutL homologues from eukaryotes and most
bacteria incise the discontinuous strand to introduce the
entry or termination point for the excision reaction. In E.
coli, MutH nicks the unmethylated strand of the duplex to
generate the entry point of excision.

Here, I first review the overviews of MMR systems in E.
coli, eukaryotes, and the majority of bacteria. Second, I refer
to the molecular features of MutS and MutL homologues,
the key enzymes in MMR. Third, molecular mechanisms for
strand-discrimination and excision reaction are discussed.
Finally, I introduce the cellular functions of MMR other than
postreplication mismatch correction.

2. Overview of Methyl-Directed MMR in E. coli

The E. coli MMR system has been well characterized and
reconstituted using recombinant proteins (Figure 1(c)) [14].
In this system, a mismatched base is recognized by a MutS
homodimer. A MutL homodimer interacts with the MutS-
DNA complex, and then a MutH restriction endonuclease is
activated by MutL. The MMR system needs to discriminate
the newly-synthesized/error-containing strand; however, a
mismatched base itself contains no such signal. The E. coli



2 Journal of Nucleic Acids

G
T

G
T

G
T

G
T

G
T

G
T

G
T

G

G G

T

G

G
T

C C

C

C

CC

G

G

G

GG

G

HO PO3
5′
3′

3′
5′

HO PO3

5′

3′
3′
5′

CH3

5′

3′
3′

5′

HO PO3

5′

3′
3′

5′

HO PO3

5′

3′
3′

5′ CH3

5′

3′
3′

5′

HO PO3HOPO3

5′

3′
3′

5′

HO PO3 HO PO3

5′

3′
3′
5′

HO PO3

5′

3′
3′

5′
CH3

HO PO3

5′
3′

3′

5′

HO PO3

5′
3′

3′

5′

HO PO3

5′
3′

3′

5′

HO PO3

5′

3′
3′

5′

HO PO3

5′

3′
3′

5′

HO PO3

5′

3′
3′

5′

5′
3′

3′

5′ 3′
5′

5′
3′

3′
5′

5′
3′

MutSα Recognition MutS Recognition MutS
MutL

Recognition

MutLα Incision MutL Incision MutH Incision
at GATC site

EXO1

RPA

Removal

UvrD

RecJ

Removal
SSB

UvrD

RecJ

Removal

SSB

DNA
polymerase δ

Resynthesis DNA
polymerase III

Resynthesis DNA
polymerase III

Resynthesis

DNA ligase Ligation DNA ligase Ligation DNA ligase Ligation

?

(a) Eukaryotes (b) The majority of bacteria (c) E. coli

Exol Exol

Figure 1: A schematic representation of MMR pathway models. (a) Eukaryotic MMR. A DNA mismatch is generated by the
misincorporation of a base during DNA replication. MutSα recognizes base-base mismatches and MutLα nicks the 3′- or 5′-side of the
mismatched base on the discontinuous strand. The resulting DNA segment is excised by the EXO1 exonuclease, in cooperation with the
single-stranded DNA-binding protein RPA. The DNA strand is resynthesized by DNA polymerase δ and DNA ligase 1. (b) MMR in mutH-
less bacteria. Mismatched bases are recognized by MutS. After the incision of discontinuous strand by MutL, the error-containing DNA
strand is removed by the cooperative functions of DNA helicases, such as UvrD, the exonucleases RecJ and ExoI, and the single-stranded
DNA-binding protein SSB. DNA polymerase III and DNA ligase fill the gap to complete the repair. (c) E. coli MMR. MutS recognizes
mismatched bases, and MutL interacts with and stabilizes the complex. Then, MutH endonuclease is activated to incise the unmethylated
GATC site to create an entry point for the excision reaction. DNA helicase, a single-stranded DNA-binding protein, and several exonucleases
are involved in the excision reaction. PDB IDs of crystal structures in this figure are 2O8B (human MutSα), 1H7S (human MutLα), 1L1O
(human RPA), 3IAY (human DNA polymerase δ), 1X9N (human DNA ligase 1), 1E3M (bacterial MutS), 1B63 (bacterial MutL), 2AZO (E.
coli MutH), 2ISI (bacterial UvrD), 2ZXO (bacterial RecJ), 3C95 (bacterial ExoI), 2CWA (bacterial SSB), 2HQA (bacterial DNA polymerase
III), and 2OWO (bacterial DNA ligase).
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Table 1: Distribution of MMR proteins.

Molecular function Thermus
thermophilus

Escherichia coli Saccharomyces cerevisiae Homo sapiens

Mismatch recognition MutS MutS
MutSα (MSH2/MSH6)
MutSβ (MSH2/MSH3)

MutSα (MSH2/MSH6)
MutSβ (MSH2/MSH3)

Strand incision
β-clamp∗1 — PCNA PCNA

clamp-loader∗1 RFC RFC

MutL
MutLα (MLH1/PMS1)

MutLγ∗2 (MLH1/MLH3)
MutLα (MLH1/PMS2)

MutLγ∗2 (MLH1/MLH3)

Strand incision — MutH — —

Match making MutL MutL
MutLα (MLH1/PMS1)
MutLβ (MLH1/MLH2)
MutLγ (MLH1/MLH3)

MutLα (MLH1/PMS2)
MutLβ (MLH1/PMS1)
MutLγ (MLH1/MLH3)

Strand excision (single-stranded DNA-binding) SSB SSB RPA RPA

Strand excision (exonuclease)
RecJ
ExoI

RecJ
ExoI

ExoVII
ExoX

EXO1∗3 EXO1∗3

Strand excision (helicase) UvrD UvrD
— —

Repair synthesis DNA
polymerase III

DNA
polymerase III

DNA polymerase δ DNA polymerase δ

∗1The involvement of bacterial clamp and clamp-loader in the strand incision reaction has not yet been confirmed. ∗2It is demonstrated that the endonuclease
motif in MLH3 is responsible for in vivo MMR [83]; however, the endonuclease activity of MutLγ has not yet been confirmed biochemically. ∗3In yeast and
human, EXO1 has the 5′-flap endonuclease activity in addition to 5′–3′ exonuclease activity.

EXO1-dependent
excision reaction

5′

3′

(a) 5′-nicked
heteroduplex

(b) 3′-nicked
heteroduplex

Figure 2: Bidirectionality of eukaryotic MMR. The 5′-nicked (a)
and 3′-nicked (b) heteroduplexes are used as model substrate. The
shorter path is chosen to remove the mismatched base. The 5′–3′

exonuclease activity of EXO1 is required for excision reaction in
both 5′- and 3′-nicked heteroduplexes.

MMR system utilizes the absence of methylation at the
restriction site to direct the repair to the newly synthe-
sized strand. MutH nicks the unmethylated strand at the
hemimethylated GATC site to introduce an entry point for
the excision reaction [15–17]. The error-containing strand
is removed by helicases [18] and exonucleases [19–21], and
a new strand is synthesized by DNA polymerase III and
ligase. The absence of methylation serves as a signal for the

discrimination of the error-containing strand, and hence,
E. coli MMR is called methyl-directed MMR. Although
homologues of E. coli MutS and MutL exist in almost all
organisms, no homologue of E. coli MutH has been identified
in the majority of organisms including eukaryotes and most
bacteria (Table 1) [22].

3. Overview of Eukaryotic MMR

In eukaryotes, strand discontinuity serves as a signal that
directs MMR to the discontinuous strand of a mismatched
duplex (Figure 1(a)). In newly synthesized strands, disconti-
nuities can exist as 3′-ends or termini of Okazaki fragments.
These termini of the DNA strand may function as strand
discrimination signals in vivo. For the biochemical character-
ization of eukaryotic MMR, nicked plasmid DNAs have been
used as a model substrate containing a strand discontinuity,
on which several reviews elaborated [10, 23, 24]. For this
assay system, the shorter path from a nick to the mismatch is
removed by the excision reaction, indicating that 5′- and 3′-
directed MMRs are distinct (Figure 2) [25–27]. Intriguingly,
the 5′–3′ exonuclease activity of exonuclease 1 (EXO1) is
required for both 5′- and 3′-directed strand removals [28,
29]. The reason for the apparently contradictory requirement
of 5′–3′ exonuclease activity for the 3′-discontinuity-directed
excision reaction had been unknown because it was thought
that strand discontinuity was also the entry point for
excision reaction. This issue was resolved by the discovery
that the human MutL homologue MutLα (MLH1-PMS2
heterodimer) and yeast MutLα (MLH1-PMS1 heterodimer)
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Figure 3: The 5′-nick-(a) and 3′-nick-(b) directed eukaryotic
MMR. After recognition of a mismatched base by MutSα, MutLα
incises the discontinuous strand of the heteroduplex in a mismatch-
MutSα-, PCNA-, RFC-, and ATP-dependent manner [10, 30, 31].
Incisions by MutLα occur dominantly on the distal side of the
mismatched base relative to the pre-existed strand break although
it can also occur proximal to the mismatch [30].

harbor latent endonuclease activity that nicks the discontin-
uous strand of the mismatched duplex in a MutSα-, PCNA-,
RFC-, and ATP-dependent manner (Figure 3) [10, 30, 31].
In eukaryotic 5′- and 3′-directed MMR, the 3′- and 5′-
sides of a mismatch are incised, respectively, by MutLα, and
the 5′–3′ exonuclease activity of EXO1 removes the DNA
segment spanning the mismatch, that is, in eukaryotic 3′-
directed MMR, the preexisting strand discontinuity does not
serve as an entry point for the excision reaction, and the entry
point is introduced by the endonuclease activity of MutLα
(Figure 3(b)).

Intriguingly, MutLα is essential for 3′-nick-directed
MMR but it is dispensable for 5′-nick-directed MMR,
although MutLα possesses an enhancing effect on 5′-nick-
directed MMR [32, 33]. This result indicates that there
is an alternative pathway for 5′-nick-directed MMR. In
vitro experiments suggest that MutLα-independent 5′-nick-
directed human MMR requires at least 3 proteins, MutSα,
EXO1, and replication protein A (RPA) [32].

4. Overview of MMR in mutH -Less Bacteria

The DQHA(X)2E(X)4 motif in the C-terminal domain of the
PMS2 subunit of human MutLα comprises a metal-binding

site that is essential for the endonuclease activity of MutLα
and MMR activity of nuclear extract [30]. Except for E.
coli and closely related bacteria, most mutH-lacking bacteria
possess MutL homologues that contain this metal-binding
motif [30, 34]. Therefore, the molecular mechanism estab-
lished on the basis of the results obtained from eukaryotic
MMR systems is expected to be universal for organisms
lacking mutH. In agreement with this prediction, several
studies demonstrated that MutL homologues from mutH-
less bacteria, for example, Thermus thermophilus, Aquifex
aeolicus, and Neisseria gonorrhoeae, possess endonuclease
activity that is dependent on the DQHA(X)2E(X)4 motif
[34–36]. Furthermore, in T. thermophilus, it is clarified that
the endonuclease activity of MutL is essential for in vivo
DNA repair activity [34]. Thus, the molecular mechanism of
MMR in mutH-less bacteria is expected to resemble that of
eukaryotic one (Figure 1(b)).

5. Molecular Functions of MutS Homologues

The amino acid sequence of MutS is highly conserved
among bacteria regardless of the presence and absence of
mutH [37–39]. Bacterial MutS forms a homodimer and
recognizes mispaired bases and short insertion/deletion
loops [9, 40, 41]. Eukaryotes possess several mismatch-
recognizing MutS homologues: MSH2, MSH3, and MSH6.
These 3 homologues contain amino acid sequences homol-
ogous to bacterial MutS and form 2 heterodimers, namely,
MutSα (MSH2/MSH6) and MutSβ (MSH2/MSH3). MutSα
recognizes single base-base mismatches and short inser-
tion/deletion loops while MutSβ is responsible for the repair
of relatively large insertion/deletion loops that contain ∼16-
mer excess nucleotides [42].

The crystal structures of C-terminal dimerization
domain-deleted bacterial MutS [37, 38] and human MutSα
[43] were solved in complex with mismatched DNA
(Figure 4). The structures revealed that the mismatch-
recognition mechanisms of bacterial MutS and eukaryotic
MutSα fundamentally resemble each other. The bacterial
MutS homodimer/DNA complex shows a functionally asym-
metric protein dimer in which only 1 of the 2 subunits
recognizes the mismatched or unpaired base. Thus, although
bacterial MutS binds to double-stranded DNA as a homod-
imer, its functionality is heterodimeric.

Bacterial MutS and human MutSα recognize the het-
eroduplex by stacking the mismatched base with a pheny-
lalanine residue (Phe36 and Phe432 in E. coli MutS and
human MSH6, resp.) that is intercalated from the minor
groove side [38] (Figure 4). This phenylalanine residue is
perfectly conserved among bacterial MutS homologues and
eukaryotic MSH6 [37], and the alteration of this residue to
an alanine results in a drastic decrease in the mismatch-
recognition ability of Thermus aquaticus MutS [49]. The
adjacent glutamate residue (Glu38 and Glu434 in E. coli
MutS and human MSH6, resp.) also plays a central role in
mismatch recognition by forming a hydrogen bond with the
mismatched base (Figures 5(a)–3(c)) [38]. This glutamate
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Figure 4: Crystal structures of MutS-mismatch complex. (a) Crystal structure of E. coli MutS bound to a G:T-mismatched heteroduplex
(PDB ID: 1E3M). One of the 2 subunits of E. coli MutS is shown in color. DNA is shown in salmon. Domains I, II, III, IV, and V are shown
in red, pink, violet, purple blue, and blue, respectively. Domains I, IV, and V are responsible for mismatch recognition, double-stranded
DNA binding, and dimerization/ATP binding, respectively. (b) The mismatch-recognition site in E. coli MutS-G:T mismatch complex. The
mismatch-recognizing phenylalanine residue (Phe36) and G:T mismatch are shown in red and blue, respectively. (c) Crystal structure of
human MutSα (PDB ID: 2O8B), which is comprised of full-length MSH2 and a protease-resistant fragment of MSH6 lacking the first 340
amino acid residues. MSH2 is shown in white and MSH6 is in color. Mismatch-binding, Connector, Levers, Clamp, and ATPase domains are
colored in red, pink, magenta, purple, and blue, respectively. (d) The mismatch-recognition site in human MutSα-G:T mismatch complex.
Phe432 and G:T mismatch is shown in red and blue, respectively.

residue is also conserved among bacterial MutS and eukary-
otic MSH6 [37], and the mutation of this glutamate into
an alanine or a glutamine abolishes in vivo MMR activity
[50–52]. Elimination of this hydrogen bond by replacing
the thymidine with 2,4-difluorotoluene, which lacks the N3,
resulted in the decrease in mismatch selectivities of E. coli
MutS and yeast MutSα [50, 52].

The excellent crystallographic analyses of E. coli MutS
complexes with various kinds of mismatched heteroduplexes
remarkably enhanced our understanding of the mismatch
recognition mechanism at an atomic resolution [53]. MutS
recognizes a wide range of mismatches in a common manner.
Heteroduplexes bound by MutS homologues are sharply
kinked with the minor groove wide-opened (Figure 5(d)),

which allows the mismatched base to be in close contact
with the phenylalanine and the glutamate residues of the
mismatch-recognition domain. The carbonyl oxygen (OE2)
of Glu38 in E. coli MutS forms a hydrogen bond with N3 of
mismatched pyrimidine or N7 of mismatched purine base
[53]. It is expected that N7 of mismatched purine or OE2
of the glutamate is protonated. As previously discussed, this
might be the reason why the mutation of Glu38 to Gln in
E. coli MutS eliminates MMR activity though Gln also can
form hydrogen bonds [53]. The acidity of the glutamate
but not glutamine might be suitable for the required pKa

shift. Interestingly, E38A mutant of E. coli MutS exhibited
the enhanced DNA-binding activity to a perfectly matched
homoduplex DNA [50]. Schofield et al. proposed the idea
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Figure 5: Mismatch recognition mode of MutS. (a) G:T mismatch bound to E. coli MutS (PDB ID: 1E3M). (b) C:A mismatch bound to E.
coli MutS (PDB ID: 1OH5). Cytosine residue is in a syn conformation. (c) G:T mismatch bound to human MutSα (PDB ID: 2O8B). (d) Side
view of the E. coli MutS-mismatch complex (PDB ID: 1E3M). The mismatched duplex is sharply kinked in the complex with MutS. MutS
and mismatched DNA are colored grey and red, respectively. The mismatched G and T are shown in the sphere model.

The C-terminal
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Figure 6: The model for full length of E. coli MutS dimer. The
crystal structure of the C-terminal 34 amino acids of E. coli MutS
(2OK2) [44] was connected to the C-termini of E. coli MutS
(residues 2-800) structure (1E3M).

that Glu38 would take part in the promotion of DNA
kinking by destabilizing the unkinked DNA-MutS complex
through the electrostatic repulsion of the Glu side-chain with
phosphate backbone [50].

The lack of a crystal structure for MutS homologues with
a homoduplex has prevented us from further understanding
the mechanism; however, atomic force microscopy is a
powerful tool that can be used to investigate the events
that occur during the initial substrate binding by MutS
homologues. Observations of the E. coli MutS-DNA complex
using atomic force microscopy revealed that the DNA is bent

at the perfectly matched site while it is bent and unbent
at the mismatched site [54]. Taken together with previous
biochemical and crystallographic data, it is proposed that
MutS nonspecifically binds to DNA and bends it in order
to search for a mismatch, when it encounters a mismatch it
kinks the DNA at the mismatched site and finally forms an
ultimate recognition complex in which the DNA is unbent
[54]. In order to explain why an unbent conformation is
more stable at a mismatch than at a homoduplex site, Wang
et al. speculated the possibility that a mismatched base is
flipped out upon mismatch recognition by MutS [54]. Base
flipping is one of the major base-recognition mechanisms
observed among base-processing enzymes such as DNA
glycosylases or methyltransferases [55]. Although further
experimental evidence should be required, this idea may be
attractive especially when we remember the recent report
that a nonenzymatic protein, alkylguanine alkyltransferase-
like protein, also flips out the methylated base upon substrate
recognition [56, 57].

The mismatch-recognizing property of MutS homo-
logues is closely related to their ATP-binding/hydrolyzing
activity [58–63]. MutS homologues contain a Walker’s ATP-
binding motif in each subunit that is formed through the
association of the subunits. It has been shown that E.
coli MutS exchanges ADP to ATP upon mismatch binding
then undergoes a conformational change to form a sliding
clamp [61, 63]. The ATP-binding-dependent formation
of the sliding clamp was also confirmed in eukaryotic
MutS homologues [63–66]. Several studies revealed that
the ATPase activity of the E. coli MutS homodimer is also
heterodimeric [67, 68]. One of the 2 nucleotide-binding sites
exhibits a high affinity to ADP, and the other shows a high
affinity to ATP [60, 69, 70], therefore, we should discriminate
between the different adenine nucleotide-binding forms
of MutS homologues in MMR. Recently, a computational
study using normal-mode analysis was applied to assess
the conformational dynamics of E. coli MutS and human
MutSα [71]. Normal-mode analysis is one of the simulation
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Figure 7: (a) A schematic representation of the domain structure of MutL homologues. ATPase, nuclease, and dimer indicate the ATPase,
endonuclease, and dimerization domains, respectively. The crystal structures of N-terminal ATPase domain of human PMS2 (PDB ID: 1EA6)
[45], ATPase domain of E. coli MutL (PDB ID: 1B63) [46], and C-terminal dimerization domain of E. coli MutL (PDB ID: 1X9Z) [47, 48]
are shown.

methodologies which can deal with the dynamics of large
molecules [72]. The analyses suggested the existence of the
distinct conformational states which are expected to reflect
the functional cycles including DNA scanning, mismatch
recognition, repair initiation, and sliding along DNA after
mismatch recognition [71]. These computational studies can
provide start points for further experiments.

It is thought that the sliding clamp of MutS leaves
the mismatch and diffuses along the DNA to activate the
downstream reactions, which is called the “moving” or “cis”
model [23, 74]. The “moving” model is supported by the
result that blockages between the mismatch and the nick
prevent in vitro E. coli MMR [75]. In contrast, another
mechanism, which is called the “stationary” or “trans”
model, is also proposed to account for the activation of
downstream reactions [23, 74]. In the “stationary” model,
MutS remains bound at the mismatch after recognition, and
the ATPase activity of MutS is required for verification of
mismatch recognition. The “stationary” model is supported
by the observation that MutS-mismatch complex can activate
MutH on separate homoduplex molecule [67].

The dynamism and transiency of the ternary complex
of MutS (MutSα)-MutL (MutLα)-mismatch had prevented
us from characterizing their physical interactions. Hydro-
gen/deuterium exchange mass spectrometry (DXMS) is
suitable to study the interactions in large and transient
complexes. DXMS analysis of the formation of E. coli MutS-
MutL-mismatch complex revealed that a relatively small
region in domain II (Figure 4) of MutS serves as an interface

for binding MutL [76]. On the basis of the structural analyses
of the MutS and MutL N-terminal domains, Wei Yang and
coworkers also predicted this region to be a MutL-interacting
site [37]. Although the sequence similarity of this region
is limited, a structurally conserved region in the MSH2
subunit of Saccharomyces cerevisiae MutSα is also essential for
interaction with MutLα [76].

E. coli MutS proteins exist not only in a dimeric form
but also in a tetrameric form at high concentrations [41, 77].
The C-terminal domain (the last 53 amino acids in E. coli
MutS) is responsible for the tetramerization of full-length
MutS. Although the crystallographic analyses were achieved
by using C-terminal truncations, it has been pointed out
that the deletion of the C-terminal domain causes defects in
mismatch recognition, MutH stimulation, and in vivo MMR
activity [77–79]. On the basis of the crystallographic analysis
of the C-terminal domain (Figure 6), tetramer-disrupting
mutants of E. coli MutS were prepared [44]. Examination
of the effects of those mutations revealed that dimerization
but not tetramerization of the MutS C-terminal domain is
essential for in vivo mismatch repair [44].

6. Molecular Functions of MutL Homologues

Bacterial MutL homologues exist as homodimers [47] while
eukaryotic MutL homologues form the heterodimers MutLα,
MutLβ, and MutLγ [80–83]. It is suggested that a large por-
tion of eukaryotic MMR is performed by MutLα. In contrast,
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Figure 8: Crystal structures of the apo form ((a) PDB ID: 1BKN)
and ADPNP-bound form ((b) PDB ID: 1B63) of the E. coli MutL
N-terminal domain. (c) A schematic representation of a model for
the ATP-dependent conformational change of full-length MutLα
[73]. NTD and CTD indicate the N-terminal ATPase domain and
the C-terminal endonuclease domain, respectively. In the apo form
of MutLα, the PMS2 and MLH1 subunits dimerize via their C-
terminal domains. ATP binding induces the dimerization of the N-
terminal domain and condensation of the molecule.

there is only a slight effect of inactivation of MutLβ or MutLγ
on in vivo MMR activity. Crystallographic and biochemical
analyses revealed that the bacterial MutL homodimer is com-
prised of an N-terminal ATPase/DNA-binding domain and
a C-terminal dimerization/DNA-binding domain (Figure 7)
[47, 84]. Eukaryotic MutL homologues are expected to have
the same domain organization as bacterial MutL, except for
the prolonged interdomain linker (Figure 7) [45, 85].

The N-terminal ATPase domain contains a single ATP-
binding motif per subunit. MutL homologues belong to
the GHKL ATPase superfamily that includes homologues
of DNA gyrase, Hsp90, and histidine kinase in addition to
MutL homologues [46, 86]. The GHKL superfamily proteins
undergo large conformational changes upon ATP binding
and/or hydrolysis. X-ray crystallographic analysis clarified
the ATP-binding-dependent conformational change of the
N-terminal domain of E. coli MutL (Figure 8(a)) [46]. In
addition, study using atomic force microscopy revealed that
full-length S. cerevisiae MutLα can exist in several ATP-
binding species with specific conformations in a solution
[73]. The conformational change of the full-length MutL
homologue seems to involve the interaction between the
N-terminal and C-terminal domains (Figure 8(c)). ATP-
dependent conformational changes are also implicated for
bacterial MutL endonucleases [34, 87]. Such ATPase-cycle-
dependent conformational changes in MutL homologue
should be necessary to perform the MMR reaction [88–90].

The C-terminal domain of MutL homologues is the
endonuclease domain in mutH-less organisms [30, 31]. The
inactivation of the metal-binding motif in the C-terminal
domain of Homo sapiens PMS2, S. cerevisiae PMS1, T. ther-
mophilus MutL, A. aeolicus MutL, and N. gonorrhoeae MutL
diminishes their endonuclease activity [34–36]. Eukaryotic
MutLα and bacterial MutL show apparently nonspecific
endonuclease activity against lesionless DNA, indicating
that MMR requires the sequence- or structure-nonspecific
endonuclease activity to introduce excision entry point
wherever it is needed [30, 34]. The regulatory mechanism
of this apparently nonspecific endonuclease activity has been
argued [10, 91].

The endonuclease activity of MutL homologues is
affected by the binding of ATP to their N-terminal domain.
Isolated T. thermophilus MutL tightly binds ATP in the
absence of the MutS-mismatch complex and the ATP-
binding form of MutL has decreased endonuclease activity
against perfectly matched substrates in vitro [34]. The in
vitro endonuclease activities of A. aeolicus and N. gonorrhoeae
MutL are also suppressed by the addition of ATP [34,
35]. In addition, T. thermophilus MutL is stably associated
with a MutS-mismatch complex in the presence of ATP
[34]. Since it has been known that the ATPase activity of
MutL is activated by its interaction with MutS, formation
of MutS-mismatch-MutL complex is expected to stimulate
the endonuclease activity of MutL by canceling the ATP-
dependent suppression (Figure 9). In other words, ATP
may be utilized to suppress the apparently nonspecific
endonuclease activity of MutL until it is required. However, it
remains to be determined whether the regulatory mechanism
is used by other MutL homologues, including eukaryotic
MutLα, because the endonuclease activity of MutLα is
enhanced by the addition of ATP instead of being suppressed
[30, 31]. Interestingly, it is clarified that ATP stimulates
the endonuclease activity of a relatively high concentration
of A. aeolicus MutL in the absence of a MutS-mismatch
complex [36], suggesting that the effect of ATP on the MutL
endonuclease activity depends on the concentration of MutL.
This finding also strongly indicates that the ATPase activity
of MutL is required for its endonuclease activity, that is, ATP
is utilized not only to suppress the nonspecific endonuclease
activity of MutL but also to actively enhance its activity.

The C-terminal endonuclease domain of MutL homo-
logues contains the highly conserved motif, CPHGRP. Muta-
tions in this motif result in the deficiency of in vivo and in
vitro MMR activities [34, 85]. Bioinformatic analysis indi-
cated that this motif takes part in the formation of the metal-
binding motif and it resembles a metal-dependent transcrip-
tional regulator [85]. Using biochemical procedures, the C-
terminal domain of the human PMS2 subunit of MutLα was
demonstrated to bind a zinc ion [85]. Although the detailed
functions of this zinc ion remain unknown, the involvement
of the CPHGRP motif in the ATP-dependent conformational
change in T. thermophilus MutL is suggested [34].

As mentioned above, recent biochemical studies on
the endonuclease activity of MutL homologues have been
achieved by using homologues from thermophilic bacte-
ria, such as T. thermophilus, A. aeolicus, and Thermotoga
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maritima [34, 36, 87, 92]. Proteins from these bacteria are
extremely stable and suitable for physicochemical exami-
nations including crystallographic analysis. In addition, a
variety of gene manipulating procedures are established in T.
thermophilus. T. thermophilus may be one of the ideal model
organisms for the study of nick-directed MMR.

7. Strand Discrimination in
Nick-Directed MMR

Accumulating evidence indicates that a pre-existing
strand break can serve as a signal to discriminate the

Domain I

Domain II

Domain III

Domain IV

Figure 11: Crystal structure of T. thermophilus RecJ (PDB ID:
2ZXR). Full-length T. thermophilus RecJ is comprised of domains
I–IV and forms a ring-like structure. The catalytic active site
is located in the cavity between domains I and II as indicated
by an arrow. Domain III shows a structural similarity to the
oligonucleotide/oligosaccharide-binding fold that is often found in
single-stranded DNA-binding proteins. The ring-like structure and
oligonucleotide/oligosaccharide-binding fold will ensure the high
processivity and strict specificity for single-stranded DNA.

error-containing strand in eukaryotic MMR [27, 30]. Since
newly synthesized strands always contain strand break as
3′-ends or 5′-termini of Okazaki fragments, these ends can
be utilized as strand discrimination signals in vivo. This
is consistent with the observation that MutSα-dependent
yeast MMR corrects mismatches more efficiently in the
lagging strand than in the leading strand [93]. As mentioned
above, MutLα is responsible for the strand-discrimination
by nicking the discontinuous strand of the mismatched
duplex (Figures 1 and 3). Interestingly, it is demonstrated
that MutLα incises the discontinuous strand at a distal
site from the pre-existing strand break. How does MutLα
discriminate the discontinuous strand at a site distant from
the strand-discrimination signal? One possible explanation
is that MutSα (or MutSβ) and MutLα are loaded onto
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the substrate DNA through their interactions with the
replication machinery such as proliferating cell nuclear
antigen (PCNA), replication factor C (RFC), and/or DNA
polymerase δ to render the newly synthesized strand
in the catalytic site of the MutLα endonuclease domain
[23, 94, 95]. It is known that MSH3 and MSH6 contain
the PCNA-interacting motif QX2(L/I)X2FF [96]. In fact,
several studies have demonstrated the associations of MutSα
and MutSβ with PCNA [95, 97, 98]. In addition, PCNA
and RFC are necessary not only for repair synthesis [99]
but also for the mismatch-provoked incision and excision
reactions [30, 100]. Inhibitors of PCNA abolish 3′-nick-
directed excision and 40–50% of 5′-nick-directed excision
[99–101]. The excision reaction of MutLα-independent
5′-nick-directed MMR may be performed independently of
PCNA. In mutH-less bacteria, the C-terminal region of MutS
contains the putative β-clamp-binding motif QLSFF [102].
The deletion of this region abolishes the in vitro interaction
of MutS with the β-clamp and in vivo MMR activity [103];
furthermore, this interaction is necessary for the in vivo
localization of MutS and MutL in response to mismatches
[103]. These interactions may also be responsible for the
strand discrimination in bacterial nick-directed MMR.

8. Downstream Events in Nick-Directed MMR

The excision reaction of in vitro eukaryotic MMR is per-
formed by the 5′–3′ single-stranded DNA-specific exonu-
clease EXO1. To date, EXO1 is a unique exonuclease that
is involved in eukaryotic MMR [30, 104]. In addition, no
reports have identified the MMR-related eukaryotic DNA
helicase. The exonuclease activity of EXO1 is enhanced by
its direct interaction with MutSα [99]. As mentioned above,
MutSα forms a sliding clamp and diffuses along the DNA
after mismatch recognition. The purpose of the diffusion of
MutSα from the mismatch may be to activate EXO1 at the 5′-
terminus. In mutH-less bacteria, A. aeolicus MutL enhances
the DNA helicase activity of UvrD [105] whose amino
acid sequence is ubiquitous among bacteria. Furthermore, a
genetic study implied the simultaneous involvements of the
5′–3′ exonuclease RecJ and a 3′–5′ exonuclease ExoI in T.
thermophilus MMR [106]. In mutH-less bacteria, the error-
containing DNA segment generated by the endonuclease
activity of MutL may be removed bi-directionally by the
cooperative function of multiple exonucleases and helicases
(Figure 10).

The termination of the EXO1-dependent excision reac-
tion in eukaryotic 3′-nick-directed and MutLα-dependent
5′-nick-directed MMR can be directed by 3′-termini that are
pre-existing and newly introduced by MutLα, respectively
(Figure 3). In contrast, excision termination in MutLα-
independent 5′-nick-directed MMR appears to employ a
relatively complicated mechanism, because the termination
of the excision reaction is not directed by the terminus of the
DNA strand. Excision termination in MutLα-independent
5′-nick-directed MMR is conducted by the inhibitory func-
tion of RPA, a single-stranded DNA-binding protein [32].
In mutH-less bacteria, the mechanism for terminating the

excision reaction remains unknown. The implication of the
involvements of 5′–3′ and 3′–5′ exonucleases [106] raises the
possibility that the excision termination of 5′- and 3′-nick-
directed MMR in mutH-less bacteria is directed by the 3′-
and 5′-termini of the DNA strand that are introduced by
MutL (Figure 10). Biochemical and structural studies on the
exonucleases are required to further understand the excision
reaction. Structural analyses of the RecJ 5′–3′ exonuclease
from T. thermophilus were successfully performed [20, 107];
thus, proteins from T. thermophilus are known to be suitable
for physicochemical examinations [108, 109]. The structure
of RecJ consists of 4 domains that form a ring-like structure
with the catalytic site in the center of the ring (Figure 11).
Based on this structure, the molecular basis for the high
processivity and substrate specificity of this enzyme was
discussed [107]. In addition, a detailed biochemical study
on the T. thermophilus ExoI was also performed [106]. It is
expected that, unlike other model organisms, T. thermophilus
possesses only a single set of 5′–3′ and 3′–5′ exonucleases
[106]. Hence, in vitro and in vivo experiments concerning the
excision reaction would be relatively straightforward in this
bacterium. It will be intriguing to examine whether MutS can
stimulate the exonuclease activities of RecJ and ExoI.

9. Other Functions

Mismatch base pairs can arise not only from replication
error but also from other biological processes including
homeologous recombination, oxidation, and methylation
of bases. Long-patch MMR also has a role in the repair
machinery for those mismatches.

The involvement of MMR proteins in the suppres-
sion of homeologous recombination, that is, the strand
exchange between nonidentical DNA molecules, has been
reported [110, 111]. Inhibition of homeologous recom-
bination contributes to genome integrity by limiting the
invasion of foreign replicons and the excessive intracellular
rearrangement of genome. Although the requirement of
MutS and MutL homologues for this inhibitory function
has been demonstrated, the downstream reactions following
the recognition of the mismatch had not been described.
Recently, it is suggested that the endonuclease activity of
MutLα is required for this system [112].

Oxidative damage is one of the major spontaneously aris-
ing forms of DNA damage. Aerobic cells yield reactive oxy-
gen species via respiration events that attack biomolecules
such as proteins, lipids, and DNAs [113]. The attack of
reactive oxygen species on DNA bases generates oxidized
bases including 8-oxoguanine (8OG) (Figure 12) [114]. An
8OG base can pair not only with cytosine but also with
adenine [115]. An 8OG:A pair can be converted to a T:A
pair through replication, forming a G:C-T:A transversion
mutation. To prevent this mutational process, base-excision
repair employs MutM (OGG1 in eukaryotes) and MutY
(MYH in eukaryotes) glycosylases that excise 8OG and
adenine from 8OG:C and 8OG:A pairs, respectively [115].
In vitro and in vivo studies indicated that bacterial and
eukaryotic MMR can recognize an 8OG:A pair as a substrate
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and remove the adenine residue because the mismatched
adenine residue exists in the newly synthesized strand
[116, 117], that is, MMR can perform the same role as
the MutY (MYH)-dependent base-excision repair pathway
(Figure 12).

O6-methylguanine (O6MeG) is generated by the action
of SN1-alkylating agents, such as N-methyl-N-nitrosourea
and N-methyl-N ′-nitro-N-nitrosoguanidine that are used in
cancer chemotherapy [118]. O6MeG can pair with thymine,
resulting in a G:C-A:T transition mutation through replica-
tion. Although the major repair activity forO6MeG is derived
from O6MeG methyltransferase and/or its homologues [56,
119], MutSα can also bind to an O6MeG:T mismatch [43,
120]. However, if the O6MeG is in the template strand of the
duplex, MMR does not remove the lesion. The accumulation
of the complex of unrepaired O6MeG with MMR proteins is
thought to result in the induction of apoptosis [121] through
the crosstalk between MMR proteins and check point kinases
[120].

10. Conclusions

In this paper, the molecular mechanism of widely conserved
human-type MMR has been described. Since the accumulat-
ing evidence indicates the similarities of basic features among
bacterial and eukaryotic MMR, mutH-less bacteria may serve
as a model organism for biochemical and structural studies
of MMR proteins.

The structural analyses on initial recognition complex
should be required for further understanding of mismatch-
recognition mechanism of MutS homologues. It would be
beneficial to identify the amino acid residue which is respon-
sible for the kinking of heteroduplex by MutS homologues.
Such mutant might be utilized for the crystallographic
analysis of the initial recognition complex. In order to
understand the ATP-dependent functional cycles of MutL
endonucleases, structural analyses on the full-length MutL
homolgoues should be necessary. Since MutL endonucleases
from several thermophilic bacteria have relatively short
linker region between N-terminal and C-terminal domains
[34, 36, 92, 105], these proteins are expected to be suitable for
crystallographic analyses. However, we should not underesti-
mate the importance of this interdomain linker region. This
region might be responsible for the protein-protein inter-
action or domain-domain interaction just like intrinsically
disordered proteins [122]. It also remains to be clarified how
MutL endonucleases discriminate the discontinuous strand
of mismatched heteroduplex. Further experiments using in
vitro reconstituted system may provide the key findings
to understand the mechanism. Discrimination between the
“moving” and “stationary” models should also be argued in
this context.
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Double-strand breaks (DSBs) are the most deleterious DNA lesions, which, if left unrepaired, may have severe consequences for
cell survival, as they lead to chromosome aberrations, genomic instability, or cell death. Various physical, chemical, and biological
factors are involved in DSB induction. Cells respond to DNA damage by activating the so-called DNA damage response (DDR), a
complex molecular mechanism developed to detect and repair DNA damage. The formation of DSBs triggers activation of many
factors, including phosphorylation of the histone variant H2AX, producing γH2AX. Phosphorylation of H2AX plays a key role in
DDR and is required for the assembly of DNA repair proteins at the sites containing damaged chromatin as well as for activation
of checkpoints proteins which arrest the cell cycle progression. In general, analysis of γH2AX expression can be used to detect the
genotoxic effect of different toxic substances. When applied to clinical samples from cancer patients, evaluation of γH2AX levels
may allow not only to monitor the efficiency of anticancer treatment but also to predict of tumor cell sensitivity to DNA damaging
anticancer agents and toxicity of anticancer treatment toward normal cells.

1. DNA Double-Strand Breaks

DNA double-strand break (DSB) is a type of DNA damage
in which two complementary strands of the double helix
of DNA are damaged simultaneously, in locations close
to each other. DSB is the most dangerous type of DNA
damage, because it is believed that a single unrepaired DSB
is sufficient for the induction of cell death process [1, 2].
Many different physical, chemical, and biological factors may
lead to DSB formation. DSBs also occur in cells, for example,
during differentiation of reproductive cells or lymphocytes
[3, 4]. The factors leading to the formation of DSB include
endogenous factors, that are associated with physiological
processes occurring in the cell, and the exogenous ones [5, 6].

In living cells, DNA is subject to a constant process of
oxidative damage by oxygen free radicals (reactive oxygen
species—ROS) that are produced inside the cell as a result
of metabolic processes [6, 7]. It is estimated that in a single
cell cycle at least 5000 single-stranded DNA breaks can

occur as a result of ROS production. Approximately 1% of
these DNA breaks is converted into DSBs, mainly during
DNA replication, while the remaining 99% is repaired.
Thus, during the cell cycle in a single nucleus, about 50
so-called “endogenous” DSBs are formed. Accumulation of
unrepaired DNA damage induced by ROS leads to cell aging
and may be responsible for the induction of neoplastic
transformation [6, 8].

One of the first exogenous factors involved in inducing
DSBs was ionizing radiation. Among the various types of
DNA damage caused by X-rays, formation of DSB seems
to be the most important mechanism of reproductive cell
damage or in changing genome integrity that leads to
malignancy [9]. Similar changes may be induced by UV
radiation [9, 10].

DNA damage is also induced by many anticancer drugs,
among them the most effective appear to be inhibitors
of topoisomerases. DNA topoisomerases are enzymes that
regulate DNA over- and underwinding and remove knots
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and tangles from the genetic material by creating transient
breaks in DNA double-helix [11, 12]. There are two classes
of topoisomerases: type I enzymes introduce single-strand
breaks in DNA and type II ones introduce double-strand
breaks [11–13]. Type I topoisomerases modulate DNA
under- and overwinding, but cannot remove knots and
tangles from duplex DNA, while type II topoisomerases
modulate DNA supercoiling and also remove DNA knots and
tangles [14]. Since a single unrepaired DSB has potentially
lethal consequences, type II topoisomerases, being necessary
for cell survival, also have the capacity to fragment the
genome [14]. When a nucleic acid tracking system, such as
a replication or transcription complex, attempts to traverse
the cleavable complex between topoisomerase and DNA, it
may convert this transient enzyme-DNA intermediate to a
permanent DSB in the genetic material, leading to DNA
aberrations [15].

Inhibitors of DNA topoisomerase I (camptothecin and
topotecan) and II (etoposide, doxorubicin, and mitox-
antrone) belong to the most effective antitumor drugs. Their
mode of action involves stabilization of cleavable complexes
between topoisomerase and DNA. It leads to collisions of
the progressing DNA replication forks or RNA polymerase
with the drug-stabilized topoisomerase-DNA complexes and
conversion them into DSBs, which trigger apoptosis [16, 17].

In eukaryotic cells, the efficient repair of DSB is essential
for survival. Two major pathways have evolved to deal with
these lesions, homologous recombination (HR), and non
homologous end-joining (NHEJ). The mechanism of HR is
based on using the genetic information from a corresponding
undamaged region present on the second DNA molecule or
homologous chromosomes and therefore is active mainly
during S and G2 phases of cell cycle. NHEJ is based on a
direct ligation of the two ends of damaged DNA molecules
and repairs DSBs mainly in G1 phase [2].

2. H2AX Phosphorylation

It was reported several years ago, that in mammalian cells
the phosphorylation of the subtype of histone H2A, called
H2AX, in the position of Ser139 occurs in response to
DSB formation. The phosphorylated form of H2AX is called
γH2AX [18, 19]. Since then, many researchers focused on the
explanation of mechanisms which induce phosphorylation
of H2AX and its role in DNA damage signaling and repair.

Histone H2AX is a substrate of several phosphoinositide
3-kinase-related protein kinases (PIKKs), such as ATM
(ataxia teleangiectasia mutated), ATR (ATM and Rad3-
related), or DNA-dependent protein kinase (DNA-PK). ATM
kinase is considered as a major physiological mediator
of H2AX phosphorylation in response to DSB formation
[20, 21]. ATM is activated by its autophosphorylation at
Ser1981 position, which leads to dissociation of the inactive
ATM dimers into single protein molecules with increased
kinase activity [18–21]. A tri-protein complex called MRN
complex (MRE11-RAD50-NBS1) recognizes DNA damage,
recruits ATM to the site of damage and also functions in
targeting ATM to initiate phosphorylation of the respective

substrates [22–24]. It is also reported that ATM activation
requires prior ATM acetylation, mediated by Tip60 histone
acetyltransferase [24, 25]. Apart from H2AX, the target
substrates phosphorylated by ATM are BRCA1, 53BP1, and
MDC1 as well as checkpoint proteins, Chk1 and Chk2. These
processes are aimed to stop the progression of the cell cycle
and to activate proteins responsible for DNA repair, as is
described in details below.

H2AX can also be phosphorylated by ATR and DNA-
dependent protein kinases. ATR phosphorylates H2AX in
response to single-stranded DNA breaks and during replica-
tion stress, such as replication fork arrest [26, 27]. DNA-PK
mediates phosphorylation of H2AX in cells under hypertonic
conditions and during apoptotic DNA fragmentation [28,
29]. However, DNA damage caused by ionizing radiation
leads to phosphorylation of H2AX that is mediated by all
PIKK kinases, ATM, ATR, and DNA-PK [30].

Recently, it was reported that some other events occur
before H2AX phosphorylation in mammalian cells. Ayoub et
al. [31] observed that DNA breaks mobilize heterochromatin
protein 1β (HP1-β), a chromatin factor bound to histone
H3 methylated on lysine 9 (H3K9me). In response to DNA
damage, HP1-β was rapidly phosphorylated at threonine
51 (Thr51) by casein kinase 2 (CK2). This phosphorylation
leads to releasing HP1-β from chromatin by disrupting hy-
drogen bonds that fold its chromodomain around H3K9me,
resulting in its transient mobilization from chromatin.
Although it is still not known what signals CK2 to phospho-
rylate HP1, the phosphorylation and mobilization of HP1
seems to be important for H2AX phosphorylation [31].

Based on the results of Ayoub et al. [31] and Goodarzi
et al. [32, 33], it is expected that the loss of HP1 is beneficial
to repair in heterochromatin. However, another recent study
by Luijsterburg et al. [34], that also addressed the role
of HP1 proteins in DNA damage response, suggested an
apparently active and positive role for HP1 in DNA repair.
These authors demonstrate that HP1 proteins accumulate
de novo at sites of DNA damage, and this recruitment was
independent of binding to H3K9me. It cannot be excluded
that there is a partial HP1 dissociation from H3K9me at
damaged sites, however the accumulation of HP1 reflects
H3K9me-independent binding to damage sites rather than
the rebinding of HP1 to H3K9me sites [34, 35]. Despite
these controversies, the findings presented above illustrate
the important role of HP1 proteins in DNA damage and open
up a new direction of research to characterize the role of HP1
in H2AX phosphorylation and DNA damage response.

3. γH2AX and Its Role in DNA
Damage Response

3.1. Accumulation of DNA Damage Signaling and Repair Pro-
teins at DSBs. Unrepaired DSBs induce genome instability
and promote tumorigenesis. Thus, cells have mechanisms
responsible for recognition of DNA damage and activation of
cell cycle checkpoints leading to DNA repair. The generation
of DSBs triggers the relocalization of many DNA damage
response (DDR) proteins such as MRE11/NBS1/RAD50,
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MDC1, 53BP1, and BRCA1 to nuclear foci where these pro-
teins colocalize and interact with γH2AX [36–46]. Presum-
ably, γH2AX foci specifically attract repair factors, leading
to higher concentration of repair proteins surrounding a
DSB site [47, 48]. Specific recognition of γH2AX by these
repair factors requires the presence of protein domains,
which bind to the phosphorylated carboxy terminus of
γH2AX. So far, two domains, which are frequently found
in proteins involved in DDR, have been described to specif-
ically recognize phosphorylated amino acid residues. The
forkhead-associated (FHA) domain recognizes phosphory-
lated threonine residues in a specific aminoacid sequence
context [49]. In addition, two consecutive BRCT domains
(BRCA1 C-terminal domain) can create a structural element
with phospho–peptide binding capacity [50–63]. It was
shown that the BRCT repeats of mediator of DNA dam-
age checkpoint protein 1 (MDC1) build the predominant
recognition module of γH2AX [39, 43, 54, 55]. Interaction
between MDC1 and γH2AX can be recognized as the
first step in which the site of the DSB is prepared for
DNA damage signaling and repair. This is because there
is experimental evidence that MDC1 also directly interacts
in a highly dynamic manner with NBS1 [43, 56], which
together with other proteins of the MRN complex is required
for the activation of ATM [57, 58]. This interaction is
mediated through phosphorylation of MDC1 by CK2 that,
in turn, promotes phosphorylation-dependent interactions
with NBS1, through its closely opposed FHA domain and
two BRCA repeats [59]. In this way, a positive feed-back loop
is generated that extends H2AX phosphorylation to large
DNA regions (millions of base pairs).

Several lines of evidence suggest the critical role of H2AX
phosphorylation at DSB sites for nuclear foci formation and
induction of DSB repair.

(i) H2AX-knockout cells manifested impaired recruit-
ment of NBS1, 53BP1, and BRCA1 to irradiation-
induced foci [45].

(ii) Both H2AX+/− and H2AX−/− mouse thymocytes
show an increase in chromosomal aberrations [60–
62].

(iii) Mouse embryonic stem (ES) cells deficient in H2AX
phosphorylation have alterations in efficiency of
DNA repair by NHEJ or HR [60–64]. As a result of
these defects in DNA damage repair, such cells have
increased sensitivity to DNA damage [60–65].

(iv) H2AX knock-out mice show male-specific infertility
and reduced levels of secondary immunoglobulin
isotypes, suggesting defects in class switch recom-
bination (CSR) [45]. It was shown that efficient
resolution of DSBs induced during CSR in lympho-
cytes requires H2AX [61, 63], and its absence is
associated with chromosome abnormalities involving
the immunoglobulin locus [61].

All these facts suggest that γH2AX might serve as a
docking site for DNA damage/repair proteins and functions
to promote DSB repair and genome stability ([60–68] and
Figure 1).

3.2. Signal Amplification and Induction of DNA Damage-
Sensitive Cell Cycle Checkpoints. One of most important
kinases-activating cell cycle checkpoints following DNA
damage is ATM. Mutations in the ATM gene results in
the genomic instability and cancer predisposition syndrome
Ataxia-Telangiectasia (AT) syndrome. In response to DSBs,
ATM phosphorylates many cell cycle checkpoint-related
factors such as p53, Chk2, SMC1 and NBS1 [69]. In the
absence of DNA damage, ATM forms inactive homodimers,
but chromatin remodeling following generation of DSBs
leads to autophosphorylation of ATM at serine 1981 and
dimer dissociation [18–21]. Next, phosphorylated ATM is
recruited to DSB sites by its interaction with NBS1 and
this recruitment is critical for phosphorylation of checkpoint
proteins by ATM [57]. Mutations in the NBS1 gene result
in Nijmegen breakage syndrome (NBS). Cells from both
NBS and AT patients show similar phenotypes such as
radio-resistant DNA synthesis, radiation hypersensitivity
and genome instability [38]. As it was previously described,
NBS1 forms a complex with hMRE11 and hRAD50. Since
such a complex is involved in DNA double-strand break
repair by homologous recombination (HR), one of the
reasons of the genomic instability in NBS patients may be the
defect in HR. Moreover, it was shown that this function of
NBS1 requires DNA damage-induced focus formation of the
NBS1/hMRE11/hRAD50 complex through direct interaction
of NBS1 with γH2AX at DNA damage sites [37, 70].

As mentioned above, the recruitment of ATM to DSBs is
dependent on NBS1 and NBS1 forms the complex with both
ATM and γH2AX. Thus, both γH2AX and NBS1 contribute
to the recruitment of ATM to DSB sites and its activation
of cell cycle checkpoints. Molecular mechanism involved in
ATM recruitment to DSBs was recently investigated in detail
by Kobayashi and colleagues [38]. These authors provide a
line of evidence that γH2AX plays an important role in the
recruitment of ATM to DSB sites and the subsequent acti-
vation of ATM-related cellular response. Moreover, H2AX is
a component of the complex containing ATM at DSBs and
is important for activation of the ATM kinase. Importantly,
H2AX-knockout cells displayed a defect in DSB-induced
cell cycle checkpoint response. These results provide strong
evidence that H2AX is one of essential components of the
active ATM complex and participates in the activation of
ATM-dependent cell cycle checkpoints. Moreover, Kobayashi
and colleagues showed that ATM forms a complex with
γH2AX via NBS1 or MDC1 and this might be crucial for
the recruitment of ATM to DSB sites and induction of ATM-
dependent checkpoints [38].

3.3. γ-H2AX and Chromatin Remodeling to Prevent Dissoci-
ation of Break Ends and Enhance DSB Processing and Repair
Efficiency. During last few years several groups suggested
that γH2AX has an important function as a docking site
for protein complexes that bind to broken DNA ends and
promote chromatin remodeling to keep broken chromo-
somal DNA ends together [60, 63, 71]. The critical role
of γH2AX in chromatin reorganization following DNA
damage and preventing the separation of DNA ends, thus
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Figure 1: H2AX phosphorylation and its role in DNA damage response upon phosphorylation H2AX became critical player in DNA damage
response. Activity of γH2AX could be summarized to following main points: accumulation of DNA damage signaling and repair proteins
at DSBs The generation of DSBs triggers the relocalization of many DNA damage response (DDR) proteins such as MRE11/NBS1/RAD50,
MDC1, 53BP1and BRCA1 to nuclear foci where these proteins colocalize and interact with γH2AX. Signal amplification and induction of
DNA damage-sensitive cell cycle checkpoints γH2AX contribute to the recruitment of ATM to DSB sites and activation of ATM-dependent
cell cycle checkpoints. Chromatin remodeling to prevent dissociation of break ends and enhance DSB processing and repair efficiency The
γH2AX foci help keeping the broken DNA ends together and make successful and faithful repair more likely. Recruitment of cohesins to
the site of DNA damage to promote sister chromatid-dependent recombinational repair DNA cohesion induced by double-strand DNA
break and mediated by γH2AX has an important function during repair of double-strand breaks following DNA replication by holding the
damaged chromatid close to its undamaged sister template.

facilitating DNA end rejoining, can be important not only
in the repair of DSBs but also during V(D)J recombina-
tion. According to hypothesis put forward by Bassing and
colleagues, γH2AX behaves like an anchor that facilitates
the assembly of multiple DNA-protein interactions involving
53BP1, MDC1/NFBD1, and MRN complexes. Formation
of such complexes prevents dissociation of broken DNA
ends and subsequent error-prone repair of DSBs (reviewed
in [71]). Moreover, this specific “anchoring” function of
H2AX at sites containing DSBs, would inhibit the irreversible
disassociation of broken DNA ends and promote chromatin
compaction to facilitate error-free repair, thereby suppress-
ing inappropriate translocations of chromatin fragments. In
this way, γH2AX-mediated mechanisms prevent DNA ends
from drifting apart, inappropriate rejoining of chromatin
fragments, resulting in genetic translocations and other
abnormalities (Figure 1 and reviewed in [71]).

3.4. Recruitment of Cohesins to the Site of DNA Damage to Pro-
mote Sister Chromatid-Dependent Recombinational Repair.
γH2AX might be important for processes occurring further

away from the break that are required for efficient repair. One
of such processes can be sister chromatid cohesion, that in
addition to its essential role in chromosome segregation, is
important for efficient postreplicative double-strand DNA
break repair [72]. Sister chromatid cohesion is established
during S phase by cohesins. In the absence of cohesin
complex, chromosomes cannot segregate properly. It was
also shown that cohesins play an important role in DNA
repair and recombination. Cells with mutated cohesins are
oversensitive to irradiation and deficient in postreplicative
DNA repair [72, 73]. Moreover, cohesins have been shown
to accumulate at laser-induced DNA damage during S and
G2 phases in a Mre11/Rad50- dependent manner [74]. In
parallel, it was shown that DNA cohesion induced by double-
strand DNA breaks and mediated by γH2AX is not only
important to maintain sister chromatids. It is also likely to
function during repair of double-strand breaks following
DNA replication by holding the damaged chromatid close
to its undamaged sister template [64]. The use of genetic
information present in an undamaged sister chromatid to
mediate error-free recombination repair of a DSB would
prevent gross chromosomal alterations, which are frequently
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observed, for example, in cancer cells. Thus, this form
of homology-directed DNA repair of double-strand breaks
helps to maintain a high level of genome stability, even
though immediate cell survival may be only minimally
affected in its absence, because of other repair mechanisms
(Figure 1 and reviewed in [75]).

4. Methods of γH2AX Detection

The quantitative assessment of DSBs was initially based on
methods, such as pulse-field gel electrophoresis (PFGE),
DNA elution tests, or the so-called “comet assay” (single
cell gel electrophoresis—SCGE). Among these methods, the
comet assay is a versatile, sensitive, and widely used one. In
this method individual cells with damaged DNA embedded
in agarose gels are subjected to an electric field and generate
a characteristic pattern of DNA distribution forming a tail
that, after staining with fluorescence dye, can be analyzed
by fluorescence microscopy. The extent and length of the
comet’s tail correlates with the severity of DNA damage [76].
The sensitivity of the comet assay, however, depends on
proper calibration and its specificity is not absolute [77, 78].

Development of an antibody, that is specific to γH2AX,
made it possible to detect H2AX phosphorylation and thus
detection of DNA damage and repair in situ in individual
cells. The presence of γH2AX in chromatin can be detected
shortly after induction of DSBs in the form of discrete
nuclear foci. Since each focus represents a single DSB, their
frequency reports the incidence of DSBs (reviewed in [79]).
Compared with alternative methods of DNA damage assess-
ment mentioned above, the immunocytochemical approach
is less cumbersome and offers much greater sensitivity [79,
80]. The presence of γH2AX-containing nuclear foci can
be measured by microscopy, flow cytometry, and possibly
Western blotting of cell/tissue lysates, with normalization for
the total H2AX levels. Measurement of γH2AX with the use
of multiparameter flow or laser scanning cytometry seems
to be particular advantageous as H2AX phosphorylation
can be determined in individual cells with high sensitivity
and accuracy and γH2AX expression in cell populations can
be correlated with DNA content or induction of apoptosis
[79, 80].

5. Applications of γH2AX Detection

Assessment of H2AX phosphorylation as a reporter of DNA
damage can be clinically useful. The most important clinical
application of γH2AX measurements is to follow DSBs
levels induced by radio- and chemotherapy as a marker of
treatment efficacy [81, 82] and in dose/scheduling estimation
as well as to determine the efficiency of DNA repair to
predict possible tumor sensitivity or resistance to DNA
damaging anticancer agents. By assessing DSB levels induced
by anticancer treatment in normal cells, one may also predict
toxicity of anticancer treatment.

Exposure to endogenous or environmental mutagens
results in DNA damage which in turn activates the DDR
cascade [83, 84]. Once activated, the DDR machinery

functions as an “anticancer barrier” and delays or suppresses
tumor development by inducing cell death or replicative
senescence [83, 85]. However, prolonged activation of DDR
may sometimes lead to survival of malignant cells if only
these cells are able to bypass cell growth barrier imposed
by the DDR pathway [79]. Thus, activated components of
the DDR can be used as cancer biomarkers, with γH2AX
being the most sensitive one. In this way, γH2AX level
measurements may help to detect precancerous lesions or
cancer at its early stages [86–88]. In this case, increased
background levels of γH2AX or the presence of DSBs on
telomere ends may be indicative for replicative senescence,
including premature senescence induced by anticancer drugs
[89] or cancer progression. Finally, other possible practical
applications of γH2AX include screening for effects of
environmental pollutants (air- or food-borne etc.) or follow-
up of DNA lesions induced by mutagenic substances at
work places, including nurses distributing anticancer drugs
[90]. Similarly, γH2AX may help to evaluate effects of
chemopreventive agents.

Endogenous γH2AX levels may also reflect genomic
instability phenotype since optimal protection against cancer
requires full functionality of both alleles of H2AX gene
(H2AFX). Several different tumor types have been reported
to possess mutations, including single gene polymorphism,
amplification, or deletion in the region 11q23 that maps
for H2AFX [62, 91]. Other groups reported alterations in
H2AX gene copy number or changes in its promoter region
to be associated with the risk of sporadic breast cancer and
lymphomas [81, 92]. In this way, one may also relate H2AFX
mutations or deletions with the susceptibility of individuals
to tumors, such as lymphoma, acute myeloid leukemia, and
head and neck cell carcinomas for tumor risk assessment
studies [92–95].

6. Conclusions

As discussed above, determination of γH2AX levels is not
only important from the fundamental perspective as a sen-
sitive marker of the DNA damage response, including DNA
repair processes. It has also many potential practical appli-
cations in monitoring effects induced by anticancer therapy
and assessing tumor risk as well as in determination of
DNA lesions resulting from exposure of animals and humans
to environmental pollutants. However, it is important to
discuss not only advantages but also potential limitations and
problems of the application of γH2AX in clinical practice.
An obvious advantage of γH2AX compared to other DNA
damage markers is its extremely high sensitivity that enables
one to detect very small changes in genome integrity on a
single cell level. However, the lower limit of γH2AX detection
depends on many factors, including background levels of
nuclear foci observed in unstressed cells, which are associated
with DNA replication and progression through mitosis
[96, 97]. In addition, background γH2AX levels may differ
between various tumor cells and, more importantly, between
tumor and normal cells due to changed functionality of
H2AXF discussed above. This can make it more complicated
to predict the toxicity of anticancer treatment in patients
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based on the direct comparison of DSBs induced in tumor
versus normal cells.

Timing of γH2AX measurements after drug treatment
may also be critical for the appropriate data analysis and
interpretation. Induction of H2AX phosphorylation is, at
least for some agents, very rapid and this requires quick
methods of patient sample acquisition and analysis. In some
situations, the choice between of different sample material
may be crucial for the assay (PBMLs versus tumor cells—
leukemia, normal tissue, and tumor samples for solid tumors
etc.). Moreover, anticancer treatment may lead to increased
phosphorylation of H2AX due to death-associated DNA
fragmentation, especially after long time periods after drug
treatment or in case of agents which induce rapid apoptosis.
However, cell death-related H2AX phosphorylation can be
discriminated from that induced by anticancer treatment
based on focal and diffuse or soluble γH2AX signals [98].
This requires selection of appropriate diagnostic methods
and application of biparametric flow cytometry, scanning
cytometry, or fluorescence microscopy to estimate γH2AX
levels.
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plex H2AX phosphorylation patterns by multiple kinases
including ATM and DNA-PK in human cells exposed to
ionizing radiation and treated with kinase inhibitors,” Journal
of Cellular Physiology, vol. 202, no. 2, pp. 492–502, 2005.

[31] N. Ayoub, A. D. Jeyasekharan, J. A. Bernal, and A. R. Venki-
taraman, “HP1-β mobilization promotes chromatin changes
that initiate the DNA damage response,” Nature, vol. 453, no.
7195, pp. 682–686, 2008.

[32] A. A. Goodarzi, A. T. Noon, D. Deckbar et al., “ATM signaling
facilitates repair of DNA double-strand breaks associated with
heterochromatin,” Molecular Cell, vol. 31, no. 2, pp. 167–177,
2008.

[33] A. A. Goodarzi, A. T. Noon, and P. A. Jeggo, “The impact of
heterochromatin on DSB repair,” Biochemical Society Transac-
tions, vol. 37, no. 3, pp. 569–576, 2009.

[34] M. S. Luijsterburg, C. Dinant, H. Lans et al., “Heterochro-
matin protein 1 is recruited to various types of DNA damage,”
Journal of Cell Biology, vol. 185, no. 4, pp. 577–586, 2009.

[35] C. Dinant and M. S. Luijsterburg, “The emerging role of HP1
in the DNA damage response,” Molecular and Cellular Biology,
vol. 29, no. 24, pp. 6335–6340, 2009.

[36] T. T. Paull, E. P. Rogakou, V. Yamazaki, C. U. Kirchgessner,
M. Gellert, and W. M. Bonner, “A critical role for histone
H2AX in recruitment of repair factors to nuclear foci after
DNA damage,” Current Biology, vol. 10, no. 15, pp. 886–895,
2000.

[37] J. Kobayashi, H. Tauchi, S. Sakamoto et al., “NBS1 localizes
to γ-H2AX foci through interaction with the FHA/BRCT
domain,” Current Biology, vol. 12, no. 21, pp. 1846–1851, 2002.

[38] J. Kobayashi, A. Antoccia, H. Tauchi, S. Matsuura, and K.
Komatsu, “NBS1 and its functional role in the DNA damage
response,” DNA Repair, vol. 3, no. 8-9, pp. 855–861, 2004.

[39] G. S. Stewart, B. Wang, C. R. Bigneli, A. M. R. Taylor, and
S. J. Elledge, “MDC1 is a mediator of the mammalian DNA
damage checkpoint,” Nature, vol. 421, no. 6926, pp. 961–966,
2003.

[40] M. Stucki and S. P. Jackson, “γH2AX and MDC1: anchoring
the DNA-damage-response machinery to broken chromo-
somes,” DNA Repair, vol. 5, no. 5, pp. 534–543, 2006.

[41] I. M. Ward, K. Minn, K. G. Jorda, and J. Chen, “Accumulation
of checkpoint protein 53BP1 at DNA breaks involves its bind-
ing to phosphorylated histone H2AX,” Journal of Biological
Chemistry, vol. 278, no. 22, pp. 19579–19582, 2003.

[42] L. B. Schultz, N. H. Chehab, A. Malikzay, and T. D. Hala-
zonetis, “p53 binding protein 1 (53BP1) is an early participant
in the cellular response to DNA double-strand breaks,” Journal
of Cell Biology, vol. 151, no. 7, pp. 1381–1390, 2000.

[43] M. Stucki, J. A. Clapperton, D. Mohammad, M. B. Yaffe,
S. J. Smerdon, and S. P. Jackson, “MDC1 directly binds

phosphorylated histone H2AX to regulate cellular responses
to DNA double-strand breaks,” Cell, vol. 123, no. 7, pp. 1213–
1226, 2005.

[44] Z. Lou, K. Minter-Dykhouse, S. Franco et al., “MDC1 main-
tains genomic stability by participating in the amplification of
ATM-dependent DNA damage signals,” Molecular Cell, vol. 21,
no. 2, pp. 187–200, 2006.

[45] A. Celeste, S. Petersen, P. J. Romanienko et al., “Genomic
instability in mice lacking histone H2AX,” Science, vol. 296,
no. 5569, pp. 922–927, 2002.

[46] K. Minter-Dykhouse, I. Ward, M. S. Y. Huen, J. Chen, and
Z. Lou, “Distinct versus overlapping functions of MDC1 and
53BP1 in DNA damage response and tumorigenesis,” Journal
of Cell Biology, vol. 181, no. 5, pp. 727–735, 2008.

[47] T. Kouzarides, “Chromatin modifications and their function,”
Cell, vol. 128, no. 4, pp. 693–705, 2007.

[48] S. D. Taverna, H. Li, A. J. Ruthenburg, C. D. Allis, and D.
J. Patel, “How chromatin-binding modules interpret histone
modifications: lessons from professional pocket pickers,”
Nature Structural and Molecular Biology, vol. 14, no. 11, pp.
1025–1040, 2007.

[49] D. Durocher, J. Henckel, A. R. Fersht, and S. P. Jackson,
“The FHA domain is a modular phosphopeptide recognition
motif,” Molecular Cell, vol. 4, no. 3, pp. 387–394, 1999.

[50] I. A. Manke, D. M. Lowery, A. Nguyen, and M. B. Yaffe,
“BRCT repeats as phosphopeptide-binding modules involved
in protein targeting,” Science, vol. 302, no. 5645, pp. 636–639,
2003.

[51] X. Yu, C. C. S. Chini, M. He, G. Mer, and J. Chen, “The BRCT
domain is a phospho-protein binding domain,” Science, vol.
302, no. 5645, pp. 639–642, 2003.

[52] J. A. Clapperton, I. A. Manke, D. M. Lowery et al., “Structure
and mechanism of BRCA1 BRCT domain recognition of
phosphorylated BACH1 with implications for cancer,” Nature
Structural and Molecular Biology, vol. 11, no. 6, pp. 512–518,
2004.

[53] R. S. Williams, M. S. Lee, D. D. Hau, and J. N. M. Glover,
“Structural basis of phosphopeptide recognition by the BRCT
domain of BRCA1,” Nature Structural and Molecular Biology,
vol. 11, no. 6, pp. 519–525, 2004.

[54] C. Lukas, F. Melander, M. Stucki et al., “Mdc1 couples DNA
double-strand break recognition by Nbs1 with its H2AX-
dependent chromatin retention,” EMBO Journal, vol. 23, no.
13, pp. 2674–2683, 2004.

[55] M. Rodriguez, X. Yu, J. Chen, and Z. Songyang, “Phosphopep-
tide Binding Specificities of BRCA1 COOH-terminal (BRCT)
Domains,” Journal of Biological Chemistry, vol. 278, no. 52, pp.
52914–52918, 2003.

[56] M. Goldberg, M. Stucki, J. Falck et al., “MDC1 is required for
the intra-S-phase DNA damage checkpoint,” Nature, vol. 421,
no. 6926, pp. 952–956, 2003.

[57] J. Falck, J. Coates, and S. P. Jackson, “Conserved modes of
recruitment of ATM, ATR and DNA-PKcs to sites of DNA
damage,” Nature, vol. 434, no. 7033, pp. 605–611, 2005.

[58] Z. You, C. Chahwan, J. Bailis, T. Hunter, and P. Russell,
“ATM activation and its recruitment to damaged DNA require
binding to the C terminus of Nbs1,” Molecular and Cellular
Biology, vol. 25, no. 13, pp. 5363–5379, 2005.

[59] J. R. Chapman and S. P. Jackson, “Phospho-dependent
interactions between NBS1 and MDC1 mediate chromatin
retention of the MRN complex at sites of DNA damage,”
EMBO Reports, vol. 9, no. 8, pp. 795–801, 2008.



8 Journal of Nucleic Acids

[60] A. Celeste, S. Difilippantonio, M. J. Difilippantonio et al.,
“H2AX haploinsufficiency modifies genomic stability and
tumor susceptibility,” Cell, vol. 114, no. 3, pp. 371–383, 2003.

[61] S. Petersen, R. Casellas, B. Reina-San-Martin et al., “AID
is required to initiate Nbs1/γ-H2AX focus formation and
mutations at sites of class switching,” Nature, vol. 414, no.
6864, pp. 660–665, 2001.

[62] C. H. Bassing, K. F. Chua, J. Sekiguchi et al., “Increased ioniz-
ing radiation sensitivity and genomic instability in the absence
of histone H2AX,” Proceedings of the National Academy of
Sciences of the United States of America, vol. 99, no. 12, pp.
8173–8178, 2002.

[63] B. Reina-San-Martin, S. Difilippantonio, L. Hanitsch, R. F.
Masilamani, A. Nussenzweig, and M. C. Nussenzweig, “H2AX
is required for recombination between immunoglobulin
switch regions but not for intra-switch region recombination
or somatic hypermutation,” Journal of Experimental Medicine,
vol. 197, no. 12, pp. 1767–1778, 2003.

[64] A. Xie, N. Puget, I. Shim et al., “Control of sister chromatid
recombination by histone H2AX,” Molecular Cell, vol. 16, no.
6, pp. 1017–1025, 2004.

[65] J. Kao, M. T. Milano, A. Javaheri et al., “γ-H2AX as a
therapeutic target for improving the efficacy of radiation
therapy,” Current Cancer Drug Targets, vol. 6, no. 3, pp. 197–
205, 2006.

[66] S. Franco, M. Gostissa, S. Zha et al., “H2AX prevents
DNA breaks from progressing to chromosome breaks and
translocations,” Molecular Cell, vol. 21, no. 2, pp. 201–214,
2006.

[67] A. R. Ramiro, M. Jankovic, E. Callen et al., “Role of genomic
instability and p53 in AID-induced c-myc-Igh translocations,”
Nature, vol. 440, no. 7080, pp. 105–109, 2006.

[68] A. Kinner, W. Wu, C. Staudt, and G. Iliakis, “Gamma-H2AX
in recognition and signaling of DNA double-strand breaks in
the context of chromatin,” Nucleic Acids Research, vol. 36, no.
17, pp. 5678–5694, 2008.

[69] S. Matsuoka, B. A. Ballif, A. Smogorzewska et al., “ATM
and ATR substrate analysis reveals extensive protein networks
responsive to DNA damage,” Science, vol. 316, no. 5828, pp.
1160–1166, 2007.

[70] S. Sakamoto, K. Iijima, D. Mochizuki et al., “Homologous
recombination repair is regulated by domains at the N- and
C-terminus of NBS1 and is dissociated with ATM functions,”
Oncogene, vol. 26, no. 41, pp. 6002–6009, 2007.

[71] C. H. Bassing and F. W. Alt, “H2AX may function as an anchor
to hold broken chromosomal DNA ends in close proximity,”
Cell Cycle, vol. 3, no. 2, pp. 149–153, 2004.
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The ATR-Chk1 checkpoint pathway is activated by UV-induced DNA lesions and replication stress. Little was known about
the spatio and temporal behaviour of the proteins involved, and we, therefore, examined the behaviour of the ATRIP-ATR and
Rad9-Rad1-Hus1 putative DNA damage sensor complexes and the downstream effector kinase Chk1. We developed assays for the
generation and validation of stable cell lines expressing GFP-fusion proteins. Photobleaching experiments in living cells expressing
these fusions indicated that after UV-induced DNA damage, ATRIP associates more transiently with damaged chromatin than
members of the Rad9-Rad1-Hus1 complex. Interestingly, ATRIP directly associated with locally induced UV damage, whereas
Rad9 bound in a cooperative manner, which can be explained by the Rad17-dependent loading of Rad9 onto damaged chromatin.
Although Chk1 dissociates from the chromatin upon UV damage, no change in the mobility of GFP-Chk1 was observed,
supporting the notion that Chk1 is a highly dynamic protein.

1. Introduction

Eukaryotic cells are continuously threatened by DNA damage
caused by environmental factors and intracellular metabolic
processes. To protect themselves against these potential
threats, cells have developed DNA damage checkpoint and
repair mechanisms, which help to ensure transmission of
an intact genome. Cell cycle checkpoints and DNA repair
mechanisms together determine the ultimate faith of the cell
after suffering DNA damage. Activation of the DNA damage
checkpoint involves the activation of transducer kinases
ATR/ATM and subsequently the effector kinases Chk1/Chk2
[1]. So-called mediator proteins, including Claspin and
BRCA1, were additionally discovered, and function either
in the recruitment of substrates to DNA lesions or as
scaffolds on which protein complexes are assembled [2, 3].
In response to a variety of DNA damaging agents like UV
light and replication stress, the ATR-mediated checkpoint
pathway is activated. Biochemical data indicates that ATRIP,
in complex with ATR, binds to RPA-coated single stranded

DNA (ssDNA) [4]. Independently, the Rad17-RFC complex
is also recruited to sites of damage. The Rad17-RFC protein
complex facilitates the loading of the Rad9-Rad1-Hus1 (9-1-
1 complex) sliding clamp onto the DNA [5–7]. Subsequently,
TopBP1 is recruited to DNA lesions by binding to the
Rad9 subunit of the 9-1-1 complex, thereby locating near
the ATRIP-ATR heterodimer. Through an interaction with
TopBP1, ATR becomes fully active, resulting in the activation
of effector kinase Chk1 and subsequent checkpoint arrest
[8–10].

Detection of DNA alterations after genotoxic stress is
essential for the survival of cells and gaining more insight
into the early events of the DNA damage response will give
a better understanding of how DNA damage checkpoints
function, how genome stability is achieved, and how cancer
can develop. In recent years, biochemical work has provided
invaluable insight into the requirements, substrates, and
activities of proteins involved in the ATR-mediated check-
point pathway [11–13]. Although the importance for protein
localization after DNA damage induction has been reported
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for proteins involved in the response to double-stranded
breaks (DSBs), not much is known about how the ATR-
Chk1 pathway operates in living cells and moreover, how the
spatio and temporal behaviour of proteins in this pathway
influence the DNA damage response [14, 15]. We set out to
study the behaviour of ATRIP-ATR and 9-1-1 DNA damage
sensor complexes by creating cDNA constructs expressing
GFP- (green fluorescent protein-) tagged proteins in human
cells. The use of GFP-fusion proteins creates advantages over
using standard immunofluorescence techniques as it avoids
fixation methods and antibody artefacts. In addition, GFP-
labelled proteins can be followed in time using live cell
video microscopy. Furthermore, due to the spectral qualities
of GFP and its variants it has become possible to perform
quantitative fluorescent analysis [16–18]. The use of GFP-
labelled proteins opens up a number of new possibilities in
the DNA damage response field. First, the localization GFP-
fusion proteins can be directly followed into DNA damage-
induced nuclear foci. Second, the ability to measure in time
makes it possible to establish an order of events occurring
directly after DNA damage induction. Third, the existence of
multiple spectral GFP-variants allows for the simultaneous
detection of several fluorescently labelled proteins in a single
cell [19–21]. Forth, live cell video microscopy in combination
with GFP-photobleaching experiments can be applied to
quantitatively determine changes in protein mobility in
response to DNA damage. Collectively, these tools help to
increase our understanding of cellular mechanisms involved
in DNA damage response.

The accumulation of DNA damage response proteins at
sites of damage, shown in cells as nuclear foci, is essential
for downstream checkpoint events, although how, is not
yet fully understood [22–24]. Many, if not most, proteins
in the ATR-mediated checkpoint pathway are recruited to
sites of damage into nuclear foci. As a result, a proportion
of the total amount of free proteins becomes immobilized
in these foci due to interactions with either the damaged
chromatin or other proteins at the DNA lesion. To gain more
understanding of the DNA damage-induced behaviour of a
protein, its localization and mobility can be determined. The
DNA damage-induced change in protein mobility has been
studied for several proteins involved in the DNA damage
response, mainly in DNA repair and in response to double
stranded breaks (DSBs) [17, 25–27]. The studies performed
on proteins involved in nucleotide excision repair (NER), for
example, have been important in understanding this DNA
repair process and helped explain some of the phenotypic
characteristics seen in patients that harbour mutations in
proteins in this pathway. This indicates the importance of
these types of studies for research in cancer and related
diseases associated with genome instability [28, 29].

A method was setup for the generation of stable cell
lines expressing GFP-fusion proteins and different assays
to validate and characterize GFP-expressing cell lines were
developed. We analyzed the dynamic behaviour of multiple
proteins involved in the ATR checkpoint pathway including
all three components of the 9-1-1 complex, ATRIP, and of
the downstream kinase Chk1. We compared the mobility
changes of these proteins after UV-irradiation and together

the results indicated a distinct dynamic behaviour of the
studied proteins. Whereas effector kinase Chk1 was highly
mobile and did not immobilize upon DNA damage, Rad9
and ATRIP were associated to sites of DNA damage. ATRIP
directly bound to DNA lesions but in a more transient man-
ner than Rad9, which displayed a relatively slow exchange
with damaged chromatin. Together these data demonstrate
the importance of spatio and temporal protein regulation in
the cells response to DNA damage.

2. Materials and Methods

2.1. Cell Culture. U2OS, Hela, and 293T cells were grown
using standard procedures. U2OS and Hela cells stably
expressing eGFP-fusion proteins were grown in standard
medium supplemented with 350–700 μg/mL of G418 (gen-
tamicin).

2.2. Antibodies. Antibodies obtained from commercial
sources were as follows: Orc2 (BD Pharmingen), Grb2
(BD Transduction), RPA (Ab2, Oncogene), Rad9 (Novus),
γH2AX (Upstate), Chk1-pS317 (Cell Signaling), and Chk1
(Abcam). The following antibodies were obtained from
Santa Cruz Biotechnology: CENP-F (H-260), Cyclin A (H-
432), Cyclin B1 (GNS1), Ku86 (C-20), Chk1 (G-4), Rad1 (N-
18), Rad9 (C-20), and ATR (N-19).

Rabbit polyclonal anti-Rad9, anti-Hus1, and anti-GFP
were described before and a kind gift by R. Freire (Tenerife,
Spain) [30, 31]. Rabbit polyclonal anti-ATRIP was a kind gift
by P. M. Reaper (UK) [32].

2.3. Transfection. Plasmid DNA was transfected into cells
using the calcium phosphate transfection method.

siRNA oligonucleotides (Dharmacon Research) were
transfected into cells using Oligofectamine (Invitrogen)
according to the manufacturer’s instructions and as previ-
ously described [33]. Sequences of oligonucleotides were as
follows:

Luc (CGUACGCGGAAUACUUCGAdTdT),
Chk1 (UCGUGAGCGUUUGUUGAACdTdT)
Rad9 (ACCACUAUAGGCAAUGAGGdTdT)
Rad9 3′UTR (CCAAGAACCUGAAGCCUGUUU/

GAAUCCAGCUUUGACCUUUU).

2.4. Colony Survival Assays. Cells were counted and 1000
cells were seeded onto 60 mm diameter dishes whereafter left
for 12 hours to attach. Cells were treated with different doses
of UV (5, 10, 15, and 20 J/m2) and incubated for 7–14 days,
after which the colonies were fixed, stained, and counted. All
experiments were performed in triplicate.

2.5. Immunofluorescence. For immunostaining, cells were
fixed in 2% paraformaldehyde containing 0.2% Triton X-
100 for 20 minutes at RT and then permeabilized with 0.1%
Triton X-100 for 5 minutes at RT. Samples were blocked in
1% FCS and immunostained with antibodies as indicated.
For detection of GFP-tagged proteins in U2OS cells, living
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cells were studied or cells were fixed and permeabilized as
above.

Images were made using a Cell Observer fluorescent
microscope equipped with Axiovision software (Zeiss) or
a Confocal Laser Scanning Microscope LSM 510 (Zeiss),
equipped with a 488 nm Ar-laser and a 505–530 nm bandpass
filter for green fluorescence. Red fluorescence was detected
using a 543 nm laser and 560 nm longpass filter. For strip-
FRAP experiments and time lapse imaging after UV laser
induction, GFP-tagged proteins were detected in living cells
using a Confocal Laser Scanning Microscope LSM 510
(Zeiss), equipped with a 488 nm Ar-laser and a 505–530 nm
bandpass filter for green fluorescence.

2.6. Whole Cell Extracts and Cell Fractionation. For whole
cell extracts, cells were washed in cold PBS, after which the
cells were resuspended in Laemmli sample buffer (4% SDS,
20% glycerol, 120 mM Tris pH 6.8) and boiled for 5 minutes.
Protein concentrations were determined using the Lowry
protein assay. Chromatin fractionation was performed as
previously described [34, 35].

2.7. Generation of DNA Damage and Photobleaching Tech-
niques. UV-irradiation was performed using a 254 nm UV-
C lamp (Philips) at 20 J/m2 and cells were processed 1
hour posttreatment. Cells were incubated with 5 μg/mL of
aphidicolin (Sigma) for 20 hours prior to processing of
samples. Cells were incubated with 200 nM camptothecin
(Sigma) for 20 hours before fixation. IR (10 Gy) was induced
using a 137Cs source or a linear accelerator (LINAC) and
cells were processed 2 hours after treatment. Local UV
laser induction was performed as previously described [36].
In short, cells were grown on a 25 mm quartz coverslip.
A small area inside the nucleus was exposed for ∼1
second to a 2 mW pulsed (7.8 kHz) diode laser emitting
at 266 nm. Time-lapse images were made every minute
immediately starting after local UV induction. The time
course measurements were normalized to the plateau phase.
Start of UV irradiation was defined as t = 0. Assembly
curves were normalized to 1 and processed as previously
described [26].

In the FRAP experiments, a strip spanning the nucleus
was photobleached for 20 milliseconds using an Ar-laser
(488 nm) at 100% laser intensity, which irreversibly bleaches
all GFP molecules in that area. Subsequently, the redis-
tribution of fluorescence in the strip was monitored by
taking confocal images every 20 milliseconds for a total
of 24 seconds at low laser intensity to avoid further
bleaching. The fluorescence before bleaching (It<0) was set
to 1 and the intensity immediately after bleaching (I0) was
set to 0. The recovery of fluorescence was plotted against
time.

In the FLIP experiments, half of the nucleus was
continuously bleached using an Ar-laser (488 nm) at 50%
laser intensity. Subsequently, the loss of fluorescence in
the unbleached area was monitored taking confocal images
every 10 seconds for a total of 300 seconds at low laser
intensity. The fluorescence before bleaching (It<0) was set to

1. The loss of fluorescence was plotted against time. FLIP-
FRAP experiments were performed as previously described
[33, 37].

3. Results

3.1. Generation of Cell Lines Stably Expressing GFP-Tagged
Proteins. The limitations of conventional fixation methods
were overcome by the introduction of GFP, the green
fluorescent protein derived from Aequorea Victoria, a species
of jellyfish [38, 39]. Through the cloning of the cDNA
encoding GFP, it became possible to fluorescently label
proteins and express them, thereby creating the opportunity
for monitoring proteins in living cells. Different fluorescent
versions of the GFP exist such as the red fluorescent
(RFP), yellow fluorescent (YPF), and cyan fluorescent (CFP)
protein, and many more spectral variants have been created
since [40]. The expression of GFP and derivatives itself
in mammalian cells is not harmful although the protein
originates from a different species. Nonetheless, labelling of
proteins with (fluorescent) epitopes can potentially influence
the behaviour of the labelled protein. Validation and func-
tional analysis of a GFP-fusion protein construct, therefore,
is essential for the interpretation of experimentally obtained
data.

The amount of fluorescence signal in a cell population
derived from a single cell clone is in principle identical in all
cells and, therefore, comparing fluorescence intensities after
different treatments becomes reliable. We setup a method
for the creation, generation, and validation of GFP-fusion
proteins for the purpose of live cell imaging. The approach
is schematically depicted in Figure 1(a) and discussed
below.

3.1.1. Creation of GFP-Tagged Protein Constructs. After the
discovery of GFP and its potential usefulness in biology,
the protein itself became the subject of intensive research.
Certain mutations in the GFP gene lead to different spectral
variants and improvements in the protein characteristics,
such as an increase in brightness (fluorescent intensity) and
photo stability [41]. These qualities can be found in, for
example, the GFP variant called “enhanced GFP” (eGFP).
Vectors encoding for eGFP and fluorescent derivates are
commercially available (Clontech) and have been published
[40]. In the studies presented here, we made use of vec-
tors containing eGFP or eGFP with the addition of two
other, nonfluorescent epitopes, namely, an HA- and His-tag
(eGFP will hereafter be referred to as GFP). The additional
epitope creates the possibility to detect the GFP-fusion
protein with antibodies directed against the HA- and/or
His-tags. Additionally, these tags can be used for immuno-
precipitation experiments to identify interaction partner
proteins.

For proper cellular function a protein needs to be folded
correctly upon its expression. Since GFP and the cDNA of
interest encode for two proteins that are attached, proper
protein folding might be influenced by sterical hindrance.
As a possible solution to this problem, adding a small
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Figure 1: Generation of stable cell lines expressing GFP-tagged proteins. (a) Stepwise protocol for stable expression of GFP-fusion proteins in
cells. (b) 293T cells were transfected with GFP-Rad1, Rad1-GFP, or mock transfected, after which cells were lysed and immunoprecipitations
were carried out using anti-GFP antibody. Western blot analysis of the immunoprecipitates using the indicated antibodies. (c) Protein
expression analysis of different stable clones. Western blot analysis of whole cell extracts using the indicated antibodies.
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DNA sequence linker in between the sequence encoding
for GFP and the cDNA this can be minimized [38, 42].
In addition, such a linker might help to restore the function-
ality of the protein, as a rigid tag might interfere with, for
example, binding to (endogenous) partners.

In addition to a neomycin resistance cassette for selec-
tion, the GFP vectors contain a CMV promoter that is
compatible with expression in immortalized cells, such as
the human osteosarcoma (U2OS) and epithelial cervical
cancer (Hela) cell lines used in this study. As adding a
tag might influence protein functionality, it is advisable
to construct both N- and C-terminal labelled versions of
the proteins. cDNA was cloned into the GFP-vectors via
PCR and/or restriction enzyme cutting and religating by
T4 DNA ligase, resulting in plasmids encoding an in-
frame sequence of GFP and the cDNA of interest. After
obtaining the right plasmid DNA the functionality of the
GFP-fusion protein was tested by determining the interaction
with its known binding partners. In this way a reasonable
choice can be made to continue with either the N- or C-
terminally tagged version of the protein, or both. After
transient expression of the cDNA encoding the GFP-fusion
protein and the known binding partner, cell extracts were
prepared for immunoprecipitation using antibodies against
GFP. The interaction with the known binding partners was
determined by western blotting. The N- and C-terminally
labelled proteins from the Rad9-Rad1-Hus1 complex were
tested in this manner. Labelling of Rad1 at either site of the
protein did not influence the interaction with endogenous
Hus1 (Figure 1(b)). GFP-labelling of Rad9 at the C-terminus
completely abrogated the interaction with its binding part-
ners whereas Hus1 labelling at the N-terminus decreased
the binding to its partners (data not shown). When binding
partners of a GFP-fusion protein are not known or do
not exist and/or antibodies are not available testing for
functionality must be performed in a different manner. Later
in this section, different assays that can be used to validate
the function of the GFP-tagged protein in living cells are
described.

3.1.2. Expression of GFP-Tagged Proteins in Human Cells.
After obtaining cDNA encoding a GFP-fusion protein, cells
were transfected to achieve random integration of the
GFP-fusion construct. We used the well studied human
U2OS and Hela cells for the expression of the GFP-
fusion protein since these cells are well-suited for both
live cell imaging and siRNA-mediated downregulation of
proteins. We obtained a transient transfection efficiency of
∼70% in both Hela and U2OS cells using the calcium-
phosphate transfection method, whereafter we started with
antibiotic selection. Importantly, multiple copies of the
cDNA can be incorporated in the genome and the site (s)
of integration additionally may create artefacts and influence
cellular behaviour. In human cells this problem can only
be tackled by using retroviral constructs that integrate only
once. To minimize these possible artefacts we only selected
individual clones expressing low amounts of GFP-fusion
proteins.

3.1.3. Selection of GFP-Positive Cells Using an Antibiotic
Selection Marker. To obtain cells that incorporated at least
one copy of the GFP-fusion cDNA we used antibiotic
selection through the neomycin-resistance cassette present in
the GFP vector. To achieve stable integration of the cDNA
in the genome of the transfected cells, cells were seeded in
different densities and selected using 700 μg/mL G418 for at
least two weeks, refreshing the medium with antibiotics every
3 days.

3.1.4. FACS Sorting of GFP-Positive Cells. G148 selection
caused cell death of cells that did not integrate the cDNA
construct in their genome. GFP-positive cells were sorted
from the total population by FACS. Approximately 5%–
10% of the cells became GFP-positive after two weeks of
G418 selection. This small percentage is most likely due
to an incorrect integration the GFP-fusion cDNA causing
expression of the only part of the construct including the
G418 resistance cassette. The sorted GFP-positive cells were
replated in different dilutions so that single cells could grow
into discrete colonies. Cells were kept in similar conditions
of antibiotic selection as previously used and medium was
refreshed at least twice a week.

3.1.5. Picking of Individual Cell Colonies. After the multipli-
cation of a single cell into a colony of around 50–100 cells,
the colonies were randomly picked under sterile conditions
using an inverted light microscope. At least 24 colonies
were picked for every cell line. The selected colonies were
kept in individual wells and were cultured until completely
confluent, whereafter split into two plates. One plate was
frozen and the other one was used to prepare cell lysates for
expression analysis.

3.1.6. Determining Protein Expression Levels of the GFP-
Fusion. The cell lysates from individual clones were analyzed
by SDS-PAGE and western blotting using antibodies specifi-
cally against the protein of interest and GFP. Expression levels
of the endogenous compared to the GFP-fusion protein was
determined as well as the amount of free GFP or the existence
of degradation products.

3.1.7. Selecting Clones Expressing Relatively Low Amounts of
GFP-Tagged Protein. Clones were selected on the basis of the
following criteria: low expression levels of the GFP-fusion
protein (not higher than that of the endogenous protein)
and the absence of free GFP or other undefined products,
based on the western blotting analysis. A number of 4 clones
that meet these criteria were selected and thawed for further
validation. Clones were cultured in medium containing
350 μg/mL G418 to maintain expression of the GFP-fusion
protein.

With the method described above stable cell lines were
obtained that express a GFP-fusion from the ATR-Chk1
pathway, namely, ATRIP, Rad17, Rad9, Rad1, Hus1, and
Chk1 (Figure 1(c) and data not shown). We also generated
control cell lines expressing GFP and H2B-GFP-Chk1.
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3.1.8. Validation and Characterization of the Selected Stable
Cell Lines. To validate the functionality of the GFP-fusion
protein and characterize the stable cell lines we utilized a
number of assays.

Immunoprecipitations (IP) of the GFP-fusion protein
were performed to confirm the interaction of the GFP-fusion
with its known endogenous protein partners. We published
before that GFP-Rad9 interacts with its endogenous partners
Rad1 and Hus1 [33]. A similar experiment was performed
with GFP-ATRIP, which demonstrated that the GFP-fusion
was able to bind endogenous ATR (Figure 2(a)).

To check if stable expression of the GFP-fusion protein
influences the cells response to DNA damage by functioning
as a dominant negative, we determined the sensitivity of
our cell lines to genotoxic stress. We compared the colony
survival in response to UV light of the stable clones to the
parental untransfected cell line. As shown in Figure 2(b), the
expression of the GFP-Rad9 in both Hela and U2OS cells
did not alter the sensitivity to UV damage, indicating that
GFP-Rad9 does not function as a dominant negative. The
expression of GFP alone in Hela cells also did not influence
sensitivity to UV-irradiation.

The ATR-dependent checkpoint pathway is triggered in
response to genotoxic stress and induces the ATR-mediated
phosphorylation of Chk1, which results in a temporal cell
cycle arrest [11]. To test if expression of the GFP-fusion pro-
teins influences checkpoint activation we monitored the UV-
induced phosphorylation of Chk1. Expression of GFP-ATRIP
and GFP-Chk1 did not influence the levels of phosphorylated
Chk1 (Figure 2(c)). GFP-Chk1 is phosphorylated in response
to UV damage, indicating the GFP-tagged Chk1 behaves
similarly to the endogenous one. To study the G2 phase
arrest induced by DNA damage, we determined the mitotic
index of cells expressing GFP-Chk1 and untransfected cells.
A similar decrease in mitotic cells upon ionizing radiation
(IR) was observed in GFP-Chk1 expressing and control
cells, indicating that expression of GFP-Chk1 does not
interfere with the DNA damage-induced G2 checkpoint
(Figure 2(d)).

Although these assays demonstrate the absence of a
dominant negative effect of the GFP-fusions, to definitively
rule out problems due to GFP-tagging, complementation of
a mutant or knock out cell line is required. Cells derived from
Seckel syndrome patients that harbour a mutation in the ATR
gene, leading to an abrogated expression of the ATR protein,
are available [43], but most proteins in this pathway are
essential for cell viability making a direct complementation
impossible in human cells. In addition, knock outs of Rad9
and Hus1 in mouse embryonic stem cells are lethal, although
the lethality of Hus1 disruption can be rescued by knocking
out p21 [44–46]. Chicken DT40 cells can be successfully
used for knocking out genes that are essential in mammalian
cells, like Chk1, but are less suitable for the generation of
stable GFP-fusion cell lines and live cell imaging, since these
cells are genomically unstable and can only be cultured
in suspension [47]. Another approach is siRNA-mediated
downregulation of the endogenous protein and subsequent
complementation by expression of the GFP-tagged protein.
We favour this option since in this way we are able to study

both the functionality of the GFP-fusion protein as well as its
mobility in the same cell line.

To specifically downregulate the endogenous protein, dif-
ferent siRNA-mediated approaches are available. First, as the
cDNA encoding for the GFP-fusion protein does not contain
a 3′UTR, the use of siRNA oligos that specifically target this
region of the protein of interest should result in knock down
of the endogenous protein only. We applied this approach
in cells expressing GFP-Rad9. Figure 2(e) demonstrates that
48 hours after transfection with siRNA oligo number 1,
endogenous Rad9 is more efficiently downregulated than the
GFP-labelled Rad9 protein. At 72 hours after transfection,
the efficiency of downregulation became less, demonstrating
that knock down is optimal 48 hours after transfection
with siRNA oligo number 1. Transfection with siRNA oligo
number 2 also lowered endogenous Rad9 levels more than
the GFP-labelled Rad9 protein levels and the efficiency of
downregulation was similar between 48 and 72 hours after
transfection. In an alternative approach, a silent mutation is
made in the cDNA of the GFP-tagged protein, thereby leaving
the encoded protein unchanged. By using siRNA oligos that
recognize the mRNA from the endogenous but not the GFP-
fusion protein, the endogenous protein can be specifically
downregulated, such that the functionality of the GFP-fusion
protein can be assessed [33]. Collectively the performed
validation assays indicate that the introduction and stable
expression of GFP-fusions of Chk1, ATRIP, Rad9, Rad1, and
Hus1 did not change the response of these cells to DNA
damage. These GFP-fusion proteins can therefore be seen as
functional equivalents of their endogenous counterparts.

3.2. Cellular Localization of GFP-Fusion Proteins in Response
to DNA Damage. Numerous studies over the past years
indicated that the accumulation of DNA damage response
proteins at sites of damage is of crucial importance for
downstream checkpoint events [14, 22, 24, 48, 49]. Although
for many proteins involved in checkpoint regulation a
(relatively small) fraction of the total pool of proteins is
bound to chromatin in unperturbed cells, the majority of
these proteins relocalize and accumulate at or near sites
of DNA lesions to form so-called nuclear foci [50]. GFP-
Rad9, for example, localizes into foci after the treatment with
different DNA damaging agents (Figure 3(a)).

To investigate the specific DNA substrate onto which a
protein is recruited, different DNA damaging agents can be
tested, as well as colocalization with other proteins involved
in the DNA damage response. Biochemical experiments
indicated that the Rad17-RFC and ATRIP-ATR protein
complexes are recruited to DNA damage-induced RPA-
coated ssDNA and this localization induces the activation of
the downstream kinase Chk1 [4, 51, 52]. Rad9, a component
of the 9-1-1 complex, is loaded onto the DNA by Rad17-
RFC in response to DNA damage [5, 53]. We observed
colocalization of GFP-Rad9 and RPA upon treatment of
cells with both UV light and IR, suggesting that Rad9 is
recruited to sites of RPA-coated ssDNA (Figure 3(a)). In
response to DNA damage, histone H2AX is phosphorylated
at Ser139 by ATM/ATR [54]. Although phosphorylation
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Figure 2: Validation and functionality of stable cells expressing GFP-fusions. (a) Two independent U2OS clones expressing GFP-ATRIP
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Figure 3: DNA damage-induced foci formation of GFP-Rad9. (a) GFP-Rad9 expressing cells were left untreated or exposed to UV, IR, or
aphidicolin. GFP-Rad9 was detected by direct fluorescence and RPA and γH2AX by immunofluorescence. (b) GFP-Rad9 expressing cells
were treated with 40 J/m2 local UV-irradiation using an isopore filter. One hour later the cells were fixed and stained. GFP-Rad9 was detected
by direct fluorescence and TFIIH by immunofluorescence.

of H2AX (γH2AX) is commonly used to identify DSBs,
γH2AX is also induced in response to UV light or treatment
with other agents that do not directly induce DSBs, like
the replication inhibitor aphidicolin (Figure 3(a)) [55]. We
observed colocalization of GFP-Rad9 and γH2AX in all UV-
induced foci whereas treatment of cells with aphidicolin
or IR did not result in a complete colocalization of the
two proteins (Figure 3(a) and data not shown). Close
inspection demonstrated that foci induced by aphidicolin
either contained both GFP-Rad9 and γH2AX or γH2AX only.
Since the phosphorylation of H2AX is triggered in response

to a wide variety of DNA lesions, we conclude that GFP-Rad9
is only recruited to a subset of aphidicolin-induced DNA
lesions.

Not all proteins accumulate into foci, even though they
are recruited to sites of DNA damage. Proteins involved in
nucleotide excision repair, for example, do not form foci
in response to genotoxic stress. The accumulation of these
proteins onto damaged DNA can be visualized by applying
local UV damage in the nucleus. By irradiating the cells
while covered with an isopore filter, the UV light can only
penetrate the pores and as a consequence, only a small
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part(s) of the nucleus contains damaged DNA [56, 57].
As shown in Figure 3(b), proteins involved in the ATR-
mediated checkpoint pathway, such as Rad9, also accumulate
onto local UV damage. This method requires fixation of
cells and is therefore unsuitable for live cell imaging. The
development of laser-induced DNA damage circumvented
this problem [26, 36, 58]. Laser-induced DNA damage can be
easily combined with live cell imaging and different types of
lasers are commonly available [15, 59]. For example, recent
studies make use of specific types of sources and lasers,
specifically inducing subsets of DNA lesions such as CPDs
and 6-4P induced by UV light, and DSBs [14, 36, 56, 60, 61].
Nonetheless caution is required, as often sources and lasers
also produce other, unwanted, types of lesions, that may
influence protein behaviour adversely [36, 62].

We did not observe the accumulation of the effector
kinase Chk1 into nuclear foci in response to DNA damage
nor onto locally applied UV-induced DNA damage using a
filter (data not shown), in contrast to ATR, TopBP1, 9-1-
1 members, and many other checkpoint mediator proteins.
In this sense, Chk1 behaves similarly to Chk2, the effector
kinase for the cellular response to DSBs [15]. In order to
trigger a cell cycle arrest in response to DNA damage, these
effector kinases phosphorylate a range of substrates that are
present throughout the nucleus. Although both Chk1 and
Chk2 do not associate to chromatin after DNA damage, Chk1
associates to chromatin in unperturbed cells and is released
from the chromatin in response to DNA damage [35]. In the
light of this, the absence of accumulated Chk1 at sites of DNA
lesions was to be expected.

3.3. Quantitative GFP-Fusion Protein Dynamics. By measur-
ing the change in mobility of a protein in response to DNA
damage a number of parameters can be determined. First,
the time the protein spends at the site of a DNA lesion
and second, the fraction of the total amount of protein
engaged in that process. Fluorescent Redistribution after
Photobleaching (FRAP) is applied to study the mobility of
GFP-fusion proteins in living cells. In a defined region (strip)
of the nucleus, the fluorescence is irreversibly photobleached
through brief illumination at high laser intensity (strip-
FRAP). Redistribution or recovery of the total fluorescence
in the bleached area is then measured in time, indicative of
protein mobility [16, 63, 64].

To gain further understanding of how the proteins
in the ATR-pathway sense DNA lesions and subsequently
respond to trigger the checkpoint-mediated cell cycle arrest,
the dynamic behaviour of these proteins was studied. We
demonstrated that GFP-Rad1, GFP-ATRIP, and GFP-Rad9
form foci and are recruited to chromatin in response to DNA
damage, as shown by chromatin fractionation (Figure 4(a),
data not shown) [21]. To address whether these proteins
become immobilized at sites of DNA lesions, we determined
the change in mobility of GFP-Rad1, GFP-Rad9, Hus1-
GFP, and GFP-ATRIP upon UV-irradiation. Importantly, the
total amount of GFP-labelled molecules could be different
between cells and between GFP-fusion protein cell lines.
These two discrepancies could potentially influence photo-
bleaching results since relative immobilization is dependent

on the total amount of protein available. To adjust for cell-to-
cell differences in a population, we normalized the obtained
measurements as described in Section 2. Furthermore, we
used saturating amounts of UV-irradiation to be sure that
all possible molecules would be engaged (data not shown).
Although we did not measure the exact amount of GFP-
fusion molecules per cell, western blotting analysis indicates
that the different GFP-fusion proteins are expressed to a
similar extent (Figure 1(b)).

In response to UV light, 20%–40% of the 9-1-1 complex
proteins become immobilized (Figures 4(b)–4(e)). The GFP-
Rad1 and Hus1-GFP FRAP curves show more variability
compared to the GFP-Rad9 FRAP curve, which is probably
due to the fluorescent variety of the GFP-Rad1 and Hus1-
GFP cell lines and the amount of cells that were measured
(Figures 4(b)–4(d)). Although the ATRIP-ATR complex is
also recruited to sites of DNA damage, relatively less GFP-
ATRIP is immobilized (5%–10%) in response to UV damage
as compared to either of the proteins of the 9-1-1 complex
(Figure 4(e)). These data demonstrate that the 9-1-1 and
ATRIP-ATR complexes behave differently after DNA damage
and suggest that ATRIP displays a higher turnover at sites of
DNA lesions.

To further investigate the possible distinct behaviour
between these two putative DNA damage sensor complexes
Fluorescent Loss after photobleaching (FLIP) experiments
were performed. During FLIP half of the nucleus is
constantly bleached and the loss of fluorescence in the
unbleached half of the nucleus is measured, representing the
rate of dissociation. As shown in Figure 4(f), nondamaged
cells expressing either GFP-Rad9 or GFP-ATRIP completely
lost fluorescence 150 seconds after start of bleaching (k1/2∼
15 seconds). After UV irradiation the dissociation rates
were less fast. GFP-ATRIP completely lost fluorescence after
250 seconds (k1/2 ∼ 25 seconds) whereas GFP-Rad9 after
more than 300 seconds (k1/2∼ 40 seconds). These FLIP
experiments indicate that after DNA damage induction
both ATRIP and Rad9 become less mobile, but the release
(dissociation) of ATRIP from sites of damage is faster than
Rad9. These data are in accordance to the FRAP experi-
ments, that show relatively less immobilization of ATRIP
upon UV irradiation as compared to the proteins of the
9-1-1 complex.

The rate at which proteins associate to sites of DNA
lesions was addressed by measuring the accumulation of
proteins upon local UV laser irradiation. Briefly, a small
area inside the nucleus is irradiated with a 266 nm UV
laser. GFP-Rad9 and GFP-ATRIP fluorescence in the locally
damaged area was measured every 60 seconds until a plateau
was reached. GFP-ATRIP quickly started accumulating at
the damaged area and reaches a plateau ∼20 minutes
after damage induction (k1/2∼ 6 minutes) (Figure 4(g)).
GFP-Rad9 accumulation in the first 8 minutes is relatively
slow, but rises faster thereafter and reaches a plateau
after ∼30 minutes (k 1/2 ∼ 12 minutes) (Figure 4(g)).
These results indicate that ATRIP and Rad9 associate
very differently to UV-damaged DNA and suggest that
ATRIP is recruited directly to the sites of damage in an
exponential manner, following Michaelis-Menten kinetics
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Figure 4: Continued.
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Figure 4: UV-induced changes in mobility of checkpoint proteins. (a) U2OS cells expressing GFP-ATRIP (left panel) and GFP-Rad1 (right
panel) were left untreated or treated with UV. Two hours later, soluble and chromatin-bound proteins were isolated and analyzed by western
blotting using the indicated antibodies. (b–e) Hus1-GFP (b), GFP-Rad1 (c), GFP-Rad9 (d), and GFP-ATRIP (e) expressing cells were left
untreated or treated with UV and analyzed by strip-FRAP (see Section 2 for technical details). (f) U2OS cells expressing GFP-Rad9 or GFP-
ATRIP were left untreated or treated with UV. After 1 hour cells were analyzed by FLIP (see Section 2 for technical details). Plotted is the loss
of fluorescence during continuous bleaching. (g) U2OS cells expressing GFP-Rad9 or GFP-ATRIP were locally irradiated using a 266 nm UV
laser. Plotted is the association of fluorescent signal at the locally damaged area.

[65] whereas the accumulation kinetics of Rad9 follow a
sigmoidal curve (non-Michaelis-Menten kinetics), repre-
senting cooperative binding [66]. Rad17-dependent loading
of Rad9 onto the DNA might explain this cooperative
binding of GFP-Rad9 after DNA damage induction [67],
compared to ATRIP-ATR which binds directly to RPA-coated
ssDNA [4].

Chk1 is phosphorylated at or near the DNA lesion and
thereafter released from the chromatin [35] and conse-
quently, the amount of immobilized GFP-Chk1 measured by
photobleaching experiments might become lower after DNA
damage induction. To test this hypothesis, we performed
strip-FRAP on cells expressing GFP-Chk1 treated with UV
light. We compared the GFP-Chk1 mobility with that of
free GFP and an artificially immobile form of Chk1, where
GFP-Chk1 was fused to histone H2B (H2B-GFP-Chk1)
[35]. Upon photobleaching GFP-Chk1 demonstrated a fast
recovery of fluorescence both before and after UV damage
(Figure 5(a)). The recovery was similar to that of free GFP,
arguing against the existence of a stably bound GFP-Chk1
fraction. Since GFP-Chk1 was present in relatively high
levels due to overexpression in addition to endogenous
Chk1, we reasoned that the amount of Chk1 might be
too high to observe any change in protein mobility upon
DNA damage induction. Therefore, we lowered the total
amount of Chk1 by RNA interference. Cells expressing GFP-
Chk1 were transfected with either control luciferase or Chk1
siRNA oligos. Twenty four hours later cells were treated with

UV light and chromatin fractions were prepared. As shown
in Figure 5(b), both endogenous and GFP-labelled Chkl
were released from chromatin upon DNA damage induction
in control downregulated cells, although the GFP-tagged
version less efficiently than endogenous Chk1 (endogenous
64%, GFP-labelled 16%). Transfection of Chk1 siRNA oligos
resulted in downregulation of endogenous Chk1 and did
not influence the release of Chk1 from chromatin. Although
GFP-Chk1 is less efficiently released from the chromatin
than endogenous Chk1, a small but considerable fraction of
GFP-Chk1 (∼15%) is released in response to DNA damage,
which is comparable to the previous experiment without the
depletion of endogenous Chk1.

Next, we lowered the total amount of Chk1 in GFP-Chk1
expressing cells by siRNA-mediated downregulation. Subse-
quent strip-FRAP analysis indicated that nondamaged GFP-
Chk1 expressing cells did not contain more immobile GFP-
Chk1 molecules compared to UV-treated cells (Figure 5(c)).
Downregulation of Chk1 did not influence the recovery
of residual GFP-Chk1 fluorescence in untreated cells and
accordingly it did not change GFP-Chk1 mobility after UV-
treatment.

The strip-FRAP experiments demonstrated the absence
of a stably bound Chk1 pool in these conditions. Nonethe-
less, these experiments were performed in a relatively short
period of time (20 seconds). Since Chk1 released from
the chromatin in response to UV-induced DNA damage
could be a more gradual and thus time-dependent process,
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we additionally addressed GFP-Chk1 mobility by determin-
ing its residence time on DNA. Chk1 was downregulated in
GFP-Chk1 expressing cells as previously described and sub-
sequently the cells were irradiated with UV-light. Thereafter,
half of the nucleus was bleached once and redistribution of
GFP-Chk1 fluorescence was measured in the bleached and
unbleached area over time. The time it takes to reach full
fluorescent redistribution determines the proteins residence
time. The results shown in Figure 5(d) indicated that GFP-
Chk1 reached redistribution after 40 seconds, which is
outside the timeframe of our original experiment. However,
during the 40 seconds directly after bleaching we did not
observe any difference in the mobility using this method.
These results further indicate that Chk1 is a highly mobile
protein and suggests that it only very transiently interacts
with the chromatin.

4. Discussion

The initial response to DNA damage is of crucial importance
for cell functioning and viability, since an improper DNA
damage response can eventually lead to cancer and other
human diseases [1, 68]. In response to UV light, the putative
DNA sensors Rad17-RFC and ATRIP-ATR are independently
recruited to DNA regions containing RPA-coated ssDNA
[4, 52]. Rad17-RFC is responsible for the loading of the 9-
1-1 complex onto the DNA [5]. These events are required
for the subsequent activation of Chk1, which results in a cell
cycle arrest [12]. To gain further insight into the events that
take place after a genotoxic insult in living cells, we GFP-
labelled several proteins of the ATR pathway and expressed
these fusion proteins in human cells. We discussed how to
generate and validate stable GFP-fusion cell lines.

The quantitative analysis of GFP-fusion proteins in living
cells using video microscopy allowed us to determine the
dynamic behaviour of different individual proteins of the
pathway in response to DNA damage. With the use of
photobleaching techniques (strip-FRAP, FLIP, FLIP-FRAP,
local UV laser) we determined multiple parameters of the
proteins, including the rate of accumulation onto locally
induced UV laser damage, rate of diffusion, immobile
fraction, and the average time of immobilization (residence
time) before and after global UV-irradiation. These methods
are useful tools to investigate the dynamics of proteins
involved in the DNA damage response, as shown in this
paper, since many of the involved proteins bind DNA
or proteins present at the site of damage and become
immobilized to a certain extent.

GFP-Rad9, GFP-Rad1, Hus1-GFP, and GFP-ATRIP accu-
mulate into nuclear foci in response to DNA damage.
However, a relatively larger fraction of the 9-1-1 complex
proteins become immobilized in response to UV as com-
pared to ATRIP. Biochemical experiments show that the 9-
1-1 complex is loaded onto the 5′ ssDNA/dsDNA by Rad17-
RFC, therefore, its association to DNA lesions might take
some time and is the result of cooperative binding [51]. In
contrast, ATRIP interacts directly with RPA-coated ssDNA,
explaining its exponential binding behaviour [4]. The results
obtained by FLIP suggest that a loaded 9-1-1 complex

cannot easily dissociate from the DNA. This dissociation
might be slower because the 9-1-1 complex forms a ring
around the DNA. It, therefore, has to either slide off a
DNA end or actively dissociate, which likely is a more time-
consuming process [69]. In addition, the FRAP experiments
show that 20%–40% of the 9-1-1 complex molecules become
immobile whereas only 5%–10% of the ATRIP molecules is
immobilized after DNA damage. These results also indicate a
relatively more stable association of the 9-1-1 complex with
damaged chromatin which is consistent with the FLIP results.

All together, the putative DNA damage sensors Rad9-
Rad1-Hus1 and ATRIP-ATR show a different dynamic
behaviour directly after induction and during the presence
of UV-induced DNA damage. Nonetheless, both GFP-Rad9
and GFP-ATRIP molecules are exchanging rapidly in UV-
induced foci since all the mobility measurements performed
on both GFP-Rad9 and GFP-ATRIP DNA damage-induced-
foci do not indicate a stable immobilized fraction, suggesting
that these foci are not static but highly dynamic structures.

Recruitment of the ATRIP-ATR heterodimer to sites of
DNA damage results in ATR kinase activation which leads
to the phosphorylation and subsequent activation of the
Chk1 kinase [70, 71]. To investigate the spatio and temporal
behaviour of downstream effector Chk1 in living cells, we
studied the dynamic behaviour of GFP-Chk1 in response
to DNA damage. In vivo imaging experiments confirm the
absence of a stable chromatin-bound Chk1 fraction. The
data presented here signify that Chk1 is a very mobile
protein both in the absence or presence of DNA damage.
The observed chromatin binding of Chk1 that is observed
in biochemical experiments is not indicative of a stably
bound Chk1 chromatin fraction [35] (Figure 5(b)). This
high nuclear mobility of Chk1 was hypothesized to ensure
the access of additional Chk1 molecules to ATR and the
transmission of the damage signal throughout the nucleus
[15, 35, 72].

Measuring protein mobility is not always as straight-
forward as it seems. Problems that are commonly faced
when performing these types of experiments are monitor
bleaching, influx of proteins from the cytoplasm, and
blinking. Monitor bleaching is caused by observing the
cells before, during, and after photobleaching or time lapse
experiments. By using low amounts of laser power this can
be avoided, although with low fluorescent protein levels
this could be problematic. Lowering the laser power could
result in a low resolution, which in turn results in a large
variability between measurements. Monitor bleaching can
be corrected for by measuring the amount of bleaching
in an unbleached area of the cell, but this only applies
for freely diffusion proteins [63, 73]. Another potential
problem is the presence of a cytoplasmic protein fraction
that could influence nuclear measurements due through
the influx of fluorescence from the cytoplasm. Before the
start of the actual measurement, the cytoplasmic fraction
can be bleached, thereby eliminating this potential influx.
Blinking is the property of fluorescent molecules to be
reactivated, which can also influence photobleaching results.
By keeping experimental conditions similar in all conditions
the influence of blinking is constant in all measurements and,
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therefore, insignificant. When comparing results obtained
from different fluorescent variants, on the other hand, it
needs to be taken into account that the blinking properties
are different and, therefore, the amount of blinking needs to
be determined for every variant and corrected for in the final
analysis [63, 73].

To overcome the problem of GFP-fusion protein overex-
pression and the (competitive) presence of the endogenous
counterpart, a GFP knock-in strategy using mice can be
utilized [74] (Jeroen Essers, personal communication). This
method places the GFP tag before the endogenous gene
of interest in the mice genome, thereby being regulated
by the endogenous promoter. As a result the expression
levels of the GFP-fusion protein are identical to nontargeted
protein in wild type cells, resulting in better quantitative
measurements. The behaviour of proteins can additionally be
studied in different tissues and cell types under physiological
conditions [75]. Performing a similar approach for proteins
involved in the ATR-Chk1 pathway may result in a more
precise determination of the dynamic behaviour of this DNA
damage checkpoint pathway. The ATR gene may act as a good
candidate to start a GFP knock in approach, since it localizes
to sites of damage and thereby becomes immobilized. Fur-
thermore, ATR interacts with and phosphorylates a number
of key target proteins.

Conclusively, we show that the GFP-labelling of ATRIP,
Chk1, and the 9-1-1 complex proteins results in functional
equivalents that can be studied by live cell video microscopy
and quantitative fluorescence photobleaching. We compared
the mobility changes of GFP-ATRIP, GFP-Chk1, GFP-Rad9,
GFP-Rad1, and Hus1-GFP after UV-irradiation and col-
lectively the results indicate a distinct dynamic behaviour
between some of the studied proteins. Whereas effector
kinase Chk1 is highly mobile and does not immobilize upon
DNA damage, Rad9 and ATRIP stably associate to sites of
DNA lesions. ATRIP directly binds to DNA lesions but more
transiently than Rad9, which in contrast displays a more
stable association with damaged chromatin. Together these
data demonstrate the importance of spatio and temporal
protein regulation in the DNA damage-induced ATR-Chk1
pathway.
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The role of topoisomerase IIβ was investigated in cell lines exposed to two DNA damaging agents, ionising radiation (IR)
or etoposide, a drug which acts on topoisomerase II. The appearance and resolution of γH2AX foci in murine embryonic
fibroblast cell lines, wild type and null for DNA topoisomerase IIβ, was measured after exposure to ionising radiation (IR) or
etoposide. Topoisomerase II-DNA adduct levels were also measured. IR rapidly triggered phosphorylation of histone H2AX,
less phosphorylation was seen in TOP2β−/− cells, but the difference was not statistically significant. IR did not produce
topoisomerase II-DNA adducts above control levels. Etoposide triggered the formation of topoisomerase II-DNA adducts and
the phosphorylation of histone H2AX, the γH2AX foci appeared more slowly with etoposide than with IR. Topoisomerase II-DNA
complexes in WT cells but not TOP2β−/− cells increased significantly at 24 hours with the proteasome inhibitor MG132, suggesting
topoisomerase IIβ adducts are removed by the proteasome.

1. Introduction

Exogenous agents such as ionising radiation (IR) and
ultraviolet light or endogenous agents such as free radicals
produced within cells can damage the DNA of eukaryotic
organisms. Diverse mechanisms have evolved to detect and
repair DNA damage that threatens the integrity of the
genome. Here, we study two DNA damaging agents used in
the treatment of cancer, IR and the epipodophyllotoxin drug
etoposide that acts on topoisomerase II.

Cellular DNA damage responses to IR exposure have
been extensively investigated and several pathways exist
within the cell to respond to double strand breaks (DSBs)
induced by ionising radiation (IR). Histone H2AX is rapidly
phosphorylated following IR, with foci observed within the
first minute following exposure [1–3]. The phosphoryla-
tion of H2AX occurs over megabase regions of chromatin
extending away from the site of DNA damage [1] and
initiates assembly of several proteins involved in the DNA
damage response [4]. H2AX phosphorylation has been
shown to be essential for correct amplification of the DNA
damage response [5–7]. At sublethal levels of DNA damage,

phosphorylated H2AX (termed γH2AX) forms distinct foci
within the cell nuclei. At less than 150 DSBs per nucleus,
there exists a 1 : 1 relationship of γH2AX foci : DSBs [2].
At these levels of DNA damage, γH2AX can be used as
an accurate and sensitive surrogate reporter of DNA DSB
levels [8]. H2AX can also be phosphorylated in response to
topoisomerase II-targeting agents [9–12].

Topoisomerase II is an enzyme that alters the topological
state of DNA via a transient covalent enzyme-bridged
double strand break in the DNA, through which a second
DNA helix can pass. These protein associated breaks can
be stabilised by drugs such as etoposide [13, 14]. Two
isoforms of topoisomerase II exist, termed α and β [15],
these are both targeted by etoposide [16–18]. The genotoxic
effects of etoposide are generally considered to be mediated
through conversion of stabilised protein-DNA complexes to
protein free “frank” DSBs [19, 20], possibly via collisions
between the drug-stabilised topoisomerase-DNA complex
and RNA polymerase during transcription or with DNA
replication forks, analogous to the situation seen with
topoisomerase I [21, 22]. Frank DSBs may also be generated
by proteolytic degradation of the topoisomerase II moiety
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Figure 1: Effect of topoisomerase IIβ status on γH2AX focus formation in response to IR. WT and TOP2β−/− MEFs were exposed to 1 Gy
IR (a) or 2 Gy IR (b) and γH2AX foci were counted at 20 minutes, 2 hours, 5 hours, and 24 hours after exposure. Data are derived from at
least n = 3 independent experiments.

[23–26] and topoisomerase IIβ is thought to be preferentially
degraded over the α isoform [26]. A reduction in etoposide
induced DSB levels was reported in cells cotreated with
the proteasome inhibitor MG-132 [26], suggesting that the
proteasome has a role in converting etoposide-stabilised
protein-DNA complexes into frank DSBs [26]. Additionally
a 5′ tyrosyl DNA phosphodiesterase (TTRAP) has recently
been identified that may play a role in generating frank DSBs
ready for repair [27].

Topoisomerase II has been implicated in the cellular
response to DNA DSBs. Down regulating topoisomerase IIα
by siRNA altered the response to radiation [28] whilst topoi-
somerase IIβ has been reported to play a role in promoting
DSB repair following peroxide damage [29]. The damage
sensor TopBP1 was first identified as a topoisomerase IIβ
interacting protein [30], and WSTF (Williams syndrome
transcription factor) which regulates the H2AX DNA dam-
age response [7] interacts with WINAC, a topoisomerase IIβ
containing multi protein complex [31]. Thus topoisomerase
IIβ may be directly involved in damage detection and
signalling following IR via protein-protein interactions.
Alternatively, topoisomerase IIβ may be required for proper
regulation of genes involved in the damage responses. For
example, cells downregulated for topoisomerase IIβ have
been reported to express reduced peroxiredoxin 2 [32].

To investigate whether topoisomerase IIβ affects the cellular
response to IR or etoposide induced DNA damage, we
used WT and TOP2β−/− MEFs, we used H2AX assays and
in parallel the trapped in agarose DNA immunostaining
(TARDIS) assay to examine the kinetics of formation and
removal of topoisomerase II-DNA complexes in response to
IR or etoposide treatment.

2. Materials and Methods

2.1. Cell Culture. Wild-type mTOP2β-4 (containing both
topoisomerase IIα and topoisomerase IIβ) [WT] and
mtop2β-5 [TOP2β−/−] immortalized mouse embryonic
fibroblasts (MEFs) have been described previously [17] and
were maintained as monolayers in Dulbecco’s Modified
Eagle’s Medium (DMEM) supplemented with 10% foetal
bovine serum (FBS) and penicillin (50 μg/mL)/streptomycin
(50 μg/mL). Cells were grown at 37◦C in a humidified
atmosphere containing 5% CO2. Cell culture reagents were
obtained from Gibco BRL (Paisley, UK).

2.2. Chemicals and DNA Damaging Agents. All chemicals
were obtained from Sigma-Aldrich (Poole, UK) and VWR
International (Lutterworth, UK). Etoposide was obtained
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Figure 2: γH2AX foci formed in response to increasing doses of
etoposide. WT and TOP2β−/− MEFs were exposed to 0.1, 1, 10,
and 100 μM etoposide for 2 hours and then assayed for γH2AX
foci. (a) Histograms of foci number ± SEM at each dose counted.
100 μM was not counted as foci were not distinct at this dose. Data
derived from one experiment. (b) Representative images of γH2AX
foci (red) in nuclei stained with DAPI (blue) in WT and TOP2β−/−

MEFs.

from Sigma and was dissolved in methanol. IR exposure was
carried out using a Gammacell 1000 irradiator with a [137Cs]
source (Nordion International, Inc.) and was delivered at a
rate of approximately 3.08 Gy/min.

2.3. H2AX Focus Assay. The γH2AX focus assay was per-
formed as described previously in detail by Watters and
colleagues [12].

2.4. TARDIS (Trapped in Agarose DNA Immunostaining).
WT and TOP2β−/− MEFs were seeded at 3 × 104 cells/well
into 6-well tissue culture plates and grown to approximately
80% confluency. Cells were exposed to the appropriate
DNA damaging agent (IR or etoposide) and harvested by
trypsinisation at specific time-points as detailed in the text.
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Figure 3: γH2AX foci following a 2 hour short-term exposure
to etoposide. WT and TOP2β−/− MEFs were exposed to 1 μM
etoposide and γH2AX foci were counted at the indicated time
points after drug removal. The data are derived from at least n = 3
independent experiments, each data point shows the mean ± SEM.

Trypsinised cells were resuspended in 1 mL of ice-cold PBS,
centrifuged at 1000 rpm for 3 minutes and then resuspended
in 50 μL of ice-cold PBS. The slide preparation has been
described in detail previously [17]. Slides were probed with
an antibody that detects topoisomerase IIα and β.

Quantification of complex levels has been described
previously [16]. Statistical analyses were carried out using
Graphpad Prism 4 software (Cherwell Scientific, Oxford,
UK.). Two-tailed, paired, and unpaired Students t-tests were
generally used to compare data sets and data sets between cell
lines; analysis of variance (ANOVA) was used for multiple
comparisons where appropriate, as detailed in the text. All
statistical analyses were calculated using a 95% confidence
interval (P < .05).

3. Results and Discussion

The present study examined two DNA damaging agents, IR
and etoposide. γH2AX formation was used as a surrogate
marker for DSBs in parallel with topoisomerase II-DNA
complex measurement in both wild-type and topoisomerase
IIβ null murine embryo fibroblast cell lines (MEFs).

The response to three doses of IR (0.5, 1 and 2 Gy)
was determined in MEFs wild type (WT) or null for
topoisomerase IIβ (TOP2β−/−). In response to 1 Gy, γH2AX



4 Journal of Nucleic Acids

0

10

20

30

40

50

60

70

80

90

100

N
u

m
be

r
of

fo
ci

p
er

n
u

cl
eu

s

C
on

tr
ol

20
m

in
s

1
h

r

2
h

rs

5
h

rs

8
h

rs

24
h

rs

Time-point

WT

β−/−

Figure 4: γH2AX foci during continuous exposure to etoposide
up to 24 hours. WT and TOP2β−/− MEFs were exposed to 1 μM
etoposide and γH2AX foci were counted at the indicated time
points up to 24 hours. The data are derived from at least n = 3
independent experiments, each data point shows the mean ± SEM.

focus numbers were similar between the two cell lines, with
∼35 γH2AX foci per nucleus at 20 minutes (Figure 1(a)).
γH2AX foci were most abundant at the 20 minute time-
point after irradiation and decreased at each subsequent
time-point investigated and returned to background levels at
24 hours (Figure 1(a)). Following 2 Gy (Figure 1(b)), focus
numbers appeared higher in the WT cell line than the
TOP2β−/− at 20 minutes, 2 hours, and 5 hours following
exposure. The lower foci number in the TOP2β−/− cells
suggests the initial DNA damage responses following IR
are altered in these cells, however, the differences were not
statistically significant by two way ANOVA or Students t-test.
Nor was there any significant difference between the levels
of apoptosis following IR between the two cell lines. The
trapped in agarose DNA immunostaining (TARDIS) assay
was used to detect topoisomerase II protein-DNA complex
levels in these cell lines following IR. Topoisomerase II
complex formation did not increase in response to IR in WT
or TOP2β−/− cells when compared to the untreated cells, as
previously reported for CEM cells [18] (data not shown),
thus IR had no effect upon topoisomerase II-DNA complex
levels in the 24 hours following exposure to 2 Gy.

In an etoposide “dose finding” experiment topoiso-
merase IIβ wild-type and null MEF cell lines were exposed
to 0, 0.1, 1, 10, or 100 μM etoposide for 2 hours, after

which time cells were placed in drug-free media for 20
minutes before being assayed for γH2AX foci. Foci numbers
per nucleus increased in both cell lines with increasing
dose of drug. At 100 μM, foci were no longer distinct and
therefore uncountable (Figure 2). To ensure foci were within
a countable range, subsequent experiments were performed
using doses of 1 μM and 10 μM only.

WT and TOP2β−/− cells were exposed to 1.0 μM etopo-
side for 2 hours, cells were then resuspended in drug-
free media and assayed for γH2AX at different time points
after drug removal, 20 minutes, 2 hours, 5 hours, and 24
hours following removal of drug (Figure 3). The kinetics
of focus formation and removal were comparable between
the wild-type and TOP2β−/− cell lines, and by 24 hours
postdrug removal foci numbers were similar to untreated
controls. No statistically significant difference was found
in focus numbers between the two cell lines, indicating
that topoisomerase IIβ status did not affect the kinetics
of disappearance of γH2AX phosphorylation following a 2
hour exposure to 1 μM etoposide, this is consistent with
the evidence that the cytotoxic effect of etoposide is mainly
mediated via topoisomerase IIα in these cells, since the IC50
for etoposide did not differ significantly between the two
cell lines [17]. The topoisomerase II-DNA adducts levels
measured by TARDIS after a 2 hour exposure to etoposide
has previously been reported [17].

Wild-type and TOP2β−/− cells were also exposed con-
tinuously to 1.0 μM etoposide over the course of 24 hours,
and samples removed to quantify γH2AX foci formation at
various time points (Figure 4). After two hours of etoposide
exposure the foci numbers were comparable to that seen after
the two-hour short term exposure, numbers then increased
further with continued exposure to etoposide. The maximal
foci numbers were seen after 8 hours of etoposide, and
they then decreased by 24 hours even though etoposide was
still present. The focus numbers were statistically different
between the two cell lines only at the 24 hours point
(P < .05), when the WT cell line had approximately double
the number of foci compared to the TOP2β−/− cell line.

Topoisomerase II-DNA complex levels in WT and
TOP2β−/− cells were determined using the TARDIS assay
at time-points over a 24 hour continuous exposure to
etoposide at 1 μM (Figure 5(a)) or 10 μM (Figure 5(b)). At
both drug doses and in both cell lines, treatment induced
a time-dependent increase in topoisomerase II DNA adduct
levels (FITC immunofluorescence) up to the 8 hour time-
point followed by a decrease at the 24 hour time-point
(Figures 5(a) and 5(b)). With 1 μM etoposide, the increase
was significant at 8 hours in WT cells and at both 5 hours
(P < .05) and 8 hours (P < .01) in TOP2β−/− cells. Although
levels decreased at 24 hours, immunofluorescence was still
significantly greater than background levels in both wild-
type and TOP2β−/− cells (P < .05). When cells were exposed
to 10 μM etoposide, immunofluorescence levels in WT cells
became statistically significant at 2 hours after drug addition
(P < .05) and remained elevated at all other time-points (P <
.01). In TOP2β−/− cells, levels were significant at 1 hour (P <
.01), 5 hours (P < .05), and 24 hours (P < .001). Notably
immunofluorescence levels were greater in the TOP2β−/−
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Figure 5: TARDIS analysis of cells treated with etoposide continuously for 24 hours. Topoisomerase II-DNA adducts were detected using an
antibody that detects both isoforms in WT and TOP2β−/− MEFs following exposure to 1 μM (a) or 10 μM (b). Plots show the mean of the
median FITC fluorescence from at least three independent experiments.

cells than the wild-type cells (Figure 5) at both drug doses
and all time-points (all P-values <.05). The higher complex
levels seen in cells lacking topoisomerase IIβ may result from
the longer half life of topoisomerase IIα complexes [16] or
be due to a role of topoisomerase IIβ in sensing and/or
promoting repair [29] or alternatively to downregulation of
peroxiredoxins in TOP2β−/− cells [32, 33].

To investigate whether the decrease in topoisomerase II-
DNA complexes between the 8 hour and 24 hour time-points
was due to proteasomal degradation of topoisomerase II,
WT and TOP2β−/− cells were incubated in the presence of
the proteasome inhibitor, MG-132, for 30 minutes prior to
and during 24 hour exposures to 1 μM and 10 μM etoposide.
As shown in Figure 6(e), when treated with MG-132 alone,
topoisomerase II-DNA complex levels were only significantly
elevated above background levels at the 24 hour time-point.
Immunofluorescence levels were comparable in the WT
and TOP2β−/− cells at all time-points considered. In cells
cotreated with etoposide and MG-132, topoisomerase II-
DNA complex levels did not decrease between the 8 hour and
24 hour time-points, as seen in cells treated with etoposide
alone. Figure 6(a)–6(d), demonstrate that cotreatment led to
increased immunofluorescence at the 24 hour time-point,
in both cell lines and at both drug doses. This increase was

most dramatic in WT cells, where cotreatment led to a 6-fold
increase in immunofluorescence in cells treated with 1 μM
etoposide and a 15-fold increase in cells treated with 10 μM
etoposide. In the TOP2β−/− cells, the increase was roughly 2-
fold at both doses of drug. This indicates that topoisomerase
II removal at 24 hours is mediated via the proteasome, and
that the effect is greatest on topoisomerase IIβ, in agreement
with previous studies [23, 25, 26].

4. Conclusions

In response to IR phosphorylation of histone H2AX was
triggered immediately, and slightly less phosphorylation was
seen in TOP2β−/− cells, which may indicate altered DNA
damage sensing. As previously reported, IR did not produce
topoisomerase II-DNA adducts. In response to etoposide
both γH2AX foci and topoisomerase II-DNA adducts were
formed, with foci appearing 1 hour after treatment in WT
cells and after 2 hours in TOP2β−/− cells. This was slower
than following treatment with IR, and presumably reflects
the need to remove the topoisomerase II adduct to produce
a frank DSB to trigger phosphorylation of histone H2AX. In
both instances, levels become maximal at the 8 hour time-
point and subsequently decrease at 24 hours.



6 Journal of Nucleic Acids

0

10

20

30

40

50

60

70

80

90

100
×103

In
te

gr
at

ed
fl

u
or

es
ce

n
ce

C
on

tr
ol

20
m

in
s

1
h

r

2
h

rs

5
h

rs

8
h

rs

24
h

rs

Time-point

WT 1μM Etop
WT 1μM Etop + MG132

(a)

0

10

20

30

40

50

60

70

80

90

100
×103

In
te

gr
at

ed
fl

u
or

es
ce

n
ce

C
on

tr
ol

20
m

in
s

1
h

r

2
h

rs

5
h

rs

8
h

rs

24
h

rs

Time-point

β−/− 1μM Etop
β−/− 1μM Etop + MG132

(b)

−2.5

0

5

10

7.5

2.5

20

30

40
×104

In
te

gr
at

ed
fl

u
or

es
ce

n
ce

C
on

tr
ol

20
m

in
s

1
h

r

2
h

rs

5
h

rs

8
h

rs

24
h

rs

Time-point

WT 10μM Etop
WT 10μM Etop + MG132

(c)

−2.5

0

5

10

7.5

2.5

20

30

40
×104

In
te

gr
at

ed
fl

u
or

es
ce

n
ce

C
on

tr
ol

20
m

in
s

1
h

r

2
h

rs

5
h

rs

8
h

rs

24
h

rs

Time-point

β−/−10μM Etop
β−/−10μM Etop + MG132

(d)

Figure 6: Continued.
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Figure 6: TARDIS analysis of cells treated with etoposide continuously for 24 hours plus and minus MG132 or with MG132 alone.
Topoisomerase II-DNA adducts were quantified using an antibody that detects both isoforms. WT MEFs following exposure to 1 μM ±
2 μM MG132 (a), Top2β−/− MEFs following exposure to 1 μM ± 2 μM MG132 (b), WT MEFs following exposure to 10 μM ± 2 μM MG132
(c), Top2β−/− MEFs following exposure to 10 μM± 2 μM MG132 (d), or WT and TOP2β−/− MEFs following exposure to 2 μM MG132 alone
(e). Plots show the mean of the median FITC fluorescence.

Topoisomerase II complexes in WT cells but not
TOP2β−/− cells increased significantly at 24 hours when the
proteasome was inhibited, suggesting that topoisomerase IIβ
adducts are removed by the proteasome.
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Nonhomologous end joining (NHEJ) plays a major role in double-strand break DNA repair, which involves a series of steps
mediated by multiprotein complexes. A ring-shaped Ku70/Ku80 heterodimer forms first at broken DNA ends, DNA-dependent
protein kinase catalytic subunit (DNA-PKcs) binds to mediate synapsis and nucleases process DNA overhangs. DNA ligase IV
(LigIV) is recruited as a complex with XRCC4 for ligation, with XLF/Cernunnos, playing a role in enhancing activity of LigIV.
We describe how a combination of methods—X-ray crystallography, electron microscopy and small angle X-ray scattering—
can give insights into the transient multicomponent complexes that mediate NHEJ. We first consider the organisation of DNA-
PKcs/Ku70/Ku80/DNA complex (DNA-PK) and then discuss emerging evidence concerning LigIV/XRCC4/XLF/DNA and higher-
order complexes. We conclude by discussing roles of multiprotein systems in maintaining high signal-to-noise and the value of
structural studies in developing new therapies in oncology and elsewhere.

1. Introduction

Nonhomologous End Joining (NHEJ) and Homologous
Recombination (HR) comprise the two major modes of
DNA double-strand break (DSB) repair in human cells.
Although HR is dominant in late S/G2 phases when a sister
chromatid is available [1], NHEJ, which does not require a
template [2], plays a major role in G1/early S phase [1]. It
is predicted that in humans about 50 endogenous DSBs per
cell during each cell cycle may occur [3]. These are mainly
generated by ionizing radiation, reactive oxygen species, and
DNA replication across a nick [2]. Unrepaired DSBs can
cause catastrophic gene loss during cell division, leading to
chromosomal translocations, increased mutation rates, and
carcinogenesis [4]. The NHEJ system is also responsible for
programmed DSBs in V(D)J recombination [5] and class
switch recombination [6] during development of immune
diversity. NHEJ has an alternative end-joining pathway,
which is mostly microhomology-mediated end joining [7]
and is independent of NHEJ components [8]. Here NHEJ
implies the main NHEJ pathway.

The NHEJ pathway comprises three major steps: synap-
sis, end processing and ligation [9]. Synapsis is carried
out by DNA-dependent protein kinase (DNA-PK) con-
sisting of Ku70, Ku80, DNA-PK catalytic subunit (DNA-
PKcs), and DNA. Ku70 and Ku80 form a ring-shaped
heterodimer around the broken DNA ends and maintain
them in proximity [10, 11]. DNA-PKcs, a very large protein
belonging to the phosphatidylinositol-3-OH kinase (PI3K)-
related kinase (PIKKs) family [12], is recruited through
interaction with the C-terminus of Ku80 [13, 14], and
causes the Ku70/80 heterodimer to move about one helical
turn inward from the end [15] to make space for DNA-
PKcs to bind DNA. Two DNA-PK assemblies are prob-
ably required to hold the two DNA ends close together
[16]. Activated DNA-PKcs phosphorylates itself and various
proteins, including the other NHEJ components [17, 18].
Synapsis induces the autophosphorylation of DNA-PKcs
and allows other NHEJ proteins access to DNA ends [19,
20].

The end processing involves nucleases such as Artemis
[21], which is capable of cutting an array of DNA overhangs
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and is thought to be sufficient as a nuclease, although
other nucleases in particular PNK, aprataxin (APTX), and
PNK-APTX-like factor (PALF), a 3′ exonuclease, cannot
be ruled out [22]. Artemis interacts with DNA-PKcs and
opens DNA hairpins in the V(D)J recombination process
[23]. Mutations in Artemis gene cause Radiosensitive Severe
Combined Immunodeficiency (RS-SCID) [21]. Polymerases
Polμ and Polλ use their BRCT domains to bind to Ku/DNA
complexes and terminal deoxynucleotidyl transferase (TdT)
is exclusively expressed in initial lymphoid cells to engage
in NHEJ of the V(D)J recombination process [24–26].
Furthermore, as recently shown Ku in its role as a lyase also
participates in end processing cutting DNA 3′ at abasic sites,
indicating that this protein, like its partner DNA-PKcs, has
enzymatic properties and thus fulfils a number of roles in the
NHEJ pathway [27].

The final ligation step of rejoining is mediated by DNA
ligase IV (LigIV), which is associated with dimeric X-
ray cross-complementation group 4 (XRCC4) [28]. These
proteins form a very stable complex, which is maintained at
2 M NaCl or 7 M urea [29]. XRCC4 stimulates adenylation
and ligase activity [30–32]. Knockouts of these genes in mice
result in the late embryonic lethality in the p53-dependent
manner [33–36] while mutations in lig4 gene result in
LIG4 syndrome characterized by radiosensitivity, unusual
facial features, microcephaly, developmental and growth
delay, pancytopenia, and skin abnormality [37]. XRCC4-
Like Factor (XLF)/Cernunnos (XLF), mutations of which
in humans cause Severe Combined Immunodeficiency, also
interacts with XRCC4, and enhances the ligation by LigIV
[38, 39].

Here we review what is known of the architectures
of the transient multicomponent complexes that mediate
Nonhomologous End Joining. Figure 1 is an attempt to
construct an interaction diagram that summarises our
current understanding of NHEJ protein interactions and
phosphorylation by DNA-PKcs, indicating where structural
information is available. Although the existence of DNA-
PK—the complex between DNA-PKcs, heterodimeric Ku
and DNA—is clearly defined, as is the tight complex between
XRCC4 and LigIV, the temporal and spatial organisation of
higher-order complexes is unclear. Do subcomplexes exist
that allow the Ku to get off the DNA before ligation, or is
there one supercomplex in which DNA-PK, LigIV/XRCC4,
and XLF coexist to achieve ligation? In this case, how does
Ku leave when ends are ligated? In this paper, we first
consider what is known about the structure of the huge
single chain DNA-PKcs and how this might lead to a better
understanding of the target for use in structure-guided
drug discovery. We then discuss the organisation of DNA-
PKcs/Ku70/Ku80/DNA complex (known as DNA-PK), in
order to shed light on the initial events that take place in the
NHEJ pathway. We discuss the emerging evidence concern-
ing 3D structures of LigIV/XRCC4/XLF/DNA complexes,
which should give clues about the binding and functional
mechanism of LigIV/XRCC4 and XLF in NHEJ. Finally we
consider the spatial arrangement of higher-order complexes
in order to give a picture of the NHEJ repair system as a
whole.

Lig IV

DNA-PKcs

p

XLF

XRCC4

Ku70/80
DNA

p

p

p

Figure 1: Schematic diagram of interactions of the NHEJ machin-
ery. Colour-filled shapes indicate the proteins and complexes with
known 3D structures. Solid arrows indicate confirmed whereas
dashed arrows are plausible interactions. Phosphorylation events
are indicated by letter “p”.

2. Structural Biology of Individual Components

Considerable advances have been made in the structural
biology of individual components and complexes of the
NHEJ repair machinery, but further work is required to
understand the spatial organisation of this complicated and
dynamic process. Here we discuss what is known about each
component before discussing the multiprotein complexes
that mediate their functions in NHEJ.

2.1. Ku70/80. The double-stranded (ds) DNA end-binding
activity of Ku70 and Ku80 requires their association to form
a heterodimer [40]. The crystal structure of the Ku70/Ku80
heterodimer reveals a similar topology and domain organi-
sation, comprising an amino-terminal α/β domain, a central
β-barrel domain, and a helical C-terminal arm [10]. These
proteins, when associated, form a pseudosymmetrical struc-
ture, in which residues that contribute to the dimer interface
show a low level of sequence identity (approximately 15%;
Figure 2), favouring heterodimer formation over Ku70-Ku70
or Ku80-Ku80 homodimerisation.

The crystal structure of the Ku70/80 heterodimer in
complex with one 55-nucleotide long Y-shaped DNA frag-
ment shows that the Ku70/80 heterodimer adopts the
shape of a ring that encircles duplex DNA (Figure 3). No
large conformational changes occur on binding DNA to
heterodimeric Ku except for the C-terminal domains of Ku70
and Ku80. Indeed, no contacts with DNA bases and only
a few interactions with the sugar-phosphate backbone are
made. The DNA duplex is embraced through the Ku70/80
preformed ring in such a way that one DNA face is relatively
accessible to the solvent and therefore exposed to processing
enzymes that remove damaged nucleotides and fill gaps prior
to ligation. These features can provide structural support to
broken DNA ends and bring the DNA helix into phase across
the junction during end processing and ligation. Although
Ku70/80 heterodimer shows low affinity for circularized
DNA [43] and does not bind any DNA substrates shorter
than 14 bp, it does bind dsDNA fragments of similar length
and structure in a DNA sequence-independent fashion and
irrespective of whether the DNA ends are blunt, with hairpin
loops, or 5′ or 3′ overhangs.
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Figure 2: Ku70 and Ku80 aligned sequences on the basis of their structures. They show a similar domain organisation despite the low
sequence identity. The alignment was created with ClustalW2 [41] and visualized with ESPript [42]. Many residues are conserved (black box)
or semiconserved/similar (gray box).

2.2. DNA-PKcs. The structure of DNA-PKcs has proved
quite elusive. Some beautiful work performed using cryo-
electron microscopy single particle reconstruction of DNA-
PKcs [44–47] has given a good impression of the overall
structure (see Figure 4(a)). This has now been comple-
mented by work in our laboratory. We have shown that
DNA-PKcs crystals can be grown and diffract to about 8.5 Å
resolution but the diffraction is better for the complexes
with C-terminal fragments of Ku80, presumably due to a

stabilization of the DNA-PKcs in the complex leading to
better ordering of the crystal packing. We have recently used
multiwavelength anomalous dispersion with the Ta6Br12

2+

heavy-metal cluster [48] to solve the structure of DNA-
PKcs in complex with C-terminal domain of Ku80 at 6.6 Å
resolution (Figure 4(b)).

Much of the DNA-PKcs polypeptide chain is constructed
from HEAT repeat units (Figure 5) to form several separate
domains. The DNA-PKcs tertiary structure measures 160 Å
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high and 120 Å across as viewed in Figure 6(a). From the
N-terminus, HEAT-repeat motifs comprising about 66 α-
helices fold into a hollow circular structure, which when
viewed from the side resembles a cradle (Figure 6(b)). The
chain changes direction before the circle is complete, thus
leaving a gap (Figure 6(a)). Within this circular structure the
regularity of the HEAT repeats breaks down at certain points,
as indicated in Figure 6(a) with blue arrows. These points of
irregularity may play a part in conformational changes that
have been implicated in the function of this molecule [16].
It is possible that these conformational changes could have
a bearing on the size of the gap (Figure 6(a)), which may
have a role in the release of DNA-PKcs from DNA ends when
NHEJ is complete. The ring structure most likely acts as a
platform for proteins that engage in repair of broken DNA
and together with Ku holds in place the DNA while it is being
repaired.

In the second part of the structure the polypeptide chain
exploits HEAT repeats to fold into a small, globular, putative
DNA-binding domain within the circular structure. It is
known that DNA-PKcs binds both double-stranded and
single-stranded DNA. Williams et al. (2008) have proposed
that “the protrusion” in their cryo-EM structure binds DNA
[47], and this protrusion is equivalent to the small globular
domain located within the circular region of the crystal
structure. This remains the best candidate for both single-
and double-stranded DNA recognition, but further work
on DNA-PK (DNA-PKcs, Ku, DNA complex) crystals at a
higher resolution structure of DNA-PKcs will be needed to
confirm this. Thirdly, the C-terminal region folds into the
Head/Crown that is perched right at the top of the cradle
shaped circular structure and extends further back. This part
contains the FAT, kinase domain, FATC, and various parts
where other proteins, as indicated by biochemical studies,
may bind to form complexes with DNA-PKcs (Figure 7).

The core of the kinase structure from PI(3)Kγ, one of
the family members, was superposed onto this Head/Crown

region resulting in a plausible fit to the N-lobe β-strands and
the C-lobe α-helices (Figure 8). In this location the kinase is
exposed and easily accessible to substrates (Figure 8). From
the location of the kinase domain the positions of the FAT
and FATC regions can be inferred (Figure 7) as the kinase
domain likely “snuggles” in between these two regions [62].

The size of the monomer of DNA-PKcs is predicted
by small angle X-ray scattering (SAXS) to be about 155 Å
[63], broadly in agreement with that of the crystallo-
graphic structure. DNA-PKcs dimerizes without DNA in a
concentration-dependent manner. SAXS data indicate a large
conformational change between autophosphorylated and
unphosphorylated DNA-PKcs; the dimension and radius
of gyration of phosphorylated DNA-PKcs increased 25
and 2 Å, respectively, compared to mock DNA-PKcs. Also,
shape reconstruction of phosphorylated DNA-PKcs shows
a wider cleft between head and palm domains than in the
unphosphorylated enzyme.

2.3. DNA Ligase IV. Human LigIV has also proved difficult
to study in isolation due to instability and flexibility but it is
stabilised by interaction with XRCC4 [28]. In human, LigIV
is one of three ATP-dependent DNA ligases, I, III, and IV, and
plays a central role in eukaryotic NHEJ. LigIV can be divided
into the catalytic and interaction regions. There are excellent
reviews of the comparison of structures of DNA and RNA
ligases, and RNA capping enzymes elsewhere [64–67].

LigIV belongs to the nucleotidyltransferase superfamily
and carries out a three-step nucleotidyl transfer reaction: the
formation of covalent enzyme-nucleotide monophosphate
(NMP) intermediate (step 1), the transformation of the
NMP to a 5′-phosphate of polynucleotide (step 2), and
the joining of the 5′-phosphate with 3′-hydroxyl to seal
two polynucleotides (step 3) [68]. These enzymes have
four common motifs (I, III, IV, V) and in addition two
more motifs (IIIα and VI), which are conserved among
the cellular and ASF virus capping enzymes and eukaryotic
ATP-dependent DNA ligases [69]. A recently found motif,
Va, is well conserved among human DNA ligases [70]. The
motif I KX(D/N)G has the catalytic lysine which forms
the NMP-covalent intermediate. Motifs I-V are located in
the nucleotidyltransferase domain (NTase) (Figure 9), the
core of which comprises three mainly antiparallel β-sheets
flanked by six α-helices [64]. Motifs Va and VI belong to
the oligonucleotide/oligosaccharide-binding domain (OBD)
(Figure 9), which has the five stranded Greek-key β-barrel
capped by an α-helix [64, 71]. NTase and OBD are conserved
among capping enzymes and DNA ligases [64]. Most LigIV
syndrome mutations are found in the NTase and OBD [72]
(Figure 9).

Many enzymes in the nucleotidyltrasferase superfamily
have extra domains in addition to conserved catalytic core
domains. N-terminal to the NTase, for instance, the human
DNA ligases have DNA-binding domain (DBD), the three-
dimensional structure of which was first uncovered by Pascal
et al. (2004) with the catalytic domains of human DNA
ligase I (LigI) complexed with an unligatable, nicked DNA
fragment [73]. This domain is also found in archaeal DNA
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Figure 7: Schematic diagram of DNA-PKcs sequence-function implications. Shown are four highly conserved regions (HCR) [49]; Kinase,
FAT, and FATC domains; putative sites for nuclear localization signals (NLSs) [49]; Autophosphorylation sites PQR [50], ABCDE [19], S3205
[51], S3821, S4026, T4102 [52], and T3950 [53]; cleavage sites for apoptotic protease caspase-3 [49, 54–56]; binding sites for Lyn tyrosine
kinase [57], C1D protein that interacts at the leucine-zipper motif of DNA-PKcs [58], protein phosphatase-5 (PP5) that binds, using its
tetratricopeptide repeat (TPR), to dephosphorylate DNA-PKcs at S2056 and T2609 [59], Ku70/80 that binds to present the damaged DNA
double strand ends to DNA-PKcs [60], the kinase interacting protein (KIP) [61], and c-Abl that binds using its SH3 a binding that is triggered
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ligases [74–76] and possibly other eukaryotic, Poxvirus, and
archaeal DNA ligases [77]. Pascal et al. (2004) showed that
DBD is essential for LigI to bind DNA and to carry out
ligation of DNA nicks [73]. However, this does not seem to be
the case for DNA ligase III [78], although most DNA-binding
affinity of LigIV seems to come from its DBD (T Ochi and
TL Blundell, unpublished results). These results suggest that

DBD of each human DNA ligase has different DNA-binding
properties, although they are likely to have similar structures
[79]. Two LigIV syndrome mutations are severe only when
they are combined with R278H, and they seem to have little
impact on LigIV activity [37]. On the basis of structural
similarities of the catalytic regions of LigI and LigIV, they are
likely to bind DNA in a similar manner.
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In addition to the catalytic region, human DNA ligases
have extra domains [79]. LigIV has a tandem BRCT domain
with a linker predicted to be mostly disordered. This linker
seems to be important for the catalytic activity of LigIV
[80] and has a phosphorylation site at T650 by DNA-
PKcs, the phosphorylation of which stabilizes LigIV [81].
The BRCT domain, which typically has four parallel β-
strands surrounded by three α-helices [82], is common in
cell cycle checkpoint proteins that respond to DNA damage
[83]. LigIV interacts with XRCC4 mainly through the linker

between the two BRCT [80]. As noted above, in addition
to the interaction with XRCC4, the first BRCT domain
(BRCT1) has been shown to interact with Ku70/80 [84].

Structures of tandem BRCT domains of human BRCA1
and MDC1, yeast Crb2, Nbs1, and Brc1, have been solved
with different phosphopeptides. Four key residues that form
the phospho-serine binding pocket—the (S/T)G motif at
the end of the first β-strand (β1) and the (S/T)XK motif
at the beginning of the second helix (α2) [85–93] have
been identified; the residues are conserved in the tandem
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BRCT domain of LigIV except that the second motif is
replaced by NXR. Thus BRCT1 might bind to phosphoser-
ines [94], although the interactions with the two proximal
BRCT domains found in BRCA1, MDC1, Crb2, Nbs1, and
Brc1 are unlikely to occur in LigIV as the tandem BRCT
domains are probably positioned apart [94, 95]. Indeed,
in vitro phosphopeptide binding experiments showed that
BRCT domains of LigIV bound phosphopeptides [96, 97].
However, the precise sequence of a phosphopeptide that
binds to the BRCT domains has not yet been determined.

Since the tandem BRCT domains have a common
globular arrangement of the BRCT domains, LigIV domains
may interact when LigIV is in the free form. The main
dimerization interface of the tandem BRCT domain is α2
in BRCT1, and the first and third helices α′1 and α′3 in
the second BRCT domain (BRCT2) [98]. Interestingly, the
interaction surface of those BRCT domains and XRCC4 is
similar to that of other tandem BRCT domains (as discussed
below). It is possible that a BRCT domain from another
protein interacts with α2 of BRCT1, which is exposed to the
solvent. Thus, although the tandem BRCT domains of LigIV
have a long linker, they have features in common with other
tandem BRCT domains.

2.4. XRCC4. In solution, XRCC4 exists as a salt-dependent
equilibrium of dimers and tetramers [102] see Figure 10.
Tail-to-tail tetramerisation was observed in XRCC4 protein
crystals [103]. Binding of LigIV with the XRCC4 C-terminal
〈α-helical coiled-coil stabilizes the XRCC4 dimer formation.
The binding region between XRCC4 and LigIV overlaps with
the XRCC4 tetramerisation region, which may explain why
LigIV functions to shift XRCC4 to dimer form in solution
[102]. Whether tetrameric XRCC4 has a function during
NHEJ repair pathway is still not known.

The protein sequence of XRCC4 after residue 213 is not
included in XRCC4 crystal structures due to the expected
highly disordered and flexible structure of XRCC4 C-
terminal domain [103]. However, EM studies have revealed
that mouse XRCC4 C-terminal structure is a globular
domain [104]. This domain includes putative nuclear local-
ization sequences [105]. These authors also suggested that
a cluster of acidic amino acids 229–238 is important for
the auto-transcription activity. Furthermore, the XRCC4 C-
terminal domain is the target for NHEJ regulatory proteins.
DNA-PKcs phosphorylates XRCC4 and regulates its binding
with DNA [31]. Residues S260 and S318 in the XRCC4 C-
terminal region were identified to be the main phosphoryla-
tion sites by DNA-PKcs [106]. XRCC4 is also phosphorylated
by CK2, residue T233 and the phosphorylation by CK2
recruits PNK, which is likely to participate in NHEJ [107].
Indeed the structure of the ForkHead-Associated (FHA)
Domain of PNK with a XRCC4-derived phosphopeptide has
been solved [108]. XRCC4 residue K210 was also reported
to be important for small ubiquitin-like modifier (SUMO)
modification, which regulates XRCC4 cellular localization
[109]. The XRCC4 C-terminal region, together with the N-
terminal region (residues 1–28) and central region (residues
168–200), may facilitate cooperative DNA binding [31].
Thus, definition of the structure of the C-terminal region
structure will contribute to understanding how XRCC4
binds to LigIV and DNA in order to carry out its function.

2.5. XLF. XLF was identified through a cDNA functional
complementation cloning study of patient 2BN following
discovery of a group of NHEJ deficiency patients (2BN)
[38, 110]. It was also independently identified through
yeast two-hybrid screening for XRCC4 interactors [39]. XLF
is evolutionarily conserved throughout a wide range of
eukaryotes such as vertebrates, insects, and even in fila-
mentous fungi [111]. Full-length human XLF contains 299
residues. At its extreme C-terminus, a small conserved basic
cluster constitutes the nuclear localization sequence. Using
immunofluorescence staining, XLF was observed localizing
in nucleus of human cells [39].

The crystal structure of XLF with a C-terminal trunca-
tion, solved independently at 2.3 Å resolution by Andres et
al. [112] and in our laboratory [101], exists as a homodimer
containing a globular N-terminal head domain and extended
coiled-coil helical tail, which is folded back around the
coiled-coil (Figure 11). The N-terminal head domain starts
with a single helix α1, which is followed by a seven-stranded
antiparallel β structure sandwiching a helix-turn-helix motif
between β4 and β5. The tail structure contains three helices
α4, α5, and α6. While α4 extends away from N-terminal
head domain around 60 Å, α5 and α6 fold back and make
contact with the head domain. The α4 helices from the two
protomers interact as a coiled-coil structure burying highly
conserved and hydrophobic residues at the interface. This
dimerization of XLF is further enhanced through the folding
back of the α5 and α6 helices to encircle the α4 helices of
the other protomer to form a clamp, leading to burying of a
surface area of ∼6500 Å2. Gel filtration, protein crosslinking
and analytical ultracentrifugation are also consistent with
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Figure 11: Crystal structure of XLF/Cernunnos. Ribbon diagram of the XLF/Cernunnos dimer. One protomer is rainbow colour going from
N-terminus (blue) to C-terminus (red). Adapted from Li et al. [101].

a stable homodimer form of XLF in solution [101]. XLF
was found to have concentration-dependent higher-order
complex formation during gel filtration experiments [112].
The homodimer of XLF, however, is the smallest stable
functional unit.

Due to the predicted disordered structure for the XLF C-
terminal region after residue 245, around 70 residues were
removed from the XLF C-terminus in the crystal structure
analyses [101, 112]. The approximate location of the XLF C-
terminal region, however, can be predicted to be near the
N-terminal head domain region according to the helix α6
direction.

Although XLF and XRCC4 have similar architectures,
large structural differences from head to tail occur between
these two proteins. For the head domain, both proteins
contain the same seven-stranded antiparallel β-structure
sandwiching a helix-turn-helix motif, but XLF contains an
extra helix at the N-terminus. As we have seen, the tail
structure of XLF contains distinct helices folding back, while
the extended coiled-coil tail structure of XRCC4 contains the
LigIV binding region near the C-terminus. The differences
in sequence and structure between XLF and XRCC4 tails
explain why LigIV does not bind to XLF in the same way as
XRCC4.

The functions and mechanisms of action of XLF in
NHEJ are still not fully understood. XLF not only stabilizes
LigIV/XRCC4 at broken DNA ends, but also enhances the
LigIV/XRCC4 end-joining process. XLF has also been found
to be essential for repairing mismatched 3′ overhangs and the
gap-filling process together with DNA polymerase polλ and
polμ [113, 114]. Understanding how XLF functions in NHEJ
through studying its interaction with other NHEJ proteins
structurally will help unravel the exact role of XLF. It will
contribute towards our current understanding of DNA repair
in NHEJ and may also potentially lead to future therapeutic
application for NHEJ defects patients.

3. Structural Biology of Complexes

3.1. DNA-PKcs/Ku70/Ku80/DNA Ternary Complex (DNA-
PK). The crystal structure of the Ku70/80 heterodimer does
not include the C-terminal DNA-PKcs interaction domain
of Ku80 (Ku80CTD), which is dispensable for the binding of
Ku70/80 to DNA but is required for DNA-PK recruitment
to the sites of damaged DNA [13, 14]. Nuclear magnetic
resonance analysis of 19 kDa Ku80CTD (residues 545–732)
defines an α-helical structure [115, 116]. Further structural
studies of full-length Ku70/80 with and without DNA have
been conducted using single-particle electron microscopy
(EM) [117] and SAXS combined with live cell imaging
[63]. The position of Ku80CTD was proposed to be under
the α/β domain of Ku70 by EM, but the domain was
found to be flexible in the SAXS study. Molecular dynamic
simulations of Ku80CTD produced an ensemble of confor-
mations, supporting the idea of Ku80CTD being a region
of high flexibility [63]. Taken together, the studies show
that association of Ku70 and Ku80 to form a heterodimer is
required for binding dsDNA ends, that Ku-dependent DNA
binding drives the recruitment of DNA-PKcs and that the
latter interaction involves the helical domain located at the
C-terminus of Ku80. Although Ku80CTD was included in
the crystal structure of DNA-PKcs, its position could not be
unequivocally defined, presumably due to the dominance of
similar alpha helical structures in the DNA-PKcs itself [48].

Insights into the DNA-PKcs/Ku70/Ku80 holoenzyme
structures and possible synaptic complexes have been
obtained using cryo-electron microscopy and SAXS.
Boskovic et al. (2003) used electron microscopy at low
resolution (∼30 Å) to demonstrate large conformational
changes in human DNA-PKcs when double-stranded DNA
binds, and suggested that this may correlate with the
activation of the kinase [118]. Subsequently, Spagnolo et al.
(2006) have used single-particle electron microscopy at
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Figure 12: Crystal structures of LigIV/XRCC4 and Lif1p-Lig4p. Conserved XRCC4 or Lif1 interaction region of LigIV (XIR) or Lig4p (LIR)
are indicated with blue arrows. (a) XRCC4(residues 1–213)(blue) and XIR (violet) (PDB code: 1IK9). (b) XRCC(residues 1–203)(blue) and
BRCT domains of LigIV(residues 654–911)(violet) (PDB code: 3II6) (c) Lif1p(residues 1–246)(blue) and BRCT domains of Lig4p(residues
680–944)(violet).

∼25 Å resolution to study human DNA-PKcs/Ku70/Ku80
holoenzyme assembled on DNA [16]. They again found
evidence for conformational changes on binding of Ku
and DNA to DNA-PKcs. They identified dimeric particles
comprising two DNA-PKcs/Ku70/Ku80 holoenzymes,
which they consider are likely to be synaptic complexes,
maintaining broken ends and providing a platform for other
components required for end processing and ligation. A
SAXS study of DNA-PK revealed that it had two different
modes of dimerization as was observed previously with
DNA-PKcs [63]. Depending on the presence of either
40 bp hairpin DNA or 40 bp Y-shaped DNA, DNA-PK
formed the head-to-head or palm-to-palm dimer. Very
recently Perry et al. (2010) have taken study of the DNA-
PKcs/Ku70/Ku80 holoenzyme further by analyzing their
earlier SAXS studies in the light of the crystal structure of
DNA-PKcs [119]. They have impressively demonstrated that
DNA-PK phosphorylation causes a large conformational
change, sufficient to open the gap in the ring and provide
access to or release from DNA. Ku80CTD has been shown
to be flexible and to extend in solution to the benefit of
recruitment of DNA-PKcs. It is possible that Ku80 interacts
with DNA-PKcs on both sides of BSB [63].

3.2. DNA Ligase IV/XRCC4 Complexes. LigIV is stabilized by
forming a tight complex with XRCC4 [28]. About 99% of
LigIV is preadenylated when purified together with XRCC4
and it is difficult to readenylate after single-nick ligation
[120], implying that the LigIV/XRCC4 complex is ready to
ligate DNA. Unlike other human DNA ligases LigIV/XRCC4
can efficiently ligate one of the nicks of a DSB, although
the other is unligatable [26], and it can ligate DNA strands
across gaps and fully incompatible ends [121]. Furthermore,
it has been shown that LigIV can ligate single-stranded poly-
T DNA [122]. Interestingly, the ligation efficiency is higher
with long DNA substrates ≥157 bp than short ones ≤53 bp

[123]. This might be related to the observation that a single
LigIV/XRCC4 bridges two DNA ends [124].

The crystal structures of the XRCC4 dimer complexed
with the tandem BRCT domain of LigIV shows that the
linker between the two BRCT domains is well ordered and
forms a helix-loop-helix (HLH) clamp around the coiled-
coil [29, 94] (Figures 12(a) and 12(b)). The same interaction
mode and secondary structure arrangement are observed in
the orthologous yeast complex between XRCC4 (Lif1p) and
LigIV (Lig4p) [95] (Figure 12(c)). The two BRCT domains in
the human and yeast complexes extend the clamp, encircling
the coiled-coil domain. The 310-helix in BRCT1 is located
close to the conserved XRCC4 interaction region of the linker
(XIR: residue 748–784) between two BRCT domains. The
corresponding 310-helix in BRCT1 of 53BP1 participates in
the interaction surface of p53 [125, 126]. The interaction
of XRCC4 with LigIV produces a kink in one helix of the
coiled-coil of XRCC4 dimer and switches the left-handed
heptad repeat into a right-handed undecad coiled-coil; as a
result, the LigIV interaction surface becomes flat [29, 94].
The kink bends in the opposite direction in the complex
between XRCC4 with XIR and with the tandem BRCT
domain [94]. The former structure might be an intermediate
state of LigIV/XRCC4 interaction. If so, this dynamical
conformational change might have a biological role in vivo.
This kink does not appear in Lif1p/Lig4p even though the
refinement of the structure against a new 3.5 Å diffraction
data set was carried out (see [127], T Ochi and TL Blundell,
unpublished results). Thus, the kink may be unique to
human and some other higher organisms.

The second helix in HLH mediates a hydrophobic
interaction with the opposite side of the flat surface of
the XRCC4 to where XIR interacts [94] and a similar
extensive hydrophobic interaction is observed in Lif1p/Lig4
(residues 827–839) [95]. LigIV additionally interacts with
the coiled-coil of XRCC4 via α′1 and α′3 of BRCT2, in a
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Figure 13: Comparison of positions of BRCT1 between LigIV/XRCC4 and Lif1p/Lig4p. Structures of LigIV/XRCC4 (violet/silver) and
Lifp1/Lig4p (green/gold) were superimposed based on XIR and LIR. The figure is a view of the C- to N-terminal direction of the coiled-coils
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manner that resembles the interaction between BRCT1 and
BRCT2 of other tandem BRCT domains. Superposition of
LigIV/XRCC4 and Lif1p/Lig4p based on XIR and the corre-
sponding region of Lig4p (LIR) shows that, apart from the
kink described above, a further change occurs in the position
of BRCT1 (Figure 13). This may be a crystallographic artefact
because BRCT1 is closely packed with BRCT2 belonging
to another molecule in both human and yeast structures.
However, the NMR structure of BRCT1 (PDB code: 2E2W)
has the same conformation as the crystallographic one,
suggesting at least human BRCT1 and the following linker
is likely to have the same conformation in solution.

A recently published EM structure of the LigIV/XRCC4
complex shows the N-terminal of LigIV in proximity to the
head domain of XRCC4 [128]. The authors compared two
LigIV/XRCC4 constructs, one with the full-length sequences,
and the other with a full-length LigIV and a truncated
XRCC4 (residues 1–213). From the differences of the two EM
images, they determined the position of the C-terminal of
XRCC4 and by labelling the hexahistidine tag with gold, they
identified the N-terminus of LigIV. Although the authors
reconstructed 2D averaged images of LigIV/XRCC4, the 3D
reconstruction failed partially because of heterogeneity of
the LigIV/XRCC4 conformation. Thus, they proposed that
the catalytic region of LigIV is connected to the C-terminal
region by a flexible linker and this may have functional
importance (see also Perry et al. (2010) [119]).

We have carried out SAXS studies of the tandem
BRCT domain of LigIV/mutated XRCC4 (BmX4) and
LigIV/mutated XRCC4 (LmX4) in order to investigate
the conformation of the catalytic region in solution
(Figure 14(a)) [129]. Here, mutated XRCC4 is identical to
the one used for solving the structure of XIR/XRCC4 [29].
The linearity of the respective Guinier plots confirmed that
the protein solutions were homogeneous and monodisperse

(Figure 14(b)). The deduced radius of gyration and the max-
imum molecular dimension of LmX4 are 9 Å and 43 Å larger,
respectively, than those of BmX4. The simulated scattering
profile using the crystallographic structure of BmX4 (PDB
code: 3II6) fitted the measured SAXS curve well (χ2 =
3.687, data not shown). Moreover, the ab initio 3D shape
restoration of BmX4 reproduced an overall conformation
consistent with the crystal structure (Figure 14(c)). The
ab initio shape reconstruction of LmX4 revealed that the
catalytic region may contribute additional density to the
head domain of XRCC4 or the tandem BRCT domain of
LigIV when compared with the conformation of BmX4
(Figure 14(c)). Since the extended, open conformation of
the catalytic region in solution has also been observed in an
archaeal DNA ligase [74], the extra density may correspond
to a similar conformation of the catalytic region of LigIV
to the closed conformation observed in other archaea DNA
ligases [75, 76]. As the shape restorations of LmX4 yielded
a reproducible conformation (also indicated by the normal-
ized spatial discrepancy (NSD) value after shape averaging),
this finding might imply interactions between the catalytic
region and BmX4. However, electrophoretic mobility shift
assay and protease analysis (data not shown) indicate that the
catalytic region is unlikely to have strong interactions with
BmX4. Thus, although the majority of LmX4 in solution may
have the extended open conformation, the catalytic region is
flexibly attached to BmX4. Our observations agree with the
EM study [128].

3.3. XLF/XRCC4 Complexes. The interaction between XLF
and XRCC4 is salt sensitive, it does not depend on DNA
[39, 133] and interactions occur through the head regions as
shown by yeast two-hybrid study of various mutants [134].
XLF bound to beads at its C-terminal was still able to pull
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q (Å−1)

Figure 14: SAXS study of LmX4 and Bm4. (a) SAXS data of LmX4 (green) and BmX4 (gold) where q = (4π sin θ)/λ. (b) Guinier plots of
LmX4 and BmX4 with liner fits (red line) q < 1.3/Rg. (c) Shape reconstructions of BmX4 (gold) and LmX4 (green) created by using Dammin
[130]. Ten individual models were calculated and averaged by Damaver [131]. NSD of BmX4 and LmX4 are 0.780 and 0.814, respectively.
Molecular envelopes were produced using the UCSF Chimera package from the Resource for Biocomputing, Visualization, and Informatics
at the University of California, San Francisco (supported by NIH P41 RR-01081) [132]. The crystallographic model of BmX4 (PDB code:
3II6) was superimposed into its molecular envelope by using Chimera.

down LigIV/XRCC4, implying that the C-terminal of XLF is
not important for interaction with LigIV/XRCC4 [135].

Mutagenesis studies indicate that the structurally
exposed XLF residue L115 (Figure 16 shown in green)
located in the β6-β7 loop is important for XLF/XRCC4
interaction [112]. Residues K63, K65, and K99 (Figure 15
shown in green) of XRCC4 are essential for interaction and
are located on the region of the head domain close to the
helical tail [112]. Nonessential interaction residues of XLF
are mainly located outside the head domain region whereas
the nonessential XLF/XRCC4 binding residues in XRCC4 are
mainly located on the topside of N-terminal head domain
and on the helical tail structure before the LigIV binding
region (Figures 15 and 16 shown in grey) [112]. These
studies are consistent with a linear side-by-side interaction
model, in which XLF head domains slide into the space
created by XRCC4 head domains and N-terminal part of the
tail structure [112] (Figure 17). However, we cannot exclude
a model for XLF/XRCC4, involving XLF and XRCC4 binding
together in a side-by-side manner but with a degree of twist
introducing curvature and possibly a circular complex. This
would have the advantage of forming a finite and discrete
complex. Further X-ray small angle scattering experiments
may be the best approach to resolving this, especially if
the complexes are dynamic as gel filtration experiments
suggest. However, some encouragement that well-defined

complexes can be identified is found in the observation that
XLF/XRCC4 complexes have been crystallized and X-ray
data collected, albeit to low resolution (Q Wu, TL Blundell
unpublished data).

3.4. Spatial Arrangement of Higher-Order Complexes. In
order to give a picture of the spatial and temporal organ-
isation of the NHEJ repair system as a whole, an under-
standing of the order of interactions during the assembly
of the DNA-PKcs/Ku70/Ku80/DNA ternary complex and
the LigIV/XRCC4/XLF/DNA quaternary complex will be
essential.

Ku70/80 and DNA-PKcs, which have higher DNA-
binding affinity compared to LigIV/XRCC4/XLF, most likely
form the DNA-PKcs/Ku70/Ku80/DNA ternary complex first.
For the following LigIV/XRCC4/XLF/DNA complex forma-
tion, the order and dynamics of protein assembly are still
to be determined. The interaction between XRCC4 and XLF
is relatively weak compared to the strong binding between
XRCC4 and LigIV. It is not clear whether the XLF-dimer
interactions with XRCC4-dimer are maintained when the
ligase is recruited. Protein interaction assays have confirmed
the XRCC4 independent, XLF recruitment to DSBs ends
through interaction with Ku70/80 only in the present of
DNA. This may imply that XLF can act independently
without XRCC4.
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Figure 15: Surface views of XRCC41–213-DNA ligase IV peptide748–784 structure (PDB code:1IK9). Residues K63, K65, and K99, which are
important for XLF-XRCC4 binding are labeled in green. Nonessential residues for XLF-XRCC4 interaction K26, R71, K72, K90, R107, K115,
K146, R150, R153, R161, and R164 are labeled in grey [112].
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Figure 16: Surface views of XLF1–233 (PDB code: 2QM4). Residue L115, which is important for XLF-XRCC4 binding is labeled in green.
Nonessential residues for XLF-XRCC4 interaction I105, E111, E169, L174, R178, L179, E185, and I195 and residues after 224 are labeled in
grey [112].

Live cell imaging techniques have identified the imme-
diate recruitment of XLF to laser-induced DSBs with
Ku70/80 protein bound [136]. XRCC4 is dispensable for
XLF recruitment to DNA ends, but its presence can stabilize
the XLF/DNA interaction [136]. Protein interaction assays
have confirmed the interaction between Ku70/80 and XLF,
and this interaction only occurs in the presence of DNA
[136].

Both XRCC4 and XLF require a long piece of DNA
for binding. How DNA is structurally involved in all the
higher-order protein complexes is of fundamental interest.
The phosphorylation of LigIV, XRCC4, and XLF by DNA-
PKcs does not interfere greatly with the core functions of
these proteins, but could alter the relative binding affinities of
various protein-protein or protein-DNA interactions, which
are important for correct spatial arrangement of the higher-
order complexes. All of this uncertainty underlines the need
for further studies to characterise complexes temporally as
well as spatially.

4. Discussion

The challenges of structural characterisation of dynamic
multiprotein systems clearly demand a combination of
SAXS, EM, X-ray crystallography, and other approaches.
All will be advantaged by methods for stabilization and
fixation of the complexes. Modified constructs, for example,
phospho-mimicking mutation and truncation as well as
postmodification, for example, phosphorylation and methy-
lation, need to be explored in order to identify stable com-
plexes. For single particle cryo-EM studies, GraFix has been
successfully introduced to stabilize macromolecules [137].
This exploits glycerol gradient centrifugation into increasing
concentrations of chemical fixation reagent to stabilize
individual macromolecules and to prevent opportunistic
aggregation. A similar approach might be used for other
structural studies including X-ray crystallography, although
here molecular surface modification of the complexes may
prevent the formation of ordered crystals.
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Figure 17: XLF/XRCC4 linear side-by-side interaction model. Adapted from [112].

Crystals of large multiprotein assemblies suitable for
high-resolution X-ray diffraction remain a challenge. So the
development of methods to analyse low-resolution X-ray
diffraction data is essential. In this respect free-electron laser
(FEL) light sources may allow single particle X-ray FEL
(XFEL) imaging. X-ray crystallography with nanocrystals is
also a promising method.

X-ray crystallography is still the only technique to give
atomic resolution of large structures and high resolution
is essential for studying the binding of small molecules.
Indeed chemical tools that allow specific intervention in
NHEJ should allow dissection of the roles of the various
components. These tools would also likely contribute to the
discovery of lead compounds and preclinical candidates for
therapeutic intervention at allosteric and other regulatory
interaction sites in oncology and for patients with defects in
the NHEJ pathway.

The immediate interest, developing from the emerging
structure of DNA-PKcs, is the improvement of design
of inhibitors that bind at the ATP site of the protein
kinase moiety. Such inhibitors would not only inform the
development of useful therapeutic agents but should also
be of immediate value in investigating the possibility of
improving stability of the kinase domain, and the quality and
resolution of crystals.

Eventually, we would hope to pursue a structure-guided
approach to optimize the design of such inhibitors. Similar
approaches could be taken with the ligase active site. In
our view a more exciting and adventurous approach would
be to design new chemical entities that bind at allosteric
sites, templates or adaptor binding sites—so called allo-
targeting—that are critical to the activation, colocalisation
and/or specificity of the regulation of NHEJ. The use of
fragment-based methods [138–140] in this context is attrac-
tive. Likely targets would be the head-to-head interactions of
XRCC4 and XLF, the interactions of BRCT domains, and the
interaction of Ku70/80 and the DNA-PKcs.

In conclusion, a spatial and temporal understanding
of NHEJ should provide insights into the mechanism of
this critical cellular process and also suggest approaches to
designing useful chemical tools. Indeed the design of small
chemical agents that noncovalently modulate interactions
would also likely contribute to the discovery of lead com-
pounds that allow therapeutic intervention in oncology and
treatment of patients with defects in the NHEJ pathway.
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Escherichia coli DNA photolyase is an enzyme that repairs the major kind of UV-induced lesions, cyclobutane pyrimidine dimer
(CPD) in DNA utilizing 350–450 nm light as energy source. The enzyme has very high photo-repair efficiency (the quantum yield
of the reaction is ∼0.85), which is significantly greater than many model compounds that mimic photolyase. This suggests that
some residues of the protein play important roles in the photo-repair of CPD. In this paper, we have focused on several residues
discussed their roles in catalysis by reviewing the existing literature and some hypotheses.

1. Introduction

The sun gives warmth and light to the living beings on the
earth. However, the ultra-violet (UV) radiation in the sun-
light stimulates lesions forming in DNA. The UV-induced
lesions in DNA block the replication and transcription
events in the living cells, cause growth delay, mutagenesis,
or lethal effects to organisms [1]. In order to survive under
the sunlight, the organisms have evolved several repair
mechanisms to resist the harmfulness of UV. Direct reversal
by DNA photolyases is one of the mechanisms. There are
two types of DNA photolyases, CPD photolyases and (6-
4) photolyases, which, respectively, reverse the two major
UV-induced lesions in DNA, cyclobutane pyrimidine dimers
(CPD), and (6-4) photoproducts, utilizing blue or near-UV
light (350–450 nm) as energy source [1–4]. CPD photolyases
can be further categorized into two subclasses, class I (micro-
bial) and class II (animal and plant), based on their amino
acid sequence similarity [3, 5, 6]. Flavin adenine dinucleotide
(FAD) is catalytic cofactor of all photolyases [3]. And a
second cofactor, usually a derivative of folate, deazaflavin or
flavin, acts as a photoantenna to increase the repair efficiency
of the enzymes under limiting light conditions [3, 7–9]. The
repair reactions are proposed through a photon-induced

electron transfer mechanism which is supported by many
model compounds studies. However, the quantum yields
(Φ = 0.7–0.98) in the repair of pyrimidine dimers by DNA
photolyase is significantly higher [3, 10–13] than those
model compounds (Φ = 0.016–0.4) [14–16]. These results
indicate that some amino acid residues of photolyases play
important roles in the repair reactions.

Escherichia coli DNA photolyase is a representative
of them. By reviewing the existing literature and some
hypotheses, we discussed the roles of some residues of E. coli
photolyase in the highly efficient catalysis. This paper would
provide the further insights into the catalytic mechanism of
the enzyme.

2. Escherichia coli DNA Photolyase

Escherichia coli DNA photolyase is a class I CPD pho-
tolyase [17], containing 471 amino acids [18, 19] and
two cofactors, FAD [20] and a folate derivative, 5,10-
methenyltetrahydropterolypolyglutamate (MTHF) [7]. The
enzyme was found in 1950s by Rupert et al. [21]. Its gene
was first cloned by Sancar et al. [18, 19], which settled
the problem that the little expression of the gene in the
cells prevents the high yield of pure enzyme for researches.
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During the following years, the enzyme has been extensively
studied. The physiological form of the enzyme contains a
fully reduced FAD (FADH−) that is required for its activity
both in vivo and in vitro [22]. It binds a CPD in DNA
independent of light [17] and flips the dimer out of the
double helix into the active site cavity to make a stable
enzyme-substrate complex [23–26]. The light-dependent
catalytic reaction was proposed through these steps: FADH−

is excited directly by a photon or by the photoexcited MTHF
cofactor and then transfers an electron to CPD to generate
a charge-separated radical pair (FADH• + CPD•−); then the
CPD radical anion cleaves, and the excess electron returns to
FADH• to restore the reduced form and close the catalytic
photocycle [3, 11, 22, 27–29]. By the techniques such as
time-resolved spectroscopy, laser flash photolysis [30–35],
and transient electron paramagnetic resonance [36, 37],
this photon-induced electron transfer mechanism has been
substantiated. However, the roles of the amino acid residues
in the steps of the high efficient enzymatic reaction, such
as substrate docking and splitting, electron transfer, and
intermediate stabilization, need further investigation.

3. Trp277: A Residue for
CPD Docking and Splitting

E. coli DNA photolyase contains 15 tryptophan residues.
Trp277 lies in a highly conserved region Trp277-Tyr281,
which is considered to be important for DNA binding [38].
By the site-directed mutagenesis studies, it was found when
Trp277 was replaced with arginine or glutamate, the binding
affinity for CPD substrate was lower for 300- or 1000-
fold, respectively, although the photochemical properties
and the quantum yields for catalyses (under the irradiation
wavelengths at 366 nm and 384 nm) of the mutants were
indistinguishable from the wild-type enzyme [38]. Later
on, it was discovered that Trp277 can also directly and
efficiently repair CPD under 280 nm light [39]. These
results revealed that Trp277 is crucial for substrate binding,
and under certain conditions it also acts as a catalytic
residue.

The crystal structure of E. coli photolyase (Protein Data
Bank entry 1DNP) shows that a positively charged groove on
the surface of the protein which might interact with the DNA
backbone and a hydrophobic cavity locates at the center.
The cavity has the right dimension to hold a cis,syn CPD,
and Trp277 forms one side wall of it [40] (Figure 1(a)). It
is proposed that photolyase binds DNA chain containing a
CPD, flips it out into the cavity, and Trp277 stacks with the
5′ side of the CPD by π-π interaction [23–26, 38]. This is
confirmed by the crystal structure of the complex of CPD-
like lesion in DNA and photolyase from Anacystis Nidulans
(Synechococcus sp.) (Protein Data Bank entry 1TEZ) [41].

There is another tryptophan, Trp384, in the cavity
forming a wedge with Trp277 (Figure 1(a)) [40]. By the
examination of the cocrystal structure of Thermus ther-
mophilus photolyase with a thymine, it is proposed that CPD
might be sandwiched by these two tryptophans [42], and
its 3′ side might stack with Trp384 in a similar manner.
However, from the structure 1TEZ, it is concluded that the

3′ side should stack with a methionine residue, Met345, but
not Trp384. Met345 is to be discussed in the next section.

4. Met345: A Discriminating Residue of
CPD Photolyase from
Photolyase-Cryptochrome Super Family

A methionine residue in the active cavity of Saccharomyces
cerevisiae photolyase, which corresponds to Met345 of E. coli
photolyase, was predicted to interact with CPD [24]. By the
structure of the complex of Anacystis Nidulans photolyase
and CPD-like lesion, it was confirmed that Met345 should
stack with the 3′ side of CPD [41] (Figure 1(a)). Methionine
is a sulfur-containing amino acid. From the studies of the
crystal structures of many proteins, Morgan and coworkers
proposed that the sulfur atoms might interact with aromatic
rings by the so-called sulfur-π interaction [43–51]. Although
the mechanism of this interaction is still controversial, it
does exist. For example, in the structure of the flavodoxin
of Clostridium beijerinckii (Protein Data Bank entry 5ULL),
a methionine residue is located near the xylene ring side of
the flavin cofactor [52] the conformations are just like those
of Met345 and the 3′ side of CPD (Figure 1(b)). The sulfur-π
stack might also contribute to substrate-binding affinity. In
addition, this interaction together with that between Trp277
and the 5′ side of CPD might have some effects on substrate
splitting.

The electron transfer from excited FADH− to CPD is
now considered to be through a direct pathway [33, 53, 54].
However, a theoretical calculation with the CPD-photolyase
complex structure shows that the indirect electron transfer
via protein mediators is as important as the direct elec-
tron transfer [55]. The electron-tunneling pathway analysis
suggested that there were two typical electron-tunneling
routes for the electron transfer of photolyase, one was an
adenine route, and the other was through a methionine
corresponding to Met345 of E. coli photolyase [55]. It is
widely accepted that the electron transfers from FADH− to
the 5′ side of CPD first, then to the 3′ side [3, 32]. And the
pathway for excess electron transfer back to FADH• remains
unclear till now. Considering Met345 adjacent to the 3′ side
of CPD, we speculate that it might be an electron back
transfer pathway.

It is intriguing that Met345 is proposed to be a residue for
the discrimination of CPD photolyase from the photolyase-
cryptochrome super family [55]. The super family contains
CPD photolyases, (6-4) photolyases, and cryptochromes,
all of which are flavoproteins. (6-4) photolyases repair (6-
4) photoproduct but not CPD [4]. Cryptochromes play
roles in photomorphogenesis in plants and entrain the
circadian biological clocks in animal [2, 3, 56]. Recently,
it is found that some cryptochromes in insects and birds
might function as light-activated magnetoreceptors [57–61].
Although these proteins are functionally diverse, they have
relatively high degree of homology. Met345 is conserved in all
CPD photolyase whereas in (6-4) photolyases, it is replaced
by a histidine which is also important for catalysis [62]. In
cryptochromes, it is replaced by histidine, valine, glutamine,
and so forth. It might be one of the residues responsible for
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Trp277

Trp384

Met345

CPD

Gly381

Asn378

FAD

(a) photolyase

Trp90

Met56

Gly57FMN

(b) flavodoxin

Figure 1: Conformations of (a) active sites of photolyase and (b) FMN binding sites of Clostridium beijerinckii flavodoxin. The CPD structure
was extracted from the PDB entry 1SNH and coupled with E. coli DNA photolyase structure 1DNP according to the CPD like lesion-
photolyase complex structure 1TEZ. The FMN binding sites of flavodoxin were extracted form the PDB entry 5ULL. This figure was prepared
with PyMOL (http://www.pymol.org/).

the function diversity of the proteins in this super family
[55].

5. Asn378: A Stabilizer of
the Neutral FAD Radical

Although E. coli photolyase contain reduced FAD in vivo,
it is usually purified with FAD in the blue neutral radical
form (FADH•). It is known that E. coli photolyase is one of
the unusual flavoproteins in which the radical is extremely
stable [63]. The purified enzyme can hold its radical flavin
cofactor unoxidized in aerobic conditions for several days
whereas it hardly exists free in aqueous solutions because the
dismutation of the radical is favored. These results indicate
that the protein environment gives a strong stabilization
to the radical. Clostridium beijerinckii flavodoxin is another
example that has the ability to hold stable radical flavin
cofactor. It was proposed that a hydrogen bond between the
flavin N(5)H group and the backbone carbonyl oxygen of
Gly57 in the flavodoxin is important for the modulation of
the redox potentials of the cofactor and the stabilization of
the radical form (Figure 1(b)) [64, 65]. Interestingly, there
is a similar hydrogen bond between the flavin N(5)H group
and the side carbonyl of the Asn378 residue (Figure 1(a)).
We had replaced the asparagine residue with serine and
found that the mutant has no stable radical state [66].
Moreover, the catalytic activity of the mutant was lost [66].
These experiments show that Asn378 is crucial both for
the stabilizing the neutral flavin radical cofactor and for
catalysis. It is convincible because the catalytic reaction of
CPD splitting is through a radical mechanism: FADH− gives

an electron to CPD and becomes FADH•. If the transient
radical intermediate is well stabilized, it will give enough time
for cleavage of the cyclobutane ring to achieve high repair
efficiency [33, 67]. When the stabilizing effect is disrupted,
the unwanted back electron transfer might be accelerated,
leading to low repair efficiency.

Asn378 is a highly conserved residue in photolyases. In
most class I CPD photolyases and (6-4) photolyases, the
residues are unchanged or replaced with asparate [6, 68].
The residue is also conserved in mammalian cryptochromes
[69]. In a plant cryptochrome Arabidopsis thaliana CRY1, it
is replaced with asparate that is proposed to be responsible
for the down shift of the flavin redox potentials which make
the difference between the cryptochrome and photolyases
[70]. Meanwhile, some insect cryptochromes have replaced
the residue with cysteine, which may be responsible for a
red anionic radical (FAD•−) state but not the blue neutral
radical state in photolyases [69, 71]. However, in many
class II CPD photolyases, the asparagine residues are not
conserved [6, 72]. There is evidence that class II CPD
photolyases have the similar photochemical properties
and the FAD binding environments as compare to class I
CPD and (6-4) photolyases [72]. Thus, a stabilizer near the
flavin N(5)H group is also required in a class II enzyme. By
examining a model structure of a class II enzyme (Oryza
sativa CPD photolyase) calculated by comparative modeling
(http://modbase.compbio.ucsf.edu/modbase-cgi/index.cgi)
[72, 73], we find another asparagine residue, Asn421,
might be an alternative candidate for the stabilization
function, which is also highly conserved in class II CPD
photolyases.
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From the model structure of Oryza sativa CPD pho-
tolyase, it is of interest to find that the residue corresponding
to Trp277 in E. coli photolyase is not conserved, which is
considered to be crucial for substrate binding (vide ante).
It indicates that the class II CPD photolyases might use a
different substrate binding mechanism as compared to class
I group. However, it seems that the residues corresponding
to Met345 and Trp384 in E. coli photolyase are conserved
in the substrate binding cavity, emphasizing their important
roles for substrate binding and/or catalysis. Therefore, to
fully uncover details of substrate binding and FAD usage, a
real crystal structure of a class II photolyase is highly awaited
[72].

A mutagenesis study on Anacystis nidulans photolyase
shows that two residues (Trp384 and Gly381 of E. coli
photolyase) are crucial for the kinetics stability of the
neutral flavin radical in the enzyme (Figure 1(a)) [74]. In
Synechocystis sp. PCC6803 CRY-DASH, these residues are
replaced with tyrosine and asparagine, respectively [74]. The
difference might also be a reason for the diverse functions of
photolyases and cryptochromes.

6. Perspectives

Although the first photolyase has been discovered more than
50 years [21], photolyases still occupies a unique position
in biochemistry [1, 2]. Photolyases bind the substrate in
a light-independent manner, but the catalysis is absolutely
dependent on light that makes the possible to analyze the
binding and catalysis steps of the enzymes independently
[2, 3]. Furthermore, the level of substrate in the cell can
be controlled easily by simply changing the UV dose, and
the repairing of the bound substrate is ultrafast by a single
light flash. All characteristics make the photolyases to be
useful tools for biochemical research, especially the in vivo
enzymology [2]. Cryptochromes are homologues of pho-
tolyases, which are widely concerned now for their functions
in the circadian clocks of animal, the photomorphogenesis
of plants and the migration of birds and insects by acting as
light-activated magnetoreceptors [2, 3, 56–61]. The action
mechanisms of cryptochromes are still unclear at present.
However, as photolyases, flavin radical is also proposed
to be crucial for their functions [57–61, 69–71, 74–76].
Thus, further exploring the photolyase system might give
new insights into the researches of both photolyases and
cryptochromes.

7. Summary

In this paper, we have discussed some of important residues
of E. coli DNA photolyase. Evidence suggests that they play
significant roles in substrate docking and splitting, electron
transfer, and intermediate stabilization. Of course, due to the
limits of our knowledge, there must be a lot of amino acid
residues that might be much more important in the catalysis
of enzyme, which are not discussed here. Together with all
these amino acid residues and the cofactors of the enzyme,
they built a very high efficient system for the photo-repair

of cyclobutane pyrimidine dimers in DNA. Further research
on this system will not only contribute to understanding its
efficient catalytic mechanism, but also give new insights to
the other biochemical research in the future.

Acknowledgments

The work was supported by the National Natural Science
Foundation of China (30900243; 30870062) and Bilingual
Teaching Project of the Education Ministry of China.

References

[1] R. Beukers, A. P. M. Eker, and P. H. M. Lohman, “50 years
thymine dimer,” DNA Repair, vol. 7, no. 3, pp. 530–543, 2008.

[2] A. Sancar, “Structure and function of photolyase and in
vivo enzymology: 50th anniversary,” Journal of Biological
Chemistry, vol. 283, no. 47, pp. 32153–32157, 2008.

[3] A. Sancar, “Structure and function of DNA photolyase and
cryptochrome blue-light photoreceptors,” Chemical Reviews,
vol. 103, no. 6, pp. 2203–2237, 2003.

[4] S.-T. Kim, K. Malhotra, C. A. Smith, J.-S. Taylor, and A. Sancar,
“Characterization of (6-4) photoproduct DNA photolyase,”
Journal of Biological Chemistry, vol. 269, no. 11, pp. 8535–
8540, 1994.

[5] A. Yasui, A. P. M. Eker, S. Yasuhira et al., “A new class of DNA
photolyases present in various organisms including aplacental
mammals,” EMBO Journal, vol. 13, no. 24, pp. 6143–6151,
1994.

[6] S. Kanai, R. Kikuno, H. Toh, H. Ryo, and T. Todo, “Molecular
evolution of the photolyase-blue-light photoreceptor family,”
Journal of Molecular Evolution, vol. 45, no. 5, pp. 535–548,
1997.

[7] J. L. Johnson, S. Hamm-Alvarez, G. Payne, G. B. Sancar, K.
V. Rajagopalan, and A. Sancar, “Identification of the second
chromophore of Escherichia coli and yeast DNA photolyases
as 5,10-methenyltetrahydrofolate,” Proceedings of the National
Academy of Sciences of the United States of America, vol. 85, no.
7, pp. 2046–2050, 1988.

[8] A. P. M. Eker, P. Kooiman, J. K. C. Hessels, and A. Yasui, “DNA
photoreactivating enzyme from the cyanobacterium Anacystis
nidulans,” Journal of Biological Chemistry, vol. 265, no. 14, pp.
8009–8015, 1990.

[9] T. Ueda, A. Kato, S. Kuramitsu, H. Terasawa, and I. Shimada,
“Identification and characterization of a second chromophore
of DNA photolyase from Thermus thermophilus HB27,”
Journal of Biological Chemistry, vol. 280, no. 43, pp. 36237–
36243, 2005.

[10] G. Payne and A. Sancar, “Absolute action spectrum of E-
FADH2 and E-FADH2-MTHF forms of Escherichia coli DNA
photolyase,” Biochemistry, vol. 29, no. 33, pp. 7715–7727,
1990.

[11] P. F. Heelis, “Photochemical properties of escherichia coll
DNA photolyase: a flash photolysis study,” Biochemistry, vol.
25, no. 25, pp. 8163–8166, 1986.

[12] A. J. Ramsey, J. L. Alderfer, and M. S. Jorns, “Energy trans-
duction during catalysis by Escherichia coli DNA photolyase,”
Biochemistry, vol. 31, no. 31, pp. 7134–7142, 1992.

[13] S.-T. Kim, P. F. Heelis, and A. Sancar, “Energy trans-
fer (deazaflavin→FADH2) and electron transfer (FADH2→
T<>T) kinetics in Anacystis nidulans photolyase,” Biochem-
istry, vol. 31, no. 45, pp. 11244–11248, 1992.



Journal of Nucleic Acids 5

[14] S. T. Kim, R. F. Hartman, and S. D. Rose, “Solvent dependence
of pyrimidine dimer splitting in a covalently linked dimer-
indole system,” Photochemistry and Photobiology, vol. 52, no.
4, pp. 789–794, 1990.

[15] R. Epple, E.-U. Wallenborn, and T. Carell, “Investigation of
flavin-containing DNA-repair model compounds,” Journal of
the American Chemical Society, vol. 119, no. 32, pp. 7440–7451,
1997.

[16] Q.-H. Song, W.-J. Tang, X.-M. Hei, H.-B. Wang, Q.-X. Guo,
and S.-Q. Yu, “Efficient photosensitized splitting of thymine
dimer by a covalently linked tryptophan in solvents of high
polarity,” European Journal of Organic Chemistry, no. 6, pp.
1097–1106, 2005.

[17] D. E. Brash, W. A. Franklin, G. B. Sancar, A. Sancar, and W. A.
Haseltine, “Escherichia coli DNA photolyase reverses cyclobu-
tane pyrimidine dimers but not pyrimidine-pyrimidone (6-4)
photoproducts,” Journal of Biological Chemistry, vol. 260, no.
21, pp. 11438–11441, 1985.

[18] A. Sancar, F. W. Smith, and G. B. Sancar, “Purification
of Escherichia coli DNA photolyase,” Journal of Biological
Chemistry, vol. 259, no. 9, pp. 6028–6032, 1984.

[19] G. B. Sancar, F. W. Smith, and A. Sancar, “Identification and
amplification of the E. coli phr gene product,” Nucleic Acids
Research, vol. 11, no. 19, pp. 6667–6678, 1983.

[20] A. Sancar and G. B. Sancar, “Escherichia coli DNA photolyase
is a flavoprotein,” Journal of Molecular Biology, vol. 172, no. 2,
pp. 223–227, 1984.

[21] C. S. Rupert, S. H. Goodgal, and R. M. Herriott, “Photoreacti-
vation in vitro of ultraviolet-inactivated Hemophilus influen-
zae transforming factor,” The Journal of General Physiology,
vol. 41, pp. 451–471, 1958.

[22] G. Payne, P. F. Heelis, B. R. Rohrs, and A. Sancar, “The
active form of Escherichia coli DNA photolyase contains a fully
reduced flavin and not a flavin radical, both in vivo and in
vitro,” Biochemistry, vol. 26, no. 22, pp. 7121–7127, 1987.

[23] I. Husain, G. B. Sancar, S. R. Holbrook, and A. Sancar,
“Mechanism of damage recognition by Escherichia coli DNA
photolyase,” Journal of Biological Chemistry, vol. 262, no. 27,
pp. 13188–13197, 1987.

[24] B. J. Vande Berg and G. B. Sancar, “Evidence for dinucleotide
flipping by DNA photolyase,” Journal of Biological Chemistry,
vol. 273, no. 32, pp. 20276–20284, 1998.

[25] K. S. Christine, A. W. MacFarlane IV, K. Yang, and R. J.
Stanley, “Cyclobutylpyrimidine dimer base flipping by DNA
photolyase,” Journal of Biological Chemistry, vol. 277, no. 41,
pp. 38339–38344, 2002.

[26] K. Yang and R. J. Stanley, “Differential distortion of substrate
occurs when it binds to DNA photolyase: a 2-aminopurine
study,” Biochemistry, vol. 45, no. 37, pp. 11239–11245, 2006.

[27] G. B. Sancar, M. S. Jorns, and G. Payne, “Action mechanism of
Escherichia coli DNA photolyase. III. Photolysis of the enzyme-
substrate complex and the absolute action spectrum,” Journal
of Biological Chemistry, vol. 262, no. 1, pp. 492–498, 1987.

[28] M. S. Jorns, E. T. Baldwin, G. B. Sancar, and A. Sancar, “Action
mechanism of Escherichia coli DNA photolyase. II. Role of the
chromophores in catalysis,” Journal of Biological Chemistry,
vol. 262, no. 1, pp. 486–491, 1987.

[29] M. S. Jorns, B. Wang, and S. P. Jordan, “DNA repair catalyzed
by Escherichia coli DNA photolyase containing only reduced
flavin: elimination of the enzyme’s second chromophore by
reduction with sodium borohydride,” Biochemistry, vol. 26,
no. 21, pp. 6810–6816, 1987.

[30] S.-T. Kim, P. F. Heelis, T. Okamura, Y. Hirata, N. Mataga, and
A. Sancar, “Determination of rates and yields of interchro-
mophore (folate→flavin) energy transfer and intermolecular
(flavin→DNA) electron transfer in Escherichia coli photolyase
by time-resolved fluorescence and absorption spectroscopy,”
Biochemistry, vol. 30, no. 47, pp. 11262–11270, 1991.

[31] T. Okamura, A. Sancar, P. F. Heelis, T. P. Begley, Y. Hirata,
and N. Mataga, “Picosecond laser photolysis studies on the
photorepair of pyrimidine dimers by DNA photolyase. 1.
Laser photolysis of photolyase-2-deoxyuridine dinucleotide
photodimer complex,” Journal of the American Chemical
Society, vol. 113, no. 8, pp. 3143–3145, 1991.

[32] T. Langenbacher, X. Zhao, G. Bieser, P. F. Heelis, A. Sancar, and
M. E. Michel-Beyerle, “Substrate and temperature dependence
of DNA photolyase repair activity examined with ultrafast
spectroscopy,” Journal of the American Chemical Society, vol.
119, no. 43, pp. 10532–10536, 1997.

[33] Y.-T. Kao, C. Saxena, L. Wang, A. Sancar, and D. Zhong,
“Direct observation of thymine dimer repair in DNA by
photolyase,” Proceedings of the National Academy of Sciences of
the United States of America, vol. 102, no. 45, pp. 16128–16132,
2005.

[34] A. W. MacFarlane IV and R. J. Stanley, “Evidence of powerful
substrate electric fields in DNA photolyase: implications for
thymidine dimer repair,” Biochemistry, vol. 40, no. 50, pp.
15203–15214, 2001.

[35] A. W. MacFarlane IV and R. J. Stanley, “Cis-Syn thymidine
dimer repair by DNA photolyase in real time,” Biochemistry,
vol. 42, no. 28, pp. 8558–8568, 2003.

[36] S. T. Kim, A. Sancar, C. Essenmacher, and G. T. Babcock,
“Evidence from photoinduced EPR for a radical intermediate
during photolysis of cyclobutane thymine dimer by DNA
photolyase,” Journal of the American Chemical Society, vol. 114,
no. 11, pp. 4442–4443, 1992.

[37] R. R. Rustandi and M. S. Jorns, “Photoinduced spin-polarized
radical pair formation in a DNA photolyase·substrate com-
plex at low temperature,” Biochemistry, vol. 34, no. 7, pp.
2284–2288, 1995.

[38] Y. F. Li and A. Sancar, “Active site of Escherichia coli DNA
photolyase: mutations at Trp277 alter the selectivity of the
enzyme without affecting the quantum yield of photorepair,”
Biochemistry, vol. 29, no. 24, pp. 5698–5706, 1990.

[39] S.-T. Kim, Y. F. Li, and A. Sancar, “The third chromophore of
DNA photolyase: Trp-277 of Escherichia coli DNA photolyase
repairs thymine dimers by direct electron transfer,” Proceed-
ings of the National Academy of Sciences of the United States of
America, vol. 89, no. 3, pp. 900–904, 1992.

[40] H.-W. Park, S.-T. Kim, A. Sancar, and J. Deisenhofer, “Crystal
structure of DNA photolyase from Escherichia coli,” Science,
vol. 268, no. 5219, pp. 1866–1894, 1995.

[41] A. Mees, T. Klar, P. Gnau et al., “Crystal structure of a
photolyase bound to a CPD-like DNA lesion after in situ
repair,” Science, vol. 306, no. 5702, pp. 1789–1793, 2004.

[42] H. Komori, R. Masui, S. Kuramitsu et al., “Crystal structure of
thermostable DNA photolyase: pyrimidine-dimer recognition
mechanism,” Proceedings of the National Academy of Sciences of
the United States of America, vol. 98, no. 24, pp. 13560–13565,
2001.

[43] R. S. Morgan, C. E. Tatsch, R. H. Gushard, J. McAdon, and P.
K. Warme, “Chains of alternating sulfur and pi-bonded atoms
in eight small proteins,” International Journal of Peptide and
Protein Research, vol. 11, no. 3, pp. 209–217, 1978.



6 Journal of Nucleic Acids

[44] R. S. Morgan and J. M. McAdon, “Predictor for sulfur-
aromatic interactions in globular proteins,” International
Journal of Peptide and Protein Research, vol. 15, no. 2, pp. 177–
180, 1980.

[45] B. L. Bodner, L. M. Jackman, and R. S. Morgan, “NMR
study of 1:1 complexes between divalent sulfur and aromatic
compounds: a model for interactions in globular proteins,”
Biochemical and Biophysical Research Communications, vol. 94,
no. 3, pp. 807–813, 1980.

[46] G. Némethy and H. A. Scheraga, “Strong interaction between
disulfide derivatives and aromatic groups in peptides and pro-
teins,” Biochemical and Biophysical Research Communications,
vol. 98, no. 2, pp. 482–487, 1981.

[47] K. S. C. Reid, P. F. Lindley, and J. M. Thornton, “Sulphur-
aromatic interactions in proteins,” FEBS Letters, vol. 190, no.
2, pp. 209–213, 1985.

[48] M. Lebl, E. E. Sugg, and V. J. Hruby, “Proton n.m.r. spectro-
scopic evidence for sulfur-aromatic interactions in peptides,”
International Journal of Peptide and Protein Research, vol. 29,
no. 1, pp. 40–45, 1987.

[49] A. R. Viguera and L. Serrano, “Side-chain interactions
between sulfur-containing amino acids and phenylalanine in
α-helices,” Biochemistry, vol. 34, no. 27, pp. 8771–8779, 1995.

[50] D. S. Spencer and W. E. Stites, “The M32L substitution
of staphylococcal nuclease: disagreement between theoretical
prediction and experimental protein stability,” Journal of
Molecular Biology, vol. 257, no. 3, pp. 497–499, 1996.

[51] R. J. Zauhar, C. L. Colbert, R. S. Morgan, and W. J. Welsh,
“Evidence for a strong sulfur-aromatic interaction derived
from crystallographic data,” Biopolymers, vol. 53, no. 3, pp.
233–248, 2000.

[52] L. J. Druhan and R. P. Swenson, “Role of methionine 56
in the control of the oxidation-reduction potentials of the
Clostridium beijerinckii flavodoxin: effects of substitutions by
aliphatic amino acids and evidence for a role of sulfur-flavin
interactions,” Biochemistry, vol. 37, no. 27, pp. 9668–9678,
1998.

[53] T. R. Prytkova, D. N. Beratan, and S. S. Skourtis, “Pho-
toselected electron transfer pathways in DNA photolyase,”
Proceedings of the National Academy of Sciences of the United
States of America, vol. 104, no. 3, pp. 802–807, 2007.

[54] A. Acocella, G. A. Jones, and F. Zerbetto, “What is adenine
doing in photolyase?” Journal of Physical Chemistry B, vol. 114,
no. 11, pp. 4101–4106, 2010.

[55] Y. Miyazawa, H. Nishioka, K. Yura, and T. Yamato, “Discrim-
ination of class i cyclobutane pyrimidine dimer photolyase
from blue light photoreceptors by single methionine residue,”
Biophysical Journal, vol. 94, no. 6, pp. 2194–2203, 2008.

[56] C. Lin and T. Todo, “The cryptochromes,” Genome Biology,
vol. 6, no. 5, article 220, 2005.

[57] M. Liedvogel, K. Maeda, K. Henbest et al., “Chemical mag-
netoreception: bird cryptochrome 1a is excited by blue light
and forms long-lived radical-pairs,” PLoS One, vol. 2, no. 10,
Article ID e1106, 2007.

[58] R. J. Gegear, A. Casselman, S. Waddell, and S. M. Reppert,
“Cryptochrome mediates light-dependent magnetosensitivity
in Drosophila,” Nature, vol. 454, no. 7207, pp. 1014–1018,
2008.

[59] H. Zhu, I. Sauman, Q. Yuan et al., “Cryptochromes define a
novel circadian clock mechanism in monarch butterflies that
may underlie sun compass navigation.,” PLoS Biology, vol. 6,
no. 1, p. e4, 2008.

[60] C. T. Rodgers and P. J. Hore, “Chemical magnetoreception in
birds: the radical pair mechanism,” Proceedings of the National
Academy of Sciences of the United States of America, vol. 106,
no. 2, pp. 353–360, 2009.

[61] T. Biskup, E. Schleicher, A. Okafuji et al., “Direct observation
of a photoinduced radical pair in a cryptochrome blue-light
photoreceptor,” Angewandte Chemie. International Edition,
vol. 48, no. 2, pp. 404–407, 2009.

[62] K. Hitomi, H. Nakamura, S.-T. Kim et al., “Role of two his-
tidines in the (6-4) photolyase reaction,” Journal of Biological
Chemistry, vol. 276, no. 13, pp. 10103–10109, 2001.

[63] M. S. Jorns, G. B. Sancar, and A. Sancar, “Identification of a
neutral flavin radical and characterization of a second chro-
mophore in Escherichia coli DNA photolyase,” Biochemistry,
vol. 23, no. 12, pp. 2673–2679, 1984.

[64] W. W. Smith, R. M. Burnett, G. D. Darling, and M. L.
Ludwig, “Structure of the semiquinone form of flavodoxin
from Clostridium MP. Extension of 1.8 Å resolution and some
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Mismatch repair proteins modulate the cytotoxicity of several chemotherapeutic agents. We have recently proposed a “death
conformation” of the MutS homologous proteins that is distinguishable from their “repair conformation.” This conformation
can be induced by a small molecule, reserpine, leading to DNA-independent cell death. We investigated the parameters for a small
reserpine-like molecule that are required to interact with MSH2/MSH6 to induce MSH2/MSH6-dependent cytotoxic response.
A multidisciplinary approach involving structural modeling, chemical synthesis, and cell biology analyzed reserpine analogs
and modifications. We demonstrate that the parameters controlling the induction of MSH2/MSH6-dependent cytotoxicity for
reserpine-analogous molecules reside in the specific requirements for methoxy groups, the size of the molecule, and the orientation
of molecules within the protein-binding pocket. Reserpine analog rescinnamine showed improved MSH2-dependent cytotoxicity.
These results have important implications for the identification of compounds that require functional MMR proteins to exhibit
their full cytotoxicity, which will avoid resistance in MMR-deficient cells.

1. Introduction

Mismatch repair is one of the key DNA repair systems
in the cell that repair incorrectly formed base pairs and
insertion/deletion loops during replication, significantly
increasing the stability of the genome [1–5]. Additional
importance comes from the contribution of defects in MMR
proteins to cancer development, progression and therapeutic
success. In addition to the recognition of replication errors,
key MMR proteins MSH2/MSH6 recognize a number of
DNA lesions that are irreparable by these proteins, which,
in turn, initiate a cell death pathway. The role of MMR
proteins in the cell death response to cytotoxic agents has
been the subject of much debate [6, 7]. Whether DNA
damage is recognized in form of a mismatch at the site of
the damage, or DNA damage itself is recognized remains
subject of investigation and may vary with the nature of the

damage. Recent data suggest that some types of DNA lesions
are recognized without the requirements for a mismatch [8].
As a result of their ability to recognize certain DNA lesions
and their participation in the initiation of cell death, MMR
proteins modulate the response to certain chemotherapeutic
agents. This participation is particularly evident in cells
with defects in MMR proteins which reduce the sensitivity
to chemotherapeutic agents sufficiently to prove to be a
problem for the treatment of tumors [1, 6, 9–12].

The exact mechanism of the cytotoxic response initiated
by MSH2/MSH6 interactions with DNA damage remains
under investigation and speculation. Recent data suggest
that the response pathway depends on the nature of the
lesion rather than the unification of different signals into
a common pathway [13]. At least two hypotheses have
been put forward to address the mechanism behind the
MMR protein-dependent cell death: The “futile cycles of
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repair” hypothesis is based on the formation of a mismatch
opposite the DNA damage, followed by attempted repair
events that retain the damage and the formation of DNA
strand breaks as factual initiators of cell death [1, 4, 14].
The second hypothesis suggests a direct involvement of
MMR proteins in the initiation of the cell death event. We
and others have identified separation-of-function mutants
that demonstrate that repair-defective mutants of MMR
proteins retain the ability to induce cell death, suggesting
that repair is not required for cytotoxic response to all
types of DNA damage [8, 15–17], but also suggesting that
specific MMR proteins form recognition complexes for
both mismatch repair, and at least some types of DNA
damage. Computational modeling predicted the formation
of a “death conformation” with distinctly different features to
the “repair conformation” of MutS and its homologs (MSH).
This model of a MutS “death conformation” was validated
in extensive mutational analyses on eukaryotic proteins [8].
Although the mechanistic details of this pathway are largely
unknown, targeting the apparent recognition complex for
cell death, that is, the “death conformation,” has shown initial
successes [18]. Hence, we aim to exploit this pathway via
small molecule binding to the “death conformation.”

Recently, we have demonstrated that the MSH2-
dependent cell death response can be induced by small
molecules that mimic binding to DNA damage and promote
the induction of this cell death [18]. The prototype for this
induction of MSH2-dependent cell death without genotoxic
insult is reserpine, a drug previously in clinical use for
hypertension. The predicted binding of the molecule to the
protein occurs in the DNA binding pocket and induces
specific conformational changes that allow access to the
“death conformation” of the protein [18]. At present, the
direct binding of reserpine, and its derivatives, to the
“death conformation” has been predicted, and the ability
of reserpine and rescinnamine to induce MSH2-dependent
apoptosis has been verified experimentally in this work as
well as in an earlier study [18]. Unfortunately, it does not
seem possible, with present technology, to unequivocally
demonstrate physical association between MSH2/MSH6 and
either reserpine or rescinnamine. Attempts to use SPR and
calorimetry (data not shown) have lacked the precision to
detect these small alkaloids binding to such a large proteins
complex. We expect that the technology used to detect
such direct binding of small molecules to large protein
complexes will be refined over the next few years, and
that presently challenging complexes, such as the proposed
MSH2/MSH6/rescinnamine or reserpine complex, will be
directly studied. For now, given the circumstantial evidence
reported herein and in [18] we consider the hypothesis that
reserpine binds to MSH2/MSH6 as predicted to be a reason-
able starting point for further studies. Here, we determine the
parameters for small molecules to initiate the MMR protein-
dependent cell-death response, where the cell-death response
is measured via two distinct standard assays, MTS assay and
caspase activation, which provide multiple pieces of evidence
for the induction of cell-death. Based on our models, we have
hypothesized that specific structural parameters are required
of a small molecule to mimic the interaction of MSH2/MSH6

with DNA damage, show the correct orientation in the
protein-binding pocket and initiate MSH2-dependent cell
death. In a combination of computer-based structural mod-
eling, chemical synthesis, and cell biology, we have identified
these distinct requirements, which consist of the size of the
molecule, the presence and location of methoxy groups,
and the orientation of the molecule within the protein-
binding pocket. While the computational modeling assumes
that the small molecules bind in a specific pocket and in
specific orientations, as predicted, the cellular assays do not
require such assumptions. These small-molecule structural
parameters will provide the foundation for any subsequent
searches for new small molecule compounds that initiate
the specific MSH2-dependent cell death targeted in this
approach.

2. Materials and Methods

2.1. Virtual Screening. AutoDock 3.0 was used to perform
3D docking into structural models generated from the
molecular dynamics simulations. Docking grids from vdW
and electrostatic interactions were generated using standard
AutoDock charges, vdW, and electrostatic parameters on
cubic grids, 18.75 Å on a side. The grids were centered
on the midpoint of the line connecting the two guanine
nitrogens that are crosslinked in the platinated simulation,
but the grids were generated in the absence of DNA and
the platinum adduct. The mol2 files for the small molecules
were generated using MARVIN and assigned charges and
rotatable bonds using AutoDock, which was also used to
perform the preparatory work for the grid docking. The
ligands were docked using default Autodock Lamarckian
genetic algorithm parameters except the number of runs was
increased to 256. The structure with the lowest estimated
inhibition constant, Ki, as calculated by AutoDock was used
as the docked pose [15].

2.2. Molecular Dynamics Simulations. The structures used
for the docking are the centroids from the final equilibrated
clusters of two molecular dynamics simulations. The clusters
were obtained by K-means clustering with a 1 Å radius
cutoff on the alpha-carbon positions of structures in the
molecular dynamics trajectories. The simulation protocol
is largely the same as described elsewhere, differing only
in the use of a constant pressure algorithm, and differing
simulation lengths, and is briefly summarized here. The X-
ray structure of Escherichia coli MutS in complex with DNA
was the initial starting point; hydrogen atoms were added
using the building facility of CHARMM and TIP3P water
molecules and counterions were added using the solvate
package of the visual molecular dynamics (VMD) package.
The CHARMM27 force field was used for the entire complex
with additional parameters added based on preexisting
cisplatin parameters. The platinum crosslinks two adjacent
guanines. The simulation was performed in NAMD using
standard parameters: a 2.0 fs timestep using SHAKE on
all bonds to hydrogen atoms, a 12 Å cutoff, Particle Mesh
Ewald with a 128 grid points on a side, Berendsen’s constant
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pressure algorithm with a target pressure of 1.01325 bar, a
compressibility of 45.7 mbar, a relaxation time of 1 ps, and a
pressure frequency of 40 fs, and a coordinate save frequency
of 200 fs; all as implemented in NAMD. The simulation
protocol consisted of 250 ps of thermal equilibration to
300 K, followed by a 10 ns production simulation 15. The
partition coefficients were calculated using extended group
contribution approach. In this approach, a chemical struc-
ture is automatically decomposed into fragments and atom
types, and the contributions of different fragments and atom
types are summed together, along with correction terms
to account for interactions between different fragments
[19].

2.3. Chemical Synthesis. Methyl reserpate and benzoyl reser-
pine were prepared from reserpine as previously described
[20]. All other reserpine analogs were generated in a
similar fashion by condensation of methyl reserpate with the
commercially available acid chloride. All new compounds
were purified by flash chromatography and characterized by
proton and carbon NMR spectroscopy and mass spectrome-
try (see Supplementary Material for specific compounds).

2.4. Cell Viability Assays. HEC59 cells (msh2 deficient) and
the paired cell line with chromosome 2 transfer HEC59 (2)
have been extensively characterized previously [21]. In addi-
tion to their msh2 defect, these cells contain dysfunctional
p53. The cells were grown in standard growth media of
DMEM-F12 +10% FBS. Cells were plated in 96 well plates at
an appropriate concentration in 100 μl media and incubated
overnight. Media was replaced with fresh media containing
drug and allowed to incubate for 24 hours at indicated
concentrations. Untreated cells received fresh media with
vehicle only. One solution reagent (CellTiter 96(r) AQueous
One Solution) was added to existing media (20 μl/well) and
allowed to incubate 3-4 hrs. A plate reader was used to record
the absorbance at 490 nm.

Dose-dependent response to nineteen increasing concen-
trations of the respective compound was determined. OD
measurements were used to determine cell viability at each
of the concentrations as percentage of control and analyzed
for IC50 values using GraphPad Prism 4TM. Each compound
was analyzed in triplicate. Graphs represent the mean values
and standard deviations of three independent experiments.

3. Results

3.1. Functional MSH2- and MSH6 Are Required to Induce Full
Cytotoxic Response to Reserpine and Rescinnamine. Reserpine
(Figure 1(a)), a small molecule identified through computa-
tional modeling has been predicted to bind MutS homologs
mimicking DNA damage [18]. We have used LC-MS total ion
chromatography to provide evidence for the binding of reser-
pine to yeast Msh2/Msh6 (see Figure 1 in Supplementary
Material available online at doi:10.4061/2011/162018). Data
analysis was performed for m/z 609, which is characteristic
of reserpine alone. The chromatogram of pure reserpine

standard showed one prominent peak that eluted at 1.62
minutes with a mass/charge of 609.325 (suppl. Figure 1).
This peak was fragmented by the later MS sectors and two
fragments—397.08 and 194.82 were reproducibly observed.
When the reserpine was mixed in a one-to-one ratio with
the protein sample, the peak very reproducibly eluted with
a longer retention time (1.88 minutes) relative to pure
reserpine. The fact that we detected the peak at 609 could lead
to several conclusions: The detected reserpine may represent
never bound or excess unbound reserpine. However, no
consistent longer migration times would be expected. If the
presence of protein simply blocked sites of interaction on the
stationary phase, it would be surprising to see this as a highly
reproducible effect. An alternate explanation would be that
the detected reserpine indeed had protein bound, but that the
bound reserpine had been liberated (unbound) during the
electrospray stage of the analysis. Since no excess reserpine
was present in the mix, we would not expect two peaks
(unbound, excess, and bound reserpine). Taken together, our
data indicate that reserpine was bound to protein through
the LC column, and freed during the electrospray stage.
These data indicate a relatively weak binding of reserpine
to the protein. The weakness of interaction may not be
surprising, given that the compound is much smaller than
the normal DNA substrate, and hence provides much fewer
opportunities for interactions. This does provide indirect
evidence that reserpine does bind, albeit, potentially weakly
to the protein complex, which suggests that modification of
reserpine may be fruitful to improve targeting of the MSH2-
dependent pathway.

Cell viability assays show that even though reserpine
decreases viability of both MSH2-deficient (IC50 93 μM) and
MSH2-proficient (IC50 61 μM) cells after 24-hr treatment,
it preferentially kills MSH2-proficient cells (Figure 1(b)).
The 1.5-fold difference in cell viability between proficient
and deficient cells is reminiscent of the activity of cisplatin,
though reserpine activity is observed considerably earlier.
Rescinnamine (Figure 1(a)), a derivative of reserpine that
adds additional length via the substitution of the trimethoxy-
benzoyl group with a trimethoxycinnamoyl group, like-
wise requires functional MSH2 for full reduction of cell
viability (MSH2-deficient: IC50 115 μM; MSH2-proficient:
IC50 38 μM) (Figure 1(b)). The increase in length, without
alteration of functional groups, doubled MSH2-dependent
cytotoxicity to a 3-fold difference in cell viability between
proficient and deficient cells.

We next determined if the decrease in mitochondrial
integrity, as determined by the MTS assay for cell viability is
indicative of the induction of an apoptotic response pathway.
Cell extracts of treated cells were analyzed for the specific
activation of caspase-3, a proapoptotic protein commonly
used as an indicator for apoptotic cell death. The treatment of
MSH2-deficient cells with reserpine (85 μM), rescinnamine
(60 μM) or the control compound Staurosporine for 24
hours induces caspase-3 cleavage equally and only weakly
above the untreated background control (Figure 1(c)). Drug
concentrations were chosen based on the IC50 in these cells,
which is reflective of the different toxicity of the compounds.
In contrast, in MSH2-proficient cells, caspase-3 activation
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is significantly stronger. The difference in the efficiency
in inducing cell death response between reserpine and
rescinnamine is apparent, as rescinnamine induces stronger
caspase-3 activation than reserpine (Figure 1(c)).

MSH2 forms a functional heterodimer with MSH6 in
its ability to recognize DNA lesions and initiate response
pathways. We next determined if MSH6 is also required
in the initiation of proper responses to small molecules,
such as reserpine and rescinnamine. MSH6-deficient and
MSH6-deficient cells were treated with reserpine (85 μM)
and rescinnamine (60 μM) for 24 hours. The detection of
cleaved caspase-3 in extracts from both cell lines revealed
activation primarily in the MSH6-proficient cells, consistent
with a functional requirement of the protein for cytotoxic
response (Figure 1(d)).

3.2. Combinatorial Treatment of Cisplatin and Rescinnamine
Abrogates MSH2-Dependence of Cytotoxic Response and
Eliminates Chemotolerance. Cisplatin is a chemotherapeutic
that primarily forms (1,2)-intrastrand crosslinks between
adjacent guanines in DNA. This compound was previously
used as a model agent to characterize the MSH2/MSH6-
dependent induction of a protein “death conformation” and
cytotoxic response [8]. Since reserpine was predicted to
likewise stabilize the MSH2/MSH6 “death conformation”
[18], and rescinnamine showed an improved activity over
reserpine, we asked whether a combination of rescinnamine
with cisplatin would improve the activity of either drug
alone.

MSH2-deficient and MSH2-proficient cells were treated
with sublethal doses of cisplatin (10 μM) and increasing
concentrations of rescinnamine (0–25 μM). Cell viability
was determined after 24, 48, and 72 hours by MTS assay
(Figure 2). Twenty-four hours after treatment (Figure 2(a)),
a rapid decrease in cell viability was observed that led to
the complete elimination of viable cells after 48 hours at
much lower concentration of either cisplatin or rescinnamine
alone (Figure 1(b)) [18]. This effect on cell viability was
indistinguishable for MSH2-proficient and MSH2-deficient
cells. Overall cell viability was reminiscent of the treat-
ment of MSH2-proficient cells with rescinnamine alone,
and increased tolerance to the drug was eliminated by
the concomitant treatment with cisplatin (Figure 2(a)).
Increased exposure to the combination treatment eradicated
cell viability entirely (Figures 2(b) and 2(c)), which was
previously not observed for much higher concentrations
of either drug alone [13, 18]. Full eradication of cells was
observed after 48 or 72 hour treatment with 20 μM cisplatin
and 15 μM rescinnamine.

The IC50 values of the combination treatment confirm
this result. The addition of cisplatin resulted in a 7.3-fold
decrease in IC50 value for rescinnamine after 24 hours, and
a 9.7-fold decrease after 48 hours in MSH2-deficient cells.
The same levels of rescinnamine reduced cell viability in
MSH2-proficient cells (Table 1). An additional 24 hours of
treatment for a total of 72 hours did not significantly alter
the IC50 any further. The combination treatment results in
a rapid, MSH2-independent demise of cell viability. These

findings are confirmed by immunoblotting; upon treatment
with 24 hours of rescinnamine (60 μM) and cisplatin (10 μM)
comparable levels of caspase-3 cleavage in MSH2-deficient
and MSH2-proficient cells are observed (Figure 2(d)). At
48 and 72 hours, all cells treated with the combination
treatment were eliminated and no lysates could be collected
and assessed for caspase-3 cleavage.

3.3. Structural Predictions and Validation of Parameters
Required for MSH2-Dependent Cell Death. Next, we wanted
to identify the specific parameters that are required for the
MSH2-dependent induction of cell death, and when altered,
reduce or abolish this function. Modeling of reserpine and
rescinnamine into the MutS structure (Figure 3) predicted
functional groups and parts of the molecules with favorable
(red) or unfavorable (blue) interactions with the protein.
Green depicts intermediate importance in the interaction.

Differences in the predicted favorable and unfavorable
interactions of reserpine and rescinnamine, respectively,
represent the difference in their activity. The methoxy group
on ring 1 of reserpine is predicted to be nonessential
for interactions, while, in rescinnamine, it is proposed
to be important for interactions. As for ring 6, all three
methoxy groups in reserpine are predicted to have favorable
interactions, but only two of them are highly favorable for
interactions between rescinnamine and MutS/MSH proteins.
In reserpine, the carbon of ring 5 that connects to carbon
chain leading to ring 6 is pertinent for interactions. Nonethe-
less, in rescinnamine, that system is unfavorable.

These computational predictions were subsequently
experimentally analyzed to determine the validity of the
prediction. Derivatives of reserpine and rescinnamine were
purchased or synthesized (if not commercially available) (see
Table 1). Through structural predictions, the compounds
were subdivided into four distinct modes of binding to
MutS/MSH proteins: reserpine-like conformation, flipped
conformation, mismatch-like conformation, and nonspecific
conformation (see Figure 5).

3.3.1. Reserpine-Like Conformation. Reserpine was identified
utilizing the cisplatin-induced “death conformation” of
MSH2/MSH6 [8, 18], predicting a similar interaction with
the DNA-binding pocket of MutS (Figure 3(a)). Likewise,
rescinnamine is predicted to show similar interactions
(Figure 3(b)). The space occupied by either molecule largely
overlaps with that of DNA. The molecules are stabilized
by hydrogen bonds between their methoxy groups and at
least three amino acids (G38, R58, R108 of MutS). These
residues were previously identified as being important for the
interaction with cisplatinated DNA [8]. The phenylalanine
(F36) shown to be indispensable for mismatch repair is
far removed from the small molecules and shows no
significant binding activity [8, 22]. This lack of significance
is reminiscent of its failure to exhibit a significant effect
on the binding to cisplatinated DNA or, when mutated,
on the cytotoxic response to cisplatin [8]. Both molecules
show a characteristic bend. Previously, it was suggested
that an acquired or preexisting bend in the ligand for
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Figure 1: (a) Structures of reserpine and rescinnamine with their binding constants and calculated partition coefficients (see Methods for
details). (b) MTS cell survival assay shows MSH2-dependent cell viability after concentration-dependent reserpine (left) and rescinnamine
(right) treatments. MSH2-deficient cell response is shown with squares, proficient response with triangles. (c) Western blot shows caspase-3
cleavage in Hec59 (MSH2-deficient; left panel) and Hec59(2) (MSH2-proficient; right panel) cells upon treatment with reserpine (85 μM)
and rescinnamine (60 μM). The 17 and 19 kDa cleavage products of caspase-3 are depicted. Staurosporine (STS) was used as a positive
control; actin was used as a loading control. (d) Western blot displays caspase-3 cleavage in DLD1 (MSH6-deficient; left panel) and DLD1(2)
(MSH6-proficient; right panel) cells treated with reserpine and rescinnamine.
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Figure 2: Combination treatment of cisplatin and rescinnamine drastically reduces cell viability within 24 hours (a) and completely
eliminates all cells at 48 and 72 hours (b and c, resp.) when cells are treated with cisplatin (10 μM) and increasing concentrations of
rescinnamine (0–25 μM). Cell viability is accessed via MTS assays; MSH2-deficient cells (�) and MSH2-proficient (	) cell response is
shown. Mean values and standard deviations of three independent experiments are shown. (d) Immunoblotting demonstrates caspase-3
cleavage in Hec59 (MSH2-deficient; lanes 1 and 2) and Hec59(2) (MSH2-proficient; lanes 3 and 4) cells upon treatment with 24 hours of
cisplatin (10 μM) and rescinnamine (60 μM). The 17 and 19 kDa cleavage products of caspase-3 are depicted. Staurosporine (STS) was used
as a positive control; actin was used as a loading control.

MutS homologous proteins is required for robust binding
to their substrates [23]. The existence of such a bend may
be a prerequisite for small molecules to specifically bind to
MutS homologous proteins and induce a specific response.
However, the predicted orientation of the bend in the
small molecules appears to be inverted compared to DNA,
which may suggest that the actual presence of a bend is
not a requirement for cytotoxic response. Among all the
compounds tested, reserpine and rescinnamine are the only
molecules predicted to preferentially bind in this specific
conformation and exhibit these specific interactions with the
protein binding pocket.

3.3.2. Flipped Conformation. To determine the functional
requirements of a small molecule to induce MSH2-
dependent cell death, we constructed a number of analogs
based on the reserpine structure. We hypothesized, based
on the structural predictions, that the methoxy groups on
ring 6 will have significant impact. We constructed several
compounds that either lack all or some of the methoxy
groups, resulting in seven different molecules: benzoyl, 3-
methoxybenzoyl, 4-methoxybenzoyl, 3,4-dimethoxybenozyl,
3,5-dimethoxybenzoyl, methylendioxybenzoyl, and
cinnamoyl resperine (Figure 4(a)). Interestingly, the
structural predictions suggest a preferred altered binding
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Table 1: IC50 values for response of MSH2-deficient and MSH2-proficient cells to Reserpine analogs.

Compound
IC50 [μM]

Fold difference
MSH2-deficient 95% CL MSH2-proficient 95% CL

cisplatin 75 46–130 47 35–64 1.6

reserpine 93 74–120 61 54–70 1.5

rescinnamine 87 53–150 39 32–47 2.6

rescinnamine + 10 μM cisplatin (24 h) 12 11–13 11 10–13 1.1

rescinnamine + 10 μM cisplatin (48 h) 9.1 7–12 9.7 9–11 0.94

rescinnamine + 10 μM cisplatin (72 h) 9.9 9–11 9.8 5−13–214 1.01

benzoyl 110 100–120 132 107–160 0.83

3-methoxy benzoyl 83 74–92 88 75–104 0.94

4-methoxy benzoyl 68 58–81 67 59–75 1.01

3,4-dimethoxy benzoyl 85 78–93 66 59–74 1.3

3,5-dimethoxy benzoyl 36 28–48 38 30–49 0.95

cinnamoyl 150 92–250 130 107–160 1.2

methylenedioxybenzoyl 36 32–41 51 45–58 0.71

deserpidine 59 51–69 48 46–51 1.2

1 2
3

4
5

6

(a)

1

2

3 4 5

6

(b)

Figure 3: Structures of reserpine (a) and rescinnamine (b)
analyzed by computational modeling depicting favorable (red)
and unfavorable (blue) interactions with amino acids within
MutS-binding pocket. Green indicates interactions of intermediate
binding relevance.

orientation of these molecules, even for those lacking
only one methoxy group (3,4-dimethoxy benzoyl; 3,5-
dimethoxy benzoyl). This altered binding mode would
flip the molecule and have it oriented the opposite way
to the reserpine/rescinnamine. The binding of each one
of the five molecules in this orientation is predicted to be
strong, with predicted Ki values of 15–32 μM. Experimental
determination of the cell death demonstrates the ability
of these compounds to induce cell death, however in an
MSH2-independent manner (Figure 6(a), Table 1). The

3,4-dimethoxy benzoyl compound is an exception and the
only molecule that initiates a significant MSH2-dependent
cell death response. The IC50 values for this compound result
in 85 μM in MSH2-deficient cells versus 66 μM in MSH2-
proficient cells, with a 1.3-fold difference, reminiscent of the
response observed with reserpine (Table 1). When forced
by computational modeling into the “correct” orientation,
the predicted binding constant is 93 μM, which would
substantiate the cell biology data and suggest a poorer
binding to MutS than reserpine. The limitations of the
resolution of structural modeling make it impossible to
distinguish the binding affinity of this compound from
the one of other methoxy compounds in the “correct”
orientation.

Since ring 6 is attached to the remainder of the
protein by a rotatable bond, the 3,4-dimethoxy benzoyl
compound is indistinguishable from the 4,5-dimethoxy
molecule. Whether the presence of two methoxy groups on
this ring is sufficient for the induction of MSH2-dependent
cell death, or this rotation and the resulting presence of
methoxy groups in all three positions enable the appropriate
response is unknown.

Methylenedioxybenzoyl has an additional ring system on
ring 6. This compound is predicted to bind to MutS with a Ki

of 19 μM; however, the predicted binding is also found to be
in a flipped conformation. The cell death response is opposite
to the damage response generally observed in dependence
of mismatch repair proteins. MSH2-deficient cells show a
higher sensitivity to the compound than proficient ones
(IC50 of 36 μM in MSH2-deficient ones, versus 51 μM
in MSH2-proficient cells, Table 1), reversing the resistance
phenotype seen with cisplatin and reserpine/rescinnamine.

Cinnamoyl reserpine is a rescinnamine derivative that
lacks the methoxy groups on ring 6, similar to the reserpine
analog benzoyl. Again, similar to the corresponding reser-
pine analog, the predicted binding of cinnamoyl reserpine to
MutS is predicted to occur in the flipped conformation with
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Figure 4: Structures of reserpine and rescinnamine derivatives are shown on the left and their corresponding predicted (calculated, as
described in Section 2) binding constants and partition coefficients are displayed on the right. Derivatives are subdivided into their predicted
binding modes: (a) flipped; (b) mismatch-like; and (c) nonspecific or altered (see also Figure 5).

a binding constant of 14 μM. The compound induces cell
death that is independent of functional MSH2 (IC50 value
of 150 μM in MSH2-deficient cells versus 130 μM in MSH2-
proficient cells; Figure 6(a), Table 1). This result confirms the
structural prediction.

Together, these results suggest that the absence of essen-
tial methoxy groups on ring 6 that appear to position the
molecules in the correct conformation triggers a different
binding mode (Figure 5(b)) that does not result in MSH2-
dependent cell death. Removal of these suggested, essential
functional groups eliminates the MSH2-dependent cell death
response.

3.3.3. Mismatch-Like Binding. The methoxy group on ring
1 was predicted to show unfavorable interactions with the
MutS protein for reserpine, but not rescinnamine (Figure 3).
A clinically relevant compound exists that has the general
structure of reserpine, but lacks this methoxy group (deser-
pidine, Figure 4(b)). Though eliminating a suggestively
unfavorable interaction, the predicted binding constant is

roughly 2-fold worse than that for reserpine (130 μM), which
suggests that even an “unfavorable” interaction may be
required to correctly orient the molecule in the binding
pocket.

The predicted binding mode for deserpidine is reminis-
cent of the binding of mismatched DNA to the protein. The
molecule shows a stronger bending than other compounds
and altered orientation that results in the molecule wrapping
around the phenylalanine involved in coordinating mis-
match binding (F36) (Figure 5(c)). The predicted specificity
for the “death conformation” is reduced for this molecule,
which would further confirm the predicted “mismatched
DNA”-like binding mode.

The cell biology of this compound revealed cell death
induction with no significant specificity for the presence of
MSH2 (IC50 values of 56 μM in MSH2-deficient versus 49 μM
in MSH2-proficient cells; Figure 6(b), Table 1), confirming
the structural predictions. This result suggests that binding in
the “mismatched DNA mode” eliminates MSH2-dependent
cytotoxic response.
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Figure 5: Predicted modes of binding of reserpine and rescinnamine derivatives include: (a) reserpine-like; (b) flipped; (c) mismatch-like;
(d) nonspecific or altered.

3.3.4. Nonspecific and Altered Binding. Some compounds
are predicted to bind MutS in an entirely altered confor-
mation. Though binding is still observed in or close to
the DNA-binding pocket, the general orientation of these
compounds is altered when compared to the binding of
reserpine/rescinnamine (Figure 5(d)).

Methyl Reserpate lacks the entire ring 6. This compound
is predicted to bind in a distance to the actual binding pocket
with a Ki of 101 μM. The molecule only weakly induces cell
death in either MSH2-proficient and MSH2-deficient cells
with no preference for either cell line. The cell death response
was not sufficient to reliably determine IC50 values.

Syrosingopine is a commercially available reserpine
analog that has found application as an antihypertensive
drug. Its predicted binding to the mismatch repair protein
is the worst among the tested compounds, with a predicted
Ki of 1310 μM. This is largely due to the fact that its
substitution on position 4 of ring 6 increases its length
considerably, which interferes with the binding to the protein
(Figures 4(c) and 5(d)). The binding of the molecule is
hence highly “distorted” when compared to the interaction
of reserpine/rescinnamine with the protein (compare Figures
5(a) and 5(d)).

Evodiamine, a compound described as aiding in diet-
induced obesity [24], only contains ring systems 1-5 and
lacks all methoxy groups seen in reserpine/rescinnamine.

This compound shows no specific binding in the compu-
tational docking experiments, and hence does not result
in a predictable binding constant. In the cell system, this
molecule shows no significant cytotoxic effect, in either
the presence or absence of MSH2 (Figure 6(a)). This is
presumably due to the fact that evodiamine cannot establish
any of the required interactions with the MMR protein.

Cells were treated with selected reserpine derivatives
to determine their effect on cell viability and caspase-3
cleavage. MSH2-proficient and MSH2-deficient cells were
treated with increasing concentrations (0–250 μM) of 3-
methoxy reserpine, 3,4-dimethoxybenzoyl reserpine, 3,5-
dimethoxybenzoyl reserpine, evodiamine, and deserpidine
for 24 hours after which time their viability was assessed
via MTS assay (Figure 6(a) and data not shown). Upon
treatment with 3,5-dimethoxybenzoyl, no MSH2-dependent
cell death was observed (data not shown). Upon treatment
with 3,4-dimethoxybenzoyl reserpine, however, a 1.3-fold
difference between MSH2-proficient and MSH2-deficient
cells was observed, reminiscent of the increase in resistance
to cisplatin in MSH2-deficient cells. This result indicates
the importance of two methoxy groups on ring 6 of
the small molecule. This cellular result provides further
indirect evidence that the computational model, which is
one of direct binding to a specific protein conformation, is
valid.
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Figure 6: (a) Derivatives of reserpine and rescinnamine diminish cell viability in an MSH2-independent manner as shown by MTS assays
with an exception of 3,4-dimethoxy reserpine, which demonstrates a slight dependence on MSH2. Evodiamine has an insignificant effect on
cell viability. One representative from each of the predicted binding mode groups is shown. MSH2-deficient cells (�) and MSH2-proficient
(	) cell response is shown. (b) Caspase-3 cleavage was assessed in Hec59 (MSH2-deficient; left panel) and Hec59(2) (MSH2-proficient; right
panel) cells when treated with various compounds. The 17 and 19 kDa cleavage products of caspase-3 are depicted. Staurosporine (STS)
was used as a positive control; actin was used as a loading control. Lisinopril is an ACE inhibitor, like rescinnamine, and demonstrates
rescinnamine’s action as being independent of its antihypertensive properties.

Since rescinnamine exhibits the activity of an ACE
inhibitor, we determined if the observed effect on cell
viability is due to this activity. In comparison, another,
structurally different ACE inhibitor, lisinopril [25], was
added and cell viability determined. No effect on cell viability
and caspase-3 activation was observed in either MSH2-
proficient and MSH2-deficient cells (Figure 6(b)), suggesting
a different function for rescinnamine in MSH2-dependent
cell death.

4. Discussion

MMR is one of the primary DNA repair pathways that
maintain genome stability within every cell. Its significance
is displayed by its contribution to carcinogenesis in cells
deficient for a key MMR protein. Based on the increasing
number of additional protein interactions MMR proteins
undergo, they may participate in numerous other cellular
functions that remain to be understood. Among these,
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their participation in the response to cytotoxic agents and
the initiation of cell death is of importance, particularly
since defects in MMR proteins increase resistance to certain
chemotherapeutic agents and lead to the clonal selection
of MMR-deficient cells. We have previously described the
response of MMR proteins to the chemotherapeutic agent
cisplatin and predicted a “death conformation” that is selec-
tively targeted. This “death conformation” can be accessed
by a small molecule, reserpine that induces DNA damage-
independent cell death. Our multiple cellular assays have
provided indirect evidence that this model, which required
direct binding of reserpine, is indeed correct. However, we
do look forward to the day when direct binding can be
observed with either refinements of current technologies, or
with brand new technologies. We have here determined the
particular parameters that allow reserpine and its analogs to
access the predicted “death conformation” of MSH2/MSH6
and induce cell death. These parameters, although predicted
based on our model, were verified by cellular assays, which
provided indirect evidence for the appropriateness of our
model. Our experimental data indicates that the length of
the molecule and specific functional groups are required for
the induction of cell death. In our model, these parameters
are critical to maintain the correct orientation of the small
molecules within the MSH2/MSH6-binding pocket. Small
changes in this structure of reserpine abrogate the ability
to induce MSH2-dependent cell death; which would not
be surprising if our model of direct binding were correct.
These results suggest that the development of an improved
molecule for the induction of cell death that is based on
reserpine will need to be closely designed upon the original
structure of the molecule. Since rescinnamine proved to be
the best compound, future designs would do well to be
based on this structure. Since cinnamate, a derivative of
rescinnamine without the trimethoxy groups on ring system
6, abrogates the MSH2-dependent cell death response, these
groups are required for the observed activity.

5. Conclusions

Our data demonstrate the combining virtual screening with
conformational modeling is a novel, valid approach to
identify compounds that target highly specific structures
and pathways. We show that, in at least the case, molecular
dynamics simulations provide molecular conformations that
are sufficiently accurate as to allow for targeting of specific
conformations associated with specific molecular functions.
In particular, we have shown that cell death can be induced
by small molecules that have been screened against models
for a specific “death” conformation of the MSH2/MSH6
complexes. We have demonstrated the effects of these small
molecules, reserpine-analogs, via two distinct cell assays;
MTS assay and caspase-activation, which are standard and
commonly used tests for cell viability and apoptotic cell
death. Furthermore, the combinatorial treatment of reser-
pine and cisplatin resulted in rapid, MSH2-independent
cell death, suggesting that the combination treatment “over-
loads” the MSH2-dependent system, and the cell induces

death via a different pathway. This observation suggests
that future mechanistic studies, well beyond the scope of
this paper as few of the actors involved are known, would
be fruitful in determining the precise signaling pathways
induced in the MSH2-dependent and MSH2-independent
cell-death pathways. A more detailed mechanistic study of
the MSH2-dependent pathway would be useful in poten-
tially providing another protein target. Understanding the
mechanism of the MSH2-dependent pathway may provide
treatment options for MMR-deficient tumors, which are
found in many patients with colorectal cancers.

Taken together, our data determine the parameters
required of reserpine analogs to induce MMR-dependent
cell death that can be utilized to further develop chemicals
targeting this particular cell death pathway.
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DNA base excision repair (BER) accounts for maintaining genomic integrity by removing damaged bases that are generated
endogenously or induced by genotoxic agents. In this paper, we describe the roles of enzymes functioning in the early steps of
BER in fission yeast. Although BER is an evolutionarily conserved process, some unique features of the yeast repair pathway were
revealed by genetic and biochemical approaches. AP sites generated by monofunctional DNA glycosylases are incised mainly by
AP lyase activity of Nth1p, a sole bifunctional glycosylase in yeast, to leave a blocked 3′ end. The major AP endonuclease Apn2p
functions predominantly in removing the 3′ block. Finally, a DNA polymerase fills the gap, and a DNA ligase seals the nick (Nth1p-
dependent or short patch BER). Apn1p backs up Apn2p. In long patch BER, Rad2p endonuclease removes flap DNA containing
a lesion after DNA synthesis. A UV-specific endonuclease Uve1p engages in an alternative pathway by nicking DNA on the 5′

side of oxidative damage. Nucleotide excision repair and homologous recombination are involved in repair of BER intermediates
including the AP site and single-strand break with the 3′ block. Other enzymes working in 3′ end processing are also discussed.

1. Introduction

DNA molecules in cells always suffer from chemical decay
due to exposure to endogenous and environmental agents
[1–3]. Cells die when the damage to DNA obstructs repli-
cation and transcription. Moreover, base damage causes
mutations, which are responsible for cancer, aging, and the
hereditary diseases [3–5]. Base excision repair (BER) is a
DNA repair pathway directed mainly at nonbulky lesions,
such as, alkylated and oxidized bases, and at some types
of mismatched bases that are produced during replication
or by deamination [3, 5–7]. The BER pathway is usually
initiated by DNA glycosylase that removes damaged bases
to leave apurinic/apyrimidinic (AP) sites. The AP sites are
further processed by an AP endonuclease that cleaves phos-
phodiether bonds 5′ to the AP site to leave a 3′ OH and 5′-
deoxyribose phosphate (5′-blocked end). Bifunctional DNA
glycosylase associated with AP lyase removes damaged bases
and cleaves 3′ to the AP site, leaving a 3′-α,β-unsaturated
aldehyde (3′-blocked end) and a 5′ phosphate. These
blocked ends are subsequently converted into 3′ OH and 5′

phosphate by appropriate enzymes. Finally, a repair DNA
polymerase fills the gap, and a DNA ligase seals the nick.

The basic mechanism of BER was first elucidated in
Escherichia coli [3]. Subsequent studies showed that the
process is conserved in eukaryotes including the budding
yeast Saccharomyces cerevisiae and mammals. Fission yeast
(Schizosaccharomyces pombe) is an ascomycetous yeast that
shares many fundamental cellular properties with higher
multicellular eukaryotes [8]. Although S. pombe has been
used as a prominent model organism, research of the
BER pathway in yeast has started late. Completion of the
S. pombe genome project in 2002 provided a list of the
yeast BER machineries including DNA glycosylases and
AP endonucleases, which are evolutionarily conserved from
bacteria to man [9]. Over the past decade, the BER pathway
of S. pombe has been fairly well characterized by genetic
approaches using many BER-defective mutants constructed
by gene targeting. Biochemical properties of BER enzymes
were also examined using purified recombinant proteins. In
this paper, we describe the roles of the enzymes involved in
the early steps of BER in fission yeast with an emphasis on
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Table 1: DNA glycosylases in bacteria, yeasts, and human cells.

E. coli S. cerevisiae S. pombe Human AP lyase

Ung Ung1p Ung1p hUNG

−

Mug Thp1p hTDG

hSMUG1

hMBD4

AlkA Mag1p Mag1p

Mag2p

TagA

hMPG

MutY Myh1p hMYH

Nth1 Ntg1p Nth1p hNTH1

+

Ntg2p

Ogg1p hOGG1

Fpg

Nei hNEIL1

hNEIL2

hNEIL3

outlining common features as well as differences with other
model organisms.

2. DNA Glycosylases in S. pombe

DNA glycosylases identified in E. coli, S. cerevisiae, S. pombe,
and the human are classified in Table 1 on the basis of
their substrate specificities and structural features [3, 7, 10].
Monofunctional DNA glycosylase simply hydrolyzes the N-
glycosidic bond to release damaged bases and leaves the
AP site. Nth1 and Ogg1 DNA glycosylases are associated
with AP lyase activity, which cleaves 3′ to the AP site by
β elimination, leaving a 3′-α,β-unsaturated aldehyde. E.
coli Fpg and Nei and human NEILs are other types of
bifunctional glycosylases which cleave the AP site by β, δ
elimination and generate a 3′-phosphate end. S. pombe
has five monofunctional DNA glycosylases (Ung1p, Thp1p,
Mag1p, Mag2p, and Myh1p) [11]. Unlike other organisms,
Nth1p is a sole DNA glycosylase with AP lyase activity in S.
pombe cells. Nth1 DNA glycosylase is β lyase and does not
possess δ lyase activity [2, 5, 7].

2.1. Uracil DNA Glycosylases Ung1p and Thp1p Function
in Avoidance of Spontaneous Mutation. Deamination of
cytosine residues in DNA occurs spontaneously in pH- and
temperature-dependent reactions, and results in conversion
to uracil [1, 3]. Cytosine deamination is estimated to produce
400 uracil residues per mammalian genome per day [12].
Promutagenic U : G mispair causes C : G to T : A transi-
tion mutations, if not repaired prior to DNA replication.

Uracil also occurs in DNA through incorporation of dUMP
instead of dTMP by DNA polymerase during replication.
Deamination of 5-methylcytosine in DNA results in the
formation of thymine, and hence T : G mispairs. Uracil
residues can be removed through the activity of uracil DNA
glycosylase (UDG), which consists of four distinct families
in mammalian cells: the UNG family (the major activity
of UDG in cells), the MUG (mismatch-specific uracil DNA
glycosylase)/TDG (thymine DNA glycosylase) family, the
SMUG (single strand-specific monofunctional uracil-DNA
glycosylase) family, and the MBD4 (methyl-binding domain
4) family [3, 5, 13]. The UDGs, other than MBD4, form a
single protein superfamily with a common α/β-fold structure
and must have been evolved from a common ancestor [14].

S. pombe has two UDG genes, ung1 (systematic name
SPCC1183.06) and thp1 (SPCC965.05c). The Ung1p protein
is highly conserved (51% identity to human UNG) and
localizes predominantly to the nucleus [15]. The bacterially
expressed protein showed an apparent enzyme activity
for uracil-containing DNA, which was inhibited by an
inhibitor protein (UGI). Overexpression of ung1 induces
a DNA checkpoint-dependent cell cycle delay and causes
cell death [15]. Human MUG/TDG was first isolated as an
enzyme that excises thymine from T : G mispairs as well
as uracil from U : G mispairs [16, 17]. S. pombe Thp1p
is a member of the MUG family, and maintains a high
level of glycosylase activity towards substrates containing
U, 5-fluorouracil, 3,N4-ethenocytosine, and 5-hydroxyuracil
[18]. Unlike human enzyme, Thp1p cannot excise thymine
residues from the T : G mispair substrate. Since cytosine
methylation is undetectable in fission yeast cells, the potential
to process this substrate appears to be correlated with the
degree of cytosine methylation in the genome of organisms
[19]. Thp1p can also remove deaminated purine bases:
xanthine and oxanine from guanine and hypoxanthine
from adenine [20]. Both ung1 and thp1 mutants showed a
moderate mutator phenotype [21]. Double mutation of the
genes additively increased the mutation frequency. Moreover,
expression of Ung1p and Thp1p suppressed spontaneous
mutagenesis in UDG-deficient cells. These results indicate
that both proteins play important roles in the prevention of
spontaneous mutagenesis of S. pombe cells.

2.2. Two AlkA Homologs Mag1p and Mag2p Function in
Removal of Alkylated Base. Alkylating agents such as methyl
methanesulfonate (MMS) generate covalent modifications
at nitrogen residues of DNA bases, in particular N3-
methyladenine (3-meA) and N7-methylguanine (7-meG),
which account for 11% and 83% among the alkylation
bases by MMS, respectively [1, 3]. In contrast, 7-meG
appears to be a harmless alteration while 3-meA is a
cytotoxic lesion that blocks both replication and transcrip-
tion. S-adenosylmethionine, which is a common cosubstrate
involved in methyl group transfer, also takes part in the
nonenzymatic methylation of DNA [1]. In a human cell,
3-mA and 7-mG spontaneously generate 600 and 4,000
residues a day, respectively [12].

In E. coli, alkylation products such as 3-meA and 7-
meG are mainly removed by two structurally different
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monofunctional DNA glycosylases, AlkA and TagA [3].
The S. pombe genome encodes two alkA paralogs mag1
(SPAPB24D3.04c) and mag2 (SPBC23G7.11). The amino
acid sequences of Mag1p and Mag2p share 44.8% similarity.
The S. pombe mag1 gene was cloned by its ability to reverse
the MMS-sensitive phenotype of an E. coli alkA/tagA double
mutant [22]. The substrate range of Mag1p overproduced in
E. coli is limited to the main alkylation products, such as,
3-meA, 3-meG, and 7-meG, whereas no significant activity
was found toward deamination products, ethenoadducts, or
oxidation products [23]. The efficiency of 3-meA and 3-meG
removal was 5–10 times slower for Mag1p than for E. coli
AlkA, whereas the two enzymes remove 7-meG at a similar
rate. On the other hand, biochemical analysis of Mag2p has
not been performed yet because the recombinant protein
expressed in E. coli showed no glycosylase activity [23].

Mutant strains mag1Δ and mag2Δ hardly showed MMS
sensitivity [23–25]. The BER mutants nth1Δ, apn2Δ, and
rad2Δ were sensitive to MMS, while the double mutants
nth1Δ/mag1Δ, apn2Δ/mag1Δ, and rad2Δ/mag1Δ restored
resistance to MMS [23, 25]. This showed that Mag1p
is involved in the initial step of MMS-damaged repair
both by the Nth1p-dependent short patch BER pathway
and by the Rad2p (flap endonuclease)-dependent long
patch BER pathway (Figure 1). Moreover, double mutant
nth1Δ/mag2Δ was more resistant to MMS than nth1Δ,
indicating that Mag2p also functions in the removal of
alkylated bases [25]. rad16 encodes an XPF homolog that
functions as a DNA repair endonuclease in nucleotide exci-
sion repair (NER). The double mutant of rad16 with mag1
or mag2 increased sensitivity to MMS [25]. In addition, the
rad16Δ/mag1Δ/mag2Δ triple mutant exhibited the highest
MMS sensitivity. Expression of Mag1p or Mag2p in the triple
mutant restored tolerance to MMS. These results showed
that BER and NER could independently repair the alkylation
DNA damage. Comparison of the substrate specificity and
kinetic parameters of Mag1p and Mag2p will be needed to
dissect the precise roles of these redundant enzymes in MMS
resistance. rhp51 encodes a RecA-like protein that functions
in homologous recombination (HR). The double mutant
of rhp51 with mag1 decreased the sensitivity to chronic
MMS exposure compared with rhp51Δ single mutant [24].
In addition, spontaneous intrachromosomal recombination
frequencies increased 3-fold in the mag1 mutant [23]. These
results show that both Mag1p and HR contribute to repair
of the alkylation base. Deletion of mag1 from nth1, rad16, or
rad2 decreased the recombination frequency, indicating that
AP sites generated by Mag1p removal of spontaneous base
lesions are substrates of short patch BER, long patch BER,
NER, and HR [23].

2.3. Nth1p Is the Major Contributor for Incision of the AP Site.
An 8-oxoguanine (8-oxoG) produced by the oxidation of the
guanine residue in G : C could pair not only with cytosine
but also with adenine, and the G : C to T : A mutation occurs
during the next stage of replication [3, 5, 7]. In a human cell,
about 1,000 residues of 8-oxoG are generated per genome
in a day [12]. Bifunctional DNA glycosylases Fpg (MutM)
in E. coli and OGG1 in budding yeast and mammals can

excise 8-oxoG paired with cytosine. Thymine glycol (Tg),
which is the oxidation product of thymine, interrupts DNA
replication and transcription. In human cells, production of
Tg and similar oxidized pyrimidines is estimated to be 500
residues per genome per day [12]. In E. coli endonuclease III
(Nth) and endonuclease VIII (Nei) excise Tg and oxidized
pyrimidines from DNA and subsequently cleave the strand
by AP lyase activity [3]. S. pombe has no homolog of Fpg,
OGG1, or Nei [11].

The S. pombe nth1 gene (SPAC30D11.07) was cloned on
the basis of homology to E. coli nth [26]. Nth1 family proteins
have a helix-hairpin-helix motif in the vicinity of the active
lysine residue and an iron-sulfur cluster [4Fe-4S] at the C
terminal. In addition, a eukaryote’s enzyme has a nuclear
localization signal. Indeed, fusion protein of S. pombe Nth1p
with green fluorescent protein was predominantly localized
in the nucleus [27]. Unlike budding yeast Ntg1p and the
enzyme in mammals, S. pombe Nth1p was not observed in
mitochondria.

A recombinant S. pombe Nth1p expressed in E. coli
shows a broad substrate specificity. Mass spectrome-
try of released bases from oxidized DNA by treatment
of Nth1p revealed that the enzyme efficiently excised
five pyrimidine-derived lesions: 5-hydroxycytosine, Tg, 5-
hydroxy-6-hydrothymine, 5, 6-dihydroxycytosine, and 5-
hydroxyuracil [28]. S. pombe Nth1p could remove 5-
formyluracil and 5-hydroxymethyluracil as efficiently as E.
coli Nth [29]. Moreover, 8-oxoG in 8-oxoG : G and 8-oxoG : a
mispair is also the substrate for S. pombe Nth1p. The expres-
sion of S. pombe Nth1p reduced hydrogen peroxide (H2O2)
toxicity and the frequency of spontaneous mutations in the
E. coli nth/nei double mutant [29]. Although the S. pombe
nth1Δ is sensitive to MMS, Nth1p did not remove 3-meA
and 7-meG [30]. However, methyl-formamidepyrimidine,
a cytotoxic lesion generated from 7-meG by opening the
imidazole ring, was excised efficiently by Nth1p. Nicking
activity to oligonucleotides containing Tg and the AP
site virtually disappeared in the extract from nth1Δ cells,
indicating that these lesions are mainly incised by Nth1p in
the yeast cell [27].

An nth1Δ strain was tolerant to oxidative damage (H2O2

and menadione) and UV irradiation, but exhibited moderate
sensitivity to MMS [27, 30, 31]. In addition, the mutant
strain exhibited a more than 6-fold increase in the frequency
of interchromosomal recombination [30]. Epistasis analysis
of the nth1 gene versus rad2, rad16, and rhp55 showed
that MMS damage could be repaired through NER and HR
other than the BER pathway [30]. Although a mutant of the
major AP endonuclease gene apn2 showed hypersensitivity
to MMS, double mutation of nth1 and apn2 became tolerant
to MMS [31]. This shows that Nth1p functions upstream of
Apn2p in the same pathway; that is, the 3′-blocked end gen-
erated by Nth1p is converted to 3′ OH by phosphodiesterase
activity of Apn2p (Figure 1). In S. pombe cells, Nth1p not
only removes the oxidized base as DNA glycosylase, but also
incises a large portion of the AP site generated by the action
of Mag1p and Mag2p DNA glycosylases. Thus, Nth1p plays
a central role during early steps of the BER pathway in the
fission yeast [27].
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Figure 1: A schematic illustration of the BER pathway in S. pombe. In the Nth1p-dependent (or short patch) pathway, repair of the AP site
is initiated by incision of Nth1p leaving the 3′-block. Apn2p functions primarily in the removal of the 3′-block, and poorly in the incision of
AP sites. Apn1p is a back-up enzyme for 3′-phosphodiesterase activity of Apn2p. Finally, a DNA polymerase (Pol.) fills the gap, and a DNA
ligase seals the nick. NER and HR could repair a part of the AP sites and single-strand breaks with 3′ blocks. AP endonuclease incises the AP
site leaving 5′-dRP end, which will be removed by 5′-dRP lyase activity of Pol4p to feed into short-patch BER. In the long patch pathway,
Rad2p incises the flap DNA containing the lesion after DNA synthesis. Uve1p and Apn1p are possibly involved in the NIR pathway. Details
are discussed in the text.

2.4. DNA Glycosylase for Mismatch. An 8-oxoG : A mispair
in DNA, which is generated by incorporation of an adenine
residue opposite to 8-oxoG, leads to a G : C to T : A mutation
[3, 5]. The repair of this mismatch is initiated by excision
of an adenine residue by adenine-specific mismatch DNA
glycosylase (MutY in E. coli). The mutY homolog of S.
pombe, namely, myh1 (SPAC26A3.02), has been cloned [32].
Expression of Myh1p in the mutY mutant of E. coli could
reduce the spontaneous mutation frequency of the cells.
Purified Myh1p recognized A : G and A : 8-oxoG, as well as
2-aminopurine : G and A : 2-aminopurine [32]. In addition,

Myh1p probably prevents a C : G to G : C transversion
mutation because it can remove the guanine from G : 8-
oxoG [33]. The myh1Δ strain displays a 36-times higher
frequency of spontaneous mutation than the wild strain [34].
Moreover, myh1Δ showed sensitivity to H2O2. Myh1p binds
to proliferative cell nuclear antigen (PCNA) and PCNA-like
heterotrimer Rad9p/Rad1p/Hus1p [35–37]. All subunits of
the latter complex are required for proper functioning of the
checkpoint and DNA replication under stress [38]. Myh1p
may act as an adaptor to recruit checkpoint proteins to the
DNA lesion [36].
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Table 2: AP endonucleases in bacteria, yeasts, and human cells.

E. coli S. cerevisiae S. pombe Human

Xth hAPE1

Apn2p Apn2p hAPE2

Nfo Apn1p Apn1p

(Uve1p)

AP endonucleases showed in boldface contribute to the major activities in
each organism.

3. AP Endonucleases in S. pombe

AP sites are generated by removal of damaged bases by
monofunctional DNA glycosylase and more frequently by
nonenzymatic hydrolysis of the N-glycosidic bond of DNA
[1, 3]. In a human cell, about 9,000 residues of the AP
sites arise per genome in a day [12]. AP endonuclease
hydrolyzes phosphodiether bonds 5′ to the AP site to leave
3′ OH and 5′-deoxyribose phosphate (dRP). E. coli has
two types of AP endonuclease, exonuclease III (Xth), and
endonuclease IV (Nfo) [3, 39]. AP endonucleases from
various organisms are classified on the basis of structural
similarity to Xth and Nfo (Table 2). APE1 in mammals
is an Xth-type homolog, which accounts for more than
90% of the AP endonuclease activity in cells [3, 39]. A
second Xth-type homolog APE2 was found [40, 41], but
no Nfo-type enzymes were present in mammalian cells. On
the other hand, yeasts have an Nfo-type homolog Apn1p
other than Apn2p with similarity to mammalian APE2. In
the budding yeast, Apn1p is the major contributor of AP
endonuclease activity [39]. Both Xth and Nfo types of AP
endonuclease could also convert 3′ blocked ends (e.g., 3′-
α,β-unsaturated aldehyde, phosphoglycolate, and phosphate
termini) to 3′ OH. Therefore, 3′-phosphodiesterase and 3′-
phosphatase activity of AP endonuclease is essential for the
repair of single-strand breaks induced by reactive oxygen
species (ROS), ionized radiation, and bleomycin [39, 42].

3.1. Apn2p Predominantly Functions in the Removal of 3′

Blocks. The S. pombe apn2 gene (SPBC3D6.10) encodes an
AP endonuclease with homology to S. cerevisiae Apn2p
and human APE2 [40, 41, 43, 44]. The N-terminal region
of the protein has homology with Xth. Notably, Apn2p
maintains the entire critical catalytic residue of hAPE1,
which is also conserved in several proteins recently predicted
to maintain the four-layered α/β of Xth and the “nonspecific”
nuclease DNase I [45, 46]. The C-terminal region of Apn2p
protein contains a binding motif similar to PCNA and a
sequence homologous to DNA topoisomerase III (TOP3)
family [40, 41, 47]. Physical interaction of S. cerevisiae Apn2p
with PCNA stimulates the 3′ to 5′ exonuclease and 3′-
phosphodiesterase activities of Apn2p in vitro [47]. However,
the PCNA-binding motif and the TOP3-homologous region
of S. pombe Apn2p are dispensable for BER of MMS damage
in cells [44, 48]. It remains to be elucidated whether Apn2p
binds to S. pombe PCNA in vitro and in vivo. Apn2p is
predominantly localized in the nucleus [49].

Cells lacking Apn2p exhibit severe hypersensitivity to
treatment with MMS and bleomycin analogues [31, 44, 49].
The mutation rate of apn2Δ cells rose remarkably by MMS
[44]. Incision activity to oligonucleotides containing an AP
site (or tertahydrofuran) was significantly reduced in the
extract from apn2Δ cells [44, 49]. These results show that
Apn2p is the major contributor of AP endonuclease activity
in S. pombe cells. Disruption of nth1 in apn2Δ cells restored
tolerance to MMS, indicating that Apn2p functions down-
stream of Nth1p in the same pathway (Figure 1). Although
overexpression of Apn2p in nth1Δ failed to suppress MMS
sensitivity, hAPE1 and S. cerevisiae Apn1p reduced the MMS
sensitivity of nth1Δ cells to the wild type level [27, 49].
This result suggests that Apn2p cannot begin repair of the
AP site in cells in spite of the fact that the enzyme can
cleave the AP site in vitro. S. pombe Apn2p predominantly
functions in the removal of 3′ blocks induced by Nth1p.
Trans-complementation of S. cerevisiae Apn1p strongly
reflects differences in the major pathway for processing the
AP sites between S. cerevisiae and S. pombe cells.

3.2. Other AP Endonucleases of S. pombe. apn1
(SPCC622.17) encodes an Nfo-type AP endonuclease [50].
Although the APN1 mutant of S. cerevisiae is hypersensitive
to MMS, the S. pombe apn1 mutant exhibited no sensitivity
to MMS and oxidative stress. In addition, the nth1Δ/apn1Δ
double mutant showed the same MMS sensitivity as the
nth1Δ single mutant [30]. However, the apn2Δ/apn1Δ
double mutant was more sensitive than the apn2Δ single
mutant [44]. Moreover, when Apn1p was overexpressed in
apn2Δ cells, MMS sensitivity was partially restored [49].
Therefore, Apn1p removes the 3′-blocked end as a back-up
function of the major enzyme Apn2p (Figure 1). Since
Apn1p was observed in both the nucleus and cytoplasm,
it possibly functions in more than just nuclear DNA
repair [49]. S. cerevisiae Apn1p has been shown to move
into the mitochondria to maintain genomic stability
[51].

Uve1p (SPBC19C7.09c), which is primarily a UV-
photoproduct specific endonuclease of S. pombe, could rec-
ognize non-UV-induced DNA damage (e.g., the AP site and
dihydrouracil) and mismatched bases in vitro, and hydrolyze
immediately 5′ to the damage [52, 53]. The protein has a
TIM barrel fold that is very similar to the structure of Nfo
[54]. S. cerevisiae has no reported Uve1p homolog. Deletion
of the uve1 gene in apn2Δ significantly increased MMS
sensitivity [44]. Neurospora crassa Uve1p could complement
E. coli xthΔ/n f oΔ with respect to sensitivity to MMS and t-
butyl hydroperoxide [55]. The mutation frequency of uve1Δ
increased when treated with H2O2 [56]. This effect was
additively elevated by the deletion of apn2, indicating that
both Uve1p and Apn2p contribute to the avoidance of H2O2-
induced mutagenesis, but these enzymes define a distinct
oxidative damage repair pathway. E. coli Nfo and S. cerevisiae
Apn1p can nick DNA on the 5′ side of several oxidized
base lesions, generating a 3′ OH and a 5′ dangling damaged
nucleotide, which provide an alternative nucleotide incision
repair (NIR) pathway to the classic BER [57, 58]. Therefore,
S. pombe Uve1p and Apn1p possibly engage in the NIR
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pathway by nicking oxidative damage on DNA in an Nth1p-
independent manner (Figure 1). In such a case, damaged
bases might be removed by a flap endonuclease, Rad2p, after
long-patch repair DNA synthesis is primed by the actions
of Uve1p and Apn1p [59, 60]. Uve1p works efficiently in
mitochondria as well as in the nucleus [61].

3.3. Short- and Long-Patch Repair Subpathways. In the Nth1-
dependent repair pathway, 3′-phosphodiesterase activity of
AP endonuclease removes 3′-blocked end resulting in a 1-
nt gap, which will be refilled via short-patch BER (Figure 1).
However, it is not known whether the BER synthesis extends
beyond a single nucleotide, with incorporation of two or
more nucleotides (long-patch BER). When AP endonuclease
incises the AP site, single-strand break with 3′-OH and
5′-dRP ends is generated. The dRP moiety is released by
combined action of a DNA polymerase and Rad2p endonu-
clease (long-patch BER). An X-family DNA polymerase of
S. pombe, Pol4p, has been shown to contain an intrinsic 5′-
dRP lyase activity like mammalian DNA polymerases β and
λ, suggesting another AP endonuclease pathway to feed into
short-patch BER (Figure 1) [62]. S. cerevisiae Trf4 protein
plays a similar role in short-patch BER of the yeast [63]. In
mammalian cells, the choice of short-patch or long-patch
BER may depend on the state of the 5′ terminal moiety and
protein-protein interaction of BER components [64]. In vitro
analyses of repair synthesis with whole cell extracts or puri-
fied enzymes are needed to clarify the relative contribution
of short-patch and long-patch BER in S. pombe cells.

4. Enzymes for Removing 3′ Blocked
Ends in S. pombe Cells

Single-strand breaks with 3′ phosphate ends in DNA are
induced by chemical attacks of endogenous ROS and
environmental oxidants [3]. Fpg/Nei-type DNA glycosylases
cleave the AP site by β, δ elimination and generate DNA
strand breaks with a 3′-phosphate end. In human cells,
removal of 3′ phosphate is dependent on 3′-DNA
phosphatase (hPNK), and not the major AP endonuclease
hAPE1 [65]. Unlike bacteria and humans, S. pombe does not
possess Fpg/Nei-type DNA glycosylase, and the physiological
source of 3′ phosphate in the yeast is probably due to
the action of tyrosyl-DNA phosphodiesterase I (TDP1).
TDP1 catalyzes the hydrolysis of 3′-phosphotyrosyl bonds
of the irreversible topoisomerase I (Top1)-DNA covalent
complex to generate a 3′-phosphate end [66, 67]. A 3′-DNA
phosphatase (Pnk1p; SPAC23C11.04c) has been purified
from S. pombe on the basis of its ability to process H2O2-
damaged DNA to allow DNA synthesis by DNA polymerase
[68]. Like human PNK, Pnk1p localizes in nuclei and has
both 5′-DNA kinase and 3′-DNA phosphatase activities
[69]. The pnk1 mutant showed hypersensitivity to ionizing
radiation and camptothecin, an inhibitor Top1, but not to
MMS. It remains to be elucidated whether Pnk1p is the
major 3′-DNA phosphatase in S. pombe cells.

TDP1 has been implicated in the repair of the irreversible
Top1-DNA covalent complex, which can be generated by

either exogenous or endogenous factors [67]. Additionally,
TDP1 hydrolyses a variety of 3′ lesions, including 3′

phosphoglycolate [70, 71]. A recessive mutation in the
human (TDP1) gene is responsible for the inherited disorder,
spinocerebellar ataxia with axonal neuropathy (SCAN1)
[72]. A tdp1 (SPCP31B10.05) mutant of S. pombe was com-
pletely sensitive to camptothecin [73]. Moreover, the mutant
cells progressively accumulate DNA damage and rapidly
lose viability in nondividing conditions [73]. Low cellular
respiration levels protected the tdp1Δ cells, indicating that
the production of endogenous ROS is a major cause for the
accumulation of DNA lesions in the absence of Tdp1p [73].
Therefore, Tdp1p with Pnk1p processes the same naturally
occurring 3′ ends, produced from oxidative DNA damage.
Rapid and extensive death of the tdp1Δ/rhp51Δ double
mutant strain suggested the pivotal role of the HR process
in DNA repair in tdp1Δ cells [73].

5. BER in a Catalase-Deficient
Mutant of S. pombe

The BER mutants of S. pombe are substantially resistant to
H2O2. A catalase-deficient mutant (ctt1Δ), in which ROS
scavenging activity is extensively reduced, became sensitive to
H2O2 [74, 75]. Deletion of the BER gene (nth1, apn1, apn2,
or uve1) from ctt1Δ further increased the sensitivity to H2O2,
indicating that catalase activity obscures the functions of
BER enzymes in vivo [75]. Double mutants in both ctt1 and
BER genes showed extremely high spontaneous mutation
rates, especially in the ctt1/nth1 mutant. Vitamin C relieved
the mutator phenotype of the ctt1/nth1 mutant [75]. The
results provide evidence that BER enzymes as well as catalase
and an antioxidant contribute in vivo to avoidance of ROS-
induced mutagenesis and cell death.

6. Conclusion

In this paper, we described the early steps of BER in the
fission yeast highlighting the key roles of DNA glycosylases,
AP endonucleases, and other end-cleaning activities in
maintenance of genomic integrity. Although the yeast BER
pathway consists of evolutionarily conserved enzymes, the
major activity for processing the AP site is different from
these of the budding yeast and mammals. AP sites generated
by monofunctional glycosylase are mainly repaired via the
Nth1p-dependent BER pathway [23, 27, 30, 31]. Unlike other
model organisms, the major AP endonuclease of this yeast
is assigned to Apn2p, which works primarily in the removal
of the 3′ block, and poorly in the incision of AP sites [23,
44, 49]. Uve1p engages in an Nth1p-independent pathway
by nicking DNA on the 5′ side of oxidative damage [56, 75].
Genetic interactions of BER genes with NER and HR genes
suggest synergism among the different DNA repair pathways
in the protection of alkylation and oxidative damage [23–25,
30]. NER and HR probably repair the intermediates of BER
such as, the AP site and single-strand breaks with 3′ blocks.
BER operates most efficiently when specific protein-protein
coordination occurs [76]. A study of physical interaction
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of the BER proteins will facilitate an understanding of the
regulation of BER protein activities and crosstalk between
BER and other DNA transaction pathways in yeast cells.
Upon nitrogen-starvation, mostly G2 vegetative S. pombe
cells promote two rounds of division and enter the G0 state
with 1C DNA [77]. The S. pombe G0 state will provide an
excellent model to reconsider the roles of BER and other
DNA pathways in resting and nondividing physiological
conditions [73, 78].
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Among various DNA damages, double-strand breaks (DSBs) are considered as most deleterious, as they may lead to chromosomal
rearrangements and cancer when unrepaired. Nonhomologous DNA end joining (NHEJ) is one of the major DSB repair pathways
in higher organisms. A large number of studies on NHEJ are based on in vitro systems using cell-free extracts. In this paper, we
summarize the studies on NHEJ performed by various groups in different cell-free repair systems.

1. Introduction

Maintenance of genomic integrity and stability is of prime
importance for the survival of an organism. Upon exposure
to different damaging agents, DNA acquires various lesions
such as base modifications, single-strand breaks (SSBs), and
double-strand breaks. Organisms have evolved specific repair
pathways in order to efficiently correct such DNA damages.
Examples include base excision repair (base level changes),
nucleotide excision repair (distortions in the DNA); and
single-strand break repair. DSBs are considered as the
most deleterious type of DNA damages, among different
lesions. It can result in chromosomal rearrangements like
translocations and cancer or cell death when unrepaired
[1, 2].

DSBs can be generated by pathological or physiological
agents. Pathological agents can be exogenous such as ion-
izing radiation, or chemotherapeutic agents like bleomycin
(Figure 1). They can also be endogenous like oxidative
free radicals, replication across a nick, inadvertent enzyme
action at fragile sites (Figure 1), mechanical shearing at
anaphase bridges, metabolic by products, and so forth [3–5].
Physiological processes such as V(D)J recombination, class
switch recombination (CSR); and meiosis also introduce
DSBs in our genome.

DSB repair pathways in mammals can be broadly classi-
fied into two categories, namely, homologous recombination
(HR) and nonhomologous DNA end joining. NHEJ needs

little or no homology and is usually imprecise, while HR
requires a region of extensive homology [6–8]. HR occurs in
S and G2 phases of the cell cycle and is accurate as it uses the
sister chromatid as a template to repair the damaged strand
[8–10]. The protein machinery involved in HR includes
RAD50, MRE11, NBS1, RAD51, and RAD54 [6, 11, 12]. On
the other hand, NHEJ operates throughout the cell cycle and
is error prone [4, 10, 13]. The errors introduced during NHEJ
in higher eukaryotes pose little threat to the organism as
only a small percentage of the genome encodes for proteins
whereas entering into S or G2 phase with unrepaired DNA
strands is a major risk.

2. NHEJ Proteins

Genetic studies using radiosensitive mammalian cell lines
deficient in DSB rejoining in conjunction with biochemical
evidences have led to the discovery of many NHEJ proteins.
Ku proteins, which play a major role in NHEJ, were originally
discovered as a target for autoantibodies in patients with
autoimmune diseases [14–16]. Subsequently, studies using
various DNA end structures provided the evidence that Ku
proteins recognize the DNA ends [17]. The first evidence
for the involvement of Ku proteins in NHEJ came from the
discovery that Ku80 subunit was defective in X-ray sensitive
mammalian cell mutants in the XRCC5 group [18–20]. Ku70
was identified initially as an interaction partner for Ku80 by
biochemical assays [16, 21]. Later, in vivo studies confirmed
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this observation [22]. DNA-PKcs was first identified during
a biochemical screen for kinases that were stimulated by
double-stranded DNA [17]. Chinese hamster ovary cell
lines lacking XRCC7 showed 10-fold higher sensitivity to
radiation and later the protein coded by the gene was
identified as DNA-PK [16, 23, 24]. The critical finding

that Ku protein is the regulatory component of DNA-PKcs
unified both areas of research and gave a new dimension to
the NHEJ field. The in vivo role of Ku and DNA PKcs was
later confirmed by many studies [2, 25–29].

More or less at the same time, a distinct DNA ligase,
named DNA Ligase IV, having ATP dependent ligase activity
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was purified from HeLa cell nuclei with substrate specificity
to both single- and double-stranded breaks [30]. Later, the
same ligase was identified as the enzyme responsible for
NHEJ both in mammals and yeast [31–33]. Another, NHEJ
protein, XRCC4 was identified based on radiosensitivity
shown by mammalian cells deficient for XRCC4 gene [21,
34–36]. Later using biochemical assays it was reported
that XRCC4, small nuclear phosphoprotein, forms a tight,
specific complex with DNA Ligase IV and stimulates its
activity by many folds [32, 33]. More recently, it was
identified that an XRCC4-like protein, XLF (also known as
Cernunnos), is an interaction partner of the DNA Ligase
IV/XRCC4 complex, facilitating the ligation of the ends
[37, 38].

In early 2000, Artemis, a novel protein involved in V(D)J
recombination and DSB repair, was identified [39]. It was
reported that a mutation in the Artemis was responsible for
the SCID phenotype [39]. Later, using an elegant biochemi-
cal assay system, it was shown that phosphorylated Artemis
in conjunction with DNA-PKcs complex has the ability to
cleave the hairpin intermediate of V(D)J recombination,
besides its ability to cleave 5′-overhangs, 3′-overhangs, and
other DNA structures [40–43]. In addition, Artemis on its
own possesses an exonuclease activity [42]. Polymerases
involved in NHEJ, Pol μ and Pol λ, both belonging to the polX
family were also identified later [44, 45].

3. Mechanism of NHEJ

The key players of NHEJ recognize the broken DNA ends
and further process and ligate them [4, 6, 13, 46]. To begin
with, the DNA with DSBs is recognised by the Ku70/Ku80
heterodimeric complex, which then recruits DNA-PKcs in
association with Artemis [47–49] (Figure 1). DNA-PKcs
and Ku complex play an important role in forming a
synaptic complex that brings the two DNA ends together and
also interacts with the Ku heterodimer. DNA-PKcs further
autophosphorylates itself and phosphorylates Artemis as
well. Artemis-DNA-PKcs complex can cleave 5′-overhangs
and 3′-overhangs while Artemis alone can function as an
exonuclease [40–42]. After processing, the ends are filled
using Pol μ and Pol λ [44, 45]. Finally, the ends are
ligated by XLF:XRCC4:DNA Ligase IV complex [31, 32, 37]
(Figure 1). Since NHEJ is not precise, although the integrity
is maintained, it may lead to mutations which may further
help in evolution of the organism.

4. Alternative NHEJ

In the absence of key NHEJ proteins, a less-characterized
pathway has been shown to play an important role in
joining of DSBs, which is now classified as alternative NHEJ
or backup NHEJ or microhomology-mediated end joining
(MMEJ). Although recent studies indicate that this pathway
is distinct and error prone, the exact mechanism is yet to be
uncovered. A classic paper which introduced the term alter-
native NHEJ describes it as a possible source of chromosomal
translocation and the authors showed coamplification of

c-Myc and IgH locus from pro-B lymphomas in mice
deficient for p53 and Xrcc4 [50]. Another interesting study
showed a reduced level of class switch recombination and
increased number of chromosomal breaks at IgH locus in
mouse B cells, which were deficient for XRCC4 and Ligase IV
[51]. Another study showed the occurrence of robust alterna-
tive end joining in the absence of XRCC4 and upon removal
of certain portions of murine RAG proteins [52]. Besides,
a residual joining mediated by microhomology towards the
end of DSBs was also identified in Xrcc4 defective cells [53].
The protein machinery for this kind of backup joining in
the absence of key NHEJ proteins is still not very clear
although studies suggest the role of MRE11-RAD50-NBS1
complex in a subset of alternative NHEJ junctions [54, 55].
Another study has deciphered the role of PARP1 in repairing
switch regions through a microhomology-mediated pathway
while PARP2 suppresses IgH/c-myc translocations during
immunoglobulin class switch recombination [56]. DNA
Ligase IIIα and WRN have also been shown to contribute
to the repair of DSBs by alternative NHEJ [57]. There-
fore, canonical NHEJ requires XRCC4-Ligase IV complex
while alternative NHEJ is characterized by joining mediated
through microhomology regions, which is prominent in the
absence of canonical NHEJ proteins. Recently, an interesting
study has shown the role of XRCC4-LigaseIV in suppressing
alternative end joining during chromosomal translocations
[58]. Another study has shown the role of alternative end
joining in robust IgH locus deletions and translocations in
the combined absence of Ku70 and LigaseIV [59].

We further discuss NHEJ catalysed by crude extracts
which includes joining mediated by classical NHEJ, single-
strand annealing, alternative NHEJ, or microhomology-
mediated end joining.

5. NHEJ Assays

Since NHEJ is the major pathway of DSB repair in higher
organisms, extensive studies have been done to understand
its mechanism. Various in vitro and in vivo assays have been
designed to study NHEJ in different cell lines, which were
derived from different cancers. In this section, we will discuss
different types of NHEJ assays used in the literature, so
far. Intracellular (ex vivo) assays have been generally based
on transfection of mammalian cells with restriction enzyme
linearized plasmid DNA [60–62]. Following transfection,
cells were allowed to grow for several hours and plasmid
DNA was harvested using either alkaline lysis or a high-
salt-based nondenaturing method. The NHEJ products were
analysed by Southern hybridization. The joining junctions
were then characterized by PCR amplification followed by
cloning and sequencing. In one of the first studies, the
authors’ transfected linear SV40 genome with mismatched
ends into cultured monkey kidney cells and checked for the
presence of recombinants [60, 61, 63]. Some other studies
used vectors that overexpress I-SceI endonuclease within the
cells to induce DSBs on a plasmid containing I-SceI site,
which has an advantage that the DSBs can be induced within
the cells [64, 65].
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The intracellular assays, although widely used, have many
shortcomings. Generally, the quantity of NHEJ products
obtained are very low and hence, various end-joined prod-
ucts such as dimer, trimer, and other forms of multimers
cannot be visualized on a gel even after Southern hybridiza-
tion. PCR amplification could be used for detecting the
NHEJ products; however, it may not be able to distinguish
between different types of joined products. Besides, while
extracting DNA out of the cell, many linear products could
be lost and hence one would not get the actual efficiency of
joining. Nevertheless, it is an excellent system because the
role of different proteins can be studied as one could generate
knockout for different NHEJ genes in cell lines.

In vitro assays, on the other hand, use a different strategy.
They use a cell-free system containing different cellular
proteins or selected purified proteins [41, 66–71]. Such
assays have been instrumental in studying NHEJ both at the
biochemical and molecular level. Cell-free system includes
either total protein, cytoplasmic, or nuclear extracts prepared
generally from cell lines or rarely from tissues [67–69, 72,
73]. Cell-free system is better because it provides greater
flexibility in selecting the types of DSB end configurations.
The sequences at or adjacent to DSBs can be easily manipu-
lated to study different junctional features of NHEJ. In vitro
assays have used two types of DNA substrates, plasmids and
oligomers. Although plasmid substrates are most commonly
used, genomic DNA has also been studied [41, 68, 73–76]
(Figure 2). DSBs are generated either by restriction enzyme
digestion, by treatment with chemicals such as bleomycin, or
by irradiation with x-rays or γ-rays [68, 73, 74, 77–79]. The
joining products can be visualised on agarose gel following
purification of products or after Southern hybridization,
depending on the quantity of the substrates used [67, 68, 73,
74]. An oligomer based system has also been used recently
for studying NHEJ [41, 76, 80]. In this assay, appropriate
oligomers can be designed, synthesized, and annealed to
generate substrates containing different DSBs (Figure 2(b)).
These substrates can be end-labelled with [γ−32P] ATP,
incubated with the extracts or purified proteins, and then
resolved on a polyacrylamide gel (Figure 2(a)). In both cases,
all the joining products can be visualised and the efficiency
of the joining between the substrates can be easily compared
as it is proportional to the intensity of bands. The standard
NHEJ products observed are dimers, trimers, multimers,
and circular products [67, 68, 74]. Similar to intracellular
studies, NHEJ junctions can be PCR amplified, cloned, and
sequenced. The extent of joining can also be determined
by using quantitative PCR [75]. Oligomeric DNA substrates
provide more flexibility with respect to end configurations of
DSBs as compared to plasmid substrates, where restriction
enzyme sites are used to generate DSBs. However, size of the
oligomers could be a limiting factor in certain studies.

6. Preparation of Cell-Free Extracts from
Different Sources

Manley et al. described the protocol for the preparation
of cell-free extracts of in vitro cultured cells for the first

time [81]. They precipitated the proteins using ammonium
sulphate following lysis of the cells using hypotonic buffer
and mechanical pressure. Later, many studies adopted mod-
ifications to Manley’s protocol to prepare cell extracts from
different sources. In one of the studies, the concentration
of ammonium sulphate was changed in order to reduce the
nonspecific nuclease activity present in the extracts [82].
Wood et al. introduced several changes to the cell extract
preparation while studying nucleotide excision repair [83].
Later, the protocol was modified to prepare cell-free extracts
from tissues (testicular cells) to study DSB repair pathways
[68, 84]. Another method of preparation of cell-free extracts
involves cellular lysis, followed by removal of cell debris
by ultracentrifugation [74]. Although both methods are
different in many ways, the overall repair efficiency of the
cell-free extracts is similar. One of the major drawbacks of
these methods is with respect to the number of cells required
for the extract preparation. Both require very high number
of cells (> 1–5 × 108). In contrast, a recent study has scaled
down the number of cells required to 5–10 × 106 [85].
The NHEJ efficiency was found to be optimum after testing
in different cell lines including MO59K (glioblastoma),
HepG2 (liver), HeLa (cervix), MCF-7 (breast), A549 (lungs),
HCT116 (colon), and RT112 (bladder). This microscale assay
can be used for clinical samples and thus the role of DNA
DSB repair in tumorigenesis can be studied [85].

7. NHEJ Using Different Cell-Free Systems

Many studies have used different cell-free systems to study
NHEJ. One of the first studies to report NHEJ in vitro using
cell-free extracts was done using fertilized or activated Xeno-
pus eggs. End joining was observed using different plasmid
substrates containing DSBs with varying end configurations
[71, 86]. NHEJ has also been reported from germinal vesicles
(oocyte nuclei) of Xenopus where ligation of compatible ends
was tested and the efficiency of joining was compared among
different stages of oocyte development. Authors found that
interestingly only the stage VI oocytes showed NHEJ, which
was in presence of dNTPs. Deletions were also seen at the
junctions of the end-joined products [87].

Mammalian cells have been extensively used for in
vitro and in vivo end joining reactions. Nuclear extracts
from MRC5V1 (immortalised control fibroblasts cell line)
were found to catalyze the efficient joining of compatible
overhangs as compared to blunt ends [67, 88]. Nuclear
extracts from HeLa cells could join linear plasmid substrates,
in both head-to-head and tail-to-tail configurations [69].
Another study compared the NHEJ activity of both nuclear
and cytoplasmic extracts from three human and one mouse
cell line. Interestingly, they observed that the extent of
deletion and mechanism of joining was similar to Xenopus
oocytes [89]. A study using extracts prepared from human
lymphoblastoid cell line, GM00558B, described a precise and
LIGASE IV-dependent NHEJ on a BamHI digested plasmid
DNA. For the first time, authors showed a direct role for
Ku70, Ku80, and DNA-PKcs in NHEJ using an in vitro
cell-free system [74]. Sequence analysis of NHEJ junctions
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Figure 2: Schematic representation of NHEJ reaction using cell-free extracts. (a) Cell-free extract is incubated with one of the 5′-end-labelled
DNA substrate (oligomer) or restriction enzyme-digested plasmid DNA as shown in the figure along with NHEJ buffer. The reaction is
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by another study showed that deletions occur exclusively
between short direct repeats in nuclear extracts prepared
from AT5BIVA (derived from ATM patient) and MRC5V1
(derived from a normal individual) [88]. SupT1 cells (human
T cell lymphoblastic lymphoma) catalyzed efficient joining
without deletions or insertions, when complementary lig-
atable ends were used for the study. However, interestingly,
even in the case of noncomplementary ends, the joining took
place without deletions [73]. Chinese hamster ovary cell line
was used to demonstrate that 125I-Triplex forming oligonu-
cleotide containing radiation-induced DSBs was repaired
at approximately 10-fold lower efficiency as compared to
restriction enzyme generated DSBs [90].

In an independent study, different cell lines were
employed while standardizing the clinical samples for
analysing NHEJ and it was observed that the efficiency of
NHEJ varied among the cells [85]. Cell-free assay was also
used to compare the efficiency of 11 sporadic breast cancer
cell lines (BCCLs) with normal fibroblasts and it was found
that only 2 BCCLs showed a reduced NHEJ in vitro [91].

Attempts were also made to study NHEJ in tissues using
cell-free extracts. In one of the first studies using a mice

testicular cell-free system, it was shown that NHEJ is efficient
in male germ cells [68, 84]. Based on plasmid rejoining assay,
the authors reported end-joining leading to dimers, trimers,
and other forms of multimers, while circularization was
absent [68]. The joining of complementary and noncom-
plementary ends took place with minimum alterations [84].
In continuation to this study, we have recently compared
the efficiency of NHEJ in mice and rat testicular extracts,
using an oligomer-based assay system. We noticed that there
was no major difference in the joining efficacy when mice
or rat testicular extracts were used (Figure 3). More recently,
we compared the NHEJ efficiencies between testis and other
somatic tissues using cell-free extracts. Interestingly, we
found that similar to testis, lungs also showed efficient NHEJ
(unpublished, SS & SCR). Efficiency of NHEJ was moderate
in case of brain, thymus, and spleen while it was weaker
in case of kidney, liver, and heart. An independent study
showed an efficient NHEJ activity in rat neurons, while it
was also shown that efficiency of NHEJ in rat neurons can go
down in an age-dependent manner [92, 93]. NHEJ activity of
nuclear extracts prepared from cortical neurons of patients
suffering from Alzheimer’s disease (AD) was also compared
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Figure 3: Comparison of efficiencies of NHEJ in rat and mice testis. Cell-free extract was prepared from age-matched rat and mice testes
and protein profile was normalized between both animals. 5 μg of protein was incubated with 4 nM of 5′-end labelled with [γ−32P] DNA
containing both compatible and blunt termini against each lane (a) which are represented schematically along with buffer containing 30 mM
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mice testis cell-free extract-boiled for 10 min and used for the reaction, and Lanes 3 and 4 are the end joining reactions with cell-free extract
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with that of normal human subjects and it was reported
that DNA-PKcs activity was significantly lower in AD brains
when compared to healthy controls [94].

NHEJ activity was also studied in vivo by transfecting
adenovirus DNA fragments into A549 (lung carcinoma
cell line) and it was found that the joining was efficient
irrespective of the ends [72]. Previously, monkey kidney cell
lines have been used for studying NHEJ using transfection
assays [60, 61, 63, 95]. Thus, the mechanistic aspects of NHEJ
have been studied using different cell lines both in vitro and
in vivo.

8. NHEJ Mechanisms in Cell-Free System

Various studies described above helped in unravelling the
mechanistic aspects of NHEJ (Figure 4). Using monkey
kidney cells transfected with SV40 T-antigen containing
episome, it was noted that single-strand extensions are stable
and few nucleotides present at the terminal end of a DSB
are important for the joining [60, 63]. The authors proposed
three independent mechanisms for the end-joining based on
the sequence at the junctions, which were single-stranded

DNA ligation, template-directed ligation, and postrepair
ligation [60]. Later, other studies helped in deciphering the
fine mechanistic details of NHEJ pathway. If the ends were
compatible, joining was predominantly conservative and
mostly required only LigaseIV or LigaseIV-XRCC4 complex
(Figure 4(a)) [68, 75]. In this case, following the alignment,
the ends were simply ligated. However, the involvement
of a separate protein for alignment is still not clear. The
joining mechanism was mostly the same for DSBs with blunt
ends as well (Figure 4(b)). In this case also, the joining
generally did not involve any modifications at the junctions,
although the efficiency was many fold lower as compared
to compatible ends. In case of noncomplementary ends
with 5′-5′ overhangs, ligation was dependent on end-filling
of one end and deletion of the other (Figure 4(c)) [96].
Alternatively, joining could occur after end-filling of each
end independently followed by ligation or joining of one
overhang with a second overhang which was end filled
(Figure 4(d)) [63]. When DSBs with 5′ and 3′ overhangs
were used for the study, a different mechanism was used,
in which single-strand ligation of protruding 5′ and 3′

ends occurred initially, followed by template dependent
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Figure 4: Schematic representation of possible mechanisms involved in repair for DNA termini. (a) In case of compatible ends, ligation
usually does not involve much modification. Here, the two termini are aligned and ligated by DNA LIGASE IV. (b) Similarly, alignment of
DNA ends in case of blunt ends take place and are ligated by DNA LIGASE IV as it does not need end modifications. On the other hand,
modifications take place for non-compatible ends. There are different possibilities in case of 5′-5′ substrate which includes (c) deletion of
nucleotides from both ends and insertion of nucleotides followed by ligation or (d) deletion of 5′-overhang from one end, end-filling of
other 5′-end followed by blunt end ligation. (e) Another possibility includes end filling of both the overhangs followed by ligation. (f) In
case of 5′-3′ overhangs, single strand ligation of overhangs is followed by template dependent synthesis and ligation. (g) Microhomology
dependent joining can take place in any of the overhangs which is characterized by pairing of microhomology region followed by removal of
flap by an endonuclease and then ligation.

strand synthesis (Figure 4(e)). In an interesting study using
Xenopus oocytes cell-extracts as a model system, a novel end
alignment mechanism, in which alignment of 3′ protruding
ends followed polymerisation and ligation of two DNA ends,
was described [86]. During joining of certain noncompatible
ends, deletion from both ends followed by blunt end ligation
has also been proposed (Figure 4(f)) [60, 71].

A microhomology-mediated joining has also been
reported by different groups irrespective of the termini
(Figure 4(g)) [84, 88, 96]. This mechanism involves exonu-
clease digestion of one of the strands till the microho-

mology region is exposed, followed by the alignment of
microhomology sequence. The flap region is deleted by
Artemis/DNAPKcs or FEN endonuclease. Template depen-
dent DNA synthesis takes place and nicks are then ligated by
using LigaseIV complex [75]. Recent studies have suggested
that in case of classical NHEJ, the microhomology box
normally consists of 1–4 nucleotides [97]. If the size of
microhomology used is more than 6–8 nucleotides, the join-
ing is categorised as an alternative NHEJ as discussed above,
which is proposed as the repair mechanism involved in the
generation of many chromosomal translocations [51, 97].
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9. Future Prospects

Numerous studies have utilized cell lines as a model system
to understand the mechanism of NHEJ. Cell lines give an
opportunity to study NHEJ at intracellular level. In addition,
cell lines grow much faster than the original tissues from
where they are derived. Therefore, it is difficult to extrapolate
these findings to the in vivo scenario, where most of the
cells of somatic tissues do not grow actively. It has been
shown that glioma cell lines possess lower DNA repair
capacity compared to the ascitic fluid collected from tumour
[98]. Moreover, studies have also shown that expression of
proteins in a cell line is different from that of the tissue of
its origin [99]. Besides, cell lines are derived from tumour
tissues and, therefore, their origin itself is controversial as
most of the tumours are metastatic [100]. Therefore, studies
using primary tissues to understand the mechanism of NHEJ
are important in the coming years.

It is known that tissues of various origins have differential
sensitivity towards radiation. It appears that there could
be a correlation between radiosensitivity and the rate of
cell division. The tissues with replicating cells, such as
blood, testis, bone marrow, ovaries, and intestine, are highly
sensitive, while others are less radiosensitive [101, 102]. γ-
H2AX formation could be correlated with radiosensitivity in
complex tissues, however, this requires more investigation.
Studies on NHEJ and the recently discovered alternative
NHEJ, at the tissue level could help in understanding the
mechanism of radiosensitivity and susceptibility to cancer in
complex tissues and organs.

Although end-alignment issues related to NHEJ have
been studied extensively, still many questions are unan-
swered. Identification of novel proteins in NHEJ may help
facilitate addressing such questions. The signalling which
follows DNA damage could be another area of interest in the
context of human diseases.
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Following genotoxic stress, the histone H2AX becomes phosphorylated at serine 139 by the ATM/ATR family of kinases. The tumor
suppressor BRCA1, also phosphorylated by ATM/ATR kinases, is one of several proteins that colocalize with phospho-H2AX (γ-
H2AX) at sites of active DNA repair. Both the precise mechanism and the purpose of BRCA1 recruitment to sites of DNA damage
are unknown. Here we show that BRCA1 and γ-H2AX form an acid-stable biochemical complex on chromatin after DNA damage.
Maximal association of BRCA1 with γ-H2AX correlates with reduced global γ-H2AX levels on chromatin late in the repair process.
Since BRCA1 is known to have E3 ubiquitin ligase activity in vitro, we examined H2AX for evidence of ubiquitination. We found
that H2AX is ubiquitinated at lysines 119 and 119 in vivo and that blockage of 26S proteasome function stabilizes γ-H2AX levels
within cells. When BRCA1 levels were reduced, ubiquitination of H2AX was also reduced, and the cells retained higher levels of
phosphorylated H2AX. These results indicate that BRCA1 is recruited into stable complexes with γ-H2AX and that the complex is
involved in attenuation of the γ-H2AX repair signal after DNA damage.

1. Introduction

One of the first observable responses to DNA damage is
activation of DNA-PK family kinases and resulting phospho-
rylation of the histone variant H2AX on S139 [1]. Due to
the availability of excellent antibodies to S139-phosphorylated
H2AX (a form of the protein called γ-H2AX), this modifica-
tion is a widely recognized early marker of both genotoxic
stress and normal DNA replication [2]. The tail region
of H2AX includes a conserved SQ motif (S139Q140) that
is recognized as the core target motif of DNA-PK family
serine/threonine kinases (ATM [3], ATR [4], and DNA-PK
[3, 5]).

Within minutes after DNA damage, γ-H2AX becomes
identifiable and is localized to discrete nuclear foci [6].
The foci actually include large areas of chromatin flanking
points of DNA damage [6]. After DNA damage, several

proteins are recruited to regions of γ-H2AX staining. These
include the breast cancer susceptibility gene BRCA1, RAD51
[7], the NBS1/RAD50/MRE11 complex [1, 8], 53BP1 [9,
10], and MDC1 [11, 12]. Recruitment of most proteins to
radiation-induced foci is dependent on ATM/ATR activity
and formation of γ-H2AX, indicating that H2AX phos-
phorylation plays a key role in maintenance of irradiation-
induced foci [13]. ATM is the major H2AX kinase in response
to γ-irradiation [3] while ATR plays a larger role during
DNA synthesis [4]. S139 phosphorylation of H2AX is greatly
reduced in ATM/ATR knockout cells and is completely
blocked by treatment with wortmannin [3], an inhibitor of
DNA-PK kinases.

Genetic and biochemical experiments support roles for
BRCA1 in homologous recombination [7, 14], nonhomolo-
gous end joining [15, 16], and transcription-coupled repair
[17]. BRCA1 null cells are extremely sensitive to γ-irradiation
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and other types of genotoxic stress [18, 19]. Although the
role of BRCA1 in DNA repair is not known, the N-terminal
ring finger of BRCA1 interacts with the ring finger of
BARD1 [20], and the complex has been shown to possess
E3 ubiquitin ligase activity in vitro [21]. The E2 ubiquitin-
conjugating enzyme (UbcH5c) has been shown to associate
with this complex [21, 22], and several in vitro substrates
have been identified, including monoubiquitinated histones
H2AX, H2A, H2B, H3, and H4 (but not H1) [22]. So
far, in vivo targets of the complex have been less clearly
defined.

BRCA1 association with chromatin is properly consid-
ered an intermediate or late event in chromatin repair
[1, 23]. Here we demonstrate by differential fractionation
of chromatin bound BRCA1 complexes that BRCA1 and
γ-H2AX form a biochemical complex in the chromatin
fraction of cells as a late event following DNA damage.
The complex is resistant to nonionic detergent extraction
and is dependent on wortmannin-sensitive kinases, features
that are distinct from BRCA1 prior to genomic stress. We
show that a phosphomimetic of H2AX (H2AX-E139) is
ubiquitinated in vivo, and the major site of ubiquitination
is on K118 and/or K119. When BRCA1 levels were reduced
using an antisense morpholino knockdown strategy, we
observed substantially reduction in H2AX ubiquitination
and increased amounts of H2AX S139 phosphorylation.
These results are consistent with the hypothesis that BRCA1
is present in non-chromatin-associated complexes (includ-
ing processive RNA polymerase II) prior to genotoxic
stress; it becomes phosphorylated, moves into a stable
chromatin-associated complex containing γ-H2AX, and
then targets γ-H2AX for turnover as a late phase of DNA
repair.

2. Materials and Methods

2.1. Plasmids. H2AX, H2AX-A139, and H2AX-E139, were
generated by RT-PCR from human RNA using primers,
described in the supplemental data (see Table 1 in Sup-
plementary Material available online at doi: 10.4061/2011/
801594), and cloned into pcDNA3.1D-V5-H6 (Invitrogen)
to generate epitope-tagged variants. PCR-mediated muta-
genesis was performed [24] using primers described in the
supplementary data to generate additional mutations. pMT-
HA-Ub (hemagglutinin tagged- ubiquitin) was the generous
gift of Dr. Dirk Bohmann (University of Rochester).

2.2. Cell Culture. 293T, MCF-7, and HBL100 were main-
tained as described in [25].

2.3. DNA Damage and Wortmannin. Damage—randomly
cycling HBL100 cells were treated with 4 μM adriamycin or
were exposed to 10 Gy ionizing radiation using a 137Cs source
(Mark 1 irradiator, Shepherd and Associates). Following
treatments, cells were returned to a 5% CO2 incubator for
the indicated amount of time. Cells treated with wortmannin
were first pretreated with 100 μM wortmannin for 15 min-
utes [3].

2.4. Immunoprecipitations and Immunoblotting. Nuclei were
prepared by extracting cells in EBC buffer (50 mM Tris pH
8.0, 120 mM NaCl, and 0.5% NP-40) as described in [25].
Nuclei were then treated with 0.1 M HCl for 30 minutes and
neutralized with 0.1 M NaOH. This acid soluble “chromatin
fraction” was centrifuged for 5 minutes at 14,000 RPM to
remove insoluble material. Lysates were precleared with
protein A or G beads and then incubated overnight with
primary antibodies to γ-H2AX (Upstate Biotechnology) or
BRCA1 (Ab-4, EMD Biosciences). Extracts were run on a
5% or 14% SDS-PAGE gel. Proteins were then transferred
to nitrocellulose membranes, blocked in 5% nonfat dry
milk, and incubated with a primary antibody generated
against BRCA1 (Ab-4, EMD Biosciences), γ-H2AX (Upstate
Biotechnology), H2A (H-124, Santa Cruz Biotechnology),
RNA polymerase II (N-20, Santa Cruz Biotechnology or
8WG16 (provided by Dr. Michael Carey (UCLA)), FCP1
(provided by Dr. Michael E. Dahmus (UC Davis)), or
β-actin (Sigma), followed by a goat antirabbit (or anti-
mouse) horseradish peroxidase-conjugated secondary anti-
body (Pierce). Blots were developed with a chemilumines-
cence detection substrate (SuperSignal, Pierce).

2.5. Immunocytochemistry. Cells were fixed in 4% par-
aformaldehyde (PFA) for 30 minutes on ice. γ-H2AX
was detected with an antibody from Upstate Biotechnol-
ogy. Alexa-488-conjugated secondary antibodies (Molecular
Probes) were used to visualize immune complexes, and
photomicrographs were prepared as described in [25].
Quantitation of fluorescent γ-H2AX foci was accomplished
using a Laser Scanning Cytometer (LSC, CompuCyte).
Potential autofluorescence was carefully gated by tuning the
lasers to optimize signal.

2.6. Proteasome and Phosphatase Inhibitors. Human MCF-7
or 293T cells were treated with 5 μM adriamycin for
1 hour. Following adriamycin treatment, the cells were
washed then treated with or without lactacystin (Sigma)
or a serine/threonine phosphatase inhibitor cocktail [(-)-
p-Bromotetramisole Oxalate, Cantharidin and Microcystin-
LR] (EMD Biosciences) for 4 hours, after which the cells
were fixed in 4% PFA. γ-H2AX was immunostained as
described above. Quantitation of fluorescent γ-H2AX foci
was accomplished using a Laser Scanning Cytometer (LSC,
CompuCyte).

2.7. Antisense Morpholino Oligos. Two antisense morpholino
oligos (Gene Tools, Inc.) were designed against BRCA1 (AS1
5
′
-GCGAAGAGCAGATAAATCCATTTCT-3

′
and AS2 5

′
-

TGTGCTGACTTACCAGATGGGACAC-3
′
). 20 μL of each

of the two 500 μM morpholino antisense oligos were deliv-
ered into the cells using the EPEI delivery solution according
to the manufacturer’s protocol. The remaining cells were
treated with a serum-free media control, EPEI delivery
solution (Gene Tools, Inc.), or 40 μL of a 500 μM scrambled
control oligo (5

′
-CCTCTTACCTCAGTTACAATTTATA-

3
′
). After a two-hour treatment, the media were replaced

with serum-containing media. The cells were allowed to
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Figure 1: BRCA1 moves into a chromatin complex containing S139 phosphorylated H2AX (γ-H2AX) after DNA damage in vivo. HBL100
cells were exposed to 10 Gy γ-irradiation (IR) or 4 μM adriamycin then allowed to recover for the indicated time before isolation of
protein complexes. (a) Nonchromatin (soluble) nuclear proteins from panel (a) were immunoprecipitated (IP) with antisera to BRCA1.
Immunoprecipitates were treated with phosphatase (CIP) and immunoblotted (WB) using antibodies to RNA polymerase II (Pol II,
8WG16), FCP1, or BRCA1. 10% of the lysate was immunoblotted directly and probed for β-actin. (b) Total γ-H2AX and BRCA1-associated
γ-H2AX were immunoprecipitated from the chromatin fraction of cells following IR. 10% of the chromatin fraction was blotted directly
and probed for total H2B. (c) BRCA1 complexes identified in (a) and (b) were quantified and graphed as a function of time. (d) Chromatin-
associated protein complexes were extracted (chromatin fraction) of cells exposed to IR as indicated. BRCA1 was immunoprecipitated (IP)
from 90% of the chromatin extract, and immunoblots (WB) were probed with an antibody to γ-H2AX (S139 phosphorylated H2AX). 10%
of the chromatin fraction was blotted directly and probed for total H2A. (e) Cells were pretreated with wortmannin for 15 minutes prior to
treatment with 4 μM adriamycin for 1 hr. 90% of the chromatin fraction was immunoprecipitated (IP) with antibodies to either BRCA1 or
γ-H2AX and blotted (WB) with an antibody to γ-H2AX. 10% of the chromatin fraction was blotted directly and probed for total H2A.

recover for 24 hours at which time they were lysed with EBC
buffer. Data related to dose and effectiveness are provided
(see supplementary data)

3. Results

3.1. BRCA1 Interacts with γ-H2AX. BRCA1 and γ-H2AX
form a physical complex on chromatin following DNA

damage. Before DNA damage, small amounts of BRCA1
are present in the chromatin fraction, consistent with the
percentage of S-phase nuclei in this population of cells
[4, 7, 26]. After treatment with the DNA-damaging agent
adriamycin, there is a substantial increase in acid-stable
nuclear BRCA1: γ-H2AX complexes (Figure 1(a)). Stable
interaction is minimal at early times following DNA damage
then increases to the maximum at about 60 minutes. The
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association is blocked by the ATM/ATR inhibitor wortman-
nin (Figure 1(b)). This data supports the hypothesis that
interaction of BRCA1 and H2AX occurs well after DNA
damage, requires phosphorylation by ATM or ATR [3, 27],
and provides evidence that the interaction requires the
formation of a stable complex.

3.2. Time Course of the BRCA1 Complex Formation. In order
to analyze the kinetics of BRCA1 interactions, we examined
BRCA1 complexes present in undamaged cells and in
cells responding to DNA damage. In undamaged cells, we
had previously demonstrated that BRCA1 interacts with
the phosphorylated, transcriptionally active form of RNA
polymerase II (RNA pol II) [25]. Following γ-irradiation,
we found that the BRCA1: γ-H2AX complex was enhanced
(Figure 1(a)) whereas the BRCA1:RNA pol II interaction
is disrupted (Figure 1(c)). This shift accompanies the
movement of BRCA1 from an easily extractable form in
undamaged cells to a chromatin-associated form in dam-
aged cells. The association between BRCA1 and γ-H2AX
peaks about 30–60 minutes after DNA damage whereas the
association between BRCA1 and RNA polymerase II is at
the lowest 30–60 minutes after DNA damage (Figure 1(d)).
FCP1, a protein that is part of the elongating pol II complex,
has a similar pattern of association with BRCA1 as that of
pol II (Figure 1(c)), illustrating the reciprocal functionality
between BRCA1: γ-H2AX complex and the BRCA1:RNA pol
II complex.

Further analysis of the timing of the BRCA1: γ-H2AX
complex shows that this complex coincides with a decreased
level of cellular γ-H2AX. When the BRCA1: γ-H2AX com-
plex is at its highest level (about 60 minutes after DNA
damage), the level of γ-H2AX has begun to decrease, as
demonstrated by immunoblot of the total chromatin extract
(Figure 1(e)).

3.3. H2AX Is Ubiquitinated In Vivo. Because BRCA1 is an
E3 ubiquitin ligase, we hypothesized that the reduction of
γ-H2AX seen following association with BRCA1 could be
the result of ubiquitin-mediated proteasomal degradation.
If this were true, then proteasome inhibitors should result
in stabilized levels of γ-H2AX. BRCA1 has been shown to
ubiquitinate H2AX in vitro [22]; therefore, we wanted to
determine if γ-H2AX turnover was proteasome mediated. To
test whether γ-H2AX was degraded by the 26S proteasome,
MCF-7 mammary epithelial cells were treated with the DNA-
damaging agent adriamycin then treated with or without
the proteasome inhibitor lactacystin for an additional hour
before fixation. Cells were fixed and immunostained to
identify γ-H2AX high and γ-H2AX low cells. As shown
in Figure 2(a), lactacystin increased the percentage of γ-
H2AX high cells in the population of cells recovering from
adriamycin treatment.

By this γ-H2AX immunofluorescence assay, 20% of
untreated cells were found to be positive for high levels
of γ-H2AX (Figure 2(b)). When cells were treated with
adriamycin for 1 hour followed by 1 hour recovery, γ-
H2AX immunofluorescence showed a 2-fold increase over

control cells, consistent with the view that H2AX was
dynamically phosphorylated in response to DNA dam-
age. The proteasome inhibitor lactacystin had a similar
effect as adriamycin, when added alone, consistent with
the hypothesis that γ-H2AX formation in normal cycling
cells could be stabilized by proteasome inhibitors. When
adriamycin-induced damage was followed by lactacystin
treatment, there was a fourfold increase in the amount
of γ-H2AX over control, resulting in over 80% of cells
containing high levels of γ-H2AX by two hours. Addition of
a phosphatase inhibitor cocktail also stabilized γ-H2AX level,
suggesting that there may be additional ways to attenuate
H2AX phosphorylation in cells. However, the phosphatase
inhibitors alone did not cause stabilization or activation of
γ-H2AX, indicating that proteasome-mediated turnover was
a general mechanism to be addressed in further detail. These
results provide evidence that γ-H2AX is degraded by the
proteasome and potentially by other mechanisms requiring
dephosphorylation of one or more components after DNA
damage.

3.4. H2AX Is Ubiquitinated at Lysine 118 and/or 119.
Previous reports have shown that histone H2A is polyu-
biquitinated on K119, and H2B had shown evidence of
ubiquitination on K120 [28]. To examine the role of ubiquitin
modifications in γ-H2AX turnover we created a series of
modifications intended to model phosphorylation at S139

and the roles of various lysine (K) residues in the C terminus
(Figure 3(a) and supplementary Figure 1). H2AX-V5-H6 was
first mutagenized to replace S139 with alanine (A) or glutamic
acid (E), to mimic the negative charge of phosphorylation at
S139. As predicted, H2AX-S139-V5-H6 localized to chromatin
but was moderately less stable than the wild-type H2AX-V5-
H6 or A139 mutation products (not shown). Cotransfection
of H2AX-S139-V5-H6 with a cytosolic form of BRCA1
lacking a nuclear localization sequence (BRCA1-Δ11-GFP)
resulted in nuclear localization of both proteins and rapid
turnover (not shown). For these reasons, we hypothesized
that H2AX-S139 was mimicking S139 phosphorylation and
recruiting binding of BRCA1.

We then replaced each lysine (K) residue found in the
conserved C-terminus of H2AX-E139 with arginine (R)
and tested for ubiquitination in vivo (Figure 3). K118 and
K119 (which align with K119 and K120 of H2A) were
mutated individually (Figure 3(c), lanes 6 and 7) and in
combination (lane 8). K133 and K134 were also mutated
individually (Figure 3(c), lanes 9 and 10) and in combination
(lane 11) to arginine. Mutation of K128 to R128 was also
prepared as part of this series but had no effect (data
not shown). 293T cells were transfected with wild-type or
mutagenized pcDNA3-H2AX-V5-H6 in addition to HA-
tagged ubiquitin. H6-tagged complexes were purified using
nickel-chelated beads, and bound proteins were analyzed
by immunoblotting for the presence of HA-tagged H2AX
(Ub-H2AX). As shown, V5 immunoblotting identified mod-
ified and ubiquitinated H2AX only when extracts from
cotransfected cells were purified and blotted (Figure 3(b)).
Reprobing these blots with anti-HA antisera revealed that
the upper band contained ubiquitin (Figure 3(b)). While the
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Figure 2: H2AX is dephosphorylated following DNA damage. MCF-7 cells were treated with adriamycin for 1 hour then treated with
lactacystin or a phosphatase inhibitor (P’tase inh.) cocktail, as indicated. Cells were fixed and stained for γ-H2AX and quantitated using a
Laser Scanning Cytometer.

major band migrated in a fashion consistent with that of
monoubiquitinated H2AX, there were additional bands of
immunoreactivity at higher molecular weights that suggested
polyubiquitination as well (Figure 3(b) arrowheads). H2AX
mutated at both K118 and K119 showed no ubiquitination
(lane 8), indicating that H2AX is ubiquitinated at either K118

or K119, whereas other point mutations showed levels of
ubiquitination similar to wild type. These results show that
H2AX-E139 is ubiquitinated at either K118 or K119.

3.5. BRCA1 Knockdown Increases Steady State Levels of γ-
H2AX Buy Reduction of Ubiquitination in Cells Undergoing
Replicative Stress. To functionally examine the interaction
between BRCA1 and γ-H2AX, we used antisense mor-
pholino oligonucleotides to knockdown BRCA1 expression.
Treatment of cells with BRCA1 antisense oligonucleotides
reduced the amount of BRCA1 to under 3% of normal
levels (Figure 4(a), and supplemental data). Reduction of

BRCA1 protein resulted in increased levels of γ-H2AX
expression by both immunofluorescence (Figure 4(a)) and
immunoblotting (Figure 4(b)).

Cells treated with antisense oligos directed at BRCA1
mRNA were transfected with H2AX-V5-H6 and HA-
tagged ubiquitin. The epitope-tagged H2AX product was
then isolated using nickel-chelated beads and analyzed by
immunoblotting for the presence of HA-tagged ubiquitin.
Cells treated with BRCA1 antisense oligos had a reduction
in the global amount of H2AX ubiquitination detected
(Figure 4(c)). Efforts to examine the role of double-strand
break repair on this process are underway but are compli-
cated by the extreme sensitivity of BRCA1 deficient cells to
genotoxic agents.

It has been shown previously that BRCA1 deficiency is
associated with G2/M checkpoint and other defects [29–32].
To examine the relationship between BRCA1 and genotoxic
stress more carefully, we examined cells treated with BRCA1
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Figure 3: H2AX-E139 is ubiquitinated at K118 or K119. (a) Critical
amino acids within the C-terminus are shown. (b) HA-tagged
ubiquitin (HA-Ub) was transfected into cells with or without
H2AX-V5-H6. His-tagged (H6) proteins were purified from chro-
matin fractions then probed sequentially for the presence of HA-
ubiquitin and V5 epitopes (WB). 10% of the unfractionated extract
was blotted directly and probed for β-actin. (c) H2AX variants
containing E139 (to mimic S139 phosphorylation) and various lysine
(K) to arginine (R) Substitutions were transfected with HA-tagged
ubiquitin. Histidine-tagged proteins were purified from chromatin
fractions then probed sequentially for the presence of HA-ubiquitin
and V5 epitopes. 10% of the unfractionated extract was blotted
directly and probed for β-actin. The star (lane 8) indicates the
absence of HA-tagged ubiquitin. Arrows indicate unmodified and
ubiquitinated H2AX.

antisense oligos for evidence that γ-H2AX stabilization
correlated with replicative defects. We found that early in
the response to BRCA1 knockdown, γ-H2AX expression was
confined to cells in G2/M or late S-phase of the cell cycle
(Figure 4(d)). Most cells with 2N DNA, as measured by DAPI
fluorescence, had normal γ-H2AX staining patterns

4. Discussion

These results suggest that BRCA1 deficiency is associated
with defective clearance of γ-H2AX from cells following
replication and other types of genotoxic stress (Figure 5).
We propose that BRCA1 interacts with processive RNA pol
II in undamaged cells as part of a role in genomic surveil-
lance (Figure 5(a)) [25, 33]. Following genotoxic stress,
phosphorylation of BRCA1 by ATM/ATR and potentially
by chk1 results in its dissociation from stalled RNA pol II
complexes. We propose that an early repair complex forms
on DNA as a consequence of ATM/ATR phosphorylation.
Early targets for ATM/ATR include phosphorylation of
H2AX to form γ-H2AX [34, 35]. γ-H2AX then serves
as a template to aid in the recruitment of early and
late components of the repair machinery, including 53BP1
(Figure 5(b)) [36]. We propose that BRCA1 is recruited at
later times, potentially after break repair has been affected.
One target for BRCA1 recruitment is γ-H2AX, which is
directly or indirectly ubiquitinated on K118 or K119 and
degraded through the actions of the 26S proteasome (Fig-
ure 5(c)).

We have shown that BRCA1 is in a biochemical com-
plex with γ-H2AX after DNA damage. This interaction
is dependent on the DNA-PK family of kinases (ATM
and/or ATR), as the interaction is disrupted by the inhibitor
wortmannin. This data agrees with previous data that
BRCA1 colocalizes with repair proteins and suggests a
function for BRCA1 in the chromatin fraction of nuclei.
BRCA1 becomes part of the BRCA1-associated surveil-
lance complex (BASC), which includes many proteins
involved in DNA repair, including MSH2, MSH6, MLH1,
ATM, BLM, and the RAD50-MRE11-NBS1 protein com-
plex [37]. BRCA1 and the BASC complex are localized
at the site of DNA damage (nuclear foci). The repair
factors are thus at the site of damage where they can
perform their particular enzymatic activities and repair the
DNA.

Using a mutant from of H2AX (H2AX-E139) designed to
mimic phosphorylation at S139 in γ-H2AX, we performed
mutagenesis of several conserved lysine residues in the C-
terminal end of H2AX. Results from these experiments
suggest that ubiquitination is suppressed following muta-
tion of both K118 and K119, but not by mutation of
other lysines either alone or in combination. Previously
reports also showed that BRCA1 was capable of sup-
porting ubiquitination of H2AX, but those studies were
carried out in cell-free reactions in vitro [22]. Ubiquiti-
nation of K118 and K119 agrees with tryptic peptide data
[38] that showed ubiquitination between residues 118 and
127.

We propose that a major function of BRCA1 is to
decrease the levels of γ-H2AX in cells as a mechanism for
signaling an end to early events in DNA repair. BRCA1
activity is then critical for timely attenuation of active repair
phase. Defective production of BRCA1 in tumor cells would
be expected to result in less ordered diminution of the repair
signal and lead to problems in progression though G2/M
phases of the cell cycle.
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Figure 4: BRCA1 knockdown stabilizes γ-H2AX and reduces ubiquitination of γ-H2AX. (a) Cells treated with different amounts of antisense
morpholino oligos (AS1 and AS2) or a scrambled antisense morpholino (scrAS) were stained with DAPI or immunostained for γ-H2AX.
A second set of morpholino-treated cells was immunostained for BRCA1 to show dose-dependent knockdown of BRCA1 protein. (b) Cells
treated with scrambled antisense morpholino (lane 1, scrAS) or increasing amounts of antisense morpholino oligos (AS1/2, lanes 2 and 3)
were lysed and separated by SDS-PAGE and probed (WB) for BRCA1, γ-H2AX, β-actin, or β-tubulin. (c) 293T cells were treated with control
(scrambled antisense (scrAS) or BRCA1 antisense morpholino oligos (AS1/2) and then transfected with control vector, HA-ubiquitin alone,
and/or H2AX-E139-V5-H6. Histidine- (H6-) tagged H2AX was purified from chromatin fractions then probed for HA-ubiquitin. The blot
was stripped and reprobed for V5-tag on H2AX. (d) Cells treated with a scrambled antisense morpholino (scrAS) or anti-BRCA1 morpholino
oligos (AS1/2) were stained with DAPI (i–iv) or immunostained for γ-H2AX (i’–iv’). Micrographs were captured with either 10x (i–iii) or
60x (iv) objectives. Final magnification was 100x or 600x.
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RRM1 is a determinant of gemcitabine efficacy in cancer patients. However, the precision of predicting tumor response based on
RRM1 levels is not optimal. We used gene-specific overexpression and RNA interference to assess RRM1’s impact on different
classes of cytotoxic agents, on drug-drug interactions, and the modulating impact of other molecular and cellular parameters.
RRM1 was the dominant determinant of gemcitabine efficacy in various cancer cell lines. RRM1 also impacted the efficacy of
other antimetabolite agents. It did not disrupt the interaction of two cytotoxic agents when combined. Cell lines with truncation,
deletion, and null status of p53 were resistant to gemcitabine without apparent relationship to RRM1 levels. Pemetrexed and
carboplatin sensitivity did not appear to be related to p53 mutation status. The impact of p53 mutations in patients treated with
gemcitabine should be studied in prospective clinical trials to develop a model with improved precision of predicting drug efficacy.

1. Introduction

The regulatory subunit of ribonucleotide reductase (RRM1)
has been identified as the key molecular determinant of
gemcitabine efficacy both in vitro and in vivo [1–7]. Human
lung and pancreatic cancer cell lines and a serially trans-
planted mouse colon cancer made resistant to gemcitabine
through continuous exposure to increasing amounts of
drug overexpressed RRM1 [1, 3, 5]. RRM1 overexpression
through transfection of a lung cancer cell line likewise
resulted in gemcitabine resistance [4]. Reduction of RRM1
expression through RNA interference abrogated the induced
gemcitabine resistance and increased drug sensitivity in
otherwise sensitive cell lines [4, 5].

An association between intratumoral RRM1 levels and
efficacy of systemic therapy that includes gemcitabine
as a single-agent or in combination with a platinum-
agent or pemetrexed has also been reported [8]. How-
ever, the addition of a vinca-alkaloid (vinorelbine) to a
gemcitabine-containing combination in patients with non-
smallcell lung cancer (NSCLC) appeared to abrogate the
RRM1-gemcitabine efficacy association [2]. Although gem-
citabine therapy is statistically significantly more efficacious

in patients with low tumoral RRM1 levels, the scatter plots
reported and correlation coefficients are less than optimal for
precise predictions on whether or not gemcitabine will result
in tumor shrinkage in individual patients [7].

Here we studied associations between RRM1 expression
levels and sensitivities to frequently used chemotherapeutic
single agents and combinations as well as cell lines charac-
teristics in an effort to determine the impact of RRM1 on
relevant classes of agents and to identify parameters that
might modify the RRM1-gemcitabine efficacy interaction.

2. Material and Methods

2.1. Cell Lines and Culture Conditions. The cell lines
used in this study were obtained from the American
Type Culture Collection (ATCC) or the originators. MCF7
human mammary adenocarcinoma cells were maintained
in MEM-α supplemented with 10% fetal bovine serum,
penicillin/streptomycin, nonessential aminoacids (0.1 mM),
sodium pyruvate (1 mM), sodium bicarbonate (1.5 g/L), and
bovine pancreatic insulin (Sigma Aldrich, 0.01 mg/mL). All
NSCLC cell lines and HCT8 (human colonic adenocarci-
noma cells) were maintained in RPMI 1640 supplemented
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with L-glutamine (2 mM), penicillin/streptomycin (100
units/100 μg per mL), and 10% fetal bovine serum. Unless
otherwise specified, all reagents were purchased from Gibco
(Invitrogen). All cell lines were free of mycoplasma con-
tamination (Stratagene), their authenticity was confirmed
by DNA fingerprint analysis, and testing was performed
within 6 months of in vitro propagation for experiments
described herein. They were harvested at 70% confluency for
subsequent experiments.

2.2. RRM1 and p53 Transfected Cell Lines. We have generated
three human cell line models derived from lung (H23),
breast (MCF7), and colon (HCT8) cancers, with increased
and decreased RRM1 expression by stable transfection as
previously described [9]. In general, stably overexpressing
RRM1 cell lines and their controls were generated by trans-
fection with full-length human RRM1 cDNA cloned into the
expression plasmid pCMV-Tag2 (Stratagene). Stably down-
regulated RRM1 cell lines were generated by transfection
with pSUPER-GFP (oligoEngine) containing RRM1-specific
target sequence (GACGCTAGAGCGGTCTTAT) or, as a
control, scramble sequence that had no similarity to any
known gene using FuGENE HD (Roche Applied Science).
The overexpression and down regulation of RRM1 were
confirmed by real-time RT-PCR and immunoblotting. A
stably TP53 wild-type expressing cell line (H358-p53+) was
generated by transfection with a pcDNA3 vector containing
full-length TP53 cDNA (a gift from Dr. Jiandong Chen).

2.3. Target Gene Expression Reduction. Dharmacon on-
TARGETplus Smartpool siRNA to TP53, ERCC1, and RRM1
(Dharmacon RNAi Technologies) were delivered to H23,
A549, H292, and H460 NSCLC cell lines using Lipofectamine
RNAiMAX (Invitrogen) following manufacturer’s instruc-
tions. Nontarget Pool siRNA was used as control.

2.4. Isolation of Total Cellular RNA and Real-Time PCR.
Total RNA was isolated from cultured cells with TRIzol
reagent (Invitrogen), and cDNA was synthesized with the
Superscript amplification kit (Invitrogen). Quantitative real-
time PCR was employed to measure the expression of RRM1
using 18s-rRNA as internal reference standard. The RRM1
primers were forward AAGAG CAGCG TGCCA GAGAT,
reverse ACACA TCAAA GACCA GTCCT GATTA G, and
probe 5′ TTTGC TCTTT GGATT CCGGA TCTCT TCA 3′.
18s-rRNA was detected using commercial primers and
probes (Applied Biosystems). For each sample, the target
RRM1 and 18s-rRNA concentrations were determined by
interpolation to a standard curve. The normalized RRM1
quantity was then derived by dividing the RRM1 value by
the 18s-rRNA value.

2.5. Drug Sensitivity and In Vitro Proliferation Assay. The
following anticancer drugs were tested: gemcitabine and
pemetrexed (Eli Lilly), methotrexate, carboplatin, hydrox-
yurea, and 5-fluorouracil (Sigma Aldrich); docetaxel (Sanofi-
Aventis); cisplatin (Ben Venue Laboratory), vinorelbine
(Sicor), and etoposide (Bedford Laboratory). At the time of

use, the drugs were freshly prepared and diluted stepwise to
the desired concentration in the proper solvent or culture
medium.

Cell viability in response to various drugs was assessed
with a cell proliferation 3-(4,5-dimethylthiazol-2-yl)-5-(3-
carboxymethoxyphenyl)-2-(4-sulfophenyl)-2H-tetrazolium
(MTS) assay in 96-well plates (Corning). Briefly, 1,000–
4,000 viable cells were seeded in triplicate in 100 μL of
growth medium and allowed to attach for 24 h. The cells
were then continuously exposed to 0.01 nM–1 mM of each
drug (0.1 nM–10 mM for hydroxyurea) for 3–10 days.
Thereafter, cells were exposed to CellTiter96 AQueous One
Solution Reagent (Promega) for 2 h at 37◦C, and formazan
absorbance was measured at 490 nm using a microplate
reader (Benchmark Plus, Bio-Rad). Each experiment was
repeated 3 times on different days with separate preparations
of cells and drugs.

Alternately, drug activity was assessed using the CellTiter-
Blue viability assay in 384-well plates (Promega). In this
format, 800 or 1,200 cells (for 5-day or 3-day experiments,
respectively) were plated in each well by using a Precision
XS automated pipetting system (Bio-Tek Instruments) and
allowed to attach overnight at 37◦C. The respective drugs
and combinations were serially diluted in growth medium,
and 5 μl were then added to wells. Four replicate wells
were used for each drug concentration and an additional
four control wells received media without drug. After 3
or 5 days of incubation, 5 μl CellTiter-Blue solution was
added to each well. Cell viability was assessed by the ability
of the metabolically active cells to reduce resazurin to
the highly fluorescent resorufin. The resulting fluorescence
(560Ex/590Em) was measured with a Synergy HT microplate
reader (Bio-Tek Instruments).

For both, the 96-well and 384-well experiments, fluo-
rescence data were transferred to a spreadsheet program to
calculate the percent viability relative to the replicate control
cell wells that did not receive drug. Data analysis for IC50

value calculations was performed using SigmaPlot (Systat
Software).

For drug combination experiments, the IC50 values
obtained from single drug assays were used to design the
experiments, and the cell viability assays were performed as
described above. The results were analyzed for synergistic,
additive, or antagonistic effects using the combination index
(CI) method developed by Chou [10]. For the application of
this method, the drug concentration dilutions were used at
fixed dose ratios (e.g., 50 : 1, 2 : 5, 1 : 250). Briefly, the dose-
effect curve for each drug alone was determined based on
experimental observations using the median-effect principle
and compared to the effect achieved with a combination of
two drugs to derive a CI value. The method involves plotting
dose-effect curves, for each agent and their combination,
using the median-effect equation: fa/fu = (D/Dm)m, where
D is the dose of the drug, Dm the dose required for a
50% effect (equivalent to IC50), fa and fu the affected and
unaffected fractions (fa = 1-fu), and m the exponent signify-
ing the sigmoidicity of the dose-effect curve. The computer
software XLfit was used to calculate the values of Dm and
m. The CI used for the analysis of the drug combinations
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was determined by the isobologram equation for mutually
nonexclusive drugs that have different modes of action:
CI = (D)1/(Dx)1 + (D)2/(Dx)2 + (D)1(D)2/(Dx)1(Dx)2,
where (Dx)1 and (Dx)2 in the denominators are the doses
(or concentrations) for drug 1 and drug 2 alone that gives
x% inhibition, whereas (D)1 and (D)2 in the numerators are
the doses of drug 1 and drug 2 in combination that also
inhibited x% (i.e., isoeffective). Combination indices CI < 1,
CI = 1, and CI > 1 indicate synergism, additive effects, and
antagonism, respectively.

2.6. Immunoblotting and Antibody Reagents. Tumor cells
were cultured as described above. Crude cell extract proteins
were suspended in RIPA buffer in the presence of a protease
inhibitor cocktail. After determination of the protein concen-
tration, extracts were separated on 8%–10% SDS-PAGE gels,
transferred to membranes, and the expression profiles ana-
lyzed by immunoblotting. Monoclonal antibodies or antisera
to RRM1 (T-16, cat # sc-11733, lot # H0608), RRM2a (I-
15, cat # sc-10848, lot # G1806), RRM2b (N-16, cat # sc-
10840, lot # E2107), P38 (H-147, cat # sc-7149, lot # I149),
ERCC1 (FL-297, cat # sc-10785, lot # G1103), and MCM2
(N-19, cat # sc-9839, lot # I1907) were purchased from Santa
Cruz Biotechnology, and monoclonal antibody to TS (TS-
106, cat # MS-471-p1, lot # 471P708B) was from Anatomical
Pathology and to TP53 (p53, cat # 554293, lot # 0000045190)
from BD Bioscience. The bound antibody was detected
using the ECL detection system according to manufacturer’s
instructions (Amersham Pharmacia Biotech). The intensity
values of specific bands were quantified with a Personal Den-
sitometer SI (Molecular Dynamics). To compare expression
values among the different cell lines, the target protein values
were normalized by comparison with the house keep gene β-
actin. These adjusted measures were then assigned the value
1.0 in cell line H23 to obtain relative adjusted values for all
other cell lines.

2.7. DNA Sequencing. DNA sequencing of the p53 and K-
ras genes was done using the Applied Biosystems 3130XL
genetic analysis system. Genomic DNA from tumor cell lines
was obtained with PureLink Genomic DNA kits (Invitrogen).
Exons of the p53 gene were amplified using previously
reported primers with minor modifications [11]. For K-ras,
codon 12 and 13 were sequenced bidirectionally. For p53,
all 11 exons were sequenced in both directions. All sequence
data were confirmed with publicly available information.

3. Results

3.1. Impact of RRM1 Modulation on Different Classes of
Agents. We had previously described the stably transfected
RRM1 up- and down-regulated clones of NSCLC cell line
H23 [4]. To expand and complement this model, we
generated similar clones for the human breast cancer cell line
MCF7 and colon cancer cell line HCT8. RRM1 expression at
the mRNA and protein level was variable among clones. For
drug testing, clones with a greater than 2-fold increase (for
up regulation) or a greater than 2-fold decrease (expression

<50% of control) in RRM1 expression at the mRNA and
protein level were selected (Figures 1(a), 1(b)).

To evaluate the impact of RRM1 on different classes of
chemotherapeutic agents, clones with high and low RRM1
levels and their respective controls were treated with each
agent over a broad range of concentrations. Dose response
blots were generated and mean IC50 values calculated from
at least 3 independent experiments (Table 1). For all agents,
a dose-dependent inhibition was observed (Figure 1(c)). The
relative impact of RRM1 was assessed by dividing the IC50

values of RRM1 modulated clones with those of control
clones (Table 1). High RRM1 levels resulted in resistance and
low levels in sensitivity to gemcitabine and 5-FU in NSCLC
cell line H23, breast cancer cell line MCF7, and colon cancer
cell line HCT8. Similarly, high RRM1 induced resistance to
methotrexate and pemetrexed in H23, but low levels induced
only a minimal increase in sensitivity. In MCF7 and HCT8,
no effect on methotrexate was observed and the effect on
pemetrexed was in the opposite direction; that is, high RRM1
was associated with increased sensitivity and low levels with
resistance. Hydroxyurea was not affected by RRM1 in H23,
but low levels resulted in increased sensitivity in MCF and
HCT8.

For the platinum agents cisplatin and carboplatin, high
or low RRM1 induced minimal resistance or sensitivity in
H23 and had no consistent impact in MCF7 and HCT8.
There was no observable relationship between RRM1 levels
and efficacy of docetaxel, vinorelbine, and etoposide in all
three model systems.

3.2. Impact of RRM1 Modulation on Drug Combinations in
H23. We next assessed if RRM1 modulation would impact
on the cytotoxicity of combinations of two agents. For
this, we chose four commonly used chemotherapy doublets
focused on antimetabolites in NSCLC; that is, gemcitabine +
carboplatin, gemcitabine + docetaxel, gemcitabine + peme-
trexed, and pemetrexed + carboplatin. The assays and
analyses were as described using synchronous drug exposure,
and a combination index (CI) was calculated from three
separate experiments (Table 2). We observed synergy for
the two platinum combinations and antagonism for the
two nonplatinum combinations. RRM1 expression levels
did not abrogate or reverse these interactions, although the
CI values differed slightly among the RRM1 modulated
clones.

3.3. Down Regulation of RRM1 by RNA Interference Increases
Gemcitabine Sensitivity in Other NSCLC Cell Lines. To
confirm if RRM1 downregulation would increase gemc-
itabine efficacy in other NSCLC cell lines, we transfected
20 nM of target-specific short interfering RNA (siRNA) and
nonspecific random siRNA for control purposes into cell
lines A549, H292, and H460. Since ERCC1 (excision repair
cross complementing group 1) expression levels in lung
cancers are positively correlated with those of RRM1, we
also used ERCC1-specific siRNA as a control. Immunoblot
analysis demonstrated efficient knock-down of the specific
target proteins RRM1 and ERCC1 in all three cell lines



4 Journal of Nucleic Acids

T
a

bl
e

1:
IC

50
ra

ti
os

of
cl

on
es

w
it

h
h

ig
h

an
d

lo
w

R
R

M
1

ex
pr

es
si

on
of

th
re

e
ce

ll
lin

es
fo

r
di

ff
er

en
t

cy
to

to
xi

c
ag

en
ts

.∗

H
23

M
C

F7
H

C
T

8

C
on

tr
ol

R
R

M
1

u
p

R
R

M
1

do
w

n
C

on
tr

ol
R

R
M

1
u

p
R

R
M

1
do

w
n

C
on

tr
ol

R
R

M
1

u
p

R
R

M
1

do
w

n

IC
50

IC
50

R
at

io
IC

50
R

at
io

IC
50

IC
50

R
at

io
IC

50
R

at
io

IC
50

IC
50

R
at

io
IC

50
R

at
io

μ
M

M
ea

n
+
/− SE

M
ea

n
+
/ − SE

μ
M

M
ea

n
+
/ − SE

M
ea

n
+
/ − SE

μ
M

M
ea

n
+
/ − SE

M
ea

n
+
/ − SE

A
n

ti
m

et
ab

ol
it

es

G
em

ci
ta

bi
n

e
0.

01
0

1.
80

∗
0.

22
0.

44
∗

0.
06

0.
00

8
10
.1

1∗
0.

92
0.

47
∗

0.
12

0.
01

3
1.

80
∗

0.
16

0.
49

∗
0.

08

H
yd

ro
xy

u
re

a
68

6.
40

0
0.

87
0.

01
1.

18
0.

05
0.

96
0

1.
11

0.
04

0.
50

∗
0.

05
15

47
.9

00
1.

20
0.

10
0.

57
∗

0.
02

M
et

h
ot

re
xa

te
0.

02
5

2.
30

∗
0.

21
0.

87
0.

26
0.

02
2

1.
01

0.
07

1.
14

0.
06

0.
02

6
1.

03
0.

12
1.

03
0.

17

Pe
m

et
re

xe
d

0.
10

5
2.

49
∗

0.
25

0.
80

0.
02

0.
03

6
0.

62
∗

0.
03

1.
20

0.
09

0.
10

9
0.

49
∗

0.
07

2.
10

∗
0.

38

5-
Fl

u
or

ou
ra

ci
l

0.
91

1
2.

09
∗

0.
97

0.
23

∗
0.

05
3.

18
3

2.
72

∗
1.

27
0.

59
∗

0.
26

39
.2

23
5.

56
∗

0.
50

0.
44

∗

P
la

ti
n

u
m

C
om

po
u

n
ds

C
is

pl
at

in
2.

69
2

1.
54

∗
0.

06
0.

75
∗

0.
02

25
.1

61
1.

13
0.

02
0.

80
0.

04
5.

65
3

0.
79

∗
0.

04
1.

04
0.

11

C
ar

bo
pl

at
in

66
.3

28
1.

31
∗

0.
61

0.
59

∗
0.

16
12

0.
00

0
0.

97
0.

08
1.

15
0.

09
21

.5
58

n
o

da
ta

n
o

da
ta

M
it

os
is

In
h

ib
it

or
s

D
oc

et
ax

el
0.

00
3

1.
21

0.
44

0.
90

0.
17

0.
00

1
0.

89
0.

12
0.

79
0.

12
0.

01
3

0.
94

0.
16

1.
18

0.
04

V
in

or
el

bi
n

e
0.

03
4

0.
96

0.
16

1.
00

0.
21

0.
01

0
1.

02
0.

10
0.

98
0.

14
0.

07
2

0.
98

0.
10

1.
14

0.
14

To
po

is
om

er
as

e
In

h
ib

it
or

s

E
to

po
si

de
0.

22
7

1.
15

0.
06

1.
14

0.
06

0.
29

1
0.

89
0.

10
1.

06
0.

11
0.

18
3

1.
18

0.
14

1.
03

0.
17

∗ I
C

50
va

lu
es

fo
r

th
e

w
ild

-t
yp

e
ce

ll
lin

es
fo

r
ea

ch
of

th
e

dr
u

gs
te

st
ed

ar
e

lis
te

d
in

th
e

co
lu

m
n

la
be

le
d

“C
on

tr
ol

”.
T

h
e

IC
50

ra
ti

os
fo

r
R

R
M

1
u

p-
an

d
do

w
n

-r
eg

u
la

te
d

cl
on

es
fo

r
ce

ll
lin

es
H

23
,M

C
F7

,a
n

d
H

C
T

8
w

er
e

ca
lc

u
la

te
d

as
de

sc
ri

be
d

in
th

e
M

at
er

ia
la

n
d

M
et

h
od

s
se

ct
io

n
.V

al
u

es
gr

ea
te

r
th

an
1

in
di

ca
te

d
th

at
h

ig
h

er
dr

u
g

co
n

ce
n

tr
at

io
n

s
ar

e
re

qu
ir

ed
to

re
ac

h
th

e
IC

50
;t

h
at

is
,d

ru
g

re
si

st
an

ce
.V

al
u

es
sm

al
le

r
th

an
1

in
di

ca
te

d
th

at
th

e
lo

w
er

dr
u

g
co

n
ce

n
tr

at
io

n
s

ar
e

re
qu

ir
ed

to
re

ac
h

th
e

IC
50

;t
h

at
is

,d
ru

g
se

n
si

ti
vi

ty
.∗

In
di

ca
te

s
va

lu
es

co
n

si
de

re
d

to
be

si
gn

ifi
ca

n
tl

y
ch

an
ge

d.



Journal of Nucleic Acids 5

0.5

1

1.5

2

2.5

3

3.5

5.5
R

R
M

1
pr

ot
ei

n
an

d
m

R
N

A
le

ve
ls

0.5

1

1.5

2

2.5

3

3.5

5.5

0.5

1

1.5

2

2.5

3

3.5

5.5

H23-Ct H23-R1 H23-shCt H23-shR1 MCF7-Ct MCF7-R1 MCF7-shCt MCF7-shR1 HCT8-Ct HCT8-R1 HCT8-shCt HCT8-shR1

(a)

RRM1

β-actin

H23-wt H23-Ct H23-R1 H23-shCt H23-shR1 MCF7-wt MCF7-Ct MCF7-R1 MCF7-shCt MCF7-shR1 HCT8-wt HCT8-Ct HCT8-R1 HCT8-shCt HCT8-shR1

(b)

0.2

0.4

Su
rv

iv
al

fr
ac

ti
on

0.6

0.8

1

1.2

1.4

1e-1 1e+0 1e+1 1e+2 1e+3 1e+4 1e+5 1e+6

Gemcitabine (nM)

MCF7-wt
MCF7-Ct
MCF7-R1

MCF7-shCt
MCF7-shR1

(c)

Figure 1: Modification of RRM1 expression by stable transfection with RRM1 and shRRM1 expression vectors in cell lines H23, MCF7,
and HCT. Wt, wild-type cell lines, R1, clones of cell lines transfected with RRM1; Ct, clones transfected with an out-of-frame RRM1 vector;
shR1, clones transfected with a small hair-pin RRM1 vector; shCt, clones transfected with a random control small hair-pin vector. (a)
RRM1 protein (red) and mRNA (green) expression in stably transfected clones of H23, MCF7, and HCT8. (b) Western blots of H23, MCF7,
and HCT8 clones. (c) Cytotoxicity of MCF7 clones following gemcitabine treatment for 6 days. Each point is the mean of at least three
independent experiments. The dashed line indicates the 50% survival fraction.

(Figure 2(a)). We observed a 5- to 20-fold increase in gem-
citabine efficacy with RRM1 down-regulation (Figure 2(b));
carboplatin efficacy was not notably affected.

3.4. Endogenous RRM1 Expression, Drug Sensitivity, and Cell
Line Characteristics in a Panel of NSCLC Cell Lines. Since
tumoral RRM1 levels and therapeutic efficacy of chemother-
apy vary widely [7], we sought to investigate parameters that
might influence the RRM1-gemcitabine efficacy interaction.
For this, we used a random series of 26 NSCLC cell lines

with a diverse range of properties. In these cell lines,
we determined the endogenous levels of RRM1, RRM2a,
RRM2b, and other molecules associated with nucleotide
metabolism and cell proliferation in exponentially growing,
subconfluent, and unsynchronized cultures. The relative
expression levels were determined by densitometry of spe-
cific bands on a single, large immunoblot adjusted for β-
actin expression and normalized to the level of each target
protein in cell line H23 (levels arbitrarily set to 1.00).
We also determined the p53 and K-ras mutational status,
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Table 2: Impact of RRM1 expression on drug combinations.∗

Drug combination
Clones of H23

H23-Ct H23-R1 H23-shCt H23-shR1

control R1 increased control R1 decreased

Gemcitabine & Carboplatin 0.93 (+/−) 0.83 (++) 0.56 (+ + +) 0.72 (++)

Gemcitabine & Docetaxel 2.8 (− − −) 2.1 (− − −) 3.1 (− − −) 1.4 (−−)

Gemcitabine & Pemetrexed 1.5 (− − −) 1.4 (−−) 1.7 (− − −) 1.7 (− − −)

Pemetrexed & Carboplatin 0.79 (++) 0.94 (+/−) 0.73 (++) 0.64 (+ + +)
∗The combination index (CI) was calculated according to Chou [10] and averaged from three separate experiments. Combination indices CI < 1, CI = 1,
and CI > 1 indicate synergism, additive effects, and antagonism, respectively. Ranking symbols within parenthesis indicate relative antagonism, additivity, or
synergy: (− − −: strong antagonism; −−: moderate antagonism;+/−: nearly additive; ++: moderate synergy; + + +: strong synergy).

the doubling time (calculated with CurveExpert software),
and the IC50 and maximum achievable cytotoxicity with
gemcitabine, pemetrexed, and carboplatin (Table 3).

We did not observe a statistically significant correlation
between RRM1 levels and the gemcitabine IC50 values
(Spearman rank correlation coefficient r = 0.10, P = .65).
There was also no significant correlation between RRM1
levels and those of the other 7 proteins analyzed or the
doubling time. Of note, TS levels and pemetrexed IC50 values
were not correlated (r = 0.003, P = .99), neither were
ERCC1 levels and carboplatin IC50 values (r = 0.07, P =
.75).

However, the median IC50 values for gemcitabine were
approximately 10-fold higher in the group of 8 cell lines with
p53 truncations, deletions, or null status (0.3 μM) compared
to the 18 cell lines without such mutations (0.03 μM; P = .06
by rank sum test). A similar trend was not observed for
pemetrexed or carboplatin. The K-ras mutation status did
not impact efficacy of the three agents tested.

The doubling time of cell lines was significantly corre-
lated with gemcitabine IC50 values; that is, cell lines with
long doubling times had higher IC50 values (Spearman rank
correlation coefficient r = 0.63, P < .001), and it was not
correlated with the IC50 values of pemetrexed or carboplatin.

3.5. TP53 Levels and Gemcitabine Cytotoxicity. In order to
study if wild-type p53 contributes to gemcitabine efficacy, we
delivered p53-specific siRNA and nonspecific random siRNA
to cell lines H23, A549, H292, and H460. We obtained near
complete knock down in A549 and H292, a partial reduction
in H460, and a minimal reduction in H23 using 20 nM
siRNA concentrations and 24 hrs of exposure (Figure 3).
Higher siRNA concentrations and longer exposure times
did not yield better p53 reduction in H23 and H460.
Gemcitabine IC50 values increased 2.0-fold in A549 (p53
wild-type) to 3.4-fold in H292 (p53 wild-type) and remained
essentially unchanged in H23 (1.3-fold, p53 M246I missense)
and H460 (1.1-fold, p53 wild-type).

To corroborate this result, we used the p53-null cell line
H358 and its stably transfected and wild-type p53-expressing
counterpart H358p53+ (Figure 4). We observed a statistically

significant reduction in the gemcitabine IC50 from 15.3 nM
in H358 to 10.7 nM in H358p53+ (P = .03 by t-test; values
are means of three independent experiments using 5 days
of exposure), while the IC50 values for pemetrexed and
carboplatin were not significantly different between these cell
lines.

4. Discussion

The use of unselected double-agent chemotherapy has
resulted in an approximately 50% improvement in overall
median survival of patients with advanced NSCLC [12].
The only criteria currently used for selection of agents are
histology [13], toxicity profiles, and convenience of delivery.
Two recent prospective clinical trials have demonstrated the
feasibility of selecting individualized chemotherapy based
on RRM1 and/or ERCC1 expression levels in tumor biopsy
specimens [14, 15]. Both trials also reported favorable
response rates for patients receiving molecularly-based
selected compared to unselected therapy. In two additional
prospective trials in patients with metastatic stage III or stage
IV disease, a statistically significant association between the
tumoral expression levels of RRM1 and the magnitude of
change in tumor burden with gemcitabine single-agent or
gemcitabine and carboplatin double-agent therapy have been
reported; that is, the lower the levels the better the response
[4, 7].

The antitumoral activity of gemcitabine is a result of
at least two separate actions. One is a presumed direct
interaction with RRM1, with a resulting reduction of ribonu-
cleotide reductase function and deoxynucleotide levels, and
the other is incorporation into newly synthesized DNA,
with a resulting chain termination. It is the presumed
interaction with RRM1 that explains the direct and linear
association between RRM1 levels and gemcitabine IC50 levels
in experimental model systems. However, as can be gleaned
from the published scatter plots depicting the association
between intratumoral RRM1 levels and tumor response in
cancer patients [4, 7], it is difficult to be precise in predicting
whether an individual patient will actually derive benefit
from the selected therapy.
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Figure 2: Knock-down of RRM1 and ERCC1 expression in three NSCLC cell lines by RNA interference and impact on gemcitabine efficacy.
(a) Western blots showing that RRM1-specific siRNA reduced RRM1 protein expression to undetectable levels, while random control and
ERCC1-specific siRNAs did not affect RRM1 expression. Likewise, ERCC1-specific siRNA reduced ERCC1 protein expression to undetectable
levels, while random control and RRM1-specific siRNAs did not affect ERCC1 expression. (b) IC50 values of gemcitabine cytotoxicity in cell
lines A549, H292, and H460. Wt, wild-type cell lines; si-control, cell lines transfected with nonspecific siRNA; si-ERCC1; cell lines transfected
with ERCC1-specific siRNA; si-RRM1, cell lines transfected with RRM1-specific siRNA.

Given the molecular complexity of NSCLC, this is not
surprising and strongly suggests that a variety of other
tumor-specific and host-specific parameters substantially
impact the gemcitabine-RRM1 interaction. Our results in
a lung, breast, and colon cancer cell line with genetically
modified RRM1 levels demonstrate that RRM1 expression
levels are the dominant determinant of gemcitabine effi-
cacy despite diverse molecular backgrounds. This result is
consistent with prior reports of increased RRM1 levels in
pancreatic and colon cancer models upon induction of
gemcitabine resistance [3, 5]. In our cell line models, we
further demonstrate that RRM1 levels can impact efficacy of
other cytotoxic agents in the class of antimetabolites. Since
this effect was not observed in all cell lines, other parameters

may dominate over the interaction between RRM1 and
5FU, pemetrexed, and methotrexate. For instance, a signif-
icant role for TS on 5FU and dihydrofolate reductase on
methotrexate efficacy has been established, and a role for
TS and other enzymes involved in nucleotide synthesis on
pemetrexed efficacy is evolving. However, an explanation for
the increased pemetrexed sensitivity of RRM1 transfected
MCF7 and HCT8 cell lines is elusive. We also demonstrate
that RRM1 levels do not impact on efficacy of spindle-
disrupting agents or etoposide, which are frequently used
in lung cancer therapy. In fact, an earlier report on a small
subset of patients treated with vinorelbine, gemcitabine, and
platinum had suggested that the addition of vinorelbine may
abrogate the therapeutic benefit of gemcitabine in patients
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Figure 3: Western blots of knock-down of TP53 expression in four NSCLC cell lines by RNA interference. TP53-specific siRNA reduced
TP53 protein expression to undetectable levels in A549 and H292 and greater then 10-fold in H23 and H460, while random control siRNA
did not affect TP53 or RRM1 expression.
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Figure 4: Western blots of cell line H358. There is no detectable
TP53 expression in wild-type cells; while transfected cells clearly
show TP53 expression.

with low levels of RRM1 expression [2]. Our in vitro results
on combination therapy suggest that RRM1 does not disrupt
drug-drug interactions when gemcitabine is combined with
carboplatin, docetaxel, or pemetrexed.

Since RRM1 is often combined with ERCC1 in trials
seeking to enhance therapeutic efficiency through agent
selection and because both molecules are frequently coex-
pressed [2, 4, 7, 16, 17], we tested in three cell lines if ERCC1
expression reduction through RNA interference would alter
gemcitabine efficacy and found no evidence for this.

Using a panel of lung cancer cell lines with diverse
features and molecular characteristics, we identified two
variables that significantly impacted gemcitabine efficacy

without being associated with RRM1 levels. We found that
cell lines with functional p53-impairing mutations, that
is, null, truncation, and deletion mutations, displayed a
pattern of resistance to gemcitabine. We corroborated this
result through transfection of wild-type p53 into a null
cell line (H358), which resulted in a statistically significant
improvement in gemcitabine efficacy, and through abroga-
tion of p53 by RNA interference in other cell lines, which
resulted in gemcitabine resistance. This was not explained
by RRM1 expression levels, since no association between
RRM1 levels and p53 was observed. In contrast, pemetrexed
and platinum efficacy did not seem to be influenced by p53
expression modulation. To our knowledge, the impact of p53
mutations on gemcitabine efficacy has not been studied in
clinical trials. It is important to corroborate these results
in prospective trials since a potential clinical implication
might be that tumoral RRM1 levels may not be predictive
of gemcitabine efficacy in patients whose tumors harbor
functionally significant p53 mutations.

Finally, our in vitro data demonstrated a statistically
significant correlation between gemcitabine efficacy and the
doubling time; that is, cell lines with long doubling times
were more resistant to gemcitabine. Although we used a 4-
day continuous exposure to gemcitabine, which should allow
for all cells to proceed through at least one complete cell
cycle, we cannot exclude that this result is caused by the
experimental conditions. However, a similar phenomenon
was not observed for pemetrexed or carboplatin, which
suggests that a true association between the speed of cellular
replication and gemcitabine efficacy exists. It is not explained
by RRM1 expression levels or p53, since a significant correla-
tion between these and the doubling time was not observed.
However, we had previously reported that overexpression of
RRM1 through stable transfection in cell lines resulted in
slow growth predominantly through G2 arrest [18]. It is thus
possible that the increased gemcitabine efficacy is a result of
a decreased ability of cells to repair newly synthesized DNA
with incorporated 2′, 2′-difluorodeoxycytidine that leads to
chain termination [19].
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5. Conclusions

We demonstrated a dominant role for RRM1 in gemcitabine
efficacy and also a role in efficacy of other antimetabolites
in selected cell lines. RRM1 did not disrupt the interaction
between gemcitabine and other cytotoxic agents when com-
bined. The mutational status of p53 and cell line doubling
time were significant and independent determinants of
gemcitabine efficacy. Their impact on gemcitabine efficacy in
patients with lung cancer in the context of RRM1 expression
requires investigations in prospective clinical trials.
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A wide variety of DNA lesions arise due to environmental agents, normal cellular metabolism or intrinsic weaknesses in the
chemical bonds of DNA. Diverse cellular mechanisms have evolved to maintain genome stability, including mechanisms to repair
damaged DNA, to avoid the incorporation of modified nucleotides and to tolerate lesions (translesion synthesis). Studies of the
mechanisms related to DNA metabolism in trypanosomatids have been very limited. Together with recent experimental studies,
the genome sequencing of Trypanosoma brucei, Trypanosoma cruzi and Leishmania major, three related pathogens with different
life cycles and disease pathology, has revealed interesting features of the DNA repair mechanism in these protozoan parasites, which
will be reviewed here.

1. Introduction

The trypanosomatids Trypanosoma cruzi, Trypanosoma bru-
cei, and Leishmania major are the causative agents of Chagas
disease, African sleeping sickness and leishmaniasis, respec-
tively. These protozoan pathogens affect over 27 million
people, primarily in developing countries within tropical and
subtropical regions. There are no vaccines for these diseases
and only a few drugs, which are largely ineffective due to
toxicity and resistance [1].

These three pathogens (herein collectively referred to
as Tritryps) share many general characteristics, especially
the presence of the unique mitochondrion, which contains
a dense region named as kinetoplast. This mitochondrial
region is composed by a network of several thousand
minicircles and a few dozen maxicircles that form the
kinetoplast DNA (kDNA) [2]. Minicircles encode guide
RNAs that modify maxicircle transcripts by RNA editing
while maxicircles are correspondent to the mitochondrial
DNA in higher eukaryotes that encodes rRNAs and the
subunits of respiratory complexes [2]. The mitochondrion
replicates its DNA, maintains its structural integrity, and

undergoes division. Actually, kDNA replication always takes
place earlier than mitosis, indicating that the kDNA may
be needed for cell division, either by signaling a successful
replication or by affecting the structure [3]. Furthermore,
the trypanosome mitochondrion may hold vital metabolic
pathways besides a possible role in Ca+2 homeostasis, fatty
acid metabolism, and apoptosis [3]. In fact, kDNA function
and integrity may play a crucial role in the survival of some
stages of Tritryps lifecycles [3–5]. However, the kDNA is
subjected to large amounts of endogenous oxidative damage
generated by oxidative phosphorylation. Thus, an efficient
kDNA maintenance mechanism is necessary to repair and
avoid oxidative lesions in the mitochondrial DNA.

The draft genome sequences of the Tritryps, released in
2005, have allowed a better understanding of the genetic and
evolutionary characteristics of these parasites [6–9]. A com-
parison of gene content and genome architecture of T. cruzi,
T. brucei, and L. major revealed large syntenic polycistronic
gene clusters. In addition, many species-specific genes, such
as large surface antigen families, occur at nonsyntenic
chromosome-internal and subtelomeric regions. Syntenic
discontinuities are associated with retroelements, structural
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RNAs, and gene family expansion. Along with these factors,
gene divergence, acquisition and loss, and rearrangement
within the syntenic regions help to shape the genome of
each parasite [8]. Expansion of gene families by tandem
duplication is a potential mechanism by which parasites can
increase expression levels to compensate for a general lack of
transcriptional control due to polycistronic structure and the
absence of general transcription factors [7].

Concerning the individual features of each parasite,
which reflect differences in their lifecycles, T. brucei has large
subtelomeric arrays that contain variant surface glycoprotein
(VSG) genes used by the parasite to evade the mammalian
immune system. Meanwhile, over 50% of the T. cruzi genome
consists of repeated sequences, such as genes for large fami-
lies of surface molecules, which might function in immune
evasion and adaptation to an intracellular environment.
Leishmania spp. has a simpler genome but also has the ability
to amplify genomic regions. This genus contains genes for
the synthesis of complex surface glycoconjugates that are
likely to enhance survival in the macrophage phagolysosome
[8].

Analyses of the Tritryps genomes have identified differ-
ences in the DNA maintenance mechanisms (nuclear and
mitochondrial) between Tritryps and other eukaryotes. DNA
repair systems are responsible for preserving the genome
stability via correcting DNA lesions caused by damag-
ing agents both from the environment and endogenous
metabolic processes [10–14]. This system embraces several
distinct pathways: (1) sanitization of the nucleotide pool, (2)
direct reversal of the base modifications by demethylation
processes, by the action of photolyases or dioxigenases, or
(3) excision of (i) oxidized, methylated, or misincorporated
bases by base excision repair (BER), (ii) bulky damage by
nucleotide excision repair (NER), and (iii) misincorporated
bases in the newly replicated DNA strand by mismatch
repair (MMR). DNA is also susceptible to single-strand
breaks (SSBs) and double-strand breaks (DSBs), which
can be repaired by homologous recombination (HR) and
nonhomologous end joining (NHEJ). Even though these
mechanisms repair the majority of DNA lesions, some of
the damage remains, leading to mutations or block of the
DNA replication. Alternative DNA polymerases can bypass
these lesions in an error-free or error-prone fashion using
a tolerance process known as translesion synthesis (TLS)
[14]. Basic knowledge of DNA damage repair and tolerance
processes is crucial to understanding how and why the
genome is affected during the organism lifespan and how the
cells will deal with it.

T. cruzi, T. Brucei, and L. major appear to be able to
catalyze most of the DNA repair pathways [6–9]. Here,
we briefly review the current information on DNA repair
mechanisms in Tritryps with an emphasis on experimentally
characterized genes (Table 1). We highlight the main features
of the major DNA repair pathways and report the presence
or absence of key genes in Tritryps. Most of the genes
were previously identified by their genome projects [6–
9, 15], and few of them were identified through similarity
screening and domain analysis. The gene “absence” could
truly represent a nonoccurence of the gene (whose function

could be compensated or not by another gene), a large
sequence divergence, or even an annotation error, which
made the search for a homolog difficult.

2. Direct Repair

Two mechanisms of direct repair are present in Tritryps:
alkylation reversal and oxidative damage repair [6–9]. These
pathways perform immediate chemical reversals of specific
forms of DNA damage. Single homologs of O-6 methyl-
guanine alkyltransferase (MGMT) can be found in the
three genomes. This enzyme catalyzes the repair of O6-
meG, a critical mutagenic lesion that yields G : C to A : T
transitions [41]. AlkB, an iron-dependent dioxygenase that
reverses DNA lesions (1-meA and 3-meC) in single-strand
DNA (ssDNA) or RNA [42], is also present in Tritryps.
The third mechanism of direct repair utilizes photolyases,
which catalyze the splitting of pyrimidine dimers into the
constituent monomers, a process called photoreactivation
[43]. T. cruzi does not contain a clear photolyase homolog
although T. brucei and L. major are thought to perform
photoreactivation because they have a gene that contains
an N-terminal photolyase domain [6–9]. The absence of
photoreactivation as a repair mechanism for pirimidine
dimers in T. cruzi could be associated with the availability of
transcription-coupled repair (TCR), which would efficiently
deal with such lesions. This subject is discussed further in a
later section.

3. Base Excision Repair

BER is the predominant pathway for dealing with a wide
range of lesions that modify individual bases without large
effects on the double helix structure. Such modifications
on DNA bases can arise as a result of oxidation, alkylation,
and/or deamination. The BER pathway consists of modified
base recognition and removal by a DNA glycosylase, cleavage
of the sugar-phosphate backbone, and excision of the abasic
(apurinic-apyrimidinic, AP) site by a DNA AP endonuclease,
followed by DNA synthesis and ligation steps [44].

The gapfilling and rejoining steps can occur by either
of two subpathways: short-patch BER or long-patch BER.
In the short-patch BER subpathway, only one nucleotide
is replaced by DNA Polβ and the nick is sealed by LIG3,
all steps being coordinated by XRCC1 [45]. In long-patch
BER, 2–13 nucleotides are replaced with the involvement of
the replicative polymerases δ (Polδ) or ε (Polε) [46]. This
polymerization gives rise to a “flap” structure that is removed
by FEN1 through a single-stranded break for subsequent nick
ligation by ligase 1 (LIG1) [47]. The long-patch mechanism
also involves PCNA, which interacts and coordinates the
enzymes involved, and poly ADP-ribose polymerase (PARP),
that binds to DNA SSBs preventing DSBs and facilitates
access for the long-patch machinery [48].

The primary components of the BER pathway have
been identified in T. cruzi, T. brucei and L. major genomes
[6–9] and are organized in the TritrypDB database [15].
The Tritryps possess the enzymes required to effectively
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Table 1

Gene Function Organism (Gene ID) Experimental data Ref.

BER Genes

Uracyl-DNA
glycosylase
(UNG)

Excision of uracil in DNA
T. cruzi
(Tc00.1047053511277.330)

(i) In vitro activity (enhanced by AP
endonuclease) [16, 17]

(ii) Heterologous complementation
of E. coli

AP endonuclease1
Cleavage of the phosphodiester
bond at the 5′ side of AP site

T. cruzi
(Tc00.1047053507083.30)

(i) Heterologous complementation
of E. coli

[18]

L. major (LmjF16.0680)
(i) Heterologous complementation
of E. coli [18–20]

(ii) Increment of H2O2 and
methotrexate resistance

POLβ
Polymerization of DNA
Strand displacement (long-patch)
Cleavage of the 5′- dRP

T. cruzi
(Tc00.1047053503955.20)

(i) In vitro activity
(ii) Kinetoplast localization

[21]

T. brucei (Tb927.5.2780) [22]

PARP
Binding to ssDNA
Stimulation of DNA synthesis and
strand displacement

T. cruzi
(Tc00.1047053509721.60)

(i) In vitro activity (enhanced by
SSB)

[23]

NER Genes

TFIIH-TFB1

Component of TFIIH

T. brucei (Tb11.01.1200)

(i) Essential for initiating synthesis
of spliced leader RNA

TFIIH-TFB2 T. brucei (Tb927.10.5210)

TFIIH-TFB4 T. brucei (Tb11.01.7730) [24]

TFIIH-TFB5 T. brucei (Tb10.61.2600)

TFIIH-XPB
Component of TFIIH (helicase)

T. brucei
(Tb11.01.7950Tb927.3.5100)

(i) Interaction with TSP1 and TSP2

TFIIH-XPD T. brucei (Tb927.8.5980) (i) Nuclear localization

TFIIH-TSP1 Trypanosomatid-specific
component of TFIIH

T. brucei (Tb927.1.1080)
(i) Essential for initiating synthesis
of spliced leader RNA

[24]

TFIIH-TSP2 T. brucei (Tb11.01.5700)
(i) Nuclear localization
(ii) Essential for initiating synthesis
of spliced leader RNA

XAB2∗
May function as a scaffold for
protein complex formation

T. cruzi
(Tc00.1047053509767.40)

(i) Putative —

T. brucei (Tb927.5.1340) (i) Putative —

L. major (LmjF23.1550) (i) Putative —

MMR Genes

MSH2
Repair of single base-base and IDL
mismatches
Heterodimers with MSH3 or MSH6

T. cruzi
(Tc00.1047053507711.320)

(i) Three isoforms with different
efficiencies [25, 26]

(ii) Involvement in oxidative stress
response (independently from
MLH1)

T. brucei (Tb927.10.11020)

(i) Involvement in oxidative stress
response (independently from
MLH1) [26–28]
(ii) Microsatellite instability and
MNNG tolerance in MSH2/MLH1
double mutants

(iii) Regulatory role in HR

MLH1

Heterodimers with MutL homologs
Matchmaker for coordinating
eventes from mismatch binding to
DNA synthesis

(i) Microsatellite instability and
MNNG tolerance in MSH2/MLH1
double mutants
(ii)Regulatory role in HR

T. brucei (Tb927.8.6840) [27, 28]
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Table 1: Continued.

Gene Function Organism (Gene ID) Experimental data Ref.

NHEJ Genes

Ku70 DSB recognition T. brucei (Tb927.3.5030)
(i) Telomere maintenance [29, 30]DSB bridging nucleolytic

processing of the ends

Ku80 Telomere maintenance T. brucei (Tb927.6.1760)

HR Genes

Mre11
DSB end resection

T. brucei (Tb927.2.4390)
(i) Mre11 mutations cause
impairment of HR and increased
DNA damage sensitivity

[31, 32]
Nuclease activities

Rad51 Recombinases

(i) Gene expression induced by
DNA damaging agents
(ii) Involved in DSBs and oxidative
lesions repair

T. cruzi
(Tc00.1047053503801.30)

[33]

T. brucei (Tb11.01.0360)

(i) Null mutants led to impairments
in VSG switch and DNA
transformation, besides a higher
sensitivity to genotoxic agents

[34]

L. major (LmjF28.0550)
(i) Gene expression induced by
DNA-damaging agents

[35]

Dmc1 Recombinases T. brucei (Tb09.211.1210)
(i) DMC1 mutation does not affect
HR or VSG switching

[36]

BRCA2
ssDNA binding
Recombination mediator

T. brucei (Tb927.1.640)

(i) Expansion in the number of
BRC repeats
(ii) BRCA2 mutants display
antigenic variation impairment and
genome instability

[37]

Rad51-3

ssDNA binding
Recombination mediator activity

T. brucei (Tb11.02.0150)

(i) Rad51-3 mutations resulted in
reduced levels of VSG switching,
altered RAD51 localization
following DNA damage and DNA
damage sensitized parasites

[38]

Rad51-5 T. brucei (Tzb10.389.1770)

(i) Rad51-5 mutations caused
altered RAD51 localization
following DNA damage and DNA
damage sensitized parasites

[38]

TLS Genes

Polη
Error-free bypass of cis-syn
cyclobutane pyrimidine dimers
(CPDs)

T. cruzi
(Tc00.1047053511911.120)

(i) Heterologous complementation
of S. cerevisae
(ii) In vitro bypass of 8-oxoG
(iii) Overexpression increases H2O2

resistance

[39]

Polκ
Bypass of N2-adducted dG lesions
Extension of mismatched primer
termini

T. cruzi
(Tc00.1047053503755.30)

(i) Mitochondrial localization
(ii) In vitro bypass of8-oxoG
(iii) DNA synthesis within
recombination intermediates
(iv) Overexpression increases
zeocin, gamma radiation, and H2O2

resistance

[40]

perform BER of different base lesions. However, it is not
clear whether they can perform short-patch and long-patch
BER since the homologs of LIG3 and XRCC1, which are
supposedly essential for the short-patch mechanism [46, 49,
50], have not yet been identified in the three organisms.

However, these BER components are also absent in plants,
and Córdoba-Cañero et al. [51] recently demonstrated that
BER of uracil and abasic sites occurs in Arabidopsis thaliana
whole-cell extracts by both single-nucleotide insertion and
long-patch DNA synthesis. In contrast to the other Tritryps,



Journal of Nucleic Acids 5

the L. major genome allegedly does not encode for the
PARP enzyme, which could play a role in the long-patch
subpathway [7].

Different DNA glycosylases involved in the removal of
modified bases from DNA have been characterized in Trit-
ryps. The Uracyl-DNA glycosylase from T. cruzi (TcUNG)
was the first one to be characterized by Fárez-Vidal and
coworkers [16]. They demonstrated that the enzyme activity
was enhanced by the addition of an AP endonuclease from L.
major, suggesting that there could be a functional interaction
between the two enzymes [16]. Recently, Peña-Dias and
colleagues [17] reported that TcUNG is able to complement
E. coli ung mutants, and that the trypanosome enzyme has
a catalytic activity similar to human UNG. Surprisingly,
their results indicated that TcUNG is able to excise uracil in
DNA via short-patch BER using a polymerase that follows a
Polβ-like pattern of inhibition. The characterization of the
TcUNG protein sequence suggested that it has a probable
PCNA-binding motif and could be directed either to the
mitochondrion or nucleus [17].

Another glycosylase found in Tritryps is 8-oxoG-DNA
glycosylase (OGG1), an enzyme that removes the oxida-
tive lesion 7,8-dihydro-8-oxoguanine (also known as 8-
oxoguanine or 8-oxoG) when it is paired with cytosine.
Among the DNA damage caused by reactive oxygen species
(ROS), 8-oxoG is of outstanding interest because of its
highly mutagenic potential and abundance [52]. This lesion
has the ability to mimic thymine functionally, forming a
stable 8-oxoG : A base pair. This conformation allows the
replicative DNA polymerases to efficiently bypass 8-oxoG
failing to detect this damaged DNA base [53]. A functional
homolog of OGG1 in T. cruzi has been studied in vivo
by Furtado and colleagues (unpublished data). This gene
is able to complement yeast OGG1 mutants, reducing the
mutation rate of these cells. The expression of OGG1-GFP
fusion protein in T. cruzi revealed that the intracellular
localization of OGG1 is both nuclear and mitochondrial.
In fact, overexpression of the OGG1 in T. cruzi diminishes
the levels of 8-oxoG within the nucleus and mitochondrion
after hydrogen peroxide (H2O2) treatment. The unusual
localization of OGG1 in the mitochondrion could indicate
the importance of the maintenance of the kDNA integrity in
this parasite.

In addition to OGG1 glycosylase, MutT and MutY also
contribute to counteract the mutagenesis effects of 8-oxoG.
These three enzymes constitute the so-called GO-system
[54]. MutT degrades 8-oxo-dGTP from the nucleotide pool
to 8-oxo-dGMP, preventing mutations that arise from the
misincorporation of this oxidized form of dGTP. On the
other hand, the DNA glycosylase MutY removes adenine
from the 8oxoG : A pair [54]. When 8-oxo-dGTP is mis-
incorporated opposite adenine in template DNA, MutY
can fix an A : T to C : G mutation because it removes
the correct adenine from the A : 8oxoG pair. Therefore,
when MutY is present, the action of MutT is crucial
because oxidized nucleotides must be eliminated from the
nucleotide pool [54]. At the time the genome sequence was
released, homologs of 8-oxoguanine hydrolase MutT were
not encountered in the Tritryps genome [6–9]. A more

accurate search of the Tritryps genomes revealed that MutT
homologs are present in T. brucei, L. major, and possibly
in T. cruzi [15]. This is not unexpected given that these
parasites have putative MutY homologs [15]. Indeed, a T.
cruzi MutY homolog has been characterized (Kunrath-Lima,
unpublished data). This gene is able to complement MutY-
deficient bacteria, diminishing its mutation rates. Moreover,
the T. cruzi MutY recombinant protein removes the adenine
paired with 8-oxoG in vitro from a 30 mer fluorescent
substrate.

The AP endonucleases 1 from T. cruzi and L. major have
also been characterized [18–20]. Both were able to efficiently
complement AP endonuclease-deficient E. coli, conferring
resistance to alkylating and oxidizing agents [18]. The L.
major AP endonuclease was more extensively studied, and
the purified protein exhibited endonuclease and high 3′

phosphodiesterase activities on AP DNA in vitro. Moreover,
Leishmania parasites overexpressing the AP endonuclease
showed increased H2O2 and methotrexate resistance as
well as reduced DNA fragmentation [19]. The structural
characteristics of the L. major enzyme exhibited similarities
with previously characterized homologs [20].

Among the polymerases, Polβ from T. cruzi and T.
brucei have already been characterized [21, 22]. The TcPolβ
localizes to the parasite kinetoplast and exhibits DNA
polymerization and 5′dRP lyase activity [21]. Similarly, the
TbPolβ characterization also showed that, in addition to a
mitochondrial localization, it is active as a DNA polymerase
and as a lyase [22]. The cellular localization of these
polymerases highlights an important feature of the Tritryps:
the presence of kDNA. The kDNA structure is so complex
that it requires an unusual replication mechanism, which
differs from higher eukaryotes [55, 56]. This complexity is
reflected in the DNA repair and replication machinery that
can be localized to this organelle [7]. Polβ is an example
of a polymerase that shows a nuclear localization in higher
eukaryotes [57] but is addressed to the kinetoplast in the
Tritryps [21, 22]. The L. major Polβ has not yet been exper-
imentally characterized; however, a Polβ from L. infantum
was shown to have a nuclear localization [58], which could
indicate that the L. major polymerase is also nuclear, as
their primary protein sequences showed 100% identity. The
possibility that L. major possesses a nuclear Polβ, combined
with the fact that this parasite does not have the PARP
enzyme [7, 15], suggests that short-patch BER could play an
important role in nuclear DNA repair for this organism. As
Leishmania proliferates inside macrophage phagolysosomes,
a well-coordinated nuclear short-patch BER is essential to
combat oxidative DNA damage during parasite nuclear DNA
replication [58]. The Tritryps genomes apparently do not
encode for the other X-family polymerases, DNA polymerase
lambda (Polλ), and mu (Polμ)[7; 15]; thus, L. major may be
the only Tritryps parasite that has an X-family polymerase in
the nucleus, reinforcing the importance of short-patch BER
in this organelle.

PARP from T. cruzi, another enzyme that is involved in
long-patch BER pathway, has also been characterized. The
activity of this enzyme has been shown to be dependent on
the presence of DNA and was enhanced by SSB in DNA
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in a concentration-dependent manner. Moreover, it was
demonstrated that DNA-damaging agents, such as H2O2 and
β-lapachone, induced PAR synthesis in the parasite nucleus,
indicating that this enzyme could be involved in the signaling
of this phenomenon [23].

4. Nucleotide Excision Repair

Nucleotide excision repair is one of the most versatile DNA
repair mechanisms, responsible for repairing lesions that
alter the tridimensional DNA conformation, such as cisplatin
adducts [59] and UV-induced lesions (pyrimidine dimers
and pyrimidine photoproducts [60]). This mechanism can
be divided into two major pathways: global genome repair
(GGR), which operates in the noncoding parts of the genome
and in the nontranscribed strand of active genes, and TCR,
which is activated when a lesion appears in a gene that is
being transcribed, ensuring that the transcribed strand of
active genes has a higher priority for being repaired than the
rest of the genome [61].

The GGR-NER mechanism comprises several steps: (i)
distortion detection, performed by XPC and HR23B [62]
or alternatively by the complex DDB1/XPE-DDB2 [63]; (ii)
double-strand opening by the TFIIH complex via its XPB
and XPD helicase subunits [64]; (iii) recruitment of XPA
complexed with the three heterotrimeric replication protein
A (RPA) subunits [65]; (iv) DNA incision by the XPG
endonuclease (3′ side of lesion [66]) and by the XPF-ERRC1
heterodimer (5′ side of the lesion [67]); (v) gap filling by
the replicative polymerases δ and ε associated with PCNA
[68, 69]; (vi) nick sealing by ligase III together with XRCC1
(in quiescent cells) or at a lower level by ligase I (in actively
replicative cells) [70].

TCR-NER has a mechanism similar to GGR, but it differs
in the initial steps because it lacks the XPC and DDB1
complexes. TCR-NER is triggered by the stalling of RNA
polymerase II, which subsequently recruits CSA, CSB, and
XAB2. The following steps are performed by the TFIIH
complex as in GGR [71].

Although the entire NER mechanism is well conserved
in nature, there is no sequence homology between the NER
proteins from bacteria and eukaryotes. Despite the sequence
conservation shared by the eukaryotic NER proteins, not
all the genes that encode those proteins are found among
distantly related phylogenetic groups. The most remarkable
examples are the lack of XPA in Arabidopsis thaliana and
the lack of XPA, XPC, and XPE in Plasmodium falciparum
[72], which suggest that the NER mechanism can have slight
variations between different taxons.

The Tritryps genomes contain the majority of the NER
components [7, 15], but the biochemical mechanisms of
this pathway may present some minor differences from
the higher eukaryotes. Some of the genes are duplicated.
For example, Tritryps have two copies of XPB and DDB1
appear duplicated in T. cruzi. However, others such as XPA
could not be identified in Tritryps. It is also possible that
the Tritryps ligation step is different from the ligation step
from higher eukaryotes. The Tritryps lack a recognizable

ligase III, which together with its partner XRCC1 plays
a major role in this final step. However, because their
genomes encode ligase I, it might be possible that the
ligation step is performed exclusively by this protein in those
parasites. DDB2, which interacts with DDB1 and recognizes
UV-induced lesions, and RPA3, a component of the RPA
heterotrimer, also could not be identified in the genomes
of these trypanosomatids. The TFIIH complex shows some
differences when compared to yeast and mammals because
it does not contain the cyclin-activating kinase (CAK) sub-
complexes. In addition to that, a recent study showed that T.
brucei TFIIH contains two trypanosomatid-specific subunits
of TFIIH (TSP1 and TSP2), which are indispensable for
parasite viability and transcription of splice-leader gene [24].
These subunits are also present in the genomes of T. cruzi and
L. major.

Protein-coding genes are constitutively transcribed in
trypanosomatids [73]. This peculiarity implies that TCR
could be one of the most crucial mechanisms involved in
repairing DNA damage in those parasites. Surprisingly, the
Tritryps genomes apparently lack the gene that encodes CSA.
Although the role of CSA in TCR is not clear, recent evidence
indicates that CSA is involved in CSB ubiquitination and
degradation following UV irradiation [74], which would
restore transcription at a normal rate after the repair. The
absence of an evident CSA in Tritryps implies that the
trypanosomatid TCR differs from the standard TCR mech-
anism, either by the lack or divergence of this component,
or by the presence of an alternative protein to perform this
step. This could be related to the peculiar constitutive tran-
scription of Tritryps. In fact, overexpression of T. cruzi DNA
polymerase η (Polη), involved in the translesion synthesis of
pirimidine dimers, and overexpression or haploinsufficiency
of RAD51, a key protein in HR, do not confer any protection
against UV irradiation, which could suggest that the UV-
induced lesions are fully repaired before the cell enters the
S-phase ([39], Passos-Silva et al., submitted). In addition,
results obtained by our group show that T. cruzi repairs
cisplatin-induced lesions at an extremely high rate, with total
lesion removal in less than an hour (Rajão, unpublished
data). Taken together, these results led us to hypothesize that,
in T. cruzi, lesions that cause DNA distortions are readily
detected and repaired by TCR because the great majority
of the protein-coding genes are transcribed constitutively.
Whether the CSA absence or the presence of an alternative
CSA is an adaptation to this distinctive repair is a topic
for future investigation. When compared to other taxons,
GGR-NER in trypanosomatids seems to be similar to the
GGR pathway encountered in plants, as both groups of
organisms share peculiarities regarding the presence and
absence of some NER genes. Although plants encode all the
TFIIH subunits and CSA, the plant genome, like Tritryps,
does not possess an identifiable XPA, RPA3, or ligase 3.
In addition, the plant genome also carries two copies
of XPB [72]. Interestingly, these DNA repair similarities
found in Tritryps and plants can also be observed in
the MMR pathway, which could suggest that both groups
might share some commonalities in their DNA repair
mechanisms.
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5. Mismatch Repair

Postreplicative DNA mismatch repair promotes genetic sta-
bility by repairing DNA replication errors (single base-base
mismatches and insertion or deletion loops, IDLs), inhibit-
ing recombination between nonidentical DNA sequences
and participating in responses to DNA damage induced by
genotoxic agents, such as H2O2, cisplatin, and N-methyl-N′-
nitro-N-nitrosoguanidine (MNNG) [75].

The fundamental aspects of the pathway have been highly
conserved throughout evolution. In essence, postreplicative
MMR operates through (i) DNA mismatch recognition
by MutSα (MSH2-MSH6) or MutSβ (MSH2-MSH3), (ii)
excision of the damaged DNA section mainly by ExoI, and
(iii) DNA resynthesis by DNA Polδ and ligation. Steps
after DNA mismatch recognition are coordinated by MLH
heterodimers that bind to MSH proteins and probably
recruit and assembly downstream repair complexes. Strand
discontinuities associated with DNA replication can serve as
entry points for strand excision, conferring strand specificity
to MMR [75].

Each trypanosomatid encodes a set of MMR proteins,
which suggests they are fully competent for mismatch recog-
nition and repair [7, 15]. Components of the MMR pathway
are major players in processes known to generate genetic
diversity, such as mutagenesis and DNA recombination.
Evidences suggest that differences in MMR efficiency could
be an important source of genetic diversity in organisms [76–
79].

T. cruzi has a highly heterogeneous population, com-
posed of a pool of strains with distinct characteristics such
as morphology, growth rate, virulence, and sensitivity to
drugs [80]. Despite its broad genetic diversity, three major
lineages, named T. cruzi I, II and III, have been identified
in the parasite population [81]. Studies with a number of
molecular markers revealed that parasites belonging to the T.
cruzi I lineage have lower genetic variability compared to T.
cruzi II, and III [82–84]. The great genetic diversity observed
in T. cruzi (and more precisely, in T. cruzi II strains) may play
an important role in pathogenesis and survival of the parasite
within its different hosts.

It is conceivable that components of DNA repair path-
ways participate in processes that resulted in increasing
genetic variability within the parasite population [85].
MSH2, the core eukaryotic mismatch repair gene, has been
characterized in T. cruzi [25, 26, 86]. Sequence analyses of
TcMSH2 showed the existence of three distinct isoforms,
named TcMSH2A, B, and C, encoded in the genome of T.
cruzi I, III, and II strains, respectively [25]. It is possible
that these isoforms have distinct protein activity, leading
to variations in the efficiency of MMR. In fact, parasites
that have TcMSH2A show increased sensitivity to cisplatin
and MNNG, increased microsatellite instability, and greater
resistance to H2O2 when compared to parasites expressing
TcMSH2B or TcMSH2C ([25], Campos et al., submitted]).
Further studies are needed to determine if these variations in
MMR efficiency have a broader impact on genetic variation
and behavior in T. cruzi strains. Attempts to generate
TcMSH2-null mutants indicate that, in addition to its role

in MMR, TcMSH2 acts in the parasite response to oxidative
DNA damage in an MMR independent manner [26].

In T. brucei, MSH2 has been studied along with
MLH1 [27]. Mutations in both genes give rise to increased
microsatellite instability and lead to increased tolerance
to the alkylating agent MNNG [27]. Both phenotypes are
consistent with an impairment of nuclear MMR activity
[75]. These results indicate that MMR in trypanosomatids
is active in repairing errors that arise during replication and
in response to chemical damage.

MMR also plays a regulatory role in homologous recom-
bination in T. brucei [28]. Double mutants of MSH2 and
MLH1 show an increased frequency of homologous recom-
bination, both between perfectly matched DNA molecules
and between DNA molecules with divergent sequences.
However, MMR has little influence on antigenic variation
in this parasite [28]. This topic is discussed in detail in the
“Double strand break section”.

T. brucei MSH2-null mutants are more sensitive to
H2O2 than wild-type cells [26]. Because MLH1-null mutants
do not show this phenotype, TbMSH2 seems to have an
additional role in dealing with oxidative damage, which
may occur independently of MMR [26]. Interestingly, the
heterologous expression of MSH2 from T. cruzi was able to
counteract the increased sensitivity to H2O2 in the T. brucei
MSH2-null mutant. However, it did not affect the classical
MMR-deficient phenotypes, such as microsatellite instability
and resistance to MNNG [26]. This differential activity of
MSH2 has also been reported in colon adenocarcinoma cell
lines where MSH2, but not MLH1, has been implicated in
the repair of 8-oxoG [87]. In addition, Helicobacter pylori,
which is suggested to be MMR-defective due to the lack of
MutH and MutL homologs, presents a MutS homolog that is
involved in repairing oxidative damage [88].

Four additional MSH-like genes can be found in the
trypanosomatids: MSH3, MSH4, MSH5, and MSH6 [7, 15,
27]. The predicted MSH6 polypeptides in Tritryps have
N-terminal truncations relative to eukaryotic orthologues
[27]. In comparison, MSH7, unique to plants, bears similar
truncations in the N-terminus along with the conserved
mismatch interaction residues indicative of the MSH6
subgrouping [89]. MSH4 and MSH5 predicted proteins
that appear to lack an N-terminal mismatch interaction,
indicating an absence of function in the mismatch repair and
a possible role in meiotic recombination [27].

Concerning MutL-related genes, Tritryps contain PMS1
and MLH1 [27]. Other MutL homologs, such as PMS2,
MLH2, and MLH3, appear to be absent. Trypanosomatid
MMR is therefore likely to involve only an MLH1-PMS1
heterodimer whereas the functions performed by the dimers
formed between MLH1 and its three other binding partners
in yeast are either absent or fulfilled by MLH1-PMS1.

6. Repair of Double-Strand Breaks

DNA DSBs are a particularly dangerous type of lesion. DSBs
can arise when replication forks encounter blocking lesions,
which leads to fork collapse, or can be induced by ionizing
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radiation and radiomimetic chemicals. Failure to accurately
repair such damage can result in cell death or large-scale
chromosome changes, including deletions, translocations,
and chromosome fusions that enhance genome instability.
Two distinct and evolutionarily conserved pathways for DSB
repair exist: homologous recombination and nonhomolo-
gous end joining [90].

6.1. Nonhomologous End Joining. NHEJ is frequently impre-
cise. The two ends of the DSB are held together and religated,
often following the loss of some sequence by nucleolytic
degradation or addition by polymerization [90].

Eukaryotic NHEJ is a multistep pathway beginning with
limited end processing by the MRE11/RAD50/NBS1 (MRN)
complex and initial recognition of DSBs through end binding
by Ku, a ring comprised of the Ku70, and Ku80 subunits.
In higher eukaryotes, the DNA-dependent protein kinase
catalytic subunit (DNA-PKcs) is also recruited. In the final
step, DNA ligase IV with its binding partners XRCC4 (LifI in
yeast) and XLF (also called Cernunnos) seals the break [90].

NHEJ seems to be absent in trypanosomatids. With the
exception of Mre11, Rad50, KU70 and KU80, no other
factors implicated in NHEJ could be identified in these
organisms. KU70 and KU80 have been identified in T. brucei,
T. cruzi, and L. major. Studies in T. brucei have shown that
these genes act in telomere maintenance [29, 30], a function
they provide in addition to NHEJ [91]. However, the mutants
of KU70 and KU80 did not display higher sensitivity to DNA-
damaging agents, suggesting that they play, at most, a minor
role in DSBs repair possibly due to the absence of NHEJ in
this organism. The most striking absences are DNA ligase
IV and XRCC4/Lif1 [92]. These absences in Tritryps suggest
one of two possibilities: either NHEJ is absent from these
organisms or its catalytic components have been modified
beyond recognition, perhaps using a distinct DNA ligase.
These possibilities should be further investigated.

6.2. Homologous Recombination. HR is required for DNA
DSBs repair and provides critical support for DNA replica-
tion in the recovery of stalled or broken replication forks.
In addition, HR is involved in the repair of incomplete
telomeres and in the correct segregation of homologous
chromosomes during meiosis. The broad reaction scheme
[93, 94] can be considered in three steps: initiation (or
presynapsis) when the nucleolytic resection of DSBs occurs,
generating single-stranded tails with 3′-OH ends; strand
exchange (synapsis), when the end(s) of the DSB invades the
intact DNA molecule via regions of sequence homology; res-
olution (postsynapsis), when strand exchange intermediates
are separated and the DSB is repaired.

Homologous recombination is the major pathway of DSB
repair in lower eukaryotes [95]. Essential components of
this mechanism have been identified in the genome of T.
cruzi, T. brucei, and L. major. HR can contribute to different
strategies evolved by trypanosomatids to create genetic
variability that is needed for survival in their hosts. Antigenic
variation is used by T. brucei to evade the host immune
system through the switch of surface proteins (VSGs). This

mechanism is regulated by HR, allowing the switch of one
VSG at time to the expression site [85]. Meanwhile, T.
cruzi displays a wide range of surface molecules that are
highly polymorphic and may represent a useful arsenal
to evade immune systems [85]. Recent works have been
suggesting that HR is responsible for creating mosaic genes
of surface molecules through segmental gene conversion and
for decreasing the divergence between duplicated regions
such as surface multigenic families [83, 96]. In addition,
experiments with genetic manipulation have shown that
homologous recombination is the main mechanism for
integration of transformed DNA in these organisms [97–
100].

The complex of proteins involved in the presynapsis
step of HR can be found in Tritryps, such as MRE11,
Rad50, NSB1, and RPA. However, only MRE11 from T.
brucei has been fully characterized. Mutation of MRE11
causes impairment in T. brucei homologous recombina-
tion, increases DNA damage sensitivity, and leads to gross
chromosomal rearrangements [31, 32]. MRE11 does not
contribute to recombination during antigenic variation, an
important mechanism used by T. brucei to escape host
immune response as mentioned before [32].

The core step of HR is the search for homology, homol-
ogous DNA pairing, and strand exchange reaction that is
mediated by recombinases, such as RAD51 and DMC1. Both
enzymes are present in Tritryps. DMC1, a putative meiosis-
specific recombinase, has only been studied in T. brucei. The
lack of DMC1 does not affect HR repair or VSG switching
in this parasite [36]. The presence of genes involved in
meiosis is an intriguing feature of Tritryps because they
reproduce primarily through clonal reproduction [101].
Even though the population structure of each parasite is
largely clonal [101], evidence of genetic exchange in the wild-
type populations of T. brucei [102], T. cruzi [103, 104], and
L. major [105] has been presented. However, it is unclear
whether or not the existence of meiotic recombination genes
implies that the trypanosomatids use meiosis.

RAD51 has been characterized in the three trypanoso-
matids. The expression of RAD51 in T. cruzi and L. major
is induced by DNA-damaging agents [33, 35]. Moreover,
the overexpression of RAD51 in T. cruzi confers a faster
recovery and a more efficient DNA repair of DSBs formed
after genotoxic treatment [33]. In addition, T. cruzi RAD51
accumulates in the nucleus after exposure to gamma radi-
ation (Passos-Silva et al., submitted). Besides, the levels
of Rad51 in T. cruzi reflect its susceptibility to oxidative
agents. The overexpression of TcRad51 confers a greater
resistance to H2O2 whereas the deletion of one of the
TcRad51 alleles increases the sensitivity when compared to
wild-type parasites (Passos-Silva et al., submitted). Thus,
Rad51 seems to be involved in a greater resistance to
oxidative damage in T. cruzi DNA. An active response to
oxidative stress is an important feature of T. cruzi and L.
major because they have an intracellular stage in the host
that is subjected to a rigorous oxidizing environment [106].
For T. brucei, RAD51, and consequently HR, is directly
involved in antigenic variation. Null mutants of RAD51 led
to impairments in VSG switch and DNA transformation and
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a higher sensitivity to genotoxic agents [34]. However, an
RAD51-independent recombination pathway is also present,
as evidenced by two mechanisms detected in T. brucei RAD51
mutants: (i) antigenic variation by gene conversion [34] and
(ii) integration of transformed DNA by homology-based
recombination although the frequency of detection is low
[29]. Interchromosomal HR is the major pathway used by
T. brucei to repair DSBs, as demonstrated by Glover and
colleagues [107]. After the generation of single DSB through
SceI endonuclease, RAD51 accumulates into the foci and
a G2M checkpoint is activated [107]. In addition, Tritryps
show intriguing differences concerning gamma radiation
treatment, which generates high levels of DSBs. T. cruzi
and L. major are highly resistant to gamma radiation when
compared to other eukaryotes [33, 108, 109]. However, this
resistance is not seen in T. brucei (unpublished data). In
fact, after gamma radiation treatment, the expression of
RAD51 in T. cruzi and L. major are induced [33, 35] whereas
the RAD51 levels in T. brucei do not increase [34]. As
mentioned before, these intriguing differences concerning
the efficiency of recombination in Tritryps could be due to
the distinct mechanisms used by these organisms to create
genetic variability and to evade the mammalian immune
system.

The loading of recombinases in the ssDNA is a rate-
limiting process that is enhanced by recombination medi-
ators [93]. BRCA2, the RAD51 paralogs, and RAD54 are
among the recombination mediators present in trypanoso-
matids. RAD52, however, seems to be absent in these
organisms. Whether or not this has a significant impact
on recombination is unclear. Unlike the yeast mutant, in
which RAD52 is a key protein for HR, mouse RAD52
mutants display an exceedingly mild recombination defect
and no ionizing radiation sensitivity [110]. It is unclear
which proteins functionally replace the yeast RAD52 protein
in mammalian cells or trypanosomatids. One candidate is
BRCA2, which is not found in budding yeast. BRCA2 can
interact with RAD51 through the BRC repeat motifs [111–
113] and unrelated sequences. BRCA2 from T. cruzi and
Leishmania have two nonidentical BRC repeats [37]. On the
other hand, T. brucei BRCA2 has undergone an expansion
in the number of BRC repeats (15 BRC repeats), and these
elements are crucial for the efficiency of HR and RAD51
localization. In addition, T. brucei BRCA2 mutants display
antigenic variation impairment and genome instability [37].
Four RAD51 paralogs appear to be encoded by T. brucei and
T. cruzi, one of which appears to be missing in L. major. Two
of the T. brucei RAD51-like proteins play a role in DNA repair
and recombination [38].

Studies in T. brucei have been showing that HR in this
organism is regulated by MMR through the rejection of HR
between insufficiently homologous DNA sequences. This has
been evidenced by experiments done with MSH2 mutants
which are able to recombine mismatched substrates more
efficiently than wild type cells. Around 100 bp of homology
are required for an efficient Rad51-mediated recombination
[28]. In contrast, the HR that occurs during VSG switching
uses a short and divergent substrate such as the 70 bp repeats
upstream of VSG genes. Thus, the VSG switching may

happen through a specific recombination pathway that is
independent of MMR or the suppression of MMR would be
necessary [100, 114].

7. Translesion Synthesis

Lesions in DNA can block replicative DNA polymerases
(Polδ and Polε), causing the stall of the replication fork.
This halt leads to PCNA monoubiquitination by Rad6/Rad18
complex, promoting the switch from replicative DNA poly-
merase to TLS DNA polymerase, which catalyses nucleotide
insertion opposite the lesion. Then, nucleotide extension is
performed mostly by DNA polymerase zeta (Polξ). After the
extension step, replicative DNA polymerases return to DNA
synthesis [115]. TLS DNA polymerases contain a minimally
stringent catalytic site, allowing for the accommodation of
templates containing damaged bases. Moreover, this group
of specialized DNA polymerases has lost 3′-5′ proofreading
activity, having a highly mutagenic character [116].

T. cruzi, T. brucei, and L. major genomes encode for a
wide variety of translesion synthesis proteins. Polκ, Polη,
Rev1, and Polζ homologs are found in these species. PCNA
and Rad6 homologs are also present. These parasites show
an expansion of Polκ gene, present in two, ten, and three
copies in T. cruzi, T. brucei, and L. major genomes, respec-
tively [6–9]. The gene duplication/amplification displayed
by Tritryps Polκ gene could result in an increment of Polκ
gene expression level which would compensate the lack of
pretranscriptional mechanisms in these organisms [9].

Polη from T. cruzi has been characterized in vitro and
in vivo [39]. TcPolη is able to complement yeast Rad30
mutant (Polη-null mutant), increasing yeast resistance to
UV radiation, which indicates that Polη is able to bypass
UV lesions. Parasites overexpressing TcPolη show a higher
resistance to H2O2 treatment. This resistance could be
associated with the ability of TcPolη to bypass 8-oxoG lesions
in vitro, suggesting that this enzyme is able to incorporate
nucleotides opposite oxidative lesions as well. In contrast to
the result seen in yeast, parasites overexpressing this nuclear
polymerase do not show a higher resistance to UV radiation.
The lack of conferred resistance might be related to the
number of lesions remaining during S phase because it is
possible that the majority of UV lesions would be repaired
by TCR-NER prior to DNA replication, as the majority of
the protein-coding genes are constitutively transcribed in this
organism [39].

T. cruzi DNA polymerase kappa has been studied by
our group. One copy of TcPolκ localizes in the T. cruzi
mitochondrion [40]. This result indicates that T. cruzi is
the first organism described in the literature to contain
one exclusively mitochondrial Polκ. Mitochondrial TcPolκ
bypasses 8-oxoG in vitro, which correlates with the increase
in H2O2 resistance observed in parasites overexpressing this
protein. This DNA polymerase could also participate in
the homologous recombination pathway in T. cruzi because
it synthesizes DNA within recombination intermediates.
Reinforcing this hypothesis, TcPolκ overexpression confers
higher resistance to gamma radiation and zeocin, which are



10 Journal of Nucleic Acids

agents known to cause DSBs [40]. Recent results have shown
that the other copy of TcPolκ has nuclear localization (Rajão,
unpublished results).

TLS deals with DNA damage that blocks the replication
fork, thus rescuing the cell from death. This accounts for
the survival increase displayed by TcPolκ-overexpressing
parasites when treated with agents that cause DSBs. In
addition, TcPolκ- and TcPolη-overexpressing cells also pre-
sented increased resistance to H2O2 treatment [39, 40]. The
presence of TLS DNA polymerases that efficiently bypass
oxidative lesions might be important during T. cruzi lifecycle,
especially in the intracellular amastigote phase, when this
organism deals with ROS generated by the infected host
cell [117]. Moreover, because TLS can operate in an error-
prone fashion, TLS can generate DNA punctual mutations
in the parasite genome [116]. This can be correlated with
the generation of genetic variability in Tritryps, notably in
surface molecules. In fact, mutation is considered one of
the main driving forces that increase the divergence between
genes from multigenic families in T. cruzi, in contrast to
the genetic conversion, another main driving force that
decreases this divergence [83, 96]. A variable repertoire of
surface molecules is a key strategy for T. cruzi to achieve
a successful rate of infection. These proteins interact with
different molecules on the host cell membranes and the
extracellular matrix, increasing its chance to adapt to distinct
cell types and hosts [83, 96]. Besides, the polymorphism of T.
cruzi surface proteins contributes to evade cellular immune
response of the mammalian host through the presentation
of a broad range of possible target epitopes to CD8+T cells.
This can result in an inefficient activation of naı̈ve CD8+T
cells, leading to a delayed protective immune response [118].
Thus, TLS can affect the general diversity in the organism,
which is important for acquiring evolutionary novelty and
for adaptation to the parasitic lifestyle.

8. Conclusion

The genome sequencing of T. cruzi, T. brucei, and L. major
has provided insight into the DNA maintenance mechanisms
in these pathological protozoa [6–9]. Experimental data have
revealed additional particular features of these systems in
the Tritryps, which presumably reflect the distinct aspects
of the infectious cycle that shape the survival strategies
of each protozoa pathogen. Among these particularities,
the unexpected mitochondrial localization of some typically
nuclear proteins (Furtado, unpublished data) [21, 22, 40]
and the additional roles of a few proteins in response to
oxidative treatment were highlighted in this paper (Passos-
Silva, submitted) [26, 39, 40]. The former is important
during the replicative stages of the parasites when the
metabolic activity is higher and the unique mitochondrion
is then exposed to higher amounts of ROS generated by
oxidative phosphorylation [3–5]. The later feature is partic-
ularly critical during the intracellular stage of the parasites L.
major and T. cruzi when they are subjected to the immune
response of mammalian host cells through oxidative stress
[106, 119].

The DNA damage repair and tolerance mechanisms
of Tritryps are also involved in the generation of genetic
variability which raises the successful rate of infection
through the increasing of surface molecules diversity in T.
cruzi and the expanding of the repertoire of VSGs in T. brucei
[85]. Indeed, strains of T. cruzi that have a higher genetic
variability (possibly a reflection of a less efficient MMR—
Campos et al., unpublished data) are frequently associated
with human infection [120, 121]. On the other hand, HR
regulates antigenic variation in T. brucei, the strategy used by
this parasite to evade mammalian immune system [106]. A
clear association between DNA repair in L. major and evasion
of the mammalian immunological response has not been
established yet possibly due to a relatively narrow range of
studies that investigate DNA repair in this organism.

Essentially, with the exception of NHEJ, the major DNA
repair pathways appear to be present in Tritryps [7]. Further
studies are necessary to clarify the information about DNA
repair pathways in Tritryps, specifically the differences in
Tritryps machinery from the typical eukaryotic machinery
for DNA repair, which could provide potential points of
attack against the parasites.
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a DNA damage-dependent poly(ADP-ribose) polymerase
from Trypanosoma cruzi,” International Journal for Parasitol-
ogy, vol. 38, no. 3-4, pp. 277–287, 2008.

[24] J. H. Lee, H. S. Jung, and A. Günzl, “Transcriptionally active
TFIIH of the early-diverged eukaryote Trypanosoma brucei
harbors two novel core subunits but not a cyclin-activating
kinase complex,” Nucleic Acids Research, vol. 37, no. 11, pp.
3811–3820, 2009.

[25] L. Augusto-Pinto, S. M. R. Teixeira, S. D. J. Pena, and
C. R. Machado, “Single-nucleotide polymorphisms of the
Trypanosoma cruzi MSH2 gene support the existence of three
phylogenetic lineages presenting differences in mismatch-
repair efficiency,” Genetics, vol. 164, no. 1, pp. 117–126, 2003.

[26] A. Machado-Silva, S. M. R. Teixeira, G. R. Franco et
al., “Mismatch repair in Trypanosoma brucei: heterologous
expression of MSH2 from Trypanosoma cruzi provides new
insights into the response to oxidative damage,” Gene, vol.
411, no. 1-2, pp. 19–26, 2008.

[27] J. S. Bell, T. I. Harvey, A.-M. Sims, and R. McCulloch,
“Characterization of components of the mismatch repair
machinery in Trypanosoma brucei,” Molecular Microbiology,
vol. 51, no. 1, pp. 159–173, 2004.

[28] J. S. Bell and R. McCulloch, “Mismatch repair regulates
homologous recombination, but has little influence on anti-
genic variation, in Trypanosoma brucei,” Journal of Biological
Chemistry, vol. 278, no. 46, pp. 45182–45188, 2003.

[29] C. Conway, C. Proudfoot, P. Burton, J. D. Barry, and R.
McCulloch, “Two pathways of homologous recombination in
Trypanosoma brucei,” Molecular Microbiology, vol. 45, no. 6,
pp. 1687–1700, 2002.

[30] C. J. Janzen, F. Lander, O. Dreesen, and G. A. M. Cross,
“Telomere length regulation and transcriptional silencing in
KU80-deficient Trypanosoma brucei,” Nucleic Acids Research,
vol. 32, no. 22, pp. 6575–6584, 2004.

[31] K. S. W. Tan, S. T. G. Leal, and G. A. M. Cross, “Trypanosoma
brucei MRE11 is non-essential but influences growth, homol-
ogous recombination and DNA double-strand break repair,”
Molecular and Biochemical Parasitology, vol. 125, no. 1-2, pp.
11–21, 2002.

[32] N. P. Robinson, R. McCulloch, C. Conway, A. Browitt, and
J. D. Barry, “Inactivation of Mre11 does not affect VSG
gene duplication mediated by homologous recombination
in Trypanosoma brucei,” Journal of Biological Chemistry, vol.
277, no. 29, pp. 26185–26193, 2002.

[33] C. G. Regis-da-Silva, J. M. Freitas, D. G. Passos-Silva et al.,
“Characterization of the Trypanosoma cruzi Rad51 gene and
its role in recombination events associated with the parasite
resistance to ionizing radiation,” Molecular and Biochemical
Parasitology, vol. 149, no. 2, pp. 191–200, 2006.

[34] R. McCulloch and J. D. Barry, “A role for RAD51 and
homologous recombination in Trypanosoma brucei antigenic
variation,” Genes and Development, vol. 13, no. 21, pp. 2875–
2888, 1999.

[35] P. G. McKean, J. K. Keen, D. F. Smith, and F. E. Benson,
“Identification and characterisation of a RAD51 gene from
Leishmania major,” Molecular and Biochemical Parasitology,
vol. 115, no. 2, pp. 209–216, 2001.

[36] C. Proudfoot and R. McCulloch, “Trypanosoma brucei
DMC1 does not act in DNA recombination, repair or
antigenic variation in bloodstream stage cells,” Molecular and
Biochemical Parasitology, vol. 145, no. 2, pp. 245–253, 2006.



12 Journal of Nucleic Acids

[37] C. L. Hartley and R. McCulloch, “Trypanosoma brucei
BRCA2 acts in antigenic variation and has undergone a
recent expansion in BRC repeat number that is important
during homologous recombination,” Molecular Microbiology,
vol. 68, no. 5, pp. 1237–1251, 2008.

[38] C. Proudfoot and R. McCulloch, “Distinct roles for two
RAD51-related genes in Trypanosoma brucei antigenic vari-
ation,” Nucleic Acids Research, vol. 33, no. 21, pp. 6906–6919,
2005.

[39] M. B. De Moura, B. L. F. Schamber-Reis, D. G. P. Silva et al.,
“Cloning and characterization of DNA polymerase η from
Trypanosoma cruzi: roles for translesion bypass of oxidative
damage,” Environmental and Molecular Mutagenesis, vol. 50,
no. 5, pp. 375–386, 2009.

[40] M. A. Rajão, D. G. Passos-Silva, W. D. DaRocha et al., “DNA
polymerase kappa from Trypanosoma cruzi localizes to the
mitochondria, bypasses 8-oxoguanine lesions and performs
DNA synthesis in a recombination intermediate,” Molecular
Microbiology, vol. 71, no. 1, pp. 185–197, 2009.

[41] A. E. Pegg, “Repair of O6-alkylguanine by alkyltransferases,”
Mutation Research, vol. 462, no. 2-3, pp. 83–100, 2000.

[42] L. Aravind and E. V. Koonin, “The DNA-repair protein AlkB,
EGL-9, and leprecan define new families of 2-oxoglutarate-
and iron-dependent dioxygenases,” Genome Biology, vol. 2,
no. 3, p. RESEARCH0007, 2001.

[43] A. Sancar, “Structure and function of photolyase and in
vivo enzymology: 50th anniversary,” Journal of Biological
Chemistry, vol. 283, no. 47, pp. 32153–32157, 2008.

[44] A. B. Robertson, A. Klungland, T. Rognes, and I. Leiros,
“Base excision repair: the long and short of it,” Cellular and
Molecular Life Sciences, vol. 66, no. 6, pp. 981–993, 2009.

[45] Y. Kubota, R. A. Nash, A. Klungland, P. Schär, D. E. Barnes,
and T. Lindahl, “Reconstitution of DNA base excision-repair
with purified human proteins: interaction between DNA
polymerase β and the XRCC1 protein,” EMBO Journal, vol.
15, no. 23, pp. 6662–6670, 1996.

[46] G. Frosina, P. Fortini, O. Rossi et al., “Two pathways for
base excision repair in mammalian cells,” Journal of Biological
Chemistry, vol. 271, no. 16, pp. 9573–9578, 1996.

[47] K. Kim, S. Biade, and Y. Matsumoto, “Involvement of flap
endonuclease 1 in base excision DNA repair,” Journal of
Biological Chemistry, vol. 273, no. 15, pp. 8842–8848, 1998.

[48] D. D’Amours, S. Desnoyers, I. D’Silva, and G. G. Poirier,
“Poly(ADP-ribosyl)ation reactions in the regulation of
nuclear functions,” Biochemical Journal, vol. 342, no. 2, pp.
249–268, 1999.

[49] I. I. Dianova, K. M. Sleeth, S. L. Allinson et al., “XRCC1-
DNA polymerase β interaction is required for efficient base
excision repair,” Nucleic Acids Research, vol. 32, no. 8, pp.
2550–2555, 2004.

[50] Y. Uchiyama, R. Takeuchi, H. Kodera, and K. Sakaguchi,
“Distribution and roles of X-family DNA polymerases in
eukaryotes,” Biochimie, vol. 91, no. 2, pp. 165–170, 2009.
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[106] C. Bogdan and M. Röllinghoff, “How do protozoan parasites
survive inside macrophages?” Parasitology Today, vol. 15, no.
1, pp. 22–28, 1999.

[107] L. Glover, R. McCulloch, and D. Horn, “Sequence homol-
ogy and microhomology dominate chromosomal double-
strand break repair in African trypanosomes,” Nucleic Acids
Research, vol. 36, no. 8, pp. 2608–2618, 2008.

[108] G. K. Takeda, R. Campos, J. Kieffer et al., “Effect of gamma
rays on blood forms of Trypanosoma cruzi. Experimental
study in mice,” Revista do Instituto de Medicina Tropical de
Sao Paulo, vol. 28, no. 1, pp. 15–18, 1986.

[109] M. Seo, D. K. Chun, S. T. Hong, and S. H. Lee, “Influence of
heat shock, drugs, and radiation on karyotype of Leishmania
major,” Korean Journal of Parasitology, vol. 31, no. 3, pp. 277–
283, 1993.

[110] T. Rijkers, J. Van Den Ouweland, B. Morolli et al., “Targeted
inactivation of mouse RAD52 reduces homologous recom-
bination but not resistance to ionizing radiation,” Molecular
and Cellular Biology, vol. 18, no. 11, pp. 6423–6429, 1998.

[111] A. K. C. Wong, R. Pero, P. A. Ormonde, S. V. Tavtigian, and P.
L. Bartel, “RAD51 interacts with the evolutionarily conserved
BRC motifs in the human breast cancer susceptibility gene
brca2,” Journal of Biological Chemistry, vol. 272, no. 51, pp.
31941–31944, 1997.

[112] P.-L. Chen, C.-F. Chen, Y. Chen, J. Xiao, Z. D. Sharp, and
W.-H. Lee, “The BRC repeats in BRCA2 are critical for
RAD51 binding and resistance to methyl methanesulfonate
treatment,” Proceedings of the National Academy of Sciences of
the United States of America, vol. 95, no. 9, pp. 5287–5292,
1998.

[113] L. Y. Marmorstein, T. Ouchi, and S. A. Aaronson, “The
BRCA2 gene product functionally interacts with p53 and
RAD51,” Proceedings of the National Academy of Sciences of
the United States of America, vol. 95, no. 23, pp. 13869–13874,
1998.

[114] P. A. Blundell, G. Rudenko, and P. Borst, “Targeting of
exogenous DNA into Trypanosoma brucei requires a high
degree of homology between donor and target DNA,”
Molecular and Biochemical Parasitology, vol. 76, no. 1-2, pp.
215–229, 1996.

[115] A. R. Lehmann, A. Niimi, T. Ogi et al., “Translesion synthesis:
Y-family polymerases and the polymerase switch,” DNA
Repair, vol. 6, no. 7, pp. 891–899, 2007.

[116] S. Prakash, R. E. Johnson, and L. Prakash, “Eukaryotic
translesion synthesis DNA polymerases: specificity of struc-
ture and function,” Annual Review of Biochemistry, vol. 74,
pp. 317–353, 2005.

[117] S. Gupta, V. Bhatia, J.-J. Wen, Y. Wu, M.-H. Huang, and N. J.
Garg, “Trypanosoma cruzi infection disturbs mitochondrial
membrane potential and ROS production rate in cardiomy-
ocytes,” Free Radical Biology and Medicine, vol. 47, no. 10, pp.
1414–1421, 2009.

[118] R. L. Tarleton, “Immune system recognition of Trypanosoma
cruzi,” Current Opinion in Immunology, vol. 19, no. 4, pp.
430–434, 2007.

[119] S. Gupta, J. J. Wen, and N. J. Garg, “Oxidative Stress in
Chagas Disease,” Interdisciplinary Perspectives on Infectious
Diseases, vol. 2009, Article ID 190354, 8 pages, 2009.

[120] J. M. Freitas, E. Lages-Silva, E. Crema, S. D. J. Pena, and A.
M. Macedo, “Real time PCR strategy for the identification of
major lineages of Trypanosoma cruzi directly in chronically
infected human tissues,” International Journal for Parasitol-
ogy, vol. 35, no. 4, pp. 411–417, 2005.

[121] O. Fernandes, R. H. Mangia, C. V. Lisboa et al., “The
complexity of the sylvatic cycle of Trypanosoma cruzi in
Rio de Janeiro state (Brazil) revealed by the non-transcribed
spacer of the mini-exon gene,” Parasitology, vol. 118, no. 2,
pp. 161–166, 1999.



SAGE-Hindawi Access to Research
Journal of Nucleic Acids
Volume 2010, Article ID 543531, 7 pages
doi:10.4061/2010/543531

Review Article

DNA Damage Induced by Alkylating Agents and Repair Pathways

Natsuko Kondo,1 Akihisa Takahashi,2 Koji Ono,1 and Takeo Ohnishi3

1 Particle Radiation Oncology Research Center, Research Reactor Institute, Kyoto University, Kumatori-cho, Sennan-gun,
Osaka 590-0494, Japan

2 Department of Biology, School of Medicine, Nara Medical University, 840 Shijo-cho, Kashihara, Nara 634-8521, Japan
3 Department of Radiation Oncology, School of Medicine, Nara Medical University, 840 Shijo-cho, Kashihara, Nara 634-8521, Japan

Correspondence should be addressed to Akihisa Takahashi, atakahas@naramed-u.ac.jp

Received 8 June 2010; Revised 26 August 2010; Accepted 12 October 2010

Academic Editor: Ashis Basu

Copyright © 2010 Natsuko Kondo et al. This is an open access article distributed under the Creative Commons Attribution
License, which permits unrestricted use, distribution, and reproduction in any medium, provided the original work is properly
cited.

The cytotoxic effects of alkylating agents are strongly attenuated by cellular DNA repair processes, necessitating a clear
understanding of the repair mechanisms. Simple methylating agents form adducts at N- and O-atoms. N-methylations are
removed by base excision repair, AlkB homologues, or nucleotide excision repair (NER). O6-methylguanine (MeG), which can
eventually become cytotoxic and mutagenic, is repaired by O6-methylguanine-DNA methyltransferase, and O6MeG:T mispairs
are recognized by the mismatch repair system (MMR). MMR cannot repair the O6MeG/T mispairs, which eventually lead to
double-strand breaks. Bifunctional alkylating agents form interstrand cross-links (ICLs) which are more complex and highly
cytotoxic. ICLs are repaired by complex of NER factors (e.g., endnuclease xeroderma pigmentosum complementation group F-
excision repair cross-complementing rodent repair deficiency complementation group 1), Fanconi anemia repair, and homologous
recombination. A detailed understanding of how cells cope with DNA damage caused by alkylating agents is therefore potentially
useful in clinical medicine.

1. Introduction

Alkylating drugs are the oldest class of anticancer drugs
still commonly used; they play an important role in the
treatment of several types of cancers [1]. Most alkylating
drugs are monofunctional methylating agents (e.g., temo-
zolomide [TMZ], N-methyl-N ′-nitro-N-nitrosoguanidine
[MNNG], and dacarbazine), bifunctional alkylating agents
such as nitrogen mustards (e.g., chlorambucil and cyclo-
phosphamide), or chloroethylating agents (e.g., nimustine
[ACNU], carmustine [BCNU], lomustine [CCNU], and
fotemustine).

Simple methylating agents form adducts at the N- and O-
atoms in DNA bases. N-methylation adducts comprise more
than 80% of methylated bases. These alkyl DNA base adducts
exhibit different stabilities. For example, N7-methylguanine
(N7MeG) is the most stable N-methylation adduct in vitro
with a half-life (t1/2) no longer than 80 h [2]. Although
O6-methylguanine (O6MeG) accounts for only 0.3% (for
methyl methanesulfonate) to 8% (for methylnitrosourea) of

the total DNA methyl adducts, it is stable and persists in
the absence of the DNA repair protein O6-methylguanine-
DNA methyltransferase (MGMT) [3–5]. O4-methylthymine
(O4MeT) is produced at a much lower level (<0.4%)
[2], and its mutagenicity and cytotoxicity are unclear. In
general, O-alkylations (e.g., O6alkylG and O4alkylT) are
highly mutagenic and genotoxic, whereas N-alkylations (e.g.,
N3alkylA and N1alkylA) are cytotoxic, but less mutagenic
[6–9]. The primary products of methylating agents, N-
alkylated purines, are efficiently removed by base excision
repair (BER) or human AlkB homologues (hABH). BER
repairsN7MeG,N3MeA, andN3MeG, whereas hABH repairs
N1MeA, N3MeC, N3MeT, and N1MeG [10].

One-step repair of O6MeG involves transferring the alkyl
group from the oxygen in the guanine to a cysteine residue
in the catalytic pocket of MGMT [10]. Nucleotide excision
repair (NER) is an elaborate repair system that removes
bulky lesions from DNA in 27-nt to 29-nt oligomers. Because
it is also capable of removing nonbulky lesions such as
apurinic/apyrimidinic sites and O6MeG residues, NER plays
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a backup role for other repair systems [11]. Mismatch repair
(MMR) is also important in the repair of O6MeG. If it is
left unrepaired, replication over the O6MeG results in an
O6MeG:T mismatch or O6MeG:C ambiguous pair [12]. In
the next round of replication, the O6MeG:T becomes an A:T
transition mutation, or the O6MeG:C is replicated again as an
O6MeG:C pair or becomes an O6MeG:T mismatch [13]. The
O6MeG:T or O6MeG:C is recognized by the MutSα complex
(hMSH2 and hMSH6), which initiates MMR to create a
gapped duplex by incision of the newly replicated strand
[13]. If O6MeG remains in the template, a futile repair
loop can eventually result in highly toxic double-strand
breaks (DSBs), which are intermediates in apoptotic and
DSB repair pathways [13]. Accordingly, DSB repair pathways
are activated by methylating agents [14, 15].

Bifunctional alkylating agents, such as chlorambucil or
BCNU, are commonly used anticancer drugs. DNA lesions
produced by these agents require complex repair mecha-
nisms. The primary chloroethyl adducts at O6G are repaired
by MGMT, but the secondary interstrand cross-links (ICLs)
require NER factors (e.g., endnuclease xeroderma pig-
mentosum complementation group F-excision repair cross-
complementing rodent repair deficiency complementation
group 1 (XPF-ERCC1)) for incision, Fanconi anemia (FA)
repair, and homologous recombination (HR) for complete
repair [16].

This paper will focus on the repair pathways for O6MeG
generated by methylating agents and those for ICLs gener-
ated by bifunctional alkylating agents. We will also briefly
discuss other alkylation damage defense and processing
functions (hABH and BER).

2. DNA Repair Mechanisms for
DNA Damage Induced by Methylating Agents

2.1. MGMT (Figure 1(a)). MGMT repairs O6-alkylation
adducts but irreversibly inactivates MGMT itself in the
process. In the absence of active MGMT, O6MeG forms
O6MeG/T mismatches during replication. Early studies
demonstrated that MGMT-deficient cells unable to repair
O6MeG damage were more sensitive to the effects of methy-
lating agents than normal cells expressing MGMT [17]. This
observation has been utilized experimentally and clinically to
target cells with an MGMT inhibitor, the O6MeG analogue
O6benzylG [18]. However, in some tumors, p53 dysfunction
suppresses MGMT expression [19, 20] or hypermethylation
of the MGMT promoter results in gene silencing [21]. The
low basal MGMT activity makes these cells less vulnerable
to the effects of O6benzylG. Kaina et al. reported that about
5% of all solid tumors assayed in their laboratory were
completely deficient in MGMT [10]. In particular, 17% to
30% of gliomas lack MGMT [22, 23]. Because drug efficacy is
likely to be limited if only MGMT is targeted in these tumors,
new molecular targets are being sought.

2.2. MMR (Figure 1(b)). The cytotoxicity of monofunctional
alkylating agents requires a functional MMR in the target
cells. In fact, mammalian cells proficient in MMR are

generally about 100-fold more sensitive to alkylating agents
than their MMR-deficient counterparts [24, 25]. In MMR-
deficient cells, DNA damage accumulates but does not trigger
cell death. Thus, resistance to these cytotoxic agents is
associated with loss of MMR activity, particularly in the
absence of MGMT [26, 27]. The mechanism of action of
monofunctional alkylating agents has been studied in cell
lines and mouse models; results indicate that replication
over unrepaired O6MeG:C results in an O6MeG:T mismatch
(or possibly an O6MeG:C ambiguous pair). In the next
round of replication, an O6MeG:T mismatch becomes an
A:T transition mutation. An O6MeG:T or O6MeG:C pair is
recognized by the MutSα complex, which initiates MMR.
MMR creates a gapped duplex after incision of the newly
replicated strand. The mere presence of MeG in the genomic
DNA of MMR-proficient cells is not cytotoxic, even if the
cells are allowed to undergo a round of replication during
which MeG:C and MeG:T pairs form. To activate the G2/M
DNA damage checkpoint, these mispairs must be recognized
and processed. Cells treated with MNNG are not arrested
in the first G2/M checkpoint, but G2/M arrest is commonly
observed in the second cell cycle [28].

2.3. DSB Repair (Figure 1(c)). Although alkylating agents do
not directly induce DSBs, DSBs are detected in wild-type cells
and other cell culture systems after the processing of DNA
lesions induced by alkylating agents [14, 15, 29, 30]. DSBs
lead to cell death; therefore, cells defective in DSB repair are
thought to be more sensitive to alkylating agents. Consistent
with this hypothesis, studies have reported that DSB repair
pathways are involved in the repair of DNA damage induced
by alkylating agents [14, 15, 29].

DSBs are repaired through the HR and nonhomologous
end joining (NHEJ) pathways [31]. In human cells, HR
proteins include members of the MRN complex, which
consist of meiotic recombination 11 (MRE11)/radiation-
sensitive mutant 50 (Rad50)/Nijmegen breakage syndrome
1 (NBS1) as well as Rad51, the Rad51 paralogs (Rad51B,
Rad51C, Rad51D, X-ray repair cross-complementing group
2 (XRCC2), and XRCC3), Rad54, and Rad54B [31]. Proteins
involved in the NHEJ pathway include Ku70/80, the DNA-
dependent protein kinase catalytic subunit (DNA-PKcs),
ligase IV (Lig4), XRCC4 and Artemis [31].

HR, which is a generally error-free pathway, uses DNA
homology to direct DNA repair; an undamaged chromatid
serves as template for the repair of a broken sister chromatid.
The products of the breast cancer susceptibility genes,
BRCA1 and BRCA2 (also known as FA complementation
group D1 or FANCD1), are also involved in the HR pathway
[32].

HR is required for MNNG-treated cells to transition into
the second cell cycle. Most mammalian cells that undergo cell
cycle arrest after the second S phase die; however, the surviv-
ing cells show a high frequency of sister chromatid exchanges
(SCEs), indicative of DSB repair at collapsed replication forks
[33]. Roos et al. reported that BRCA2/XRCC2-dependent
HR, but not NHEJ, protects against O6MeG-triggered DSBs
and chromosomal aberrations, leading to SCEs [14].
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Figure 1: Pathways for DNA damage induced by methylating agents. (a) O6-methylguanine-DNA methyltransferase (MGMT) removes
the methyl adduct from O6MeG in one step. If left unrepaired, O6MeG:C ambiguous pairs or O6MeG:T mismatch pairs can form during
replication. In the next round of replication, O6MeG:T pairs can become A:T transition mutations. (b) O6MeG:T and O6MeG:C pairs are
recognized by the mismatch repair (MMR) system, which creates a single-strand break (SSB), cause replication arrest, and finally leads to
a double-strand break (DSB). O6MeG:T/C does not induce cell cycle arrest at the first G2/M DNA damage checkpoint, but G2/M arrest is
commonly observed in the second cell cycle. (c) Homologous recombination (HR) and nonhomologous end joining (NHEJ) may play a role
in the repair of DSBs. N-alkylations are repaired by either (d) base excision repair (BER), or (e) AlkB homologues, and if not repaired, DSBs
occur.

NHEJ, which is the simplest way to repair a DSB, involves
the religation of broken DNA ends without a template;
this type of repair does not preserve the original genetic
information. NHEJ eliminates DSBs during the G1 phase of
the cell cycle, when the lack of sister chromatids prevents HR
[34].

Results of a clonogenic survival study showed that Lig4
plays a more important role in the repair of TMZ-induced
DSBs than XRCC2 or Rad54 [15]. DSBs, which may arise
from adducts other than O6MeG, such as TMZ-induced N-
methylpurines, are repaired within 24 h in Lig4-proficient
cells. In contrast, up to 80% of the DSBs in Lig4−/− cells
were not repaired [15]. In A172 glioblastoma cells, siRNA
silencing of Lig4 increased cellular sensitivity to TMZ. After
TMZ treatments, A172 cells with silenced Lig4 exhibited a
62.5% decrease in survival compared with control A172 cells;
thus, modulating Lig4 activity may enhance tumor sensitivity
to TMZ [15].

2.4. BER (Figure 1(d)). The alkylation adducts N7MeG,
N3MeA, and N3MeG are repaired by the BER system,
the main DNA repair system in mammalian cells used to
eliminate small DNA base lesions [16]. Damaged bases are
removed by a lesion-specific DNA glycosylase, in this case
alkyladenine DNA glycosylase (Aag). The resulting abasic
site is recognized by an apurinic/apyrimidinic endonuclease,
APE1, which incises the damaged strand, leaving 3′-OH and
5′deoxyribose phosphate (5′-dRP) groups at the margins.
A DNA polymerase β- (pol-β-)mediated DNA synthesis
step fills the single nucleotide gap [35, 36] and removes

the cytotoxic 5′-dRP group [37, 38]. Alternatively, DNA
polymerase λ (pol-λ) or DNA polymerase-ι (pol-ι), both of
which possess 5′-dRP lyase activity, may participate in BER
to remove this toxic repair intermediate [39–41]. Finally,
DNA ligase I, or a complex of DNA ligase III and XRCC1,
conducts the final, nick-sealing step in the pathway [42].

In the absence of pol-β, cells cannot repair the BER
intermediate 5′dRP and are thus hypersensitive to the
alkylating agent methyl methanesulfonate [37, 38, 43, 44].
For example, fibroblasts from a pol-β-null mutant mouse
are highly sensitive to monofunctional alkylating agents, but
not to BCNU [45]. Similarly, RNA interference-mediated
pol-β suppression boosts TMZ efficacy, although a defi-
ciency in pol-ι or pol-λ does not increase TMZ-mediated
cytotoxicity [46]. Furthermore, loss of pol-β coupled with
TMZ treatment triggers H2AX phosphorylation, indicating
activation of the DNA damage response pathway by unre-
paired lesions [46]. H2AX is a histone protein that is rapidly
phosphorylated on Ser139 (γH2AX) when DNA breaks are
introduced in mammalian cells following external damage
and replication fork collapse [47, 48]. Poly(ADP-ribose)
polymerase-1 (PARP-1) is activated by strand breaks and
participates in gap sealing with DNA ligase III and XRCC1,
but deficiencies in the subsequent steps of BER increase
sensitivity to alkylating agents. Inhibition of PARP-1 by the
inhibitor AG14361 restores sensitivity to TMZ in MMR-
deficient cells that have lost killing sensitivity to O6MeG via
the MGMT/MMR pathway [49]. The combination of TMZ
with PARP-1 inhibitors is currently under investigation in
several Phase I-II clinical trials.
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2.5. Direct Reversal of Alkylation Damage by AlkB Homologues
(Figure 1(e)). The E. coli protein AlkB is an oxidative
DNA demethylase that repairs the cytotoxic lesions N1MeA
and N3MeC. A detailed mapping of the human genome
has identified eight hABH homologues. ABH2 and ABH3
belong to the alpha-ketoglutarate- and Fe(II)-dependent
dioxygenase superfamily. These proteins repair N1MeA,
N3MeC, N3MeT, and N1MeG by oxidative demethylation
[50, 51]. Although hABH2 preferentially repairs double-
stranded DNA, hABH3 acts more efficiently on single-
stranded nucleic acids. Accordingly, hABH2 relocates to
replication foci during S-phase, which suggested that hABH2
repairs DNA close to replication forks, whereas hABH3
maintains nuclear single-stranded DNA and RNA, poten-
tially targeting genes undergoing transcription.

3. Repair of Cross-links Induced by
Bifunctional Alkylating Agents

Bifunctional alkylating agents (e.g., nitrogen mustards (mel-
phalan, chlorambucil, cyclophosphamide, and ifosfamide)
and chloroethylnitrosoureas (BCNU and CCNU)) possess
two reactive sites. These agents cross-link DNA with proteins
or, alternatively, cross-link two DNA bases within the same
DNA strand (intrastrand cross-links) or on opposite DNA
strands (ICLs). ICLs, which block replication forks, are the
most serious cytotoxic lesions produced by most bifunctional
drugs. Accordingly, the extent of ICLs correlates well with the
cytotoxicity of nitrogen mustard drugs [52].

Nitrogen mustards form N7G:N7G cross-links, and
chloroethylnitrosoureas form N1G:N3C cross-links [53].
The chloroethylated O6G of the N1G:N3C cross-link can
be repaired by MGMT; however, this adduct is unstable
and undergoes intramolecular rearrangement producing an
intermediary N1-O6-ethanoG. The N1-O6-ethanoG adduct
may react with cytosine in the complementary strand to yield
a highly toxic ICL between position 1 in the guanine residue
and position 3 in the cytosine residue (1-(3-cytosinyl)-2-(1-
guanosinyl)-ethane) [53].

ICL repair mechanisms are complex; therefore, they
are only briefly summarized here. An ICL represents a
formidable block to the DNA replication machinery and
is unique in requiring a combination of FA repair, NER,
translesion synthesis (TLS), and HR repair for efficient repair
[54]. Although the FA pathway was initially characterized
in terms of DNA cross-link repair, this pathway is also
involved in homologous recombination and resolution of
the replication arrest [55, 56]. Thirteen FA genes have
been identified [54], although the precise function of many
of these FA proteins is unclear. The FA core complex,
which consists of eight FA proteins, is activated by DNA
damage. Specifically, the FA proteins FANCM and FANCA
Associating Polypeptide 24 form a heterodimer that binds
DNA [57, 58] and appears to be involved in sensing DNA
replication forks blocked at cross-links. The NER proteins
ERCC1 and XPF make incisions on either side of the cross-
link to generate a gap. The gap is then filled by translesion
synthesis (TLS) polymerases ζ (Rev3 and Rev7 subunits)

and Rev1 (part of the Rev3-Rev7 complex [59]). The FA
core complex monoubiquitinates FANCD2 and its paralog
FANCI, and the ubiquitinated FANCD2 then interacts with
FANCD1 to promote HR [54].

Incision at the ICL could occur before or after lesion
bypass, leaving a DSB subject to HR or NHEJ [60]. As
expected, XRCC2 and Rad54 are involved in the repair of
ACNU-induced DSBs, but surprisingly Lig4 plays the most
important role in this process [29]. In Lig4−/− cells, levels of
phosphorylated histone γH2AX increased more than 4-fold
at 12 h and 6-fold at 24 h after ACNU treatment compared to
its initial levels. In contrast, γH2AX levels were not markedly
altered by ACNU in normal cells. In addition, ACNU
treatment markedly reduced the colony-forming ability of
A172 glioblastoma cells transfected with siRNA against Lig4
or XRCC2 compared to controls [29]. However, Lig4 siRNA
rendered cells more sensitive to the effects of ACNU than did
XRCC2 siRNA [29]. These data suggest NHEJ may also be
involved in removing DSBs formed by unrepaired ICLs.

4. Conclusion

DNA repair pathways attenuate the therapeutic effects of
alkylating agents; therefore, characterization of the repair
pathways is essential for developing new treatments. For
example, MGMT promoter hypermethylation results in gene
silencing and therefore decreased MGMT activity; therefore,
MGMT promoter hypermethylation may be a useful way to
enhance the therapeutic efficacy of TMZ [61, 62].

Currently, clinical trials are testing DNA repair inhibitors
that target PARP, BER, or MGMT in combination with
alkylating agents [63]. In the case of O6benzylG, a phase I
clinical trial has defined the maximum tolerated dose of a
single dose of TMZ when combined with O6benzylG and
has determined the dose of O6benzylG that depletes tumor
MGMT activity for 48 h [64]. In addition, when combined
with cytotoxic chemotherapy, myelosuppression appears
to be significantly enhanced by O6benzylG, significantly
reducing the required doses of alkylating agents [65]. The
success of such approaches will depend on selective targeting
of the tumor. Locoregional chemotherapy has recently been
shown to improve the survival of glioma patients [66].
Therefore, combining a locoregional delivery system with
the simultaneous downregulation of DNA repair pathways
may decrease the amount of alkylating agent needed for
chemotherapy, thereby reducing the severe side effects. In
addition, new inhibitors against specific repair proteins, such
as pol-β, BRCA2, or Lig4, should be developed because
resistance against currently available inhibitors may develop.
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“Mechanisms of carcinogenicity/chemotherapy by O6-
methylguanine,” Mutagenesis, vol. 17, no. 6, pp. 483–487,
2002.

[7] M. Christmann, M. T. Tomicic, W. P. Roos, and B. Kaina,
“Mechanisms of human DNA repair: an update,” Toxicology,
vol. 193, no. 1-2, pp. 3–34, 2003.

[8] M. D. Wyatt, J. M. Allan, A. Y. Lau, T. E. Ellenberger, and
L. D. Samson, “3-Methyladenine DNA glycosylases: structure,
function, and biological importance,” BioEssays, vol. 21, no. 8,
pp. 668–676, 1999.

[9] H. E. Krokan, R. Standal, and G. Slupphaug, “DNA glycosy-
lases in the base excision repair of DNA,” Biochemical Journal,
vol. 325, no. 1, pp. 1–16, 1997.

[10] B. Kaina, M. Christmann, S. Naumann, and W. P. Roos,
“MGMT: key node in the battle against genotoxicity, carcino-
genicity and apoptosis induced by alkylating agents,” DNA
Repair, vol. 6, no. 8, pp. 1079–1099, 2007.

[11] A. Sancar, “Excision repair in mammalian cells,” The Journal of
Biological Chemistry, vol. 270, no. 27, pp. 15915–15918, 1995.

[12] H. T. Chen, A. Bhandoola, M. J. Difilippantonio et al.,
“Response to RAG-mediated V(D)J cleavage by NBS1 and γ-
H2AX,” Science, vol. 290, no. 5498, pp. 1962–1964, 2000.

[13] G. P. Margison and M. F. Santibáñez-Koref, “O6-alkylguanine-
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DNA is one of the prime molecules, and its stability is of utmost importance for proper functioning and existence of all living
systems. Genotoxic chemicals and radiations exert adverse effects on genome stability. Ultraviolet radiation (UVR) (mainly UV-B:
280–315 nm) is one of the powerful agents that can alter the normal state of life by inducing a variety of mutagenic and cytotoxic
DNA lesions such as cyclobutane-pyrimidine dimers (CPDs), 6-4 photoproducts (6-4PPs), and their Dewar valence isomers as
well as DNA strand breaks by interfering the genome integrity. To counteract these lesions, organisms have developed a number
of highly conserved repair mechanisms such as photoreactivation, base excision repair (BER), nucleotide excision repair (NER),
and mismatch repair (MMR). Additionally, double-strand break repair (by homologous recombination and nonhomologous end
joining), SOS response, cell-cycle checkpoints, and programmed cell death (apoptosis) are also operative in various organisms
with the expense of specific gene products. This review deals with UV-induced alterations in DNA and its maintenance by various
repair mechanisms.

1. Introduction

The stratospheric ozone layer is continuously depleting
due to the release of atmospheric pollutants such as chlo-
rofluorocarbons (CFCs), chlorocarbons (CCs), and organo-
bromides (OBs). Consequently there is an increase in the
incidence of UV radiation (UVR) on the Earth’s surface
[1] which is one of the most effective and carcinogenic
exogenous agents that can interact with DNA and alter the
genome integrity and may affect the normal life processes
of all organisms ranging from prokaryotes to mammals [2–
10]. However, wide variations in tolerance to UV-B among
species and taxonomic groups have been reported. Moreover,
ozone depletion followed by increased UV exposure has been
predicted to continue throughout most of this century [11].
In all the groups of UVR (i.e., UV-A: 315–400 nm; UV-
B: 280–315 nm; UV-C: <280 nm) UV-B radiation produces
adverse effects on diverse habitats, even though most of the

extraterrestrial UV-B is absorbed by the stratospheric ozone
[12]. UV-A radiation has a poor efficiency in inducing DNA
damage, because it is not absorbed by native DNA. UV-
A and visible light energy (up to 670–700 nm) are able to
generate singlet oxygen (1O2) that can damage DNA via
indirect photosensitizing reactions [13]. UV-C radiation is
quantitatively absorbed by oxygen and ozone in the Earth’s
atmosphere, hence does not show much harmful effects on
biota. Solar UV radiation is responsible for a wide range
of biological effects including alteration in the structure
of protein, DNA, and many other biologically important
molecules, chronic depression of key physiological processes,
and acute physiological stress leading to either reduction in
growth and cell division, pigment bleaching, N2 fixation,
energy production, or photoinhibition of photosynthesis in
several organisms [3, 9, 10]. It has been documented that
UV-B severely affects survival, fecundity, and sex-ratio in
several intertidal copepods [14]. One of the most prominent
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Figure 1: DNA damage and maintenance. Genomic lesions produced by various DNA damaging agents trigger several specific repair
machinery to conserve the genomic integrity. In case of severe damage and/or failure of repair mechanisms, cells undergo apoptosis or
induce a complex series of phenotypic changes, that is, SOS response. Sometimes the potentiality of lesions in the genome is mitigated by
a phenomenon known as damage tolerance, during which DNA lesions are recognized by certain repair machinery, allowing the cells to
undergo normal replication and gene expression. The cellular response to DNA damage may activate cell-cycle checkpoint by means of a
network of signaling pathway that gives the cell extra time to repair the genomic lesions or may induce cell suicide response/programmed
cell death (PCD).

targets of solar UV-radiation is cellular DNA, which absorbs
UV-B radiation and causes adverse effects on living systems
such as bacteria [15, 16], cyanobacteria [17], phytoplankton
[18], macroalgae [19], plants [20], animals, and humans
[21–23].

Although UV-B radiation has less than 1% of total
solar energy, it is a highly active component of the solar
radiation that brings about chemical modification in DNA
and changes its molecular structure by the formation of
dimers. Certain UV-absorbing pigments are produced by
a number of organisms as a first line of defense; how-
ever, they are unable to avoid UV-radiation completely
from reaching DNA in superficial tissue [28–32]. Certain
enzymes, such as superoxide dismutase (SOD), catalase
(CAT), peroxidase (POD), and scavengers such as vitamin
C, B, and E, cysteine, and glutathione play an additional
role in defense against UV radiation [33]. However, as a
second line of defense several organisms have developed a
number of specific and highly conserved repair mechanisms
such as photoreactivation, excision repair, mismatch repair
(MMR), double strand break (DSB) repair and certain other
mechanisms like damage tolerance (dimer bypass), SOS (save
our soul) response, checkpoint activation, and programmed
cell death (PCD) or apoptosis (Figure 1) that efficiently
remove DNA lesions ensuring the genomic integrity [22].
Plants are unique in the obligatory nature of their exposure

to UVR; it is also conceivable that they may also have evolved
certain efficient repair mechanisms for the elimination of
UV-induced DNA damage. However, a number of questions
concerning the basic phenomena of the DNA repair in plants
remain to be elucidated. In the following, we discuss the
molecular mechanisms of UV-induced DNA damage and
repair mechanism (s) operative in various organisms.

2. UV-Induced DNA Damage

Induction of DNA damage by solar UVR is a key event
that drastically influences the normal life processes of all
organisms. A number of endogenous factors such as free
radicals [34] generated during metabolic processes as well
as exogenous factors such as UV or ionizing radiations
[35] are known to interfere with genome integrity. DNA
damage results in (i) misincorporation of bases during
replication process, (ii) hydrolytic damage, which results in
deamination of bases, depurination, and depyrimidination
[36], (iii) oxidative damage, caused by direct interaction
of ionizing radiations (IR) with the DNA molecules, as
well as mediated by UV radiation-induced free radicals or
reactive oxygen species [37, 38], and (iv) alkylating agents
that may result in modified bases [36, 39]. The hydrolytic
deamination (loss of an amino group) can directly convert
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Figure 2: Structures of DNA duplexes showing the presence of lesions (in green) such as CPD (a), 6-4PP (b), and 6-4 Dewar dimer (c).
Hydrogen atoms are not shown, prepared from PDB entries 1TTD [24], 1CFL [25], and 1QKG [26] using PyMol. (version 1.1r1) [27].

one base to another; for example, deamination of cytosine
results in uracil and at much lower frequency adenine to
hypoxanthine. In depurination/depyrimidination, there are
complete removals of purine/pyrimidine bases, leaving the
deoxyribose sugar depurinated/depyrimidinated, that may
cause breakage in the DNA backbone. The exposure of UVR,
IR, and certain genotoxic chemicals may result in single as
well as double DNA strand breaks. Among different types
of damages, DNA double strand breaks (DSBs) are the most
deleterious, since they affect both strands of DNA and can
lead to the loss of genetic material. At high concentrations
oxygen-free radicals or, more frequently, reactive oxygen
species (ROS) can induce damage to cell structure, lipids,
proteins as well as DNA and results in oxidative stress which
has been implicated in a number of human diseases [40].
The hydroxyl radicals (OH◦) can damage all components of
DNA molecules such as purine and pyrimidine bases and also
the deoxyribose backbone, inhibiting the normal functions
of the cell [37, 38].

3. UV-Induced Pyrimidine Photoproducts

UV-B radiation is one of the most important energetic solar
components that may lead to the formation of three major
classes of DNA lesions, such as cyclobutane pyrimidine
dimers (CPDs), pyrimidine 6-4 pyrimidone photoproducts
(6-4PPs), and their Dewar isomers (Figure 2) [5, 22, 23, 41–
43]. CPDs correspond to the formation of a four-member

ring structure involving C5 and C6 of both neighboring bases
whereas 6-4PPs are formed by a noncyclic bond between C6
(of the 5′-end) and C4 (of the 3′-end) of the involved pyrim-
idines via spontaneous rearrangement of the oxetane (when
the 3′-end is thymine) (Figure 3(a)) or azetidine (when the
3′-end is cytosine) (Figure 3(b)) intermediates [5, 44]. The 6-
4PPs are eagerly converted into their Dewar valence isomers
upon exposure to UV-B or UV-A radiation that may further
undergo reversion to the 6-4PPs upon exposure to short-
wavelength UV radiation [45]. Two adjacent cytosines are
considered as mutation hotspots of UVB and UVC radiations
[42]. It has been found that T-T and T-C sequences are
more photoreactive than C-T and C-C sequences [46]. The
diastereoisomers of pyrimidine dimers (Figure 4) can be
observed in free solution that differ in the orientation of
the two pyrimidine rings relative to the cyclobutane ring,
and on the relative orientations of the C5–C6 bonds in each
pyrimidine base [44]. It has been demonstrated that the main
photoproducts are cis-syn-configured CPD lesions, while
trans-syn-configured CPD lesions are formed in much less
quantity [47]. In double stranded B-DNA, where the dimer
entails two adjoining pyrimidine bases on the same DNA
strand, only the syn isomers can be generated, whereas the
cis isomer is preferred over the trans isomer to a great extent
[42]. The incidence of trans-syn isomer in single-stranded or
denatured DNA is more common because of the increased
flexibility of the DNA backbone. A few CPD lesions (i.e., cis-
syn or trans-anti isomers) can also be detected in aqueous
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Figure 3: Pathway of UVR-induced T-T (a) and T-C (b) CPD, 6-4PPs, and their Dewar isomers.

solutions by UV-C irradiation [48]. The formation of “spore
photoproduct” has been detected in UV-irradiated bacterial
spores by the addition of methyl group of one thymine
residue to the C5 position of an adjacent thymine. In most
cellular environments, there is no much significance of this
photoproduct, since it requires anhydrous conditions for its
formation [49].

The base damage by UVR is determined by the flexibility
of the DNA strand as well as nature and position of the
base. CPDs are formed at higher quantity by cycloaddition
reaction between two pyrimidine bases [47] in single-
stranded DNA (ssDNA) and at the flexible ends of poly
(dA)-(dT) tracts, but not at their rigid centre [50, 51].
Bending of DNA towards the minor groove reduces CPDs

formation [52]. One of the transcription factors, TATA-box
binding protein (TBP), promotes the selective formation
of 6-4PPs in the TATA-box, where the DNA is bent, but
CPDs are formed preferentially at the edge of the TATA
box and outside where the DNA is not bent [53]. The
amounts of CPDs and 6-4PPs are about 75 and 25%,
respectively, of the total UV-mediated DNA damage products
[22]; however, the ratio between the yield of CPDs and 6-
4PPs mainly depends upon the two adjacent bases involved
in the formation of dimers [54]. Thus the heterogeneous
distribution of the UV-induced photolesions in the DNA
depends on the sequences that facilitate DNA bending as well
as the chromatin modulation through the binding of specific
protein [55]. Mapping of CPDs in the nucleosome core
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regions of UV-treated chromatin has revealed the formation
of CPDs with an average distance of 10.3 bases, away from
the surface of histones [56]. The formation of photoproducts
is not restricted to cells exposed to UV-B or UV-B + UV-A
radiations; UV-A-induced formation of CPDs has also been
observed in bacteria as well as in eukaryotic cells and whole
skin [57–59]. Recent studies on the effects of UV-A radiation
on rodent and human skin cells have revealed that CPDs
are in larger yields than 8-oxo-7,8-dihydroguanine (the most
frequent UVA-induced DNA lesion) and DNA strand breaks
[48, 60]. The occurrence of 5-methylcytosine-containing
photoproducts in UV-irradiated DNA is still controversial.
However, Su et al. [61] have reported a new photoproduct
of 5-Methylcytosine and Adenine characterized by high-
performance liquid chromatography and mass spectrometry.
An additional photochemical characteristic for cytosine
is the formation of monomeric pyrimidine photoproduct
“cytosine photohydrate” (6-hydroxy-5,6-dihydrocytosine) as
a result of photohydration reaction (Figure 5) [62]. There
is little information concerning the formation of cytosine
hydrates in UV-irradiated DNA due to instability of the
resulting photoproduct [63]. The oxidation product of
pyrimidine bases such as pyrimidine glycols is also formed
by means of hydration reaction [42].
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4. UV-Induced Purine Photoproducts

Although dipyrimidine photoproducts are the preferential
outcome of UV-B radiation, the biological importance of UV
radiation-induced modifications of DNA purine bases has
also been recognized [64]. These comprise the photoprod-
ucts that involve, at least, one adenine residue that undergoes
photocycloaddition reactions with contiguous adenine or
thymine (Figure 6) upon exposure to UV-B radiation [65,
66]. The extent of adenine-containing photoproduct (A-T)
is very low (1 × 10−5 in native DNA) but these lesions
may contribute to the biological effects of UV radiation in
view of the fact that the A-T adduct has been shown to
be mutagenic [67, 68]. Photodimerization of adenine (A)
involves the cycloaddition of N7-C8 double bond of the
5′-A across the C6 and C5 positions of the 3′-A [65, 69]
and generates a very unstable azetidine intermediate. This
intermediate photoproduct undergoes competing reaction
pathways to form two distinct adenine photoproducts
such as adenine dimer (A=A) and Pörschke photoproduct
(Figure 6) [70]. Conversion of both these photoproducts
into 4,6-diamino-5-guanidinopyrimidine (DGPY) and 8-
(5-aminoimidazol-4-yl)adenine (8-AIA), respectively, can
be detected from individual acid hydrolysates of UV-
irradiated polynucleotides and DNA [71]. It has been
found that complexing of UV-irradiated poly(dA)-poly(dT)
effectively reduces the formation of A=A photoproduct [71].
Moreover, photoreactivity of adjoining adenine bases in
DNA is strongly suppressed by the complementary base
pairing [50, 72]. UV-induced ROS acts as a powerful
oxidant that may cause oxidative DNA damage. A number
of oxidation products of purine bases such as 8-oxo-
7,8-dihydroguanyl (8-oxoGua), 8-oxo-Ade, 2,6-diamino-
4-hydroxy-5-formamidoguanine (FapyGua), FapyAde, and
oxazolone have been reported to form upon exposure of
DNA to UV radiation [44, 73, 74].

Overall, it has been concluded that UV-induced DNA
lesions such as CPDs, 6-4PPs, abasic site, strand breaks, and
oxidative product are the predominant and most persistent
lesions and if not repaired may cause severe structural distor-
tions in the DNA molecule, thereby affecting the important
cellular processes such as DNA replication and transcription,
compromising cellular viability and functional integrity and
ultimately leading to mutagenesis, tumorigenesis, and cell
death [30, 36].
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5. Differential Effects of CPDs and 6-4PPs on
DNA Conformation

UV-induced DNA lesions such as CPDs and 6-4PPs show
differential effects on DNA conformation, impairing their
regulatory functions and other dynamic processes [24, 26,
75, 76]. Nuclear Magnetic Resonance (NMR) spectroscopy
has presented new insights on UV radiation-induced nucleic
acid conformation. It has been well established that the
comparative orientation of damaged residues is unusual
from that observed in unmodified DNA duplexes [75].
Nuclear overhauser enhancement (NOE) study of interac-
tions among the photoadduct H6 and methyl (CH3) groups
has established that the cis-syn CPD changes the cyclobutane
conformation from a left-handed twist (observed in the
isolated dimer) to a right-handed twist in DNA duplex [46]
(Figure 7). Assessment of the chemical shift data suggests
that the DNA helix is disturbed more along the 3′- and
5′-side of the cis-syn and trans-syn dimer, respectively. It
was revealed that the presence of trans-syn CPD causes
distortion to a great extent than the cis-syn product by
means of a kink or dislocation at the 5′-side of the dimer
in double-stranded DNA [77]. NMR and X-ray diffraction
studies of the ultraviolet photoproduct, cis-syn CPD, with
the S-cyanoethyl phosphotriester have revealed that the two
pyrimidine bases are rotated by −29◦ base twist, contrasting
to the right-handed 36◦ value observed in B-form DNA
[78, 79]. Moreover, in contrast to the cis-syn CPD, the duplex
spectra of the trans-syn lesion illustrated no abnormally
shifted 31P or imino proton signal, signifying the absence
of major distortions in the conformation of the sugar-
phosphate backbone [75]. The thymine (T) residues of the
CPD form stable wobble pairs with the opposite guanine
(G) residues. The T6-G15 wobble pair of the CPD formed
hydrogen bonds between the T6-imino and G15-O6 and
between the G15-imino and T6-O2. The two T (T5, T6)
residues of the CPD in the CPD/GG duplex form wobble

base pairs with the opposite G residues, similar to the T6-
G15 base pair in the CPD/GA duplex [80]. It has been
reported that the preexisting CPDs in the DNA molecule
can influence its rotational setting on the histone surface
during nucleosome formation [81]. Recently, Rumora et al.
[82] have examined the thymine dimer-induced structural
changes to the DNA duplex with several small, base-selective
reactive chemical probes. The formation of 6-4PPs and their
Dewar isomers cause remarkable change in the conformation
of DNA duplex. The one- and two-dimensional NMR data
on the (6-4)-adduct-containing DNA duplex decamer was
analyzed in H2O and D2O solutions to elicit the base pairing
and unusual conformation in the vicinity of the lesion [76,
83, 84]. The distortion of the double helix caused by the 6-
4PP is much greater than that of the CPD [85].

The main conformational perturbations caused by the
(6-4) adduct and Dewar product are concerned with their
effects on global DNA curvature. Both duplex decamers are
significantly bent at the lesion sites. In contrast to the 6-4PPs,
the 5,6-dihydro-5-hydroxythymine base is the most per-
turbed part of the 6-4 Dewar lesion. Even though there are
no hydrogen bonds between 5,6-dihydro-5-hydroxythymine
and its partner adenine residue, this lesion produces minor
distortions in comparison to the 6-4PP. In general helical
bending induced by the (6-4) adducts and the Dewar product
is 44◦ and 21◦, respectively [76]. All the supplementary
imino proton resonances from the flanking base pairs were
observed in the hydrogen-bonded region, which indicate
that the structure of the (6-4) adduct inside the duplex
shows a distinctive base orientation due to (6-4) covalent
linkage which makes a normal Watson-Crick-type hydrogen
bonding unfavorable at the 3′-side of the lesion site with an
empty space between the 3′-thymine (T6) and its opposite
base (A15) [76]. Contrary to the duplex (6-4) decamer which
retains a hydrogen-bonded imino proton at the 5′-side (T5)
of the (6-4) lesion, the T5 imino proton of the Dewar lesion
is not hydrogen-bonded. The NMR characterization of a
6-4PP dimer containing duplex showed that the 5′-residue
of the lesion remains essentially unperturbed. However, the
5′-pyrimidine residue looses aromaticity and acquires an
additional hydrophilic group [75, 83]. The glycosyl bond
torsion angle at the T5 residue of the (6-4) lesion and the
Dewar lesion prevails in the anti and high-anti conformation,
respectively, and thus both the lesions exhibit considerable
differential effects on DNA backbone conformation. It has
been observed that the large structural distortion induced by
the (6-4) lesion may ensure a favorable recognition by the
repair enzyme, which may possibly elucidate the correlation
with the elevated repair rate of the T-T (6-4) adduct than of
the T-T Dewar product and the T-T cis-syn dimer [76].

6. UV-Induced DNA Double Strand Breaks

The generation of DNA double strand breaks (DSBs) in
UV-irradiated cells, specifically in replicating DNA, has
been known for a long time [86]. DNA strand breaks
are observed extensively in cells under UV-B irradiation
[87, 88]. UV-B-induced ROS [89] as well as DNA lesions
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(CPDs and 6-4PPs) may cause primary as well as secondary
breaks, respectively. These lesions are commonly associated
with transcription/replication blockage that may lead to
production of DNA double-strand breaks (DSBs) at the sites
of collapsed replication forks of CPDs-containing DNA [90,
91] (Figure 8). Dunkern and Kaina [92] also observed UV-
C-induced DNA DSBs, arising from replication of damaged
DNA. A significantly low amount of DSBs was found in the
cell where replication was inhibited. It was assumed that
initial photoproducts are converted into DSBs during DNA
replication, due to not a distinct process, that is, “collapse
of replication forks” [93]. After labeling of replicating DNA
of UV-irradiated SV40-transformed human cell lines with
radioactive precursors, an increased number of DSBs was
observed in NER deficient cells in comparison to NER
proficient cells. These results further support the view that
DSBs are produced during the replication of unrepaired UV-
induced DNA lesions [91]. DSBs can be formed in response
to the repair of single strand breaks (SSBs) passing through
base excision repair (BER) [94, 95]. Overall, it seems that
UV radiation does not directly produce DNA DSBs but
rather produces pyrimidine dimers and other photoprod-
ucts leading to replication arrest and DSBs. UV-induced
replication arrest in the xeroderma pigmentosum variant
(XPV) followed by the accumulation of Mre11/Rad50/Nbs1
complex and phosphorylated histone H2AX (γ-H2AX) in
large nuclear foci at sites of stalled replication forks also
suggests that UV damage leads to the formation of DSBs
during the course of replication arrest [90, 95].

A number of pathways have been considered for the
formation of DSBs at a stalled replication fork. It was shown
that when the DNA replication machinery encounters a
replication-blocking lesion, DNA polymerase (DP) enzyme
is stalled at the blocked site resulting in the formation of a Y-
shaped DNA structure, which may be recognized by a specific
endonuclease, that successively makes a nick in the template
strand resulting in the induction of a DSB close to the

replication-blocking lesion [144]. Furthermore, replication
stresses may trap topoisomerase I (Top1) cleavage complexes
leading to generation of DSBs by preventing Top1-mediated
DNA religation [145]. Free radicals may also cause DSBs
[146] by preventing the topoisomerase II (Top2)-mediated
DNA religation [144, 147]. Recently, Harper et al. [148]
have shown that radiation-induced SSBs and non-DSB DNA
damage contribute to the formation of replication-induced
DSBs. In spite of the above possible facts regarding the
formation of DSBs, more experimental evidences are still
needed.

7. Detection of DNA Damage

Several workers have attempted to detect different types
of DNA lesions and presently a number of detection
strategies are widely used (Table 1). An alkaline gel method
for quantitating single-strand breaks (SSBs) in nanogram
quantities of nonradioactive DNA was developed by Freeman
et al. [149]. Mitchell et al. [150] have developed a method for
the detection of CPDs, where DNA is labeled with radioactive
substances followed by agarose gel electrophoresis and den-
sitometric analysis and finally digesting with endo. III and
endo.V before analyzing on sequencing gels. UV-B induced
DNA damage in mammalian genome was reported by Wang
et al. [96] using the PCR-based short interspersed DNA
element- (SINE-) mediated detection method. For analyzing
the 6-4PPs, terminal transferase-dependent PCR (TD-PCR)
has been used [97]. UV-induced decrease in template activity
of genomic DNA of cyanobacterium Anabaena strain BT2
was documented by Kumar et al. [98] using the PCR-
based assays such as random amplified polymorphic DNA
(RAPD) and rDNA amplification. Similarly, UV-B-induced
DNA damage was also detected in Anabaena variabilis
PCC 7937 and Rivularia sp. HKAR-4 by PCR (data not
published). The formation of thymine dimer (T∧T) within
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Table 1: Various strategies for the detection of damaged DNA.

DNA damage detection strategies Types of lesions detected References

PCR based assay (TDPCR, LMPCR, ICPCR,
SINE)

Decrease in DNA template activity, T <> T CPDs, 6-4PPs [96–99]

Commet assay (Single-cell gel Electrophoresis) Oxidative DNA damage and single/double strand break [100, 101]

Halo assay/AHA/FHA Chromatin fragility/single strand breaks at the single cell level [102, 103]

TUNEL assay Single/double strand breaks, apoptosis [104, 105]

HPLC-MS/MS

Oxidative DNA damage; CPDs, 6-4PPs and their related Dewar
valence isomers; 5-hydroxy-2-deoxyuridine,8-oxo-7,8-dihydro-
2-Deoxyadenosine; 5-Methylcytosine and
adenine

[48, 54, 61, 106]

FISH Chromosomes with numerical aberrations [107, 108]

FCM
Chromosomal aberrations, sister chromatid exchange, chemical
adducts to DNA and DNA strand breakage

[109, 110]

Annexin V labeling
Chromatin condensation, DNA fragmentation,
radiation-induced apoptosis

[109, 111]

Immuno-dot-blot assay CPDs, 6-4PPs and their Dewar valence isomers [17, 59, 112, 113]

RIA CPDs and 6-4PPs [114, 115]

GC-MS
Strand break, modified bases, abasic sites, DNA-protein
crosslinks and other oxidative DNA damage.

[39]

FADU Single/double strand breaks and alkali-labile sites [88, 116]

NMR spectroscopy Lesions induced distortions of DNA duplex [78–80]

PCR: polymerase chain reaction; TDPCR: terminal transferasedependent PCR; LMPCR: ligation-mediated PCR; ICPCR: immuno-coupled PCR; SINE:
short interspersed DNA element; AHA: alkaline-halo assay; FHA: fast halo assay; TUNEL: terminal deoxyribonucleotidyl transferase mediated deoxyuridine
triphosphate nick end labeling; HPLC-MS/MS: high-performance liquid chromatography coupled to tandem mass spectrometry; FISH: fluorescence in
situ hybridization; FCM: flow cytometry; RIA: radio immunoassay; ELISA: enzyme-linked immunosorbent assay; GC-MS: gas chromatography-mass
spectrometry; NMR: nuclear magnetic resonance spectroscopy.

human genomic DNA has been detected by immunocoupled
PCR (IC-PCR) [99]. DNA damage such as SSBs, DSBs,
and oxidative DNA damage caused by UVR, ultrasound
electromagnetic frequency radiation, and so forth may be
detected by comet assay [100]. Recently, a modified version
of comet assay (apo/necro-comet assay) has been developed
that differentiates viable, apoptotic, and necrotic cells and
also correlates the DNA fragmentation pattern [101]. Both
single and DSBs as well as apoptosis can also be detected by
TUNEL assay [104, 105]. However, it has been experienced
that TUNEL assay is not able to distinguish various types
of cell death; hence, an alternate method based on flow
cytometry (FCM) has been developed for the detection of
apoptosis [109]. Recently, apoptosis in tumor cells caused
by X-rays has been analyzed using 125−I-labeled annexin
V [111]. FCM assay is useful in detecting chromosomal
aberrations, sister chromatid exchange, chemical adducts to
DNA, and DNA strand breakage [110]. Alkaline unwinding
FCM (AU-FCM) may be used to detect nucleotide excision
repair (NER) [151]. The changes in DNA organization
in the individual cells can be determined by halo assay
[102]. SSBs at the single cell level can be assessed by
alkaline-halo assay (AHA), where cells are embedded in
melted agarose and spread on the microscope slide and
then incubated in a high-salt alkaline lysis solution followed
by another incubation in a hypotonic alkaline solution
and, finally, stained with ethidium bromide (EtBr). Under

these conditions, single-stranded DNA fragments diffuse
radically from the nuclear cage [103]. DNA strand breaks
(SSBs, DSBs, and alkali-labile sites) induced by genotoxic
agent such as UVR can also be detected by fluorometric
analysis of DNA unwinding (FADU) assay, which was
first reported by Birnboim and Jevcak [116] to detect X-
ray-induced DNA damage in mammalian cells. Numerical
aberrations in chromosome can be detected efficiently by
fluorescence in situ hybridization (FISH) method [107].
Recently, immuno-dot-blot assay is used extensively to detect
UV-induced photoproducts in various organisms such as
mammals, cyanobacteria, phytoplankton, macroalgae, and
liverwort [17, 59, 112, 113]. This technique is based on use
of thymine-dimer specific antibodies followed by blotting
and chemiluminescence method. Another detection strategy
includes radio-immunoassay (RIA) which is used to estimate
CPDs and 6-4PPs [114]. The very low amount of CPDs
caused by UVR in bacterioplankton and marine viruses may
be detected very efficiently using RIA method [115]. Kara et
al. [152] have studied the electrochemical detection of DNA
damage by direct and indirect irradiation with radioactive
technetium (TC-99m) and iodine (I-131). Certain pho-
toproducts such as 5-Methylcytosine and adenine can be
detected by high-performance liquid chromatography and
mass spectrometry [61]. Recently, Kumari et al. [108] have
made an attempt to dissect various strategies for detection of
DNA lesions produced by a number of genotoxic agents.
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Table 2: Photolyase enzymes in four different kingdoms.

Kingdom Organism CPD Photolyase
6-4PP

Photolyase
References

Halobacterium halobium + − [117]

Archaebacteria Methanobacterium thermoautotrophicum + − [118, 119]

Sulfolobus tokodaii + − [120]

Bacillus firmus + − [121]

Escherichia coli + − [122, 123]

Salmonella typhimurium + − [122]

Eubacteria
Anacystis nidulans + − [124]

Synechocystis sp. PCC 6803 + − [125]

Streptomyces griseus + − [126]

Myxococcus xanthus + − [127]

Vibrio cholerae + − [128]

Saccharomyses cerevisiae + − [122]

Neurospora crassa + − [129, 130]

Drosophila melanogaster + + [131]

Homo sapiens ? ? [118, 132]

Carassius auratus + − [133]

Oryzias latipes + − [118]

Eukaryotes Monodelphis domestica + − [134]

Potorous tridactylis + − [118]

Xenopus laevis + + [135]

Arabidopsis thaliana + + [136]

Chlamydomonas reinhardtii + − [137]

Cucumis sativus + − [138, 139]

Ginkgo biloba + − [140]

Medicago sativa + − [20]

Triticum sp. + − [141]

Fowl pox virus (FPV) + − [142]

Viruses
Melanoplus sanguinipes entomopox virus

(MsEPV)
+ − [143]

Chrysodeixis chalcites nucleopolyhedrovirus
(ChchNPV)

+ − [106]

8. DNA Repair

The idea about the ability of living beings to overcome the
lethal effects of UV-radiation emerged as early as the mid
1930s [153], but the existence of repair mechanisms was
observed by Kelner [154] and Dulbecco [155] independently.
The determination of a particular repair pathway within the
cell mainly depends on the types and location of lesions in
the genome [156]. The biochemical and molecular studies
on repair pathways have been extensively investigated in
some model organisms such as E. coli, S. cerevisiae, and
human, where specialized repair proteins scan the genome
continuously and encounter the DNA lesions by triggering
several distinct repair mechanisms such as photoreactivation,
excision repair (BER and NER), mismatch repair (MMR),
and some specialized forms of repair system such as SOS
response, damage tolerance, and apoptosis.

9. Photoreactivation

The process of photoreactivation is executed by means of
a photoreactivating enzyme known as “photolyase”, which
is well conserved and found throughout the three domains
of life (Table 2). The enzyme binds specifically to the CPDs
(CPD photolyase) or 6-4PPs (6-4 photolyase) and directly
monomerizes the cyclobutane ring of the pyr <> pyr, using
the energy of visible/blue-light and protects the genome
from deleterious effects of UVR [157, 158]. The absorption
of every blue-light photon may split approximately one
dimer [159]. CPD photolyases have been reported in diverse
groups such as archaea, bacteria, fungi, virus, plants, inverte-
brates, and many vertebrates including aplacental mammals
(Table 2). On the other hand, 6-4 photolyases have been
identified in certain organisms like Drosophila, silkworm,
Xenopus laevis, and rattle snakes [22]. Photolyases seem to be
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HDF/FMN) and transfers them to catalytic cofactor FADH− which becomes excited and transfers energy to the pyrimidine dimer in the
form of e−, splitting the CPD into two monomeric unit, and then electron is transferred back to the flavin molecule.

absent or nonfunctional in placental mammals like human
[118, 132, 160]. However, Sutherland [161], Sutherland
and Bennett [162], and Harm [163] have demonstrated
photolyase activity in cells and tissues, including white blood
cells (WBCs) of several placental mammals, such as humans,
ox, cat, and mouse. A number of workers have identified
a human photolyase which shows homology with Cry gene
(plant blue-light receptor) and about 40% sequence identity
to the Drosophila 6-4 photolyase, but their exact roles in
repair process, whether it acts as a photolyase or as a
photoreceptors, are still under investigation [164].

DNA photolyases (45–66 kDa) having 420–616 amino
acid residues [158] are monomeric flavin-dependent repair
enzymes, consisting of two known cofactors, a cat-
alytic cofactor and a light-harvesting cofactor. Till date,
5,10-methenyltetrahydrofolate (MTHF) [122], 8-hydroxy-5-
deaza-riboflavin (8-HDF) [124], and FMN [165] are known
as light-harvesting cofactors, which absorb light energy
efficiently and transfer them to FADH− [166]. Deprotonated
reduced flavin adenine dinucleotide (FADH−) is found in
all known photolyases as a catalytic cofactor, which transfers
energy in the form of an electron to the CPD, splitting the
cyclobutane ring with the generation of two monomeric
bases [157, 167] (Figure 9).

In comparison to other eukaryotic systems, reports on
the repair of UV-induced DNA damage in plants are still
very limited. To avoid the deleterious effects of UVR, plants
have acquired two main protective strategies; shielding by
flavonoids and phenolic compounds [168, 169] and DNA
repair by photoreactivation. Photoreactivation mediated by
the enzyme photolyases is thought to be the major DNA
repair pathway in several higher plants such as rice, Ara-
bidopsis, wheat, and maize [170–172]. Studies on Arabidopsis
seedling, rice, and alfalfa indicate that photoreactivation

greatly enhances the rate of removal of dimers, although,
in the absence of photoreactivating (blue) light, dimers are
slowly eliminated from bulk DNA and 6-4PPs are generally
observed to be repaired more quickly than CPDs [173, 174].
Plants grown in the presence of photoreactivating radiation
can eliminate the majority of both 6-4 products and CPD
lesion within hours, or in some cases minutes, of their induc-
tion [30]. The structural information about the interaction
between CPD lesions and photolyases became clear with the
help of X-ray crystallography [175] and nuclear magnetic
resonance (NMR) spectroscopy [176]. However, how DNA
photolyases find lesions in the DNA molecule is still not clear
[158]. It has been observed that about 240 KJ/mol of energy
is captured upon absorption, out of which about 125 KJ/mol
energy is consumed during the initial electron transfer from
the excited FADH to CPD lesions [177]. The splitting of
CPD lesion proceeds rapidly within 0.6 nanosecond [167,
178]. The back-transfer of electrons from the CPD lesion
to the FADH radical is efficiently avoided by the enzyme
before completion of cleavage of the cyclobutane ring [157].
With the help of ultrafast femtosecond laser spectroscopy,
MacFarlane and Stanley [178] have suggested that photolyase
enzyme is indeed left in the semiquinonid state after accom-
plishment of repair of the CPD lesion. However, Kavakli
and Sancar [179] have analyzed the role of intraprotein
electron transfer in photoreactivation by DNA photolyase
and found that photoreduction process is not a regular part
of the photolyase photocycle under physiological conditions,
because the enzyme may undergo at least 25 repair cycles
before loosing its activity. After completion of DNA repair,
a thymine pair is flipped back into the duplex DNA to form
a hydrogen bond with their complementary adenine base.
Fourier transform infrared spectroscopy (FTIR) has revealed
that the relaxation of DNA backbone proceeds very slowly
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than the repair of CPD lesions [180]. In the absence of
photoreactivating light, the enzyme binds to pyr <> pyr
and stimulates the removal of UV damage by stimulating
the NER system in vivo or in vitro and defense against DNA
damage even in the absence of light [181].

10. Excision Repair

Unlike photoreactivation, excision repair is a multistep, dark
repair pathway, where an abnormal or damaged base is
removed by two major subpathways: (i) base excision repair
(BER) and (ii) nucleotide excision repair (NER).

10.1. Base Excision Repair (BER). BER is the predominant
DNA repair pathway against base lesions arising from
hydrolytic deamination, strong alkylating agents, ionizing
radiation (IR), or by different intracellular metabolites and,
indirectly, also by UV radiation via generation of ROS [182–
184] and proceeds through a series of repair complexes that
act at the site of DNA damage [185, 186]. The efficiency and
specificity of the repair pathway are determined by several
forms of DNA glycosylase which removes different types of
modified bases (Table 3) by cleaving the N-glycosidic bond
between the abnormal base and deoxyribose creating either
an abasic site or an SSB [187]. Recently, Parsons et al. [188]
have discovered that the formation of DNA repair complexes
on damaged DNA stabilizes BER proteins. On the contrary,
BER proteins that are not involved in repair are ubiquitylated
by carboxyl terminus of Hsc70 interacting protein (CHIP)
and subsequently degraded by the proteasome.

The extent of BER conservation among E. coli and
mammals has led to progress in our understanding of
mammalian BER and here, a general overview of the
mammalian BER pathway will be discussed. As a result
of multiple interactions with a number of repair proteins
XRCC1 plays a crucial role in the coordination of BER
and SSB repair [189]. The interaction between XRCC1
and polymerase β (Pol. β) and its functional aspects was
confirmed after UV-A-induced oxidative damage in living
mammalian cells [190]. The AP-site is removed by the action
of AP endonuclease-1 (APE-1) along with phosphodiesterase
that breaks the DNA strand along 5′ or 3′ to the AP site,
respectively, and subsequently the gap is filled by a repair
DNA polymerase and the strand is joined by a DNA ligase
(Figure 10) [182, 191]. It has been reported that the repair
Pol. β itself has the capacity to excise the 5′ deoxyribose
phosphate residues, that is, generated by the combined
actions of DNA glycosylase and ClassII AP endonuclease
[192]. The major APE-1 that was discovered independently
as an abasic site-specific endonuclease homologous to the
E. coli Xth protein [193] incises duplex oligonucleotides
containing 5,6-dihydroxyuracil (DHU), 5-hydroxyuracil (5-
ohU), and alpha-anomeric 2′-deoxynucleosides (i.e., αdA
and αT) residues in human cells [194].

DNA having one nucleotide lesion is removed by
short-patch BER (SP-BER) whereas two/more nucleotide
lesion is repaired by long-patch BER (LP-BER) pathway
[195] (Figure 10). Recently, Almeida and Sobol [184] have

proposed a unified model of SP-BER and LP-BER. On the
basis of measuring the BER efficiency and presence of a
single modified base in a plasmid molecule transfected into
mammalian cells, Sattler et al. [196] made the first attempt
to verify the occurrence of LP-BER in vivo. It is assumed
that majority of repair takes place through SP-BER, initiated
either by monofunctional or by bifunctional glycosylase
[184]. The pathway of SP-BER after excision of damaged base
involves the recruitment of poly (ADP-ribose) polymerase-1
(PARP-1) followed by scaffold protein XRCC1 and DNA pol.
β to replace the damaged nucleotide. DNA ligase III (Lig.
III) seals the nick and restores the intact DNA.

It has been observed that radiation- (X-rays, γ-rays)
induced breaks exist mainly as 5′p and 3′p at the margin of
the gap [197, 198] which is converted by the polynucleotide
kinase (PNK) or APE1 into 5′P and 3′OH moieties, necessary
for the DNA synthesis [199]. Unlike SP-BER, LP-BER
involves proliferating cell nuclear antigen (PCNA) coupled
with DNA pol. −δ/ε or β which extends and fills the gap
by inserting 2–13 nucleotide [184]. The replication factor C
(RF-C) is required to load PCNA onto the damaged DNA
[195]. The flap endonuclease (Fen1) protein then displaces
the ensuing DNA flap leaving a nick which is ligated by DNA
ligase I (Lig. I) [200, 201].

In several plant species, some of the genes requisite
for dark repair have been identified [171, 172, 202–204].
The available evidence supports the additional existence of
enzyme-mediated excision-repair mechanisms in a variety of
systems including pollen, whole seedlings and plants, and
protoplasts derived from leaves and cultured cells [205, 206].
The formation of AP sites has been observed in seeds of
Zea mays during early germination. This phenomenon was
attributed to the action of DNA glycosylases on lesions accu-
mulated during seed storage [207], implying the presence of
BER in this species. Likewise, an enzyme activity attributed
to uracil-DNA glycosylase was found in cultured cells of
Daucus carota [208]. Recently, it has been reported that the
mechanisms of BER and NER (but not photoreactivation) in
higher plants are active in proliferating cells [172].

10.2. Nucleotide Excision Repair (NER). NER is critically
important in the repair of UV-induced DNA lesions and is
one of the most versatile and flexible repair systems found in
most organisms but highly conserved in eukaryotes. It sorts
out a wide range of structurally unrelated DNA lesions, such
as CPDs and 6-4PPs caused by UVR, bulky chemical adducts,
DNA-intrastrand crosslinks, and some forms of oxidative
damage, that cause helical distortion of the DNA double
helix as well as modification of the DNA chemistry and
interfere with DNA duplication and transcription [209, 210].
Although both 6-4PPs and CPDs are removed presumably by
the same NER proteins, the relative repair efficiency of both
of these lesions varies considerably in mammalian cells. It
has been established that in human and hamster cells, the
elimination of 6-4PP is at least fivefold faster than that of
CPDs [211].

Discovery of NER was first described in E. coli [212,
213] where about six proteins such as UvrA, B, and C
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Table 3: DNA glycosylases and their probable substrate in bacteria, yeast, and human (modified from Sinha and Häder [22]).

Glycosylases Organisms Genes Substrate

(1) Uracil DNA glycosylase

E. coli Ung uracil from ss- and ds-DNA

Dug/mug
U from U : G, ethenocytosine, hypoxanthine and
5-hydroxycytosine

Dut ?

S. cerevisiae UNG Uracil

Human UNG1/UNG2 uracil from ss- and ds-DNA

SMUG1 uracil from ss-DNA, hydroxymethyluracil, formyluracil

(2) 3-methyl adenine DNA
glycosylase

E. coli tag 3-methyladenine

alkA
3-methyladenine, 7-methylguanine, 2-methylcytosine,
5-formyluracil

S. cerevisiae MAG1 3-methyladenine, 7-methylguanine

Human
MPG
Aag

3-methyladenine hypoxanthine

(3) UV-endonuclease

T4 den V cis-syn-cyclobutane-type pyrimidine dimer

E. coli ? ?

Bacillus subtilis UVDE Pyrimidine dimers

S. cerevisiae ? ?

S. pombe UVDE Pyrimidine dimers

Human ?

(4) Endonuclease
III/thymine glycol DNA
glycosylase

E. coli Nth 5-hydroxycytosine, thymine glycol, urea

S. cerevisiae NTG1

oxidative DNA damage, thymine glycol and
formamido-pyrimidines, oxidized pyrimidines, 2
formamido-pyrimidine-G, Me7-
formamido-pyrimidine-G

NTG2
oxidative DNA damage, Thymine glycol and
formamido-pyrimidines residues, 5-hydroxycytosine,
oxidized pyrimidines, Me7-fapy-G

Human NTH1 oxidized guanine lesions

(5) Endonuclease VIII

E. coli nei
Thymine, thymine glycol, urea, 5-hydroxycytosine,
dihydrothymine, and b-ureidoisobutyric acid

S. cerevisiae ? ?

Human NEIL1
5-hydroxyuracil, 5-hydroxycytosine, 5,6-dihydrouracil,
thymine glycol, formamido-pyrimidines (FapyA/G)

NEIL2 5-hydroxyuracil and 5-hydroxycytosine

NEIL3 ?

(6) fapy/8-oxoguanine
DNA glycosylase

E. coli fpg/mutM
2,6-diamino-5-formamidopyrimidine
8-oxo-7,8-dihydroguanine, 5-hydroxycytosine

S. cerevisiae OGG1
2,6-diamino-5-formamidopyrimidine 8-oxoG, 2
formamidopyrimidine-G,
Me7-formamidopyrimidine-G

Human hOGG1 8-hydroxyguanine, Me7-formamidopyrimidine-G

(7) A-G-mismatch DNA
glycolsylase

E. coli mut Y Adenine/C

S. pombe spMYH 2-aminopurine/G and A/2-aminopurine, Adenine/C

Human MYH Adenine from G : A, 8-oxoG : A, 2-hydroxyadenine

(8) G-T-mismatch DNA
glycosylase

E. coli ? ?

M. ther-
moautrophicum

Mig-Mth Thymine residues from T-G mismatches

S. pombe thp1 Uracil from G : U

Human
MBD4
(≈MED1)

Thymine from T : G

TDG Recognizes a G : T mispair in a CpG sequence
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Table 3: Continued.

Glycosylases Organisms Genes Substrate

(9) Formyluracil DNA
glycosylase

E. coli mug Formyluracil mispaired with A & G

mutM ?

mutS Formyluracil mispaired with G

S. cerevisiae ? ?

Human MBD4 Formyluracil mispaired with G

hNTH1 ?

(10) Hydroxymethyl uracil
DNA glycosylase

E. coli ? ?

S. cerevisiae ? ?

Human ? 5-hydroxymethyluracil mispaired with G

ROS, alkylation, deamination,
IR (X-rays, γ-rays)

Modified base AP site SSB

APE1 PNK

P

DNA glycosylase

∗

∗

APE1

pol.-δ/ε

XRCC1

PARP

Pol. β

FEN1PCNA

RFC

XRCC1

Pol. β

XRCC1 Pol. β

5′p

5′p

pp

5′p

5′p

DNA lig. III DNA lig. I

3′OH

(a) SP-BER (b) LP-BER

Figure 10: Schematic overview of mammalian SP-BER (a), and LP-BER (b). SP-BER is initiated by the activity of glycosylase and APE1,
followed by scaffold protein XRCC1 and pol. β to remove the damaged nucleotide and DNA ligase III seals the nick. In case of LP-BER,
after DNA damage by ionizing radiation, PNK is recruited to convert the damaged ends to 3′OH and 5′P moieties. Here PARP1/2, followed
by XRCC1, is involved. PCNA and DNA pol. β and/or pol. −δ/ε extend and fill the gap by >2 nucleotides. Replication factor-C (RFC) is
required to load the PCNA on DNA. Ultimately the resulting 5′flap of DNA is removed by the flap endonuclease I (FEN1) and subsequently
the nick is sealed by DNA ligase I.

(known as ABC-complex, which shows excinuclease activ-
ity), UvrD (helicase II), DNA polymerase I (pol. I), and
DNA ligase are recruited to complete the repair [214, 215].
Eukaryotic NER is known to be similar to prokaryotes
regarding the biochemical strategy used but differs widely

in the nature and number of proteins used [210]. The
eukaryotic NER pathway has extensively been studied at
the molecular level in yeast and human cells. A schematic
representation of the NER pathway in human is illustrated
in Figure 11.
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Figure 11: Molecular mechanisms of global genome nucleotide excision repair (GG-NER) and transcriptional coupled nucleotide excision
repair (TC-NER) in mammals. For details see the text.

NER can be subdivided into differentially regulated
subpathways such as global genome NER (GG-NER) and
transcription-coupled NER (TC-NER): repair of lesions over
the entire genome, referred to as global genome repair
(GGR), and repair of transcription-blocking lesions present
in transcribed DNA strands, referred to as transcription
coupled repair (TCR). Both repair systems removed a wide
range of UV-induced DNA lesions in a sequential way that
includes damage recognition, opening of DNA double helix
at damage site, and dual incisions on both sides of the lesion
followed by resynthesis and ligation [210, 216] (Figure 11).
In human XP-C cells, where the removal of 6-4PP takes place
through the TCR pathway, the repair seems to be threefold
slower as compared to normal cells. This indicates that the
GGR is the most preferred and efficient pathway for 6-4PP
removal [211].

11. Mechanistic Differences between GG- and
TC-NER in Mammalian Cells

Global genome repair (GGR) is a random process that occurs
gradually, whereas TCR, which is firmly linked to RNA
polymerase II (RNA pol II) transcription, is highly specific
and efficient. NER defects are associated with a surprisingly
wide clinical heterogeneity.

It is assumed that TC-NER proceeds when the tran-
scription machinery RNA pol II encounters a lesion. To
progress the transcription-coupled repair (TCR), the stalled

polymerase must be displaced, which is brought about by
the recruitment of two proteins CSA and CSB. The CSA
protein (44 kDa) which belongs to “WD repeat” family
of proteins exhibits structural and regulatory roles and
CSB proteins (168 kDa) which belong to SWI/SNF family
of proteins exhibit DNA-stimulated ATPase activity [217–
219]. As stated earlier, elongation of active RNA pol II
is prerequisite for efficient TCR; the CSA and CSB gene
products are required for efficient repair only during the
elongation stages of RNA pol II transcription. It has been
suggested that the RNA pol II backs up some nucleotides
upon encountering the lesion to facilitate the accessibility
of the repair machinery to the lesion site [220, 221]. It
is expected that the CSB protein ubiquitinates the stalled
elongating RNA pol II complex at the lesion and enhances
the assembly of repair factors [222]. However, the fate and
the role of ubiquitylated RNA pol II have yet to be clarified
[223]. Recently, Fousteri et al. [224] has revealed that CSB is
a prerequisite factor in vivo to assemble NER proteins while
it is not essential to recruit TFIIH or NER complex in vitro.
In living human cells, Proietti-De-Santis et al. [225] have
shown that CSB is required during the first phases of RNA
pol II transcription initiation. At higher dose of UV radiation
(i.e., used for 6-4PP detection), elongation of RNA pol II is
greatly impaired, affecting the efficiency of TCR. Hence, at
higher UV radiation the GGR overrules the TCR pathway
[55]. The probable relationship between TCR and blockage
of RNA transcription subsequent to UV-irradiation may
possibly be due to CSB which acts as a chromatin remodeling
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Figure 12: Different pathway for recognition of DNA lesions such
as CPD and 6-4PP. In case of CPD photoproduct (cause little
distortion), XPC complex binds to the lesion after recruitment of
UV-DDB whereas 6-4PP that distorts the DNA helix to a great
extent can be recognized either by interacting with prebound UV-
DDB or directly by XPC complex.

factor at both levels, allowing either the recruitment of
the transcription machinery at the initiation sites or the
remodeling of the stalled RNA polymerase allowing the NER
factors to access the lesion [223].

In GG-NER pathway, lesions produced in transcription-
ally silent areas of the genome are recognized by hHR23B-
XPC protein complex in an energy-independent manner.
The rate of GGR strongly depends on the type of lesion. For
instance, 6-4PPs are removed much faster from the genome
than CPDs, possibly because of disparity in affinity of the
damage sensor hHR23B-XPC. XPC is the sole XP factor
not essential for TCR and is restricted to GGR [211]. It
is supposed that XPC binds preferentially to the stretch of
ssDNA that occurs in the nondamaged strand, opposite to
a lesion [252]. However, association of UV-damaged DNA-
binding protein (UV-DDB) with a cullin-based ubiquitin
ligase has revealed novel mechanistic and regulatory aspects
of mammalian GG- NER. It was reported that XPC and
UV-DDB materialize to assist for the efficient recognition
of UV-induced photolesions and that both factors are
ubiquitylated [250, 253]. Lesions that cause little distortion
can be recognized by the DDB complex which is also part
of an E3 ubiquitin (Ub) ligase that poly-ubiquitinates XPC
and XPE [216]. A mechanistic pathway for recruitment of
XPC complex to the major UV-induced photolesions (i.e.,
CPDs and 6-4PPs) has recently been elucidated [216, 253].
It was shown that DDB complex is recruited first to the
lesion (CPD) before the XPC complex, on little distorted
DNA helix; however, in case of large distortion of the DNA
helix caused by 6-4PPs, direct recognition by XPC is also
possible for this lesion (Figure 12) [216, 253]. However, the
method by which XPC locates a lesion in the vast excess
of undamaged DNA in the enormous mammalian genome
is not clear [254] and it needs more investigation. On
the basis of DNase I footprinting, Sugasawa et al. [226]
showed that hHR23B-XPC attaches directly to DNA damage
and alters the DNA conformation around the lesion. The

XPC protein (125 kDa) is complexed with hHR23B protein
(58 kDa). These two proteins are human homologs of the
yeast (S. cerevisiae) NER factor Rad4 and Rad23, respectively
(Table 4). In mammalian cells, the quantity of hHR23B is
higher than the XPC [255] and in vitro activation of the
later protein is stimulated by hHR23B possibly in a structural
quite than a catalytic way [256, 257]. It has been assumed that
hHR23A can substitute for hHR23B in complex formation
and stimulation of XPC repair activity [258]. Both hHR23A
and -B harbor a ubiquitin-like moiety at their amino
terminus [230]. hHR23B-XPC complex or only XPC exhibits
a similar high affinity for both UV-induced single-stranded
DNA (ssDNA) and double-stranded DNA (dsDNA) [230,
259], preferentially binds to DNA with various lesions [259]
and even to small bubble structures with or without a lesion
[260]. hHR23B-XPC is absolutely required for dual incision
as well as for open complex formation during GG-NER [243,
261]. Overall, it has been distinguished that RNA pol II with
the recruitment of two proteins (i.e., CSA and CSB) proceeds
the TCR while hHR23B-XPC complex is the first factor
in NER that initiates GGR by sensing and binding lesions,
locally distorting the DNA double helix and recruiting the
other factors of the system [227].

After initial steps of damage recognition, the subsequent
pathway for both GGR and TCR system is almost similar. The
unwinding of DNA double helix at the site of lesion takes
place by the components of multi-subunit transcription
factor-IIH (TFIIH). TFIIH is a ten-subunit protein complex
(Table 4) composed of a core complex (XPB, XPD, p62,
p44, p34, p52, p8) and of a cdk activating kinase (CAK)
subunit (Mat1, Cdk7, CyclinH) [236]. TFIIH is usually
involved in initiation of RNA Pol II transcription, but upon
DNA damage can be employed in cell cycle regulation and
NER (both in global genome and TC-NER) [228, 235].
Two subunits of TFIIH such as XPB (3′ to 5′ helicase)
and XPD (5′ to 3′ helicase) are responsible for opening of
DNA double helix around the lesion in an energy (ATP)
dependent manner. It has been found that the XPD helicase
activity is dispensable for in vitro transcription [262] but
seems to play an additional architectural role within the
complex by connecting the core TFIIH with the CAK subunit
[228, 236]. After opening of DNA double helix by TFIIH,
three proteins such as RPA, XPA, and XPG are recruited.
The exact order of assembly of these proteins is not clear.
Both XPA and RPA can recruit with the DNA lesions in
absence of XPG, and similarly XPG can also join the damage
sites in the absence of XPA [238, 239]. Moreover, XPA and
heterotrimeric replication protein A (RPA; RPA70, 32 and
14) are recruited to confirm the presence of DNA damage
and form a more stable preincision complex [185]. RPA
was found to be required both for the dual incision and
for the repair synthesis steps of NER [263]. It was assumed
that RPA binds the nondamaged strand of the opened DNA
bubble, thus allowing exact positioning and stimulation of
the endonuclease activities of XPG and ERCC1-XPF [246,
247]. XPG, which belongs to flap endonuclease-1 (FEN-
1) family of structure-specific endonucleases [264], is not
only involved in performing the 3′ incision in NER but also
required for stabilizing the fully open DNA bubble structure
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Table 4: NER proteins and their probable role in human and S. cerevisiae.

NER Factors
Name

Function References
Human Yeast S. cerevisiae Size (a.a)

XPC-hHR23B

XPC Rad4 940
Binds damaged DNA; recruits other NER
proteins; works with hHR23B. involved
only in GGR

[22, 226, 227]

hHR23B Rad23 409 Stimulates XPC activity in vitro; contains
ubiquitin domain

[22, 227–229]

hHR23A Rad23 363 Can substitute for hHR23B in vitro [227, 230]

CEN2 — 172 Stabilizes the XPC-hHR23B complex [216, 231]

TFIIH

XPB Rad25/SSL2 782 3′→5′ helicase [227, 232, 233]

XPD Rad3 760 5′→3′ helicase [227, 233, 234]

p34 TFB4 303 DNA binding? [227, 228, 235]

p44 SSL1 395 DNA binding? [227, 228, 233]

p62 TFB1 548 Core TFIIH subunit [227, 228, 236]

p52 TFB2 462 Core TFIIH subunit [227, 228, 233, 236]

Mat1 TFB3 309 CDK assembly factor; CAK subcomplex [227, 228]

Cdk7 Kin28 346
CDK, C-terminal domain kinase; (CAK)
subcomplex; phosphorylates RNA pol. II
and other substrates

[227, 228]

Cyclin H CCL1 323 Cyclin; CAK subcomplex [227, 228]

TFB5/TTDA (p8) Tfb5 71 Stabilizing subunit [228, 237]

XPA XPA Rad14 273
Binds damaged DNA and facilitates
repair complex assembly; affinity for
ssDNA

[183, 238, 239]

RPA70 Rfa1 616 Stabilizes opened DNA complex;
positions nucleases; ssDNA binding

[227, 240–242]

RPA RPA32 Rfa2 270 Stabilizes opened DNA complex;
positions nucleases; ssDNA binding

[227, 240–242]

RPA14 Rfa3 121 Stabilizes open complex (with
XPA/Rad14)

[22, 240, 241]

XPG XPG Rad2 1186 Endonuclease (catalyzes 3′ incision);
stabilizes full open complex

[228, 243–245]

ERCC1-XPF
ERCC1 Rad10 297

Part of structure-specific endonuclease;
catalyzes 5′ incision; interstrand
cross-link repair

[227, 246–248]

XPF Rad1 905
Part of endonuclease (5′-incision);
recombination via single-strand
annealing

[227, 246, 249]

DDB
DDB1 — 1140 CPD recognition? [228, 250, 251]

DDB2 — 428 Chromatin remodeling? [228, 251]

and to permit the 5′ incision by ERCC1- XPF [265]. Subse-
quently, the injured part of the DNA is removed by cleaving
the damaged strand towards 3′ and 5′ of the lesion by
endonuclease XPG and XPF/ERCC1 complex, respectively,
generating a 24–32 base oligonucleotide fragment [183]. It
has been found that E2F1 plays a direct, non-transcriptional
role in DNA repair involving increased recruitment of NER
factors to sites of UV-induced DNA damage [266]. Finally
the gap is filled by DNA polymerase δ or ε (along with
some accessory proteins, like PCNA and RFC) and sealed

by DNA ligase. It is assumed that ligase-I is responsible for
ligation of remaining nick [267], but very recently it has
been reported that mostly ligase III, in cooperation with its
partner XRCC1 seals the DNA nicks and ligase I plays a
minor role in actively replicating cells, but not in quiescent
cells [268]. Recently, several workers have tried to dissect
the molecular mechanisms of TC-NER [216, 223, 244, 269].
In spite of the above facts, more investigations are still
required to improve our understanding of the GGR and TCR
pathways.
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Several observations provide evidence that “dark” repair
of UV-induced NER is a significant DNA repair mechanisms
in plants that is capable of excising dimers, particularly 6-
4PPs [30, 270]. Genetic and genomic analysis indicates that
plant NER pathway is homologous to that of mammals
and fungi and unrelated to the bacterial system [204, 271–
273]. Based on the reduction of nuclear CPD frequency, the
presence of NER has been reported to occur in several plants
such as Glycine max and cultivars of Oryza sativa [274, 275].
Furthermore, CPDs were found to be excised from the
nuclear DNA of Daucus carota and Wolffia microscopia at
rates dependent on damage levels and comparable to those in
animal cells [205, 275]. A UV-specific endonuclease resem-
bling UvrABC nuclease in activity was partially characterized
from spinach [206]. Classical genetic analysis has resulted in
the identification of at least four complementation groups
required for this repair in Arabidopsis (UVR1, UVR5, UVR7
and UVH1) [276–278] and many more UV-sensitive mutants
await further genetic and phenotypic characterization [206].
Moreover, a plant homologue of human NER gene of
the endonuclease, ERCC1, has been cloned from Lilium
longiflorum which showed a similar role in DNA repair in
plants [279].

12. Recombinational Repair

It is one of the widespread mechanisms which efficiently
repair double-strand breaks (DSBs) and single-strand gaps
in damaged DNA by a series of complex biochemical
reactions, as a result of ionizing radiation, UVR, ROS,
and chemotherapeutic genotoxic chemicals [5]. The lethal
effects of double strand breaks (DSBs) can be conquered
by the existence of two independent pathway, such as
homologous recombination (HR) and non-homologous end
joining (NHEJ). Multiple proteins are required for DSB
repair by recombination, which are conserved among all
eukaryotes and deficiencies in this repair mechanism can
cause hereditary diseases. For instance, mutation of at least
one of these repair proteins, called BRCA1 may lead to
hereditary breast cancer [280]. Evidence suggests that BRCA1
could be one of the key players in DNA damage response
[281]. DSB repair through HR process is an error free
pathway, since, it requires an extensive region of sequence
homology between the damaged and template strands,
whereas NHEJ is an error prone, alternate pathway for the
repair of DSBs, essentially joins broken chromosomal ends
independent of sequence homology.

12.1. Homologous Recombination. Repair of DSBs by HR
requires the genes of “RAD52 epistasis group” such as
RAD50, RAD51, RAD52, RAD54, RAD55, RAD57, RAD59,
MRE11 and XRS2, which were first defined in yeast Sac-
charomyces cerevisiae mutants. Homologues of most of the
genes are highly conserved among all eukaryotes including
human [282, 283] highlighting these genes for cell survival.
Among all, E. coli recA gene and its eukaryotic homologs
RAD51s are the best recombination genes [284]. The recA
gene encodes a DNA-dependent ATPase that binds to

ssDNA and promotes strand invasion and exchange between
homologous DNA molecules [285]. Among eukaryotes,
the yeast S. cerevisiae and Schizosaccharomyces pombe have
four RAD51-like genes (RAD51, DMC1, RAD55/rhp55, and
RAD57/rhp57) [286, 287] whereas vertebrate animals and
plants have seven types of RAD51-like genes (RAD51,
-51B, -51C, -51D, DMC1, XRCC2, and XRCC3) [288]. The
eukaryotic RAD51s play a significant role in HR, maintaining
genome integrity in both mitotic as well as meiotic cell cycle
[288, 289]. There are 59% identity between S. cerevisiae,
human and mouse in the case of Rad51 protein (Rad51p)
and 30% identity to RecA protein of bacteria [290], whereas
yeast and human proteins are 60% identical in case of
Rad52 proteins (Rad52p) [291]. Yeast cell can exhibit both
“allelic” [292, 293] as well as “ecotopic recombination”
[294, 295] to repair a broken chromosome. Recombinational
repair is a significant UV-tolerance mechanism in plants
where UV-induced chromosomal rearrangements including
homologous intrachromosomal recombination events have
been found [296]. In mammalian cells the recombinational
pathway of DSBs, seems to be operated in late S- and G2-
phase, when DNA molecules are replicated and spatially
juxtaposed [297].

The first step of DSB repair via HR is the resection
of 5′ ends to produce a 3′ ssDNA overhang by means of
an exonuclease (such as RecBCD in E. coli, MRX-complex
in S. cerevisiae and MRN-complex in vertebrates). Rad51
(a functional homolog of the E. coli RecA) [298] is the
central protein in HR, binds the exposed single-stranded
tails forming a nucleoprotein filament and this early step
is promoted by a Rad55/Rad57 protein heterodimer [299]
by overcoming the inhibitory effects of the heterotrimeric
single-stranded DNA binding protein RPA [300]. Recently,
it has been reported that a member of the histone H2A
family, γ-H2AX protein plays an important role in the
recruitment of Rad51 protein in HR in eukaryotes [301].
The Rad51 nucleoprotein filament in association with other
repair protein searches the genome for an intact copy
of the broken DNA on the sister chromatid to form a
heteroduplex joint molecules or D-loop that is matured
in to a Holliday junctions (HJs). HJ is then resolved to
give crossover products (Figure 13). In E. coli, this HJ is
resolved by the positioning of RuvABC resolvasome, however
in eukaryotic cell, how this HJ is resolved to give crossover
products is not known. In S. cerevisiae, DNA DSB repair by
forming noncrossover product has been reported which does
not involve the processing of a double HJ structure. Virtually,
the joint molecule formation is followed by extension of
the incoming strand by DNA polymerases and branch
migration, leading to restoration of the genetic information
[283, 302].

12.2. Non-Homologous End Joining. When HR is inactivated,
an alternate pathway, that is, NHEJ becomes operative
for the repair of DSBs [303], that also involves a multi-
protein complex and has been found in organisms ranging
from a few prokaryotes to mammals. This suggests that
this mechanism has been conserved during the course of
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evolution, although, most of the protein factors, involved in
NHEJ were initialy identified in the mammalian cells [304].
Most of the DSBs produced by DNA damaging agents, do not
have ligatable termini, hence requires the action of nucleases
and DNA polymerases to generate them. The participation
of DNA polymerase in the NHEJ pathways is still a matter of
debate, however in vitro biochemical analysis in mammals,
suggest that DNA polymerase λ (Pol. λ) and/or polymerase
μ (Pol. μ) participates in NHEJ process at incompatible
DNA ends [80, 305, 306]. The NHEJ process is initiated by
the binding of specific protein to the broken ends, which
may acts as end bridging factor [307]. It has been shown
that Ku complex (a heterodimer of Ku70/Ku80 [≈86]) is
a major end binding factor in mammalian cells, possess
end bridging activity [308, 309]. The catalytic subunit of
DNA protein kinase (DNA-PKcs) is required in mammalian
NHEJ to bridge the DNA ends through their protein-protein
interactions [310, 311]. Cells lacking functional DNA-PK

components are known to have elevated sensitivity toward
UV irradiation [312].

Association of DNA-PKcs is followed by the recruitment
of other repair proteins (such as ligaseIV/Xrcc4, Artemis,
PNK and Polymerase X) to proceed the NHEJ repair [304]
(Figure 13). Recently, a third protein, designated as XLF
or Cernunnos [313] that has homology to Xrcc4, has
been identified and shown to co-associate with the DNA
ligaseIV/Xrcc4 complex [314, 315]. Artemis, a member of
β-lactamase superfamily, has 5′ → 3′ exonuclease activity.
In the presence of DNA-PKcs, Artemis can also function as
a 5′ → 3′ endonuclease. It has been found that Artemis
dependant DSB rejoining also requires ATM, Mre11-Rad50-
Nbs1 (MRN) complex, 53BP1 and H2AX [316–318]. The
yeast Hdf1/2 and Dnl4/Lif1 are the functional homology
of mammalian Ku and DNA ligaseIV/Xrcc4, respectively.
DNA ligase IV is absent in bacteria, however, in Bacillus
subtilis, the gene ykou/v has been found that encodes a
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polypeptide with ligase, primase and nuclease domains.
Genetic and biochemical evidence suggest that Mre11-
Rad50-Xrs2 (MRX) act as end bridging factor in yeast NHEJ,
since DNA-PKcs is absent in them [319, 320]. In case of
bacteria, the Ku proteins occur in homodimeric forms and
exhibits homology with eukaryotic Ku protein in some extent
[321]. Recombinational repair is a significant UV toler-
ance mechanism in plants where UV-induced chromosomal
rearrangements including homologous intrachromosomal
recombination events have been found [296]. Very few of the
plant genes involved in DSB repair have been identified. The
sequence of an Arabidopsis Rad51 homologue has been made
available [322]. It has been suggested that as in mammals,
breaks are repaired by nonhomologous recombination far
more frequently than via HR [202, 323].

13. SOS Repair/Response

The accumulation of massive amount of DNA lesions within
the cells under different specific physiological responses
[324] may lead to the occurrence of SOS repair system which
was well described in E. coli, where the involvement of more
than 40 genes have been found [325]. It has been found that
the bacterial NER is linked with all DNA damage response
through a network of reactions, known as SOS response
[326].

The accumulation of DNA lesions may interfere with
replication process, prompting cells to stop division, there-
fore giving time to the cell to repair damaged DNA and

proceeds DNA replication process [324]. SOS repair system
is initiated by interaction of two crucial proteins the RecA
and the LexA repressor which curbs the expression of SOS
genes by binding to their promoters [327] (Figure 14).
The proteolytic activity of RecA protein inactivates the
LexA repressor and induces all the genes to which LexA
is associated. A number of genes (or operon) collectively
known as din (damage inducible) gene such as uvrA, uvrB,
cho (uvrC homolog) and uvrD of E. coli NER take part in
SOS response [325, 328]. The SOS response is induced with
damage signal but it is highly mutagenic due to engagement
of error-prone DNA polymeraseV (UmuC/UmuD2 complex)
[329] and DNA polymerase IV [330] in E. coli. Interestingly,
it has been found that DNA polymerase IV (dinB) is also
involved in translesion synthesis in E. coli [331]. Majchrzak
et al. [324] examined the effects of SOS response on genome
stability of trinucleotide repeat sequences (TRS) in E. coli and
observed that SOS response genes destabilized the TRS tracts
and also altered the superhelical density of the plasmids.
Recently, the genes imuA and imuB have been described that
induce SOS mutagenesis in Caulobacter crescentus, but absent
in E. coli [332]. However, the number of genes responsible for
SOS repair system has still to be investigated.

14. Cell-Cycle Checkpoint Activation

In response to diverse genotoxic stresses such as UV radi-
ation, IR, chemicals used in medical therapy, by-products
of intra-cellular metabolism, several protective mechanisms
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including processes of DNA repair, Cell-cycle checkpoint
arrest and apoptosis (programmed cell death) develop within
the organisms to secure the genomic integrity. DNA damage
such as altered DNA bases, abasic site, DNA lesions (CPDs/6-
4PPs), strand breaks (DSBs/SSBs) may stop the progression
of cell-cycle temporarily to give opportunities to the cell for
DNA repair before replication or segregation of the affected
chromosome [333], or may induce an apoptotic program
to eliminate the damaged cells to avoid their carcinogenic
potential [334]. ROS may induce several types of DNA
lesions such as DSBs and SSBs, DNA-DNA and DNA-
protein cross links and base modifications [335]. It has been
shown that most of the chromosomal translocations produce
via aberrant processing of a DNA DSBs. Hence forth, we
discuss the DSBs/SSBs-induced cell-cycle checkpoint arrest
in eukaryotes mainly in mammals that play a critical role in
preventing chromosomal instability. Regulation of cell-cycle
checkpoint proceeds through a network of damage sensors,
signal transducers, mediators, and various effector proteins
[183]. Phosphatidylinositol-3 (PI3)-kinase related kinases
(PIKKs) ATM (ataxia telangiectasia mutated) protein, ATR
(ATM and Rad3 related) protein, and DNA-PK, with effector
proteins mediated cell-cycle checkpoint arrest (at G1/S,
G2/M, and intra S-phase), DNA repair and cell death have
been observed in mammalian cells [336]. It has been shown
that ATM and DNA-PK are activated by the presence of
DSBs where as activation of ATR takes place by single
strand regions of DNA [337, 338]. Activation of both ATM

and ATR results in phosphorylation of Chk2 and Chk1
respectively which transfer the DNA damage signal to the
cell-division cycle proteins Cdc25(A-C). Phosphorylation
of Cdc25 by Chk1/Chk2 leads to its ubiquitin mediated
degradation that results in G1 and S-phase arrest (Figure 15).
The prevailing evidence suggests that damage response
mediated activation of ATM/ATR either directly or via Chk2
phosphorylates p53, which transcriptionally activates the
Cdk inhibitor, p21, which arrest G1/S cell-cycle checkpoint
[336]. Recently, it has been reported that DNA damage
caused by UV radiation or ROS such as hydroxyl (OH) free-
radical results in ATM mediated phosphorylation of BID
protein that induce cell-cycle arrest in S-phase [339, 340].
The occurrence of DNA damage response in G2-phase,
leads to checkpoint mediator (claspin) dependent activation
of Chk1/2, followed by SCFβTrcP mediated degradation of
CDK-activating phosphatase Cdc25A [341, 342], that results
in arrest of multiple cell-cycle transition including the G2
checkpoint [343, 344]. The ubiquitin mediated destruction
of claspin and WEE1 (both proteins have conserved β-
TrcP phosphodegrons) eliminates the essential coactivator
of Chk1 and CDK inhibitor respectively allowing reaccu-
mulation of Cdc25A followed by Cdc25B and C, which
results in activation of cyclin-Cdk (cyclinB-Cdk1) complex
[345]. Under normal conditions, this latter complex being
active promotes G2/M transition and upon inactivation due
to DNA damage, blocks the G2 cell-cycle and unlike the
G1/S checkpoint this arrest seems to be partly p53/p21
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independent [183]. The intermediate component of this
pathway is β-TrcP (an adaptor protein) that links both WEE1
[346] and claspin [347–349] with the SCF ubiquitin ligase
complex and this SCFβTrcP acts as trigger of checkpoint initi-
ation where recognition of phosphodegron β-TrcP is exposed
after Chk1 mediated Phosphorylation of Cdc25A [350],
as well as checkpoint recovery which is linked with Plk1
mediated phosphorylation of claspin and WEE1 [347, 348].
Although, the exact mechanism(s) regarding the reactivation
of Plk1 during checkpoint recovery is still in dispute. The
malfunctioning of cell-cycle checkpoint as a result of chronic
damage and/or defects in DNA damage response (DDR)
components such as p53, p21, ATM, Chk2, BRCA1/2 tumor
suppressors, may induce several types of human disorder at
the expence of enhanced genomic instability [351].

In addition to the above mentioned repair mechanisms
several other repair machineries such as mutagenic repair
(or lesion bypass) and programmed cell death (PCD)
or apoptosis may become effective for the recovery of
genome against constant attack of numerous genotoxins.
UV-radiation, ionizing radiation and various chemicals are
responsible for most of the mutagenesis due to a process of
translesion synthesis in which a polymerase or replicative
assembly encounters a noncoding or miscoding lesion,
inserts an incorrect nucleotide opposite the lesion and
then continues elongation [5]. It has been reported that
translesion synthesis past a CPD, facilitated by pol. η, with
the insertion of adenines opposite both bases of a T∧T
CPD [352], where as 6-4TT may lead to a G insertion. In
Saccharomyces cerevisiae, pol. η and pol. ζ (consisting of Rev3
and Rev7 proteins) has been reported to replicate across a
T∧T CPD [353]. Polymerase η (pol. η) can also replicate
across a basic sites, AAF (acetylaminofluorene), guanine
adducts and cis-platinated guanines [352].

When the repair mechanisms are unsuccessful, it may
cause cellular senescence (permanent cell cycle arrest), onco-
genesis or apoptosis [354]. Apoptosis plays an essential role
in survival of the organisms by preventing the multiplication
of mutated chromosomes, normal embryonic development,
elimination of indisposed cells and maintenance of cell
homeostasis.

Acknowledgments

R. P. Rastogi acknowledges University Grants Commission,
New Delhi, India, for financial support in the form of a
fellowship. Works related to UV-B radiation effects are partly
supported by the project grant sanctioned by Department
of Science and Technology, Govt. of India, New Delhi
(SR/SO/PS-49/09).

References

[1] D. Lubin and E. H. Jensen, “Effects of clouds and strato-
spheric ozone depletion on ultraviolet radiation trends,”
Nature, vol. 377, no. 6551, pp. 710–713, 1995.

[2] R. P. Sinha, H. D. Kumar, A. Kumar, and D. P. Hader, “Effects
of UV-B irradiation on growth, survival, pigmentation
and nitrogen metabolism enzymes in cyanobacteria,” Acta
Protozoologica, vol. 34, no. 3, pp. 187–192, 1995.

[3] R. P. Sinha, R. P. Rastogi, N. K. Ambasht, and D.-P. Häder,
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P. Sinha, “Mycosporine-like amino acids profile and their
activity under PAR and UVR in a hot-spring cyanobacterium
Scytonema sp. HKAR-3,” Australian Journal of Botany, vol. 58,
no. 4, pp. 286–293, 2010.

[33] Z. Xie, Y. Wang, Y. Liu, and Y. Liu, “Ultraviolet-B exposure
induces photo-oxidative damage and subsequent repair
strategies in a desert cyanobacterium Microcoleus vaginatus
Gom,” European Journal of Soil Biology, vol. 45, no. 4, pp.
377–382, 2009.

[34] H. Wiseman and B. Halliwell, “Damage to DNA by reactive
oxygen and nitrogen species: role in inflammatory disease
and progression to cancer,” Biochemical Journal, vol. 313, no.
1, pp. 17–29, 1996.

[35] J.-S. Taylor, “DNA, sunlight, and skin cancer,” Journal of
Chemical Education, vol. 67, no. 10, pp. 833–841, 1990.

[36] T. Lindahl, “Instability and decay of the primary structure of
DNA,” Nature, vol. 362, no. 6422, pp. 709–715, 1993.

[37] M. Valko, C. J. Rhodes, J. Moncol, M. Izakovic, and M.
Mazur, “Free radicals, metals and antioxidants in oxidative
stress-induced cancer,” Chemico-Biological Interactions, vol.
160, no. 1, pp. 1–40, 2006.

[38] B. Halliwell and J. Gutteridge, Free Radicals in Biology and
Medicine, Oxford University Press, Oxford, UK, 4th edition,
2007.

[39] M. Dizdaroglu, “Oxidative damage to DNA in mammalian
chromatin,” Mutation Research, vol. 275, no. 3–6, pp. 331–
342, 1992.

[40] M. Valko, D. Leibfritz, J. Moncol, M. T. D. Cronin, M. Mazur,
and J. Telser, “Free radicals and antioxidants in normal
physiological functions and human disease,” International
Journal of Biochemistry and Cell Biology, vol. 39, no. 1, pp.
44–84, 2007.

[41] Y.-H. You, P. E. Szabo, and G. P. Pfeifer, “Cyclobutane
pyrimidine dimers form preferentially at the major p53

mutational hotspot in UVB-induced mouse skin tumors,”
Carcinogenesis, vol. 21, no. 11, pp. 2113–2117, 2000.

[42] J.-L. Ravanat, T. Douki, and J. Cadet, “Direct and indirect
effects of UV radiation on DNA and its components,” Journal
of Photochemistry and Photobiology B, vol. 63, no. 1–3, pp. 88–
102, 2001.

[43] J. Cadet, E. Sage, and T. Douki, “Ultraviolet radiation-
mediated damage to cellular DNA,” Mutation Research, vol.
571, no. 1-2, pp. 3–17, 2005.

[44] D. I. Pattison and M. J. Davies, “Actions of ultraviolet light
on cellular structures,” in Cancer: Cell Structures, Carcinogens
and Genomic Instability, L. P. Bignold, Ed., Birkhäuser,
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DNA alkylation can cause mutations, epigenetic changes, and even cell death. All living organisms have evolved enzymatic and
non-enzymatic strategies for repairing such alkylation damage. AlkB, one of the Escherichia coli adaptive response proteins,
uses an α-ketoglutarate/Fe(II)-dependent mechanism that, by chemical oxidation, removes a variety of alkyl lesions from DNA,
thus affording protection of the genome against alkylation. In an effort to understand the range of acceptable substrates
for AlkB, the enzyme was incubated with chemically synthesized oligonucleotides containing alkyl lesions, and the reaction
products were analyzed by electrospray ionization time-of-flight (ESI-TOF) mass spectrometry. Consistent with the literature,
but studied comparatively here for the first time, it was found that 1-methyladenine, 1,N 6-ethenoadenine, 3-methylcytosine, and
3-ethylcytosine were completely transformed by AlkB, while 1-methylguanine and 3-methylthymine were partially repaired. The
repair intermediates (epoxide and possibly glycol) of 3,N 4-ethenocytosine are reported for the first time. It is also demonstrated
that O 6-methylguanine and 5-methylcytosine are refractory to AlkB, lending support to the hypothesis that AlkB repairs only alkyl
lesions attached to the nitrogen atoms of the nucleobase. ESI-TOF mass spectrometry is shown to be a sensitive and efficient tool
for probing the comparative substrate specificities of DNA repair proteins in vitro.

1. Introduction

Nuclear and mitochondrial DNA is vulnerable to chemical
modification from exogenous and endogenous sources.
Exogenous sources include radiation, oxidation and alkyla-
tion by organic and inorganic chemical agents; endogenous
cellular processes that contribute to the burden of genomic
damage include enzyme-promoted oxidation, alkylation,
and deamination of DNA [1, 2]. Because DNA has many
potential nucleophilic reaction sites, such as the nitrogen
and oxygen atoms on the bases and the oxygen atoms on

the sugar and phosphodiester backbone, small alkylating
agents from the environment or from internally generated
sources form a remarkably vast array of covalent alkyl-DNA
adducts [3]. These adducts challenge the cell in several ways.
They can cause mutations and hence irreversibly reprogram
the destiny of a somatic or germ cell. They jeopardize the
epigenetic pattern that imprints long term gene regulation.
Moreover, adducts can block DNA and RNA synthesis,
inhibit mRNA transcription and translation, and lead to
strand breaks. To avoid the undesired effects of alkyl-DNA
lesions, living systems have developed a host of DNA repair
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systems that act as front line defenses against the threats that
these adducts pose to cellular welfare [1, 2].

The cellular response of E. coli to alkylation is an intricate
and fascinating system that includes a specific sensor of DNA
alkylation burden (monitored as the alkyl phosphotriester
concentration) that, when triggered, results in the expression
of four proteins that afford a robust global defense against
a broad array of alkyl DNA adducts [4–6]. When E. coli
experiences a low dose of a methylating agent, the alkylation
damage to DNA creates a signal for transcriptional activation
of the genes encoding the Ada, AlkA, AlkB, and AidB
proteins, each of which combats selective features of the
alkylation threat. The accumulation of those four proteins
affords E. coli resistance to the mutagenicity and toxicity of
subsequent higher doses of the alkylating agent [7]. This
process in E. coli is called the adaptive response, which
is activated by the Ada protein following its alkylation by
the aforementioned DNA backbone alkyl phosphotriester
that serves as the cellular barometer for alkylation stress
[4, 5]. The AlkA enzyme is a DNA glycosylase and works
against selected alkylated bases, such as 3-methyladenine
and 7-methylguanine, among others [2]. The AidB protein
is proposed to be a defensive operative that sequesters or
chemically inactivates alkylating agents before they can react
with DNA; its exact enzymatic activity and mechanism,
however, are still unknown [8]. The AlkB protein was
discovered to be an α-ketoglutarate- and Fe(II)-dependent
oxidizing enzyme that can efficiently repair various DNA
and RNA alkyl lesions [9, 10] (Figure 1). The reported
substrate scope for the AlkB enzyme encompasses either
simple methylated or ethylated DNA lesions, such as 1MeA,
3MeC, 3EtC, 1MeG, and 3MeT, or even lesions with bridged
two-carbon units, such as eA, eC, and ethanoA [2, 4, 11, 12]
(Figure 2). AlkB has many mammalian homologs, including
ABH1 through ABH8 and FTO, some of which have also
been proposed or proved to act upon alkylated DNA and
RNA [2, 4, 11, 12]. Since the discovery of the enzymatic
properties of AlkB, research on this protein and its homologs
has become a fertile research area.

In this work we utilized chemical synthesis to prepare
structurally defined lesions at specific sites within oligonu-
cleotides. The site-specifically modified oligonucleotides
were incubated with purified AlkB protein to allow a head-
to-head comparison of the substrate properties of various
alkyl lesions in the same DNA sequence context. This method
enabled us to monitor efficiently the ability of AlkB to repair
alkylation damage by a mass spectrometry tool employed
by us earlier in a limited manner with three DNA lesions
[13, 14]. This tool is demonstrated to have promise for
the high throughput comparative analysis of multiple and
diverse DNA repair substrates.

2. Materials and Methods

2.1. Oligonucleotide Synthesis. Oligonucleotides containing
the lesions in Figure 2 were made using solid-phase
phosphoramidite chemistry, and were deprotected, puri-
fied and characterized as described previously [13, 15–
17]. For all nine lesions, the 16 mer oligonucleotide

sequence was 5′-GAAGACCTXGGCGTCC-3′, (X = lesion);
for O6MeG, an additional sequence was made (5′-
GAAGACCGXTGCGTCC-3′, X = O6MeG). The calculated
MWs of the oligonucleotides are shown in Table 1. DNA
concentration was determined by UV absorbance using the
extinction coefficients (ε) at 260 nm (For any alkylated base,
we substituted its extinction coefficient with the extinction
coefficient of its unmodified counterpart due to the small
difference between the values in the context of 16 mer
DNA.).

2.2. In Vitro Reactions of Lesions with AlkB. All assays were
carried out with AlkB�N11, a truncated form of AlkB in
which the first eleven residues are deleted. AlkBΔN11 was
purified as described [14] and shown previously to have sim-
ilar activity to wild-type protein [14, 18]. All AlkB reactions
used similar conditions as previously described [13], the
major change being that all the reactions were performed in
HEPES buffer. Reactions were performed at 37◦C in 45 mM
HEPES (pH 8.0), 67 μM Fe(NH4)2(SO4)2·6H2O, 0.9 mM α-
ketoglutarate and 1.8 mM ascorbate. DNA 16 mer substrates
were as described in the previous section. Reactions were
conducted with 5 μM DNA (see Figures 3-5 for detailed
information) and with or without 2.5 μM AlkB in a 10 μL
volume. Reaction mixtures were kept on dry ice until ESI-
TOF MS analysis.

2.3. LC-ESI-TOF/MS Analysis. Oligonucleotide analyses
were performed on an Agilent ESI-TOF mass spectrometer
(Palo Alto, CA). ESI was conducted using a needle voltage
of 3.5 kV. Nitrogen gas was used with a setting of drying
10 L/min and setting of nebulizer 15 psig and a heated
capillary at 325◦C. Liquid chromatographic separations
were performed using a Zorbax SB-Aq column (2.1 ×
150 mm; 3.5 μm; Agilent Technologies, Palo Alto, CA)
with a flow rate of 0.2 mL/min. Solvent A was 10 mM
ammonium acetate in water and solvent B was 100%
acetonitrile. A linear gradient was performed in the
following steps: 2% to 30% B over 30 minutes, 30% to
2% B over 5 minutes, and 2% to 2% B over 10 minutes.
Data analyses were performed using Agilent MassHunter
Workstation software. For each individual lesion, we
assumed the 16 mer DNA oligo with the lesion and the
oligo with the undamaged counterpart have identical
extinction coefficients. In an effort to achieve unbiased
quantification of the repair reaction, we first extracted
the UV chromatogram by using two m/z values that
bracket all expected oligonucleotide species. The time
interval encompassing all extracted UV peaks was used to
generate the ion chromatogram containing all expected
oligonucleotide species. We found the −4 charge envelope
of each target oligonucleotide. Then we chose the highest
peak in each envelope to generate oligonucleotide-specific
UV profiles, from which we selected the maximum UV
absorbance at 260 nm to extract the ion abundance, whose
maximum peak in the envelope was used to calculate the
relative ratio between the oligonucleotides with the lesion or
the undamaged/transformed counterpart.
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Figure 2: Chemical structures and abbreviations of DNA lesions
screened as possible repair substrates for the AlkB protein using
ESI-TOF mass spectrometry. The repair target within each base is
highlighted in red.

3. Results

Nine 16 mer oligonucleotides were chemically synthesized
containing the alkyl-DNA adducts shown in Figure 2.
The sequence used was 5′-GAAGACCTXGGCGTCC-3′; the
flanking sequence of each lesion (X) was identical, fixing the
sequence context for the repair reaction. The 16 mers with
each lesion were incubated in HEPES buffer with the known

cofactors for the AlkB reaction: α-ketoglutarate, iron in the
+2 oxidation state, and ascorbate (see Section 2 for details).
For each lesion, two sets of experiments were conducted, one
with the AlkB protein and one in the reaction buffer without
the AlkB protein. Following the repair reaction, ESI-TOF
mass spectrometry was used to detect the reaction products.
The 16 mer oligonucleotides demonstrated a good signal in
the −4 charge envelope of the ESI-TOF spectra. To give one
example to illustrate the method of analysis, the molecular
weight (MW) of the 1MeG lesion in the 16 mer is calculated
as 4918.87 Daltons for the neutral species, and the MW of its
monoisotopic peak (all 12C, 14N, etc) when migrating with 4
negative charges (the−4 charge envelope) in the electric field
of the spectrometer is calculated as having an m/z of 1228.71
(all MW information is shown in Table 1). The multiple
peaks in each −4 charge envelope reflect the number of 13C
or other heavier isotopes (Figure 3). Again using 1MeG as
the example, its monoisotopic peak is observed as 1228.62.
This experimental result is considered consistent with the
theoretical calculation. The next peak in that envelope has
an m/z of 1228.87, 0.25 amu larger than the 1228.62 peak,
which indicates a species containing 13C, 15N or another
isotope that adds a nominal mass of 1.0 to the total weight
of the 16 mer (e.g., 0.25 = m/z = one 13C/a charge state of 4).
Additional peaks in the spectrum represent additional heavy
isotopes within the parental 16 mer.

3.1. N1-Methylguanine. N1-Methylguanine (1MeG) (Fig-
ure 2) has been found both in vitro [19] and in vivo [20].
The glycosylase AAG can repair the 1MeG lesion in vitro
[21]. Our group and others have observed that the AlkB
protein can repair 1MeG both in vivo and in vitro [15, 22].
In the in vivo assay, AlkB can partially overcome the strong
block of 1MeG to replication (lesion bypass increases from
2% in AlkB− cells to 16% in AlkB+ cells). Similarly, AlkB
causes a reduction in the mutagenicity of 1MeG from a high
frequency of 80% in AlkB− cells to 4% in AlkB+ cells [15].

In the in vitro incubation reaction without AlkB protein,
we observed the monoisotopic peak of the 1MeG 16mer
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Table 1: Calculated and observed monoisotopic molecular weight of oligonucleotides and intermediates present in the AlkB repair reactions.

Lesion or base
MW (calculated) m/z (calculated) m/z (observed)

of neutral species −4 charge monoisotopic peak −4 charge monoisotopic peak

G 4904.86 1225.21 1225.11

1MeG 4918.87 1228.71 1228.61/2

O6MeG 4918.87 1228.71 1228.62/3

A 4888.86 1221.21 1221.12/23

1MeA 4902.88 1224.71 1224.67

eA 4912.86 1227.21 1227.22/4

eA epoxide 4928.86 1231.21 1231.23

eA glycol 4946.87 1235.71 1235.72

C 4864.85 1215.20 1215.20/1

3MeC 4878.87 1218.71 1218.72

3EtC 4892.88 1222.21 1222.23

5MeC 4878.87 1218.71 1218.73

eC 4888.85 1221.20 1221.21/2

eC epoxide 4904.84 1225.20 1225.19

eC glycol 4922.86 1229.71 1229.69

T 4879.85 1218.95 1218.97

3MeT 4893.87 1222.46 1222.49

oligonucleotide for the −4 charge state at m/z of 1228.62
(Figure 3(a)), which correlates well with the calculated value
for the −4 charge monoisotopic peak (m/z = 1228.71). In
the presence of the AlkB protein (Figure 3(b)), we found
47% of the 1MeG was repaired to the undamaged guanine
base (−4 charge m/z = 1225.11) and 53% of the 1MeG
(−4 charge m/z = 1228.61) was unchanged. Whereas many
other lesions, such as 1MeA, 3MeC, 3EtC, or eA [13, 15],
are fully transformed, 1MeG is not. It is noteworthy that its
incomplete repair observed here is also in line with studies
done on the same lesion in vivo, which showed that 1MeG
has a relatively low efficiency of lesion bypass (16% for AlkB+
E. coli) [15].

3.2. O6-Methylguanine. O6-Methylguanine (O6MeG) (Fig-
ure 2) is formed when the genome is under alkylation attack
[23] and is an especially potent driver of G → A transition
mutations [24]. O6MeG is formed both endogenously [25,
26] and exogenously [27]. E. coli has two repair proteins
for such damage. The constitutive Ogt and the inducible
Ada proteins reverse methylation damage by transferring the
methyl group to one of the internal cysteine residues on each
protein. This transfer is a stoichiometric (“suicidal”) reaction
that irreversibly inactivates the repair proteins [5]; thus, Ogt
and Ada are not true enzymes since their active sites cannot
be regenerated. The mismatch repair (MMR) pathway has
also been reported to play an important role in the response
to O6MeG [28]. In the present work, it was our goal to test
whether AlkB can also act upon and possibly repair O6MeG.

For the O6MeG lesion, we synthesized two sets of
16 mers and named them as TXG and GXT according to
the neighboring nucleosides (see Section 2). In the mass
spectra of both TXG (Figure 3(c)) and GXT (Figure 3(e))
in the absence of the AlkB enzyme, we observed m/z values
of 1228.62 (TXG) and 1228.63 (GXT) for the −4 charge

monoisotopic peak, which are in good agreement with the
calculated m/z of 1228.71. For the reactions with AlkB
protein, we did not observe any repaired product nor any
structural modifications (as shown below, AlkB sometimes
fully removes the alkyl group but it sometimes can create
stable oxidized products that are distinct from both the
starting material and an unmodified base product). The
observed products of the reaction were identical to the
starting material: m/z of 1228.62 for TXG (Figure 3(d)) and
of 1228.62 for GXT (Figure 3(f)). These results indicate
O6MeG is not a substrate for AlkB in the in vitro experiments
under the reaction conditions tested, which provide for full
transformation of other lesions, such as 1MeA and eA.

3.3. N1-Methyladenine. N1-Methyladenine (1MeA) (Fig-
ure 2) is formed mainly in single-stranded DNA by alkylating
agents and has been detected in vitro [3, 9, 10, 19, 29–
31] and in vivo [3, 32–35]. These alkylating agents include
SN2 agents, such as methylmethanesulfonate (MMS) and the
naturally occurring methyl halides [5]. The AlkB enzyme
repairs 1MeA both in vitro and in vivo [15]. Studies of 1MeA
in vivo reveal that the lesion imposes a severe block to DNA
replication in AlkB− cells, which is completely removed
in AlkB+ cells. These results underscore the physiological
relevance of the AlkB system for countering the toxicity of
this base. While very toxic, 1MeA is only weakly mutagenic
in both AlkB− and AlkB+ cells [15].

In our in vitro study of 1MeA repair, the lesion was com-
pletely repaired to the undamaged base adenine (Figure 3(h),
m/z = 1221.12), while no change occurred in the absence
of the AlkB protein (Figure 3(g), m/z 1224.67). The in vitro
results confirm that 1MeA is a good substrate for AlkB.
Moreover, the current observations correlate very well with
the strong reparability of 1MeA suggested by earlier in vivo
lesion bypass studies [15].
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Figure 3: ESI-TOF analysis of 16mer reactants and products from
the in vitro incubation reactions of alkylated lesions and AlkB
protein. Data represent the −4 charge envelopes; multiple ion mass
peaks associated with each envelope reflect mostly the number of
13C atoms in each −4 charged packet. The monoisotopic peak (all
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(e) O6MeG (GXT); (f) O6MeG (GXT) + AlkB; (g) 1MeA; (h) 1MeA
+ AlkB; (i) eA; (j) eA + AlkB.

3.4. 1,N6-Ethenoadenine. The formation of 1,N6-ethenoade-
nine (eA) (Figure 2) may result from the reaction of adenine
with products of unsaturated lipid peroxidation [36–39] or
arise from normal physiological conditions in both rodents
and humans [40, 41]. The eA lesion is believed to be a
good biomarker of inflammation and oxidative stress. This
lesion may also be formed by exposure to the common
industrial agent vinyl chloride and its metabolites, such as
chloroacetaldehyde [42]. In duplex DNA, eA can be repaired
by the base excision repair (BER) pathway in vitro [21, 43]
and in vivo [44, 45]. Recently, it was shown that AlkB and
its human homolog ABH2 and ABH3 can repair eA in vitro
[13, 46, 47]. The direct reversal mechanism is also likely to
be operative in vivo. In AlkB- cells, eA is 35% mutagenic, but
less than 0.3% mutagenic in AlkB+ cells [13].

In our present in vitro study using mass spectrometry
to monitor the repair reaction, the oligonucleotide with
eA was observed at m/z of 1227.22 for its −4 charge
monoisotopic peak in the absence of AlkB (Figure 3(i)).
In the presence of AlkB, the eA lesion was mostly con-
verted to the undamaged product, adenine (m/z = 1221.23,
Figure 3(j)). The m/z difference at the −4 charge state
between the eA and A is 5.99 Daltons, which corresponds
to the ∼24 Dalton MW difference (two carbon atoms) of
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Figure 4: ESI-TOF analysis of 16 mer reactants and products from
the in vitro incubation reactions of eA and eC lesions with the AlkB
protein. Data represent the −4 charge envelopes; multiple ion mass
peaks associated with each envelope reflect mostly the number of
13C atoms in each −4 charged packet. The monoisotopic peak (all
12C, 14N, etc.) value is labeled above each peak envelope. (a) eA +
AlkB; (b) eC + AlkB.

the two products. We also observed peak clusters consistent
in MW with epoxide and glycol intermediates (Figures 1
and 4(a)), which are consistent with previous observations
[13].

3.5. N3-Methylcytosine and N3-Ethylcytosine. N3-Methylcy-
tosine (3MeC) (Figure 2) has been detected both in vitro
[3, 9, 19, 29–31, 48, 49] and in vivo [3, 20, 34, 49].
The corresponding ethyl homolog, N3-ethylcytosine (3EtC)
(Figure 2), also has been detected in vitro [3, 29] and in
vivo [3, 50]. In E. coli, the AlkB protein has good activity
against 3MeC and 3EtC both in vitro and in vivo [9, 10, 15].
The mutation frequency of 30% for both 3MeC and 3EtC in
AlkB- cells dropped to <2% in AlkB+ cells [15].

The m/z values of the starting material for 3MeC and
3EtC in the ESI-TOF mass spectra were 1218.72 (Figure 5(a))
and 1222.23 (Figure 5(c)), respectively. After incubation with
AlkB protein, the 3MeC and 3EtC residues were completely
repaired to the undamaged cytosine (m/z of 1215.21 for
3MeC, Figure 5(b); and of 1215.20 for 3EtC, Figure 5(d)).
The complete in vitro repair of these lesions establishes both
as good substrates for AlkB, consistent with findings from
previous in vivo bypass and mutagenesis assays [15].
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3.6. 5-Methylcytosine. 5-Methylcytosine (5MeC) (Figure 2)
is the naturally methylated form of cytosine seen in prokary-
otes and eukaryotes. This methylation does not disturb
the Watson-Crick base pairing ability of cytosine, and it
is not recognized as DNA damage. 5MeC is an important
epigenetic biomarker for mammalian development. It also
occurs in bacterial systems as a marker for restriction
endonucleases and as a marker used in a specialized type
of mismatch repair [51]. Recently, researchers found TET1,
an α-ketoglutarate- and Fe(II)-dependent enzyme, that can
oxidize 5MeC to 5-hydroxymethylcytosine [52]. We assessed
the ability of AlkB to act similarly on 5MeC.

In the reaction without the AlkB protein, the monoiso-
topic −4 charge peak of 5MeC appeared at m/z = 1218.73
(Figure 5(e)). In the incubation reaction with 5MeC plus
AlkB, the only peak in the spectrum corresponded to 5MeC
(m/z = 1218.73, Figure 5(f)). No peak corresponding to

5-hydroxymethylcytosine or the fully demethylated product,
cytosine, was observed, indicating that 5MeC is not an AlkB
substrate under the conditions of analysis.

3.7. 3,N4-Ethenocytosine. 3,N4-Ethenocytosine (eC)
(Figure 2) is produced from the same precursors and
by the same pathways that generate eA in DNA [36–38, 53].
The BER pathway (human thymine-DNA-glycosylase
(hTDG) in human and double-stranded uracil-DNA-
glycosylase (dsUDG) in E. coli) has been shown to suppress
the occurrence of this adduct [44, 53]. In E. coli, AlkB has a
modest effect on eC toxicity, but reduces the mutation of eC
from 82% in AlkB− cells to 37% in AlkB+ cells [13].

In our in vitro studies, the reaction of eC oligonucleotide
without the AlkB protein gave a −4 envelope signal at m/z
= 1221.22 (Figure 5(g)). The reaction with AlkB showed eC
to be a significant substrate for AlkB protein, although the
lesion was not fully repaired under conditions that fully
repaired other adducts, such as 1MeA and 3MeC. Only 67%
of the eC lesion was consumed (to cytosine, epoxide, and
glycol) and 33% of the eC remained intact (signal at m/z
= 1221.21, Figure 5(h)). We also observed a small amount
of the epoxide and possibly glycol products (Figure 4(b)),
comparable to the products found in the eA repair reaction
by AlkB [13]. These results strongly support the conclusions
from earlier in vivo experiments, and further show that eC
may be repaired by AlkB via an epoxide intermediate, which
is hydrolyzed to a glycol and then may be released as glyoxal
(Figure 1). This ESI-TOF analysis of eC with AlkB is the first
demonstration of the detailed mechanism and intermediates
of this lesion repaired by the AlkB protein in vitro.

3.8. N3-Methylthymine. N3-Methylthymine (3MeT) (Fig-
ure 2) has been found both in vitro [3, 19, 29, 31, 54]
and in vivo [54, 55] and is formed through the reaction
of thymine with SN2 alkylating agents such as MMS. This
adduct has been reported as a very weak substrate for
AlkB in vivo [15]. Recently, another α-ketoglutarate- and
Fe(II)-dependent demethylase, FTO (fat mass and obesity
associated) protein has been reported as an enzyme that can
efficiently repair 3MeT in ssDNA [12, 56, 57].

Our in vitro experiments confirm the ability of AlkB to
effectuate the partial repair of 3MeT as shown in the in vivo
assays. In the absence of the AlkB protein, the −4 envelope
monoisotopic peak of 3MeT appeared at m/z of 1222.49
(Figure 5(i)). In the reaction with AlkB protein, 47% of
3MeT was converted to thymine (m/z = 1218.97, Figure 5(j)),
leaving 53% unrepaired (m/z = 1222.49, Figure 5(j)).

4. Discussion

4.1. Advantages of Chemical Synthesis and ESI-TOF Mass
Spectrometry. In the in vitro experiments described above,
purified AlkB protein was incubated with oligonucleotides
containing individual DNA lesions within the same sequence
context. There are two ways commonly used to generate alkyl
lesions in DNA. The first is by treatment of an unmodified
oligonucleotide of known sequence with alkylating agents,
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such as MMS and N-methyl-N′-nitro-N-nitrosoguanidine
(MNNG), to generate a spectrum of alkyl lesions within
the oligomer. The second approach, which was used in
this work, utilizes chemical synthesis to incorporate a
modified DNA base into a defined sequence, thus providing
homogeneous targeted damage to be used as a substrate
for repair, replication, or other biochemical assays. All
nine lesions investigated in this paper were synthesized in
the same 16 mer background, thus eliminating sequence
context as a variable for rank-ordering the extent to which
each lesion may be repaired by the AlkB protein. We
then utilized high-resolution liquid chromatography-mass
spectrometry (LC-MS) to detect the reaction products. The
ESI-TOF mass spectrometry method utilized here allowed
us to achieve good signal with only 20 pmol of oligonu-
cleotide, establishing it as a viable tool for DNA repair
studies.

4.2. Substrate Scope for AlkB and Correlation of In Vitro Data
with In Vivo Results. As reported in the above sections, we
observed that the AlkB protein can repair different alkyl
lesions to varying extents. Under the current experimental
condition, good substrates for AlkB were 1MeA, eA, 3MeC,
and 3EtC, which were completely repaired or transformed
after a one-hour incubation at 37◦C, which mimics human
physiological temperature. The 1MeG, eC, and 3MeT lesions
are less efficient substrates for AlkB under the conditions
tested, and the extent of their transformation varied from
47% to 67%. The repair efficiency trends from the in vitro
experiments performed here are in line with previously
published in vivo results from lesion bypass and mutagenesis
assays performed in our laboratory using single-stranded
viral genomes site-specifically modified with each lesion,
which were passaged through AlkB− and AlkB+ E. coli
[13, 15]. The oxygen-attached lesion O6MeG in two sequence
contexts and the carbon-attached lesion 5MeC were not
repaired or transformed at all in the AlkB reactions under
the conditions tested. These results, combined with others
in the literature, suggest that AlkB repairs only those alkyl-
DNA lesions that are attached via the nitrogen atoms of
the bases and not lesions bound to carbon or oxygen
atoms.

5. Conclusions

There were two goals to the present study. The first was
to expand our earlier study of DNA repair in which we
used ESI-TOF to study repair of eA [13]. That work was
a systematic enzymatic analysis including demonstration
that this tool can capture real-time snapshots of the repair
reaction as it progresses from starting material, through
intermediates, and to products. In the present work, for the
sake of simplicity, one time point was chosen (that at which
eA repair was complete in the previous kinetic analysis).
At that time point (one hour), the ESI-TOF method is
shown to be of great value as a tool for rapid comparison
of many structurally different substrates. Having shown the
potential of this technology for real-time monitoring of DNA

repair reactions, future studies can use ESI-TOF and isotope-
labeling with multiple time points for each lesion to define
more accurately the kinetic parameters of their individual
repair reactions.

The second goal of this work was to probe, more
completely and systematically than in the past, the structural
requirements of the AlkB enzyme. Among the nine lesions
studied, we present direct new evidence for AlkB repair
of eC by a direct reversal mechanism, and buttress the
growing body of evidence that lesions connected to bases
at nitrogens are the major targets of this enzyme. Similar
analyses using the same substrate library as in the present
study could be performed using the eight known human
AlkB homologs as well as the FTO protein, TET1, and
other α-ketoglutarate- and Fe(II)-dependent enzymes. Such
studies will help further to define how this class of proteins
helps to protect the genome from DNA damage or helps to
modify gene expression programs.
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AFB1 is a potent recombinagen in budding yeast. AFB1 exposure induces RAD51 expression and triggers Rad53 activation in yeast
cells that express human CYP1A2. It was unknown, however, when and if Rad51 foci appear. Herein, we show that Rad53 activation
correlates with cell-cycle delay in yeast and the subsequent formation of Rad51 foci. In contrast to cells exposed to X-rays, in which
Rad51 foci appear exclusively in G2 cells, Rad51 foci in AFB1-exposed cells can appear as soon as cells enter S phase. Although
rad51 and rad4 mutants are mildly sensitive to AFB1, chronic exposure of the NER deficient rad4 cells to AFB1 leads to increased lag
times, while rad4 rad51 double mutants exhibit synergistic sensitivity and do not grow when exposed to 50 μM AFB1. We suggest
RAD51 functions to facilitate DNA replication after replication fork stalling or collapse in AFB1-exposed cells.

1. Introduction

Hepatocellular carcinoma (HCC) ranks fifth in worldwide
cancer mortality (for review, see [1]) and sixth in the
United States [2]. High-risk factors for HCC include expo-
sure to genotoxins, such as the mycotoxin aflatoxin B1

(AFB1), and infection with hepatitis B and C viruses [3].
Exposure to AFB1 is endemic in particular areas of China
and sub-Saharan Africa due to Aspergillus flavus (mold)
contamination of food and water [3]. A current hypothesis
is that regeneration of liver cells following chronic liver
injury renders liver cells susceptible to AFB1-associated
carcinogenesis [4].

HCC pathogenesis is correlated with the accumulation
of mutations and chromosomal rearrangements leading
to either an inactivation of tumor suppressor genes or
activation of oncogenes (for review, see [5]). MicroRNA-221
(MiR-221) overexpression contributes to liver tumorigenesis
[6] and correlates with downregulation of cyclin dependent
kinase inhibitors p21 and p57 [7]; however, there is no

known correlation with AFB1 exposure. The p53(Ser)249
substitution mutation frequently occurs in liver cancer,
where AFB1 exposure is highest [8–10]; however, there
are conflicting reports whether the p53 249 codon is a
direct hot spot for AFB1-associated mutagenesis [11]. Gross
chromosomal translocations and gene amplifications have
also been observed [12], and 10%–20% of HCCs contain
cyclin D amplifications [13]. Although HCC associated with
AFB1 exposure exhibits more genetic instability compared to
HCC in nonendemic regions [14], it is unclear which types
of genetic instability are directly caused by AFB1-associated
DNA damage.

AFB1 is not genotoxic per se but requires metabolic
activation. In humans, AFB1 metabolic activation in the
liver is catalyzed by CYP1A2 and CYP3A4 [15] to form the
highly unstable AFB1-8,9-exo-epoxide, which reacts primar-
ily with the N7 position of guanine, present in the major
groove of DNA [16]. The resulting adduct, 8,9-dihydro-
8-(N7-guanyl)-9-hydroxyaflatoxin B1 (AFB1-N7-Guanine)
is unstable and converts to either formamidopyrimidine
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(FAPY) derivatives or an apurinic site [16], both potentially
mutagenic [17]. Both the FAPY derivatives and AFB1-N7-
Guanine adducts are repaired by the nucleotide excision
repair (NER) genes [18, 19]. The FAPY adducts also hinder
DNA replication [20], which could lead to chromosomal
breaks and require DNA repair genes that function in
double-strand break and X-ray repair (XRCC). Thus, repair
of AFB1-associated DNA damage may require both NER and
XRCC genes.

Interestingly, a subset of known polymorphisms [21] in
both NER gene XPD and the X-ray repair gene XRCC3
correlate with higher incidence in liver cancer in endemic
areas of AFB1 exposure [22, 23]. Defective NER could
lead to an increase in DNA adducts, while XRCC3 poly-
morphisms could confer defective repair of double-strand
breaks (for review, see [24]). However, the polymorphism
in XRCC3, Thr241Met, which is correlated with higher
levels of AFB1-associated HCC [23], has not been correlated
with a defect in double-strand break repair [25], suggesting
that other functions in DNA damage or repair may be
defective in cells containing this allele. Considering that
recombinational repair may also participate in DNA damage-
tolerance pathways, it is important to elucidate whether there
are competing DNA repair pathways for AFB1-associated
adducts.

Saccharomyces cerevisiae (budding yeast) is useful in elu-
cidating the genetics of DNA repair of AFB1-DNA adducts.
Yeast strains that express human CYP1A1 or CYP1A2 cDNAs
on multicopy 2 μ plasmids can measure the genotoxicity of
metabolically active carcinogens [26–30]. Interestingly, AFB1

increases recombination frequencies more than mutation
frequencies in cells expressing these cDNAs [26, 29].

The genotoxicity of AFB1 in yeast [26–29] correlates
with the transcription of DNA repair genes involved in
recombination, including RAD51 [27, 30] and RAD54
[30]. RAD51 induction has been observed in log phase
cells exposed to AFB1 [30], and RAD51 overexpression
partially suppresses recombination defects in the mec1 null
checkpoint mutant [27]. RAD51 is also required for AFB1-
associated sister chromatid exchange (SCE) [29]. These
results indicate that increased expression of RAD51 likely
stimulates recombination when cells are exposed to AFB1-
associated DNA adducts.

In log-phase yeast cultures, AFB1 is a mutagen [28].
Microarray analysis reveals not only a strong induction
of RAD51 and RAD54 but also a downregulation of gene
transcripts encoding histones [30]. rad51 mutants exhibit
an increase in AFB1-associated mutations [28]. Both AFB1-
associated mutations and recombination events require
checkpoint genes [28, 29]. Considering that AFB1 exposure
triggers both checkpoint activation and S phase delay, it
seems possible that the genotoxic responses to AFB1 result
from stalled replication forks.

In this paper, we show that Rad53 activation correlates
with S phase delay and subsequent Rad51 foci formation in
yeast. A RAD51 deletion in NER defective strains results in
high levels of lethality. We suggest that Rad51 foci formation
may occur in S phase and be associated with error-free bypass
of DNA lesions.

2. Materials and Methods

2.1. Strains and Media. Standard media were used for the
culture of yeast cells. YPD (yeast extract, peptone, and
dextrose), SC-TRP (synthetic complete lacking tryptophan),
and SC-URA (synthetic complete lacking uracil) and FOA
(5-fluro-orotic acid) were described in Burke et al. [31]. The
genotypes of yeast strains used in this study are listed in
Table 1. rad4, rad51 and rad4 rad51 strains for measuring
SCE and AFB1 sensitivity are derived from YB163, which
contains his3 recombination substrates in tandem at TRP1
[32]. Ura− derivatives of rad4, and rad4 rad51 strains were
selected on FOA medium. LSY1957 was a gift of Fung et al.
[33]. pRS424-CYP1A2 was constructed by inserting the SacI
CYP1A2 fragment from pCS316 into pRS424 and introduced
into yeast strains by selecting for Trp+ transformants.

2.2. Measuring DNA AFB1-Associated Recombination and
Rad51 foci. To measure AFB1-associated genotoxic events,
log-phase yeast cells (A600 = 0.5–1) were centrifuged
and concentrated five-fold in selective media (SC-URA or
SC-TRP). Cells were exposed to 50 μM AFB1, previously
dissolved in DMSO. To synchronize cells in G1, log-phase
cells were exposed to 10−4 M alpha factor (Sigma Co.) for two
hours, and G1 cells were visualized in the light microscope.
Cells were maintained in selective media (SC-URA or SC-
TRP) during the carcinogen exposure and then washed twice
in H2O. To measure SCE frequencies, recombinants were
selected on SC-HIS, and viability was determined by plating
an appropriate dilution on YPD. To visualize Rad51 foci
formation, cells were resuspended in selective media (SC-
TRP or SC-URA) and immobilized on glass slides.

To determine whether ionizing radiation stimulates the
formation of Rad51 foci, cells were washed once in H2O,
resuspended in 10 ml of H2O, and placed in a 81 mm diame-
ter Petri dish. Cells were irradiated at 6 krad using a Nordion
1.8 kCi 137Cs irradiator (6 krad/hr). After irradiation cells
were concentrated in YPD medium and immobilized on glass
slides.

2.3. Live Cell Epifluorecence and Microscopy Analysis. Cells
for microscopic analysis were grown to early-mid-log phase
overnight in synthetic medium. After exposure to the
genotoxin, cells were harvested by centrifugation, washed
twice, and resuspended in YPD. Immobilization of cells
was performed by mixing equal volumes of cell suspension
and 1.4% low-melt agarose. Cover slips were sealed with a
wax mixture as described by Lisby et al. [35]. Slides were
visualized using a Zeiss LSM 510 META confocal microscope.

2.4. FACS Analyses. Cells were visualized by the fluorescent
activated cell sorter (FACS) to directly correlate their DNA
content with their cell-cycle phases. After AFB1 exposure,
cells were washed, resuspended in 0.1 M sodium citrate, and
treated with 1 mg/ml RNase A at 50◦C for 1 hr. The cells
were incubated at 50◦C for 5 hr in 8 μg/ml proteinase K. An
equal volume of 25 μg/ml propidium iodide (PI) diluted in
0.1 M sodium citrate was then added to the cells prior to the
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Table 1: Yeast strains.

Strain (source) Genotype
Plasmid

introduced
Reference

Strains isogenic to S288c∗

YB401

MATa-inc ura3-52 his3- Δ200
ade2-101 lys-801 trp1- Δ1
gal3-trp1:: [his3- Δ3′::HOcs, his3-
Δ5′]

pCS316 This laboratory

YB402 MATα leu2-Δ1 rad51 pCS316 [34]

YB403 MATa-inc ura3 rad4::KanMX pCS316 [34]

YB404 MATa-inc ura3 rad51::URA3
rad4::KanMX rad51

pCS316 [34]

Strains isogenic to W303

YB405 MATa YFP-rad51-I345T-URA3-
RAD51 ADE2 leu2 trp1 ura3 his3

PRS424-
CYP1A2

L.Symington
(LSY1957) [33]

∗Strains under this heading are isogenic to S288c. All genotypes are the same as YB163, unless indicated.

FACS analysis, to a final concentration of 12.5 μg/ml PI, and
analyzed for fluorescence content with the use of a BD LSR II
Flow cytometer.

2.5. Detection and Quantification of DNA Adducts. To mea-
sure the AFB1-associated DNA adducts in yeast, we used
liquid chromatography-electrospray ionization tandem mass
spectrometry (LC-ESI/MS/MS) [36]. Log-phase cultures of
yeast-expressing human CYP1A2 (pCS316) were exposed to
50 μM AFB1 for 4 h. Because standard protocols for isolating
yeast DNA involve alkaline buffers, rendering the highly
unstable AFB1-N7-Guanine DNA adducts labile, we have
modified the “smash-and-grab” protocol [37] so that we are
using a neutral buffer containing 10 mM Tris-HCl, 1 mM
EDTA, 100 mM NaCl, 2% Triton X-100, and 1% SDS, pH
7. DNA was isolated from two independent samples of yeast
cells. The DNA adducts were identified and measured by
high-performance liquid chromatography and tandem mass
spectroscopy (LC-ESI/MS/MS) after acid hydrolysis [36].

2.6. Determining Rad53 Activation. Activation of Rad53 was
determined by Western blots. Cells were inoculated in SC-
URA medium. Log-phase cells (A600 = 0.5–1) were concen-
trated three fold in SC-URA and exposed to 50 μM AFB1 for
4 h. After washing cells twice in H2O, aliquots were plated
directly on SC-HIS to measure recombination, appropriately
diluted and plated on YPD to measure viability. Protein
extracts were prepared as previously described by Foiani et al.
[38], separated on 10% acrylamide/0.266% bis-acrylamide
gels for Rad53 detection and transferred to nitrocellulose
membranes. Rad53 was detected by Western blotting using
goat anti-Rad53 (yC-19, Santa Cruz, Biotechnology, Santa
Cruz, CA). The secondary antibody was antigoat IgG-HRP
(Santa Cruz).

3. Results

3.1. Delay in Cell-Cycle Progression Correlated with Rad53
Activation. We previously observed that log-phase cells

exposed to AFB1 exhibit Rad53 activation [29], which can
result from replication blockage or delay. We measured
Rad53 activation and cell-cycle delay in log-phase cells after
continuous exposure to 50 μM AFB1. The data show that
there is a peak activation of Rad53 after 3 hrs exposure to
AFB1. Three hrs of exposure was also sufficient time to
observe SCE recombinants (Figure 1). After 4 hrs of AFB1

exposure, there was less Rad53 activation and cell-cycle
progression continued. The transient delay in the cell cycle
is consistent with a previous study that indicated that AFB1-
exposed yeast exhibit a transient S phase delay [30]. The data
suggest that there is a correlation between AFB1-associated
Rad53 activation and S phase delay. Because AFB1 adducts
are detected in cycling cells after the S phase delay [29], we
speculate that cells actively tolerate AFB1-associated DNA
lesions during DNA replication.

Rad53 not only delays cell-cycle progression but is also
required for the phosphorylation of the Rad51 paralogs,
Rad55, and Rad57, which may facilitate replication restart
at stalled replication forks [39]. Rad55 and Rad57 facilitate
the formation of DNA repair foci at double-strand breaks
[40]. Previous data indicate that RAD53 is required for DNA
damage associated SCE [41], including AFB1-associated SCE
[29]. We, therefore, determined whether AFB1 exposure also
stimulates Rad51 foci formation in yeast.

3.2. Exposure to AFB1 Results in Rad51 foci Formation in Cells
that Are Entering S Phase. To visualize Rad51 foci that result
from AFB1-associated DNA damage, we introduced pRS424-
CYP1A2 into strain LSY1957 [33] to metabolically activate
AFB1. This strain (YB405) contains rad51-I345T, an allele
of RAD51, which when tagged with YFP, is still capable of
conferring radiation resistance [33]. As a positive control,
cells were exposed to either X rays (2 krad) or gamma rays
(6 krads). After exposure, cells were returned to growth
medium (YPD), and live cells were imaged for Rad51 foci.
After 2 hrs of growth in YPD, most irradiated cells arrested in
G2 and exhibited the dumb-bell shape (Figure 2). Cells were
then visualized with the confocal microscope. Nearly 90% of
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Figure 1: Rad53 checkpoint activation, cell cycle progression, and recombination after log-phase cells were exposed to 50 μM AFB1. At
indicated times, cells were collected for FACS analysis to measure frequencies of SCE and to make extracts to measure Rad53 activations. (a)
Rad53 checkpoint activation was monitored after AFB1 exposure at the indicated times. Rad53 and the activated checkpoint protein, Rad53p,
are indicated by arrows. (b) FACS analysis was performed at indicated time periods after exposure. The G1 and G2 cells are indicated by
P4 and P5. The peak to the right of the G2 peak indicates bloated cells due to enlarged vacuoles. (c) AFB1-associated SCE were measured
by selecting for His+ recombinants that result from unequal recombination between two truncated his3 fragments. Net recombination
frequencies = recombination frequency after AFB1 exposure—spontaneous recombination frequency.

the G2-arrested cells contain Rad51 foci, in agreement with
Lisby et al. [40].

Similarly, we determined whether Rad51 foci appear
in cells after exposure to 50 μM AFB1 for 3 hrs. To first
confirm the presence of AFB1 adducts, we extracted DNA
from LSY197 cells after AFB1 exposure and observed approx-

imately the same number of DNA adducts (Table 2) as pre-
viously observed in strains used to measure recombination
[29]. After 3 hr of AFB1 exposure, we also observed that
nearly 90% of the cells exhibited Rad51 foci. However, the
difference with irradiated cells was that many AFB1-exposed
cells that exhibited Rad51 foci were not G2 arrested. In
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(a) (b)

(c) (d)

Figure 2: Confocal imaging of Rad51-YFP foci in live AFB1-exposed yeast cells. (a) Control, no AFB1 exposure, (b) Rad51-foci after exposure
to X-rays, (c) Rad51 foci in logarithmically growing cells exposed to 50 μM AFB1, wide view, and (d) Rad51 focus in a synchronized cell after
alpha factor arrest and exposure to AFB1.

addition, many cells exhibited Rad51 foci in both mother
and daughter bud (Figure 2). These data indicate that AFB1-
associated Rad51 foci are not restricted to the G2 phase of
the cell cycle. Because daughter buds are not always visible in
the confocal microscope, we decided to synchronize cells in
G1, expose the cells to AFB1 and then determine when Rad51
foci could be detected.

To determine whether cells can express Rad51 foci in S
phase, cells were first arrested in G1 with alpha factor, and
then exposed to AFB1 for three hours. Cells were then washed
and returned to growth medium without AFB1. We observed
that newly budded cells (90%) contain Rad51 foci. Rad51
foci were not evident after 30 minutes or 1 hr incubation
time, but were evident after 1.5 hrs of incubation; after three
hours of incubation, there were few Rad51 foci. These data
indicate that Rad51 foci can be observed in cycling cells that
are entering S phase.

Table 2: AFB1-N7 Guanine adducts in wild type and the rad4
mutant.

Genotype (Strain) a Total AFB1-N7Guanine
adducts/mg DNA b Ratio c

RAD4 (YB163) 7.2× 10−3 nmol 1

rad4::KanMX (YB225) 21.7× 10−3 nmol 3

Rad51-YFP (LSY1957) 4.6× 10−3 nmol 0.7
a Relevant genotype, see Table 1 for complete genotype,
b n = 2,
c Ratio: AFB1 adduct in strain or rad mutant/AFB1 adduct in wild type
(YB163).

3.3. rad4 Cells Are Defective in the Excision of AFB1 DNA
Adducts. NER and recombinational repair mutants are
modestly sensitive to AFB1[27, 28]. Both rad4 and rad51
mutants exhibit higher rates of AFB1-associated mutagenesis
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[29, 30]. Measurements of DNA adducts indicated there are
about three-fold higher levels of AFB1-N7-Guanine adducts
in rad4, compared to wild type (Table 2). Consistent with the
notion that AFB1 adducts persist longer in rad4 mutants, we
observed by FACS analysis a delayed S phase after exposure
to 10 μM AFB1. We asked whether wild type, rad4, and rad51
mutants could tolerate DNA adducts.

We used a growth assay in microtiter dishes [42] to
determine differences in growth curves of wild type (YB401),
rad4 (YB403), rad51(YB402), and rad4 rad51 (YB404) strains
during chronic exposure to AFB1. Approximately 105 cells
were inoculated in 96 well plates and exposed to 0 μM, 25 μM
and 50 μM of AFB1; the experiments were done in triplicate.
Growth was measured by A600 (Figure 3). The lag time [42]
for wild type was ∼3 hrs and similar to rad51. Whereas the
rad4 mutants exhibited a longer lag period, ∼13 hrs, the rad4
rad51 mutant exhibited little, if any, growth. The data suggest
that RAD51 function is critical in conferring AFB1 resistance
in the rad4 mutant. This result is consistent with previous
results that rad14 rad51 cells are also synergistically more
sensitive to AFB1 [30].

To further investigate whether rad4 cells can progress
through S phase in the presence of DNA adducts, we arrested
rad4 cells in G1 with alpha factor and exposed cells to AFB1

for 3 hrs. Cells were then washed, diluted, and inoculated
on YPD plates to visualize the growth of single colonies
every three hours under the microscope. After 12 hrs,
∼70% (46/67) of cells that were not exposed to AFB1 formed
colonies. However, only ∼16% (46/268) of cells exposed to
AFB1 (10 μor 50 μ) formed colonies. 60% (n = 2) of either
wild type or rad4 cells that do form colonies retain the
URA3-containing plasmid expressing CYP1A2, indicating
that colony formation occurred in cells that could still
metabolically activate AFB1. Many of the rad4 cells that do
not form colonies were arrested in early S phase, as evident
by the presence of small daughter buds (Figure 3(f)). These
data indicate that a few NER-deficient cells can progress
through the cell cycle in the presence of AFB1-associated
DNA adducts.

4. Discussion

AFB1 is a very potent liver carcinogen. The metabolic activa-
tion of AFB1 generates AFB1-associated DNA adducts which
both stimulate mutagenesis and recombination in a variety
of organisms. Polymorphisms in both XPD and XRCC3 are
correlated with greater HCC risk [22, 23], thus underscoring
the need to elucidate the role of recombinational repair in
AFB1 metabolism. In budding yeast, well-conserved RAD
and checkpoint genes are required for AFB1-associated
mutation and recombination [28, 29]. Higher frequencies
of AFB1-associated mutations in rad51 mutants [28, 29]
and synergistic increase in the AFB1 sensitivity of double
mutants defective in both recombinational and NER suggest
that there are redundant pathways in conferring resistance to
AFB1. AFB1 is highly recombinogenic and induces RAD51 in
yeast [27]; however, it was unclear when and if Rad51 foci
form. The salient conclusions from this study are (1) cells

are delayed in S phase after AFB1 exposure, and there is a
correlation with Rad53 checkpoint activation and cell cycle
delay; (2) Rad51 foci form after AFB1-exposed cells enter
S phase; (3) rad4 mutants accumulate AFB1-N7-Guanine
adducts, and many exposed cells arrest or are delayed in S
phase. This is the first study to show that AFB1 exposure leads
to Rad51 foci formation.

Previous studies indicated that RAD53 is required for
both AFB1-associated recombination and mutagenesis in
yeast [29]. The coincident timing of recombination, Rad53
checkpoint activation, and S phase delay suggest that
checkpoint activation is required to trigger AFB1-associated
recombination in yeast. A possible link is that Rad53 is
required for the DNA damage-associated phosphorylation of
the Rad51 paralogs Rad55 and Rad57 [39], which participate
in recombinational repair between sister chromatids [34].
We do not yet know how the checkpoint activation would
trigger mutagenesis, but several studies suggest a role for
checkpoint genes in DNA damage tolerance and translesion
synthesis [43–46].

The identification of AFB1-associated Rad51 foci was
performed by detecting YFP fluorescence in the confocal
microscope. Rad51 is not known to bind to specific DNA
adducts, so we presume that the AFB1 N7-Guanine adducts
and resulting FAPY and apurinic sites are further converted
into recombinogenic lesions, including double-strand breaks
or single-strand gaps. It is unlikely that all the lesions that
initiate AFB1-associated Rad51 foci are the same as for X-
ray-associated Rad51 foci, since we observed Rad51 foci in
newly cycling cells entering S phase whereas we only observed
X-ray-initiated Rad51-foci in G2-arrested cells. However,
double-strand breaks or single-strand gaps could also result
after replication forks stall or collapse in S phase, and AFB1

lesions have been reported to stall or hinder DNA replication
in Escherichia coli [17]. Thus, an attractive model is that
Rad51 foci form as AFB1-exposed cells transition through S
phase.

We suggest that RAD51 confers AFB1 resistance in NER
defective mutants by two possible functions. First, RAD51
would function in repairing double-strand breaks that
indirectly results from AFB1-associated DNA damage. Con-
sidering that one double-strand break could confer lethality
[47], one would estimate that at least one break occurs in
every rad4 rad51 double mutant cell during chronic exposure
to 50 μM AFB1. Second, RAD51 could actively participate
in tolerating AFB1-associated DNA lesions; previous studies
have indicated that the RAD52 pathway is involved in tol-
erating UV-associated damage [48]. Growth curves of wild-
type cells indicate that some AFB1-associated DNA adducts
can be tolerated without affecting doubling time. This
second possibility is supported by observations that rad14
rad51 mutants exhibit extremely high frequencies of AFB1-
associated mutagenesis [28]. Further speculation would sug-
gest that the Rad51-paralog, XRCC3, has a similar function.

5. Conclusions

AFB1-associated DNA adducts stimulate both checkpoint
activation and Rad51 focus formation. The timing of the
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Figure 3: Growth of wild type (a), rad51 (b), rad4 (e), and rad4 rad51 (d) cells after exposure to AFB1. (Left) Growth of cells containing
pCS316 and expressing CYP1A2 after chronic exposure to 0 μM (black), 25 μM (blue), and 50 μM (red) AFB1. The relevant genotype is given
below the panel (see Table 1, for complete genotype). 105 log-phase cells were inoculated in each well, n = 3. A600 is plotted against time (h).
(Right) rad4 cells synchronized in G1 were exposed to 50 μM AFB1 for 3 hrs, washed, and inoculated on YPD. Cell growth was monitored
from 0–18 hrs. Bars indicate the actual range of measurements.

Rad51 foci during the cell cycle in early S phase suggests
a different mechanism of foci formation, compared to
that of ionizing radiation. Understanding the function
of these Rad51 foci will elucidate how polymorphisms
in XRCC3 correlate with higher rates of liver cancer in
endemic areas exposed to AFB1. It will thus be interesting
if Rad51 foci also occur in mammalian cells after AFB1

exposure.
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Bladder tumour tissues and corresponding uninvolved mucosa (normal tissue) of Egyptian bladder cancer patients were assessed
for O6-alkylguanine-DNA-alkyltransferase (MGMT) activity by functional assay of tissue extracts (36 paired samples), and
distribution by immunofluorescence (IF) microscopy of fixed material (24 paired samples). MGMT varied widely from 42–
253 fmoles/mg protein and from 3.2–40 fmoles/μg DNA in normal and 58–468 fmoles/mg protein and 2.5–49.5 fmoles/mg protein,
in the tumour tissues; only one tumour had undetectable activity. Pairwise comparison of MGMT activity in tumour and adjacent
normal tissue showed no significant difference based on DNA content but was 1.75-fold higher in tumour (P < .01) based on
protein. There was no effect of gender or bilharzia infection status. IF showed that in tumours, both the mean percentage of
positive nuclei (57.3 ± 20.3%) and mean integrated IF (5.47 ± 3.66) were significantly higher than those in uninvolved tissues
(42.8 ± 13.5% P = .04) and (1.89 ± 1.42; P < .01), respectively. These observations suggest that, overall, MGMT levels are
increased during human bladder carcinogenesis and that MGMT downregulation is not a common feature of bladder cancers.
Based on this, bladder cancers would be expected to be relatively resistant to chemotherapy which involved O6-guanine alkylating
antitumour agents.

1. Introduction

Carcinoma of the urinary bladder is the most common
malignancy among Egyptian males, accounting for 16% of
total cancer incidence while in females it ranks second to
breast cancer [1, 2]. The high incidence of bladder cancer
in Egypt is associated with chronic urinary infection with
Schistosoma haematobium [2, 3] which is thought to lead
to endogenous nitrosation and the formation of N-nitroso
compounds [4–6]. Such compounds have been shown to
alkylate DNA causing a range of DNA adducts with differing
mutagenic, and carcinogenic potential [7]. O6-alkylguanine
is one such adduct which has been shown to be a toxic,
mutagenic and carcinogenic lesion. This damage can be
processed by the DNA repair protein, O6-alkylguanine-
DNA-alkyltransferase (MGMT), which transfers the alkyl

group to a cysteine residue at its catalytic site in a process that
leads to the inactivation of the protein. Since each MGMT
molecule acts only once, cells have a limited capacity to repair
O6-alkylguanine lesions, which is determined by the steady
state number of MGMT molecules at the time of alkylating
agent exposure. Further repair following depletion of the
pool requires de novo synthesis of the protein [8, 9].

While MGMT may be an important factor in the
aetiology of bladder cancer, it may also play an important
role in cellular defence against the toxic effects of certain
types of alkylating agents used in cancer chemotherapy,
usually referred to as O6-alkylating agents [10, 11]. In this
context, cytosine methylation of the MGMT promoter has
generally been accepted to result in loss of MGMT expression
[12, 13], but this is reported to be rare in bladder tumours
occurring in 2–9% of those examined [14, 15]. Tumour
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MGMT activity has also been reported to be higher [16] or
lower [4] than normal bladder tissue. The reasons for these
conflicting results are not clear but may reflect the underlying
pathogenesis of bladder cancer or the use of normal bladder
tissue from different patients as controls instead of the
corresponding uninvolved mucosa from the same subject.
Studies of tumour extracts also give no indication of possible
regional heterogeneity or intracellular localisation of MGMT.
We have therefore determined the distribution and levels
of immunoreactive MGMT and MGMT activity in human
bladder tumour tissues and corresponding uninvolved
mucosa using immunohistochemistry and a functional assay
for MGMT activity. The results were examined in relation to
tumour type, gender, and schistosomiasis status. There was
no significant difference in activity between samples from
men and women and from those with or without evidence
of bilharzia infection. But overall, tumour samples displayed
higher levels of MGMT expression than associated normal
tissues.

2. Materials and Methods

2.1. Human Tissue Specimens. Tissue samples were collected
during radical cystectomy of 36 Egyptian bladder cancer
patients attending the department of Urology, Faculty of
Medicine, Alexandria University following taking informed
consent and ensuring non compromise of pathologic diag-
nosis. All samples were taken from the urinary face of the
bladder mucosa and were frozen immediately on dry ice
and stored at −70◦C. Samples were collected, in pairs, each
pair comprised a sample of bladder tumour and a sample
of bladder mucosa with no macroscopic sign of tumour
invasion (referred to as uninvolved tissue). Schistosomiasis
infection was established from a self-reported clinical history
of schistosomiasis or schistosoma ova detected in histological
specimens. Most (32) patients had evidence of bilharzia
infection: 23 had a transitional cell carcinoma (TCC), 5
a squamous cell carcinoma (SCC), and 4 a TCC with
SCC foci; of the four patients without infection, 2 had
adenocarcinomas (Ad), 1 a SCC, and 1 a TCC with SCC foci.

2.2. Assay of Tissue Levels of MGMT. MGMT activity in
bladder tissue extracts was assayed in all 36 paired samples by
measuring the transfer of [3H] from a [3H]-methylated DNA
substrate to protein in the tissue extract using the methods
described by Watson and Margison [17]. MGMT activity was
expressed as fmoles of methyl groups transferred per mg of
protein and per μg of DNA in the tissue extract. MGMT
activity in paired uninvolved and tumour tissue from the
same patient were compared using a paired sample t-test.

2.3. Tissue Localisation of Human MGMT. Frozen bladder
tissues were fixed in 4% neutral buffered formalin then
processed to paraffin wax. Sections (3 μm) were cut and
mounted onto APES-subbed slides, dewaxed in xylene, and
rehydrated in graded ethanol. Tissues were then microwaved
(650 watts) in 10 mM citrate buffer (pH 6.0) to retrieve
the immunoreactivity of the cross-linked proteins. Slides

were treated with 3% H2O2 in TBS to block endogenous
peroxidase, washed in ddH2O and TBS, and incubated
with 10% normal swine serum. Sections were incubated
at 4◦C with antihuman MGMT 1◦Ab (diluted to 1 : 1000).
Slides were then washed in TBS, followed by application
of swine-antirabbit biotinylated IgG and ABC peroxidase.
The sections were developed with DAB/H2O2, washed,
dehydrated, and mounted. As a negative control, adjacent
sections were incubated with preimmune serum instead of
the MGMT antiserum.

2.4. Quantitative Immunohistochemistry. Quantitation of
MGMT in tissue sections was performed using immunoflu-
oresence (IF) in 24 paired samples. Sections were stained
for MGMT as above except that the ABC complex and DAB
visualisation steps were omitted and replaced by Cy3/DAPI
fluorescent staining; samples were stained with Avidin-Cy3
(1 : 1000) followed by TBS wash then counterstained with
DAPI (0.2 μg/ml). Samples were then washed with ddH2O
and mounted in PBS-buffered glycerol (9 : 1).

Fluorescent microscopy images of the mounted slides
were generated using a Nikon microscope equipped with a
mercury arc lamp and with red and blue filter sets (for Cy3
and DAPI fluorescence resp.). Images were captured using a
Hitachi HVC20 camera and analysed with the Lucia G image
analysis software package using a macro that automated
data collection and performed calculations of the number
of positive nuclei, the mean and integrated fluorescence, and
mean area.

The macro operated the following steps: (i) highlighting
the position of nuclei in tissue sections by the use of a
DAPI filter, (ii) superimposing the nuclear outline on the
Cy3 image (through TRITC filter), (iii) capturing this image
and comparing it against negative control sections, and (iv)
measuring the fluorescence intensity of MGMT-Cy3 staining
and the area of each nucleus within the nuclear boundaries
recorded from the DAPI image.

For each sample, data were averaged from 10 to 20 fields
(depending on the size of the section). MGMT expression
in the tissue sections was quantified using 3 parameters: (1)
the percentage of immunoreactive MGMT positive nuclei
which indicates the fraction of cells containing detectable
levels of nuclear MGMT, (2) the mean fluorescence intensity
of Cy3 MGMT staining which corresponds to the average
amount of MGMT protein per unit nuclear area in the
positively staining cells, and (3) the integrated fluorescence
(area fraction of Cy3 positive nuclei x mean fluorescence)
which represents the total amount of MGMT protein in
the tissue. These fluorescent parameters were compared in
paired uninvolved and tumour tissue from the same patient
were compared using a paired sample t-test

3. Results

All uninvolved (normal) bladder tissue samples contained
measurable MGMT activity which ranged from 3.2 to
39.8 fmoles/μg DNA (12.4-fold variation). MGMT activity
was detected in 35/36 tumour samples with the activity
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Figure 1: Relationships between MGMT activity (upper: fmole/mg protein, lower: fmole/ug DNA) in normal (N) and tumour (T) tissues
of Egyptian bladder cancer patients. Data are also subdivided according to gender and bilharzia status. Statistical analyses are presented in
Table 1.
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Figure 2: Relationship between MGMT activity (fmole/μg of
cellular DNA: means indicated by asterisks, error bars indicate
standard error) and tumour histology. TCC, transitional cell
carcinoma; SCC, squamous cell carcinoma; AD, adenocarcinoma.

ranging up to 49.5 fmoles/μg DNA. There was no significant
difference in activity between samples from men and women
and from those with or without evidence of bilharzia
infection (Table 1; Figure 1) or in activity from samples of
different histological tumours (Figure 2). Tumour MGMT
activity when expressed as fmoles/mg protein was signifi-
cantly higher than that in uninvolved tissue from the same
patient (Table 1). However, when MGMT was expressed as
fmole/μg DNA there was, overall, no significant difference
between tumour and normal tissue (Table 1). Breaking this
down, tumour MGMT activity based on protein content was
1.5–5-fold higher in 22 sample pairs, 10 pairs of samples
had similar levels of activities in tumour and normal tissue,
while 3 tumour samples had 1.5-fold lower activity compared
to uninvolved tissue. On the other hand, based on DNA
content, the MGMT activities of 9 tumour samples were
up to 3-fold higher than the corresponding controls; in

16 patients, there were similar levels, while in 10 patients
tumour samples had 1.5- to 2-fold lower activities than
control.

Representative examples of the inter- and intracellular
distribution and intensity of MGMT staining in the blad-
der sections are illustrated in Figure 3. MGMT antiserum
staining showed mild upregulation of MGMT expression
in the metaplastic epithelium (2b) in comparison with the
normal urothelium (2a). The intensity of tumour staining
showed marked variation between patients’ samples. One
SCC bladder sample (2a) showed relatively homogenous
pattern and intense nuclear staining as well as some cyto-
plasmic staining, whereas another SCC sample (moderately
differentiated and keratinised) presented a heterogeneous
pattern and less intense nuclear staining with some faint
cytoplasmic staining (2b). The invasive TCC sample showed
more intense but less uniform staining of the tumour nuclei
(3a) than did the papillary TCC sample (3b). In all cases,
no cellular staining was observed with preimmune serum
and all nuclei acquired the blue colour of the haematoxylin
counterstain. There was an obvious inconsistent pattern of
staining in the tumour tissue relative to the uninvolved
mucosa. In some of the samples, differences in the intensity
of MGMT nuclear staining were observed between normal
urothelium and the corresponding tumour tissue from the
same patient (4 and 5). While in some cases the urothelial
nuclei showed heavy staining compared to the tumour tissue
(4a) and (4b), in other cases the bladder urothelium showed
heterogeneous and generally reduced nuclear staining in
comparison to its corresponding tumour (5a) and (5b).

Twenty four paired bladder samples from the previous
series of tumour and uninvolved tissues were stained for
MGMT using IF Cy3 staining with DAPI counterstain. In
tumour tissues, there was no association between the % pos-
itive nuclei and either the mean fluorescence (r = 0.10; P =
.64) or the integrated fluorescence (r = 0.37; P = .21), but
there was an association between the mean and integrated
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Figure 3: Immunohistochemical detection of MGMT in bladder tissue from patients with bladder cancer: normal urothelium (1a) and
squamous metaplastic epithelium 1(b); SCC (2a) and moderately differentiated SCC (2b) sections of bilharzial bladder; invasive TCC (3a)
and low grade papillary TCC (3b); non neoplastic urothelium with some dysplastic changes (4a) and grade II papillary TCC (4b); normal
urothelium (5a) and invasive TCC (5b). Note that the intensity of staining is highest in the high grade section (5b). Scale bars= 100 μm.
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Table 1: MGMT activity in extracts of bladder tumours and uninvolved tissue.

n

MGMT activity (mean ± SD)

Fmoles/mg protein Fmoles/μg DNA

Uninvolved
tissue

Tumour
tissue

Difference
(tumour

uninvolved)

Uninvolved
tissue

Tumour tissue
Difference
(tumour

uninvolved)

Total 36 101.6± 55.9 171.6± 94.0 70.0± 75.8∗ 16.1± 8.2 16.3± 10.2 0.2± 8.5

Males 30 104.3± 58.7 187.0± 93.1 82.7± 73.6∗ 16.3± 8.2 17.3± 10.3 1.0± 8.9

Females 6 88.5± 40.8 94.5± 55.6 6.0± 54.1 15.3± 8.7 11.7± 8.9 −3.6± 5.2

Schistosomiasis
infected

32 105.0± 56.6 171.1± 94.4 66.1± 75.6∗ 16.2± 8.6 16.9± 10.7 0.7± 8.6

Schistosomiasis
negative

4 75.0± 48.5 175.3± 31.0 100.3± 79.3 15.8± 4.7 11.9± 3.2 −4.0± 7.3

∗P < .001
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Figure 4: Ranges and means (asterisks, error bars indicate standard
error) in immunofluorescence values for MGMT in normal (N) and
tumour (T) tissue. Values for positive nuclei are shown as %, and for
mean fluorescence and integrated fluorescence as relative units.

fluorescence (r = 0.45; P = .03). In contrast, in uninvolved
tissues there were significant associations between the %
positive nuclei and both the mean fluorescence (r = 0.54;
P = .006) and the integrated fluorescence (r = 0.90; P <
.001) and also between the mean and integrated fluorescence
(r = 0.54; P = .006). This probably reflects a higher degree
of heterogeneity in the tumour tissues.

The percentage of MGMT positive nuclei varied from 21
to 90% in tumour tissues, and from 15 to 73% in uninvolved
bladder tissues. The mean percentage positive nuclei for
tumours was significantly higher (P = .002) than that for
the corresponding uninvolved tissues (Table 2; Figure 4). In
contrast, the average of the mean fluorescence was signifi-
cantly lower in tumours than in normal tissues (P = .004;
Table 2; Figure 4). However, integrated MGMT fluorescence
varied from 0.56 to 15.43 in bladder tumours (27.6-fold
variation) and from 0.29 to 5.78 in uninvolved bladder tissue
(19.9-fold variation). The mean of this parameter was again
significantly higher in tumours than in the corresponding
normal tissue (P < .001 Table 2; Figure 4). There were no

differences in these parameters in tumour tissues of different
histology (data not shown).

In normal (uninvolved) bladder tissues, MGMT activity
was correlated with the % positive nuclei and integrated
fluorescence but not with the mean fluorescence (Figure 5)
whereas in tumour tissue, MGMT activity was only corre-
lated with the mean fluorescence (Figure 5).

MGMT activity in normal tissue was highly correlated
with that found in tumour tissue (Figure 6) whereas there
were no correlations between immunofluorescence param-
eters in normal tissue and the corresponding parameters in
tumour tissue (Figure 6).

The marked variations in MGMT expression levels
within and between patient tumour samples, along with the
numbers of samples in the study, have precluded testing any
correlation between MGMT expression and other factors
such as gender and bilharzial infection.

4. Discussion

In this study, MGMT protein was measured in bladder
tissues using quantitative IF and MGMT activity using a
functional assay. A wide range in immunoreactive protein
levels was detected; not all cells were stained and in positively
staining cells intensity varied but was mainly confined within
the nucleus. Only one tumour sample had no detectable
MGMT activity; whether or not this may have been due
to promoter methylation was not investigated. Also, we
cannot exclude the possibility that the unstained or low
MGMT-expressing cells in the examined population may be
completely or partially MGMT-promotor methylated. The
results presented here are consistent with those of other
reports examining other tumour types and showing that
staining with MGMT antibody is predominantly nuclear
[18, 19]. MGMT staining also varied markedly from one
patient to another. Whilst there was interindividual variation
in the cellular distribution of reaction, staining was present
in all cell types in most samples. In some TCC as well as SCC
cases, most of the cells expressed the protein in a relatively
homogenous pattern, whereas in others, marked intercel-
lular heterogeneity was observed. In addition, cytoplasmic
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Figure 5: Relationship between MGMT activity (fmole/μg of cellular DNA) and immunofluorescence parameters of MGMT content (top:
%positive nuclei, middle: mean fluorescence, bottom: integrated fluorescence) in normal and tumour tissue.
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Figure 6: Relationship between tumour and normal tissue MGMT activity (fmoles/ug DNA, (a)), % positive nuclei (b), mean fluorescence
(c) and integrated fluorescence (d), parameters of MGMT content.

Table 2: MGMT content in bladder tumours and uninvolved tissues measured by quantitative immunofluorescence.

Variable Uninvolved tissue Tumour tissue Difference tumour uninvolved P

% positive nuclei 42.8± 13.5 57.3± 20.3 14.5 ± 20.5 .002

Mean fluorescence 126.0± 23.5 108.5±24.9 −17.5± 27.1 .004

Integrated fluorescence 1.9± 1.4 5.5± 3.7 3.6± 3.5 <.001

staining of MGMT was observed in many samples with
variable intensities. Previous studies have reported a nuclear
localisation for MGMT with only occasional mention of
cytoplasmic staining [18, 20] while others reported the
presence of high levels of cytoplasmic MGMT in cancer
[21, 22]. The significance of cytoplasmic immunoreactive
MGMT protein is unclear, but it may be that cytoplasmic
staining reflects a relative inefficiency in the ubiquitin-
mediated MGMT degradation pathway [23] giving rise to
more persistent inactive cytoplasmic protein.

The wide range of MGMT activity observed in unin-
volved tissues and bladder cancer tissues is similar to
that previously reported for bladder tissue [24–27]. In the
present study, although differences in functional activity
were observed between tumour tissue and uninvolved blad-
der tissue from the same patient when expressed per unit
protein, no differences were seen when expressed per unit
DNA. Normalisation per unit DNA is generally considered
to be more appropriate as cells vary greatly in protein
content and because MGMT acts on O6-alkylguanine lesions
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in DNA; it also provides an indication of the number of
MGMT molecules per cell. Differences between different
sets of published data are thus likely to reflect the use
of different normalisation procedures (per unit protein or
per unit DNA). It is worth noting, however, that bladder
tumours have a very high frequency (more than 50%;
[28]) of polyploid cells, so that using DNA as a parameter,
the number of MGMT molecules per cell may be grossly
underestimated. Basing the results on either protein or DNA
content, together with the % positive nuclei or integrated
MGMT fluorescence, which are indications of the overall
level of MGMT expression, would thus suggest that tumour
cells contain substantially higher levels of MGMT than
normal cells. The basis of this apparent MGMT upregulation
remains to be established.

There is a large body of evidence to suggest that MGMT
activity can be an important determinant in the efficacy of
chemotherapy involving the “O6-alkylating” agents [10, 29],
and it is reasonable to consider if bladder cancer patients
might benefit from such chemotherapy. There was marked
heterogeneity of MGMT distribution with, in some cases,
the majority of the tumour cells expressing relatively low
levels of MGMT. If bladder tumour patients were to be
treated with O6-alkylating agents, this would likely lead to an
initial beneficial response in terms of tumour reduction, but
later, disease recurrence from those cells and areas of highest
MGMT expression. Indeed, such alkylating agents are not
used in bladder cancer treatment although a prospective
study to investigate the pretreatment expression of MGMT
and response to therapy employing appropriate alkylating
agents is feasible. Bladder cancer treatment might, however,
benefit from the use of MGMT inactivating agents such
as BeG [30] or Lomeguatrib [31] which would potentially
ablate MGMT activity in bladder cells, relatively increasing
the sensitivity of the tumours cells to chemotherapy with
Temozolomide or Dacarbazine. Clinical studies of these
agents have established that MGMT activity can be depleted
by systemic administration of such agents, but this increases
the myelosuppressive effect of the chemotherapeutic agent
[11]. Given our present results, intravesical administration
of MGMT inactivators prior to systemic, or even local,
chemotherapy using O6-alkylating agents seems a feasible
proposition.
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Genetic variations in DNA repair genes are thought to modulate DNA repair capacity and are suggested to be related to lung cancer
risk. We conducted a meta-analysis of epidemiologic studies on the association between genetic polymorphisms in both base
excision repair and nucleotide excision repair pathways, and lung cancer. We found xeroderma pigmentosum complementation
group A (XPA) G23A (odds ratio (OR) = 0.76, 95% confidence interval (CI) = 0.61–0.94), 8-oxoguanine DNA glycosylase 1
(OGG1) Ser326Cys (OR = 1.22, 95% CI = 1.02–1.45), and excision repair cross-complementing group 2 (ERCC2) Lys751Gln
(OR = 1.27, 95% CI = 1.10–1.46) polymorphisms were associated with lung cancer risk. Considering the data available, it can be
conjectured that if there is any risk association between a single SNP and lung cancer, the risk fluctuation will probably be minimal.
Advances in the identification of new polymorphisms and in high-throughput genotyping techniques will facilitate the analysis of
multiple genes in multiple DNA repair pathways. Therefore, it is likely that the defining feature of future epidemiologic studies will
be the simultaneous analysis of large samples of cases and controls.

1. Introduction

Sporadic cancer is a multifactorial disease that results from
complex interactions between many genetic and environ-
mental factors [1]. This means that there will not be a single
gene or single environmental factor that has large effects
on cancer susceptibility. Environmental factors (e.g., tobacco
smoke, dietary factors, infectious agents, and radiation) add
to the carcinogenic load to which humans are exposed,
but exact numbers for added risk are generally less well
established.

Cigarette smoke contains several thousand chemicals that
are known to chemically modify DNA [2] and lead to the
formation of mutations [3]. Most of these compounds are
procarcinogens that must be activated by Phase I enzymes,
such as cytochrome P450s. All activated carcinogens can
bind to DNA and form DNA adducts that are capable of

inducing mutations and initiating carcinogenesis. The capac-
ity to repair DNA damage induced by activated carcinogens
appears to be one of the host factors that may influence lung
cancer risk. A critical cellular response that counteracts the
carcinogenic effects of DNA damage is DNA repair.

Several studies have investigated whether reduced DNA
repair capacity (DRC) is associated with an increased risk
of cancer [4]. The reduced DRC of benzo(a)pyrene-7,8-
diol-9,10-epoxide (an active form of benzo(a)pyrene)-DNA
adducts is associated with an increased risk of lung cancer
(2.1-fold, 95% confidence interval (CI) = 1.5–3.0) [5]. The
reduced DRC has been shown to be associated with a 5.7-
fold (95% CI = 2.1–15.7) increased risk of developing lung
cancer [6]. Likewise, the reduced DRC of bleomycin-induced
damage was found to be associated with an increased risk of
lung cancer [7]. These studies suggested that a low DRC of
various DNA repair mechanisms predisposes individuals to
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lung cancer, and this realization prompted us to search for
defined DNA repair activities that may be risk factors for
lung cancer. Polymorphisms in DNA repair genes may be
associated with differences in the DRC of DNA damage and
may influence an individual’s risk of lung cancer, because the
variant genotype in those polymorphisms might destroy or
alter repair function.

At least four pathways of DNA repair operate on specific
types of damaged DNA. Base excision repair (BER) operates
on small lesions, while the nucleotide excision repair (NER)
pathway repairs bulk lesions. Mismatch repair corrects
replication errors. Double-strand DNA break repair (DSBR)
actually consists of two pathways, homologous recom-
bination (HR) and nonhomologous end-joining (NHEJ).
The NHEJ repair pathway involves direct ligation of the
two double strand break ends, while HR is a process by
which double-strand DNA breaks are repaired through the
alignment of homologous sequences of DNA. The following
sections review the literature on DNA repair genes in more
detail, specifically those involved in the NER and BER
pathways.

It is believed that the predominant pathway used for
removal of oxidized and many of the alkylated bases is BER.
The process of BER is initiated by DNA glycosylases [e.g.,
8-oxoguanine DNA glycosylase 1 (OGG1), endonuclease
III homolog 1, thymine glycol-DNA-glycosylase], which are
often promiscuous as far as their substrate specificity is
concerned. The BER pathway can proceed through two
different subpathways: short-patch and long-patch BER.
These pathways are differentiated by the enzymes involved
and the number of nucleotides removed. Short-patch BER
replaces a single nucleotide by polymerase β and the newly
synthesized DNA sealed by DNA ligase III/X-ray cross-
complementing group 1 (XRCC1) heterodimer [8]. Long-
patch BER inserts 2–13 nucleotides by concordant action
of polymerase δ, proliferating cell nuclear antigen, flap
endonuclease 1, and ligase I.

NER is a versatile DNA repair system that removes a
wide range of DNA lesions including UV-induced lesions.
There are two subpathways in NER. One is transcription-
coupled DNA repair (TCR), which preferentially removes
DNA damage that blocks ongoing transcription in the
transcribed DNA strand of active genes. The other is global
genome repair (GGR), which removes lesions throughout the
genome, including those from the nontranscribed strand in
the active gene [9]. Three rare, autosomal recessive inherited
human disorders are associated with impaired NER activity:
XP, CS, and trichothiodystrophy (TTD) [10]. XP has been
studied most extensively. Seven different DNA NER genes,
which correct seven distinct genetic XP complementation
groups (XPA, XPB (excision repair cross-complementing
group 3, ERCC3), XPC, XPD (ERCC2), XPE, XPF (ERCC4)
and XPG (ERCC5, this gene causes CS)) and XPV have been
identified [10]. XPA, ERCC3/XPB, ERCC2/XPD, ERCC4/XPF
and ERCC5/XPG have a defect in TCR and GGR, while XPC
and XPE have a defect in GGR only. ERCC6 and ERCC8 are
also known as CS type B (CSB) and CSA, respectively.

The aim of this article is to review and evaluate
associations between genes in the BER and NER pathways,

focusing on genetic polymorphisms in OGG1, XRCC1, XPA,
and ERCC2 genes, which have been reported a sufficient
number of studies to conduct a meta-analysis. The details
of the OGG1, XRCC1, XPA, and ERCC2 genes are given in
Table 1

2. Materials and Methods

2.1. Identification and Eligibility of Relevant Studies. We con-
ducted MEDLINE, Current Contents, and Web of Science
searches using “OGG1”, “XRCC1”, “XPA”, “ERCC2/XPD”,
“lung cancer”, and “polymorphism” as keywords to search for
papers published (from January 1, 1966 through December
31, 2009). Additional articles were identified through the
references cited in the first series of articles selected. Articles
included in the meta-analysis were in English language,
with human subjects. Case-control studies were eligible
if they had determined the distribution of the relevant
genotypes in lung cancer cases and in concurrent controls
using a molecular method for genotyping. For overlap-
ping studies, only the first published one was selected.
Using the MEDLINE database, we identified 18 genetic
epidemiological studies that provided information on lung
cancer occurrence associated with the OGG1 Ser326Cys
polymorphism. Also, we identified 22 studies of the XRCC1
Arg399Gln polymorphism, 12 studies of XRCC1 Arg194Trp
polymorphism, and 10 studies of the XRCC1 Arg280 His
polymorphism. As for NER polymorphisms, we identified
6 studies for the XPA G23A polymorphism, 16 studies
for the Asp312Asn polymorphism, and 19 studies for the
Lys751Gln polymorphism. No additional articles through
Current Contents or Web of Science have been identified.

2.2. Data Extraction and Assessment of Study Quality. For
each study, characteristics such as authors, year of publica-
tion, ethnic group of the study population, source of control
population, number of genotyped cases and controls, crude
odds ratio (OR), and the method for quality control of
genotyping were noted. For studies including subjects of
different ethnic groups, data were extracted separately for
each ethnic group whenever possible.

Methods for defining study quality in genetic studies
are more clearly delineated than those for observational
studies. We combined only studies with allelic frequencies
being in Hardy-Weinberg equilibrium (HWE) (Pearson χ2

test, P ≥ .05) because departure from HWE can imply the
presence of genotyping error, possible ethnic admixture in
the population, or selection bias (lack of representativeness
of the general population). We assessed the homogeneity of
the study population (Caucasian or Asian).

2.3. Meta-Analysis. Data were combined using both a fixed
effects (the inverse variance-weighted method) and a ran-
dom effects (DerSimonian and Laird method) models [11].
The Cochran Q statistics test is used for the assessment
of heterogeneity. The fixed effects model is used when
the effects are assumed to be homogenous, while the
random effects model is used when they are heterogenous.
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Table 1: The details of the OGG1, XRCC1, XPA, and ERCC/2XPD genes.

Gene symbol Gene name
Gene

location
Polymorphism DNA repair capacity

OGG1
8-oxoguanine DNA
glycosylase

3p26.2 Ser326Cys (rs1052133)
The Cys/Cys genotype may be associated with a
lower DNA repair capacity

XRCC1

X-ray repair
complementing defective
repair in Chinese hamster
cells 1

19q13.2
Arg194Trp (rs1799782),
Arg280His (rs25489),
Arg399Gln (rs25487)

Although the Arg399Gln, Arg194Trp, and
Arg280His polymorphisms have been suggested to
be functional, there is no direct evidence on its
functional consequences

XPA
Xeroderma pigmentosum,
complementation group A

9q22.3 G23A (rs 1800975)
The G allele may be associated with a higher DNA
repair capacity

ERCC2/XPD

Excision repair
cross-complementing
group 2/ Xeroderma
pigmentosum,
complementation group D

19q13.3
Asp312Asn (rs1799793),

Lys751Gln (rs13181)
The 312Asn and 751Gln alleles are reported to be
associated with lower DNA repair capacity

In the absence of between-study heterogeneity, the two
methods provide identical results. The presence of het-
erogeneity can result from differences in the selection of
controls, age distribution, prevalence of lifestyle factors,
histological type of lung cancer, stage of lung cancer, and
so on. The random effects model incorporates an estimate
of the between-study variance and tends to provide wider
CIs when the results of the constituent studies differ among
themselves. As the random effects model is more appropriate
when heterogeneity is present [11], the summary OR and
prevalence were essentially based on the random effects
model. The meta-analyses were performed on crude ORs,
since the adjusted ORs were not comparable because of the
inclusion of different covariates in the multivariate regression
models. Using individuals with the homozygous common
genotype as the reference group, we calculated ORs for
individuals with the heterozygous genotype and homozygous
rare genotype separately whenever possible (information
available in at least two studies). In some cases, we com-
bined the heterozygous genotype with the homozygous rare
genotype due to a low prevalence of the rare allele in several
polymorphisms. The Q statistic was considered significant
for P < .10 [12, 13]. Publication bias is always a concern
in meta-analysis. The presence of publication bias indicates
that nonsignificant or negative findings remain unpublished.
To test for publication bias, both Begg’s [14] and Egger’s [15]
tests are commonly used to assess whether smaller studies
reported greater associations than larger studies. Publication
bias is considered significant for P < .10. For each genetic
comparison, subgroup analysis was stratified by the ethnicity
and, if possible, histological type of lung cancer. All of the
calculations were performed using STATA Version 10.1 (Stata
Corporation, College Station, TX) software.

3. Results

3.1. OGG1 Ser326Cys Polymorphism. Table 2 shows the
individual ORs from each study and summary ORs of the
OGG1 Ser326Cys polymorphism [16–33]. Two studies [24,
26] were excluded from the meta-analysis because genotype

distribution in control population significantly deviates from
HWE. Combining data from all 17 populations on the basis
of 6,181 cases and 7,331 controls, the summary ORs were
1.04 (95% CI = 0.94–1.23) for Ser/Cys carriers and 1.22 (95%
CI = 1.02–1.45) for Cys/Cys carriers. The Cys/Cys genotype
was significantly associated with lung cancer risk in all
populations combined. The summary ORs for the Cys/Cys
genotype in Caucasians (mostly composed of Caucasians)
and Asians were 1.24 (95% CI = 0.84–1.83) and 1.24 (95% CI
= 1.00–1.55, P = .052), respectively. There was a marginally
significant association between lung cancer risk and the
OGG1 Ser326Cys polymorphism among Asians. Publication
bias was absent in all analyses. Heterogeneity was present in
the analyses of all studies combined and Caucasian studies
combined.

A further analysis on histological type was performed
to assess whether the impact of the OGG1 Ser326Cys
polymorphism between adenocarcinoma and squamous cell
carcinoma cases (the two histological types present most
often in the data set) was similar or not. Among the
seven case-control studies (2,052 lung cancer cases and
3,032 controls), the summary OR for the Cys/Cys genotype
in adenocarcinoma was 1.38 (95% CI = 1.12–1.75) (data
not shown). Among both Caucasians (612 cases and 2,618
controls) [17, 22, 25] and Asians (1,440 cases and 864
controls) [16, 19, 28, 32], subjects with the Cys/Cys genotype
were at increased risk of adenocarcinoma. Summary ORs for
Caucasians and Asians were 1.90 (95% CI = 0.99–3.63, P =
.054) ad 1.30 (95% CI=1.00–1.29, P = .049), respectively
(data not shown). It was found that increased risk associated
with the Cys/Cys genotype was not evident for squamous cell
lung cancer risk among Caucasians [17, 22, 25]. The available
data on squamous cell carcinoma are insufficient for Asians.

3.2. XRCC1 Polymorphism. Table 3 shows that summary
ORs of the XRCC1 Arg399Gln polymorphism on the basis
of 8,684 cases and 10,913 controls [23, 25–27, 30, 33–49].
The summary OR for the 339Gln/Gln genotype among 24
different ethnic populations was 1.00 (95% CI = 0.86–1.17).
The Cochran Q test for heterogeneity showed a statistical
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Table 2: Genetic polymorphisms in the BER pathway and lung cancer risk: OGG1 Ser326Cys polymorphism.

Author, published year
(reference no.)

Ethnicity
No. of
Cases/Controls

Source of
controls

OR (95% CI)∗ Quality control of
genotyping

Ser/Cys Cys/Cys

Sugimura et al., 1999 [16] Asian 241/197 Hospital
0.80

(0.52–1.21)
1.13

(0.63–2.02)
Sequencing

Wikman et al., 2000 [17] Caucasian 105/105 Hospital
0.66

(0.37–1.17)
2.20

(0.41–11.8)
Sequencing

Ito et al., 2002 [18] Asian 138/240 Hospital
1.02

(0.63–1.67)
0.85

(0.46–1.56)
None

Sunaga et al., 2002 [19] Asian 198/152 Hospital
1.49

(0.91–2.43)
0.98

(0.54–1.77)
None

Le Marchand et al., 2002 [20]
Admixed
population

298/405 Population
0.90

(0.65–1.26)
1.76

(1.15–2.71)
Sequencing

Lan et al., 2004 [21] Asian 118/109 Population
1.96

(1.10– 3.48)
1.84

(0.83–4.06)
None

Park et al., 2004 [22]
Mostly
composed of
Caucasians

179/350 Screening
1.89

(1.27–2.80)
4.10

(1.65–10.2)
Sequencing

Vogel et al., 2004 [23] Caucasian 256/269 Population
1.09

(0.75– 1.60)
0.78

(0.35–1.72)
Replication
(random samples)

Liang et al., 2005 [24]‡ Asian 227/227 Hospital
0.94

(0.63–1.41)
0.98

(0.33–2.87)
Sequencing

Hung et al., 2005 [25]
Mostly
composed of
Caucasians

2,155/2,163 Hospital
0.90

(0.79–1.03)
1.15

(0.84–1.57)
Replication
(random samples)

Zienolddiny et al., 2006 [26]‡ Caucasian 326/386 Population
0.91

(0.64–1.29)
0.63

(0.40–0.97)
Replication (all
samples)

Matullo et al., 2006 [27] Caucasian 116/1094 Population
1.26

(0.83– 1.91)
0.82

(0.21–2.33)
Replication
(random samples)

Kohno et al., 2006 [28] Asian 1097/394 Hospital
1.24

(0.94–1.63)
1.43

(1.02–2.01)
None

Sørensen et al., 2006 [29] Caucasian 431/796 Population
1.04

(0.80–1.35)
1.18

(0.63–2.21)
Replication
(random samples)

De Ruyck et al., 2007 [30] Caucasian 110/110 Hospital
0.58

(0.33–1.02)
0.61

(0.13–2.82)
None

Karahlil et al., 2008 [31] Turkish 165/250 Hospital
0.82

(0.54–1.24)
0.65

(0.32–1.29)
None

Miyaishi et al., 2009 [32] Asian 108/121 Hospital
1.47

(0.79–2.73)
1.34

(0.65–2.77)
None

Chang et al., 2009 [33] Latino 112/296 Population
0.91

(0.56–1.47)
1.05

(0.45–2.32)
Replication
(random samples)

Chang et al., 2009 [33]
African-
American

254/280 Population
1.32

(0.89–1.98)
0.89

(0.25–3.00)
Replication
(random samples)

Summary∗∗
No. of
populations

Cochran Q test for
heterogeneity

Ser/Cys Cys/Cys

All 17 6,181/7,331
1.04

(0.94–1.23)
1.22

(1.02–1.45)
0.004 0.220

Caucasian (mostly composed
of Caucasians)

7 3,352/4,887
1.02

(0.81–1.29)
1.24

(0.84–1.83)
0.004 0.133

Asian 6 1,900/1,213
1.23

(0.97–1.55)

1.24
(1.00–

1.55)†
0.159 0.572

∗Crude odds ratio and 95% confidence interval.
∗∗Based on random effects model.
†P = .052.
‡Excluded from the meta-analysis because genotype distribution of control population was not in Hardy-Weinberg equilibrium. NA, not available.
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Table 3: Genetic polymorphisms in the BER pathway and lung cancer risk: XRCC1 Arg399Gln polymorphism.

Author, published year
(reference no.)

Ethnicity
No. of
Cases/Controls

Source of
controls

OR (95% CI)∗
Quality control of
genotyping

Arg/Gln Gln/Gln

Ratnasinghe et al., 2001 [34] Asian 107/208 Population
1.00

(0.60–1.60)
1.40

(0.50–1.70)
Replication
(random sample)

David-Beabes and London ,
2001 [35]

African-
American

154/243 Population
1.03

(0.66–1.60)
0.52

(0.14–1.97)
Replication
(random sample)

David-Beabes and London ,
2001 [35]

Caucasian 180/461 Population
0.75

(0.52–1.08)
0.63

(0.34–1.14)
Replication
(random sample)

Divine et al., 2001 [36] Caucasian 172/143 Hospital
0.76

(0.47–1.22)
1.64

(0.80–3.36)
None

Chen et al., 2002 [37] Asian 109/109 Population
1.02

(0.57–1.80)
0.67

(0.20–2.26)
None

Park et al., 2002 [38] Asian 192/135
Hospital
visitors

1.27
(0.81–2.04)

2.30
(0.87–6.09)

Sequencing

Misra et al., 2003 [39] Caucasian 315/313 Population
1.10

(0.78–1.54)
0.84

(0.45–1.58)
Replication
(random sample)

Zhou et al., 2003 [40] Caucasian 1,091/1,240
Hospital
visitors

1.00
(0.80–1.20)

1.30
(1.00–1.70)

Replication
(random sample)

Ito et al., 2004 [41] Asian 178/449 Hospital
1.01

(0.70–1.45)
1.39

(0.70–2.76)
None

Popanda et al., 2004 [42] Caucasian 463/460 Hospital
0.89

(0.67–1.17)
0.87

(0.58–1.29)
Replication
(random sample)

Harms et al., 2004 [43] Caucasian 110/119 Hospital
0.73

(0.44–1.25)
1.07

(0.39–2.96)
Replication (all
samples)

Zhang et al., 2005 [44] Asian 1,000/1,000 Hospital
0.95

(0.79–1.14)
1.14

(0.84–1.55)
Replication (all
samples)

Hung et al., 2005 [25]
Mostly
composed of
Caucasians

2,049/2,015 Hospital
1.12

(0.98–1.28)
1.01

(0.83–1.23)
Replication
(random sample)

Vogel et al., 2004 [23] Caucasian 256/269 Population
0.79

(0.54–1.17)
0.81

(0.46–1.41)
Replication
(random sample)

Schneider et al., 2005 [45] Caucasian 446/622 Hospital
0.94

(0.72–1.23)
0.83

(0.54–1.26)
None

Shen et al., 2005 [46] Asian 116/109 Population
0.59

(0.33–1.05)
0.75

(0.13–4.23)
None

Zienolddiny et al., 2006 [26] Caucasian 331/391 Population
1.08

(0.78–1.49)
0.67

(0.39–1.14)
Replication (all
samples)

Matullo et al., 2006 [27] Caucasian 116/1,094 Population
1.14

(0.75–1.73)
0.52

(0.19-1.19)
Replication
(random sample)

Yin et al., 2007 [47] Asian 205/193 Hospital
1.20

(0.77–1.85)
0.21

(0.05–1.00)
None

López-Cima et al., 2007 [48] Caucasian 516/533 Hospital
0.91

(0.70–1.20)
0.89

(0.61–1.31)
Sequencing

Pachouri et al., 2007 [49] Asian 103/122 Population
0.36

(0.20–0.64)
0.47

(0.20–1.09)
None

De Ruyck et al., 2007 [30] Caucasian 109/109 Hospital
1.28

(0.69–2.28)
1.68

(0.67–4.23)
None

Chang et al., 2009 [33] Latino 112/296 Population
1.30

(0.73–2.30)
3.03

(1.11–7.83)
Replication
(random sample)

Chang et al., 2009 [33]
African-
American

254/280 Population
1.02

(0.62–1.65)
1.19

(0.24–5.13)
Replication
(random sample)

Summary∗∗
No. of
populations

Cochran Q test for
heterogeneity
Arg/Gln Gln/Gln

All 24 8,684/10,913
0.97

(0.89–1.05)
1.00

(0.86–1.17)
0.153 0.004

Caucasian (mostly composed
of Caucasians)

13 6,154/7,769
1.00

(0.92–1.08)
0.95

(0.83–1.10)
0.433 0.218

Asian 8 2,010/2,325
0.90

(0.72–1.13)
1.08

(0.78–1.49)
0.024 0.030

∗Crude odds ratio and 95% confidence interval..
∗∗Based on random effects model.
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Table 4: Genetic polymorphisms in the BER pathway and lung cancer risk: XRCC1 Arg194Trp polymorphism.

Author, published year
(reference no.)

Ethnicity
No. of
Cases/control

Source of
controls

OR (95% CI)∗ Quality control of
genotyping

Arg/Trp Trp/Trp

Ratnasinghe et al., 2001 [34] Asian 108/216 Population
0.70

(0.40–1.20)
0.70

(0.30–1.60)
Replication
(random sample)

David-Beabes and London ,
2001 [35]

African-
American

154/234 Population
0.40

(0.19–0.83)

1.44
(0.20–
10.37)

Replication
(random sample)

David-Beabes and London ,
2001 [35]

Caucasian 180/461 Population
1.05

(0.62–1.78)
—

Replication
(random sample)

Chen et al., 2002 [37] Asian 109/109 Population
1.31

(0.73–2.32)
2.61

(0.85– 8.04)
None

Hung et al., 2005 [25]
Mostly
composed of
Caucasians

2,147/2,132 Hospital
0.86

(0.72–1.03)
0.81

(0.35–1.88)
Replication
(random sample)

Schneider et al., 2005 [45] Caucasian 446/622 Hospital
0.99

(0.67–1.46)
1.86

(0.31–12.8)
None

Shen et al., 2005 [46] Asian 118/112 Population
1.01

(0.56–1.83)
1.48

(0.51–4.45)
None

Zienolddiny et al., 2006 [26] Caucasian 336/405 Population
0.88

(0.50–1.55)
0.60

(0.01–11.5)
Replication (all
samples)

Matullo et al., 2006 [27] Caucasian 116/1094 Population
1.10

(0.59–1.94)

9.70
(0.69–
134.6)

Replication
(random samples)

Yin et al., 2007 [47] Asian 241/249 Hospital
0.89

(0.60–1.32)
1.09

(0.54–2.18)
None

Pachouri et al., 2007 [49]‡ Asian 103/122 Population
0.97

(0.54–1.76)
1.36

(0.67–2.75)
None

De Ruyck et al., 2007 [30] Caucasian 110/110 Hospital
0.43

(0.15–1.12)
— None

Chang et al., 2009 [33] Latino 112/296 Population
0.73

(0.37–1.49)
—

Replication
(random samples)

Chang et al., 2009 [33]
African-
American

254/280 Population
1.23

(0.64–2.30)
—

Replication
(random samples)

Summary∗∗
No. of
populations

Cochran Q test for
heterogeneity

Arg/Trp Trp/Trp

All 13 4,431/6,320
0.89

(0.79–
1.00)†

1.15
(0.80–1.67)

0.467 0.510

Caucasian (mostly composed
of Caucasians)

6 3,335/4,824
0.89

(0.77–1.03)
1.24

(0.50–3.11)
0.653 0.315

Asian 4 576/686
0.93

(0.72–1.20)
1.18

(0.72–1.93)
0.476 0.305

∗Crude odds ratio and 95% confidence interval.
∗∗Based on random effects model.
†P = .047.
‡Excluded from the meta-analysis because genotype distribution of control population was not in Hardy-Weinberg equilibrium.

significance (P = .004). Both the Egger’s and Begg’s tests
were not statistically significant, however. The summary
ORs for the 339Gln/Gln genotype among Caucasians and
Asians were 0.95 (95% CI = 0.83–1.10) and 1.08 (95% CI
= 0.78–1.49), respectively. Evidence for publication bias was
absent in subgroup analyses by ethnic. The Cochran Q test
for heterogeneity showed a statistical significance among
Asians.

A further analysis on histological type (adenocarcinoma
and squamous cell carcinoma) was carried out. Although
available data were not sufficient, there were no statistically
significant differences in risk associated with the XRCC1
Arg399Gln polymorphism and adenocarcinoma or squa-
mous cell both Caucasians and Asians [25, 38, 42, 44, 45, 49].

Table 4 shows summary ORs of the XRCC1 Arg194Trp
polymorphism [25–27, 30, 33–35, 37, 45–47, 49]. One study
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Table 5: Genetic polymorphisms in the BER pathway and lung cancer risk: XRCC1 Arg280His polymorphism.

Author, published year
(reference no.)

Ethnicity
No. of
Cases/
controls

Source of
controls

OR (95% CI)∗ Quality control of genotyping

Arg/His
Arg/His or

His/His

Ratnasinghe et al., 2001 [34] Asian 106/209 Population
1.40

(0.70–2.60)
1.60

(0.90–2.90)
Replication (random sample)

Mirsa et al., 2003 [39] Caucasian 309/302 Population
1.12

(0.70–1.80)
1.17

(0.73–1.87)
Replication (random samples)

Hung et al., 2005 [25]
Mostly
composed of
Caucasians

2,088/2,092 Hospital
0.95

(0.77–1.18)
0.95

(0.77–1.17)
Replication (random samples)

Vogel et al., 2004 [23] Caucasian 256/269 Population
0.98

(0.53–1.79)
1.01

(0.56–1.85)
Replication (random samples)

Schneider et al., 2005 [45] Caucasian 446/622 Hospital
0.93

(0.59–1.44)
0.97

(0.63–1.53)
None

Shen et al., 2005 [46] Asian 111/110 Population
1.14

(0.60–2.18)
1.29

(0.69–2.41)
None

Zienolddiny et al., 2006 [26]‡ Caucasian 324/377 Population
1.53

(0.85–2.78)
1.45

(0.82–2.56)
Replication (All samples)

Yin et al., 2007 [47] Asian 238/242 Hospital
0.73

(0.46–1.16)
0.72

(0.46–1.12)
None

De Ruyck et al., 2007 [30] Caucasian 110/110 Hospital
0.26

(0.06–0.87)
0.26

(0.06–0.87)
None

Chang et al., 2009 [33] Latino 112/296 Population
1.11

(0.53–2.20)
1.08

(0.53–2.10)
Replication (random samples)

Chang et al., 2009 [33]
African-
American

254/280 Population — — Replication (random samples)

Summary∗∗
No. of
populations

Cochran Q test for
heterogeneity

Arg/His Arg/His or His/His

All 10 4,030/4,532
0.96

(0.83–1.11)
0.99

(0.83–1.19)
0.525 0.281

Caucasian (mostly composed
of Caucasians)

5 3,209/3,395
0.95

(0.80–1.13)
0.96

(0.80–1.17)
0.400 0.357

Asian 3 455/561
0.99

(0.66–1.48)
1.10

(0.66–1.84)
0.236 0.076

∗Crude odds ratio and 95% confidence interval.
∗∗Based on random effects model.
‡Excluded from the meta-analysis because genotype distribution of control population was not in Hardy-Weinberg equilibrium.

[49] was excluded from the meta-analysis because allelic
frequency in control population is not in HWE. Based on
11 studies in 13 different ethnic populations on the basis
of 4,431 cases and 6,320 controls, the summary ORs for the
Arg/Trp genotype and Trp/Trp genotype were 0.89 (95% CI
= 0.79–1.00, P = .047) and 1.15 (95% CI = 0.80–1.67),
respectively. The ORs for the Trp/Trp genotype were 1.24
(95% CI = 0.50–3.11) in Caucasians and 1.18 (95% CI =
0.72–1.93) in Asians. This polymorphism was not associated
with lung cancer risk among both Caucasians and Asians.
Evidence for heterogeneity and publication bias was absent
in any analysis.

Table 5 shows summary ORs of the XRCC1 Arg280His
polymorphism [23, 25, 26, 30, 33, 34, 39, 45–47]. One
study [26] was excluded from the meta-analysis because
genotype distribution in control population does not fulfill
HWE. The summary OR for the Arg/His versus the Arg/Arg

genotype among 9 studies on the basis of 4,030 cases and
4,532 controls was 0.96 (95% CI = 0.83–1.11). The summary
OR for the Arg/His and His/His genotypes combined versus
the Arg/Arg genotype was 0.99 (95% CI = 0.83–1.19).
The summary ORs for the Arg/His and His/His genotypes
combined versus the Arg/Arg genotype in Caucasians and
Asians were 0.96 (95% CI = 0.80–1.17) and 1.10 (95% CI
= 0.66–1.84), respectively. There was no ethnic difference
in the association between lung cancer risk and the XRCC1
Arg280His polymorphism. Evidence for heterogeneity and
publication bias was absent in subgroup analyses by ethnic.

3.3. XPA G23A Polymorphism. Table 6 shows summary ORs
of the XPA G23A polymorphism on the basis of 2,025 cases
and 1,991 controls [26, 30, 42, 50–52]. SNP alleles with
higher frequencies are more likely to be ancestral than less
frequently occurring alleles although there may be some
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Table 6: Genetic polymorphisms in the NER pathway and lung cancer risk: XPA G23A polymorphism.

Author, published year
(reference no.)

Ethnicity
No. of Cases
/controls

Source of
controls

OR (95% CI)∗ Quality control of
genotyping

G/A G/G

Park et al., 2002 [50] Asian 265/185 Population
1.00

(0.62–1.62)
0.62

(0.35–1.10)
Sequencing

Wu et al., 2003 [51] Caucasian 564/581 Population
0.65

(0.48–0.87)
0.74

(0.55–1.01)
None

Wu et al., 2003 [51]
Mexican-
American

50/47 Population
0.31

(0.09–1.00)
0.40

(0.13–1.25)
None

Wu et al., 2003 [51]
African-
American

71/67 Population
0.54

(0.16–1.68)
0.49

(0.15–1.49)
None

Popanda et al., 2004 [42] Caucasian 461/457 Hospital
0.77

(0.48–1.21)
0.82

(0.52–1.30)
Replication
(random samples)

Vogel et al., 2005 [52] Caucasian 256/269 Population
0.78

(0.41–1.49)
0.57

(0.30–1.06)
None

Zienolddiny et al., 2006 [26] Caucasian 248/276 Population
0.87

(0.48–1.57)
1.41

(0.79–2.52)
Replication (all
samples)

De Ruyck et al., 2007 [30] Caucasian 110/109 Hospital
1.00

(0.34–2.92)
1.02

(0.34–3.03)
None

Summary∗∗
No. of
populations

Cochran Q test for
heterogeneity

G/A G/G

All 8 2,025/1,991
0.74

(0.61–0.90)
0.76

(0.61–0.94)
0.640 0.345

Caucasian 5 1,639/1,692
0.73

(0.59–0.90)
0.83

(0.64–1.08)
0.855 0.266

∗Crude odds ratio and 95% confidence interval.
∗∗ Based on random effects model.

exceptions. As the 23G allele was more prevalent than the
23A allele [53], we regarded the 23G allele as ancestral (wild-
type or major) allele for descriptive purposes (the XPA 23
polymorphism caused by the G-to-A substitution is the XPA
G23A polymorphism). Summary ORs for the G/A genotype
and G/G genotype among 6 studies in 8 populations were
0.74 (95% CI = 0.61–0.90) and 0.76 (95% CI = 0.61–
0.94), respectively (Table 6, Figure 1). Among Caucasian
studies, the summary ORs for the G/A genotype and the
A/A genotype were 0.73 (95% CI = 0.59–0.90) and 0.83
(95% CI = 0.64–1.08), respectively. The Cochran Q test for
heterogeneity did not show a statistical significance. The
Egger’s test was statistically significant for publication bias in
a subgroup analysis of Caucasians (P = .024, G/A genotype
versus G/G genotype).

3.4. ERCC2/XPD Polymorphism. Table 7 shows summary
ORs of the ERCC2 Asp312Asn polymorphism on the basis
of 6,346 cases and 7,792 controls [26, 27, 30, 39, 42, 48, 54–
63]. The summary OR for the Asn/Asn genotype among
17 different ethnic populations was 1.19 (95% CI = 1.03–
1.38). Caucasians with the Asn/Asn genotype and Asian with
the Asn/Asn genotype had a marginal 1.15-fold (95% CI
= 0.98–1.32, P = .079) and a significant 8.26-fold (95%
CI = 1.50–45.6, P = .015) risk of developing lung cancer,

respectively. No significant association between lung cancer
and the heterozygous Asp/Asn genotype was found for
all of the studies combined or by ethnicity. The impact
of the heterozygous genotype on lung cancer was similar
between Caucasians and Asians. The Cochran Q test for
heterogeneity did not show a statistical significance in all
analyses. Although no evidence of publication bias was found
in overall analyses, both Begg’s (P = .040) and Egger’s (P =
.010) tests showed a statistical significance in a subgroup
analysis of Caucasians (Asn/Asn genotype versus Asp/Asp
genotype).

Table 8 shows summary ORs of the ERCC2 Lys751Gln
polymorphism [26, 27, 30, 37, 39, 42, 43, 48, 55–65]. One
study [26] was excluded from the meta-analysis because
genotype distribution in control population significantly
deviates from HWE. Based on 6,941 cases and 8,595
controls, summary ORs for the Gln/Gln genotype and
Lys/Gln genotype were 1.09 (95% CI = 1.04–1.18) and 1.27
(95% CI = 1.10–1.46), respectively. The Gln/Gln genotype
was significantly associated with an increased risk of lung
cancer in Caucasians (OR = 1.24, 95% CI = 1.06–
1.45) (Figure 2) but not in Asians (OR = 1.16, 95%
CI = 0.48–2.80). The Cochran Q test for heterogeneity
showed a statistical significance among Asian studies. Evi-
dence of publication bias was absent in all of the analy-
ses.
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Figure 1: Meta-analysis of 8 studies (5 Caucasian studies and 3 non-Caucasian studies) of lung cancer and theXPA G23A polymorphism
(GG versus AA). The center of a box and the horizontal line (logarithm) indicate the odds ratio (OR) and the 95% confidence interval
(CI) in each study, with the areas of the boxes representing the weight of each study. The summary OR based on random effects model is
represented by the middle of a diamond whose width indicated the 95% CI. The summary OR is shown by the dotted vertical line. Statistical
heterogeneity between studies was assessed with Cochran Q test (Q = 7.86, P = .35). Summary: OR = 0.76 (95% CI = 0.61–0.94).
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Figure 2: Meta-analysis of 10 Caucasian studies of lung cancer and the ERCC2 Lys751Gln polymorphism (Gln/Gln versus Lys/Lys). The
center of a box and the horizontal line (logarithm) indicate the odds ratio (OR) and the 95% confidence interval (CI) in each study, with the
areas of the boxes representing the weight of each study. The summary OR based on random effects model is represented by the middle of a
diamond whose width indicated the 95% CI. The summary OR is shown by the dotted vertical line. Statistical heterogeneity between studies
was assessed with Cochran Q test(Q = 2.75, P = .97). Summary: OR = 1.24 (95% CI = 1.06–1.45).

4. Discussion

Epidemiological studies of common polymorphisms in DNA
repair genes, if large and unbiased, can provide insight
into the in vivo relationships between DNA repair genes
and lung cancer risk. Such studies may identify empirical
associations which indicate that a polymorphism in a gene
of interest has an impact on lung cancer, independent of
metabolic regulatory mechanisms and other genetic and
environmental variability. Findings from epidemiological
studies can complement in vitro analyses of the various
polymorphisms, genes, and pathways. In addition, epidemi-
ological studies of common polymorphisms can lead to an
increased understanding of the public health dimension of
DNA-repair variation.

We conducted a systematic literature review to evaluate
the associations between sequence variants in DNA repair
genes and lung cancer risk. We found an increased risk of
lung cancer among subjects carrying the ERCC2 751 Gln/Gln
genotype in Caucasians (OR = 1.24, 95% CI = 1.06–1.45).
The meta-analysis by Hu et al., showed that the Gln/Gln
genotype had a significant 23% (95% CI = 3%–47%)
increased risk of lung cancer compared with individuals
with the Lys/Lys genotype among Caucasians [66]. The
meta-analysis by Benhamou and Sarasin reported that the
summary OR for the Gln/Gln genotype was 1.25 (95% CI =
1.03–1.52) in the United States (stratified by geographic
region) [67]. Both of the meta-analyses were based on the
same published data from 8 individual case-control (five
Caucasian and three Asians) studies [37, 39, 55–58, 64, 65].
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Table 7: Genetic polymorphisms in the NER pathway and lung cancer risk: ERCC2 Asp312Asn polymorphism.

Author, published year
(reference no.)

Ethnicity
No. of
Cases/controls

Source of
controls

OR (95% CI)∗ Quality control of
genotyping

Asp/Asn Asn/Asn

Butkiewicz et al., 2001 [54] Caucasian 96/94 Population
0.49

(0.24–0.98)
0.71

(0.29–1.74)
Sequencing

Spitz et al., 2001 [55]
Admixed
population

195/257 Population
0.92

(0.62–1.36)
1.54

(0.78–3.05)
None

Hou et al., 2002 [56] Caucasian 184/162 Population
1.27

(0.78–2.05)
0.88

(0.43–1.84)
Replication
(random samples)

Zhou et al., 2002 [57] Caucasian 1,092/1,240 Population
0.98

(0.82–1.17)
1.41

(1.06–1.86)
Replication
(random samples)

Liang et al., 2003 [58] Asian 1,006/1,020 Population
0.98

(0.76–1.28)
11.2

(1.45–87.2)
Replication
(random samples)

Misra et al., 2003 [39] Caucasian 313/312 Population
0.76

(0.53–1.07)
0.94

(0.56–1.59)
Replication
(random samples)

Popanda et al., 2004 [42] Caucasian 463/460 Hospital
1.14

(0.77–1.68)
1.03

(0.70–1.51)
Replication
(random samples)

Vogel et al., 2004 [59] Caucasian 252/263 Population
1.27

(0.86–1.89)
1.09

(0.63–1.86)
None

Shen et al., 2005 [60] Asian 118/113 Population
0.58

(0.21–1.52)
—

Replication
(random samples)

Zienolddiny et al., 2006 [26] Caucasian 275/290 Population
0.85

(0.58–1.25)
1.11

(0.68–1.81)
Replication (all
samples)

Matullo et al., 2006 [27] Caucasian 116/1094 Population
0.81

(0.52– 1.26)
0.95

(0.51–1.71)
Replication
(random samples)

Hu et al., 2006 [61] Asian 970/986 Hospital
1.07

(0.81–1.43)

4.11
(0.41–
202.7)

None

López-Cima et al., 2007 [48] Caucasian 516/533 Hospital
1.04

(0.80–1.35)
1.39

(0.88–2.20)
Sequencing

De Ruyck et al., 2007 [30] Caucasian 110/109 Hospital
1.28

(0.70–2.35)
1.03

(0.40–2.66)
None

Chang et al.,2008 [62] Latino 108/297 Population
1.37

(0.83–2.26)
2.13

(0.72–5.96)
Replication
(random samples)

Chang et al.,2008 [62]
African-
American

247/277 Population
1.10

(0.71–1.70)
0.68

(0.10–3.57)
Replication
(random samples)

Yin et al., 2009 [63] Asian 285/285 Hospital
1.31

(0.77–2.77)
—

Replication
(random samples)

Summary∗∗
No. of
populations

Cochran Q test for
heterogeneity

Asp/Asn Asn/Asn

All 17 (15) 6,346/7,792
1.00

(0.92–1.10)
1.19

(1.03–1.38)
0.510 0.510

Caucasian 10 3,417/4,557
0.98

(0.86–1.11)
1.15

(0.98–1.34)
0.257 0.770

Asian 4 (2) 2,379/2,404
1.02

(0.85–1.22)
8.26

(1.50–45.6)
0.565 0.597

∗ Crude odds ratio and 95% confidence interval.
∗∗ Based on random effects model.

These meta-analyses also indicate that the excess lung cancer
risk from the Gln/Gln genotype may be about 20%. The Gln
allele of the ERCC2 Lys751Gln polymorphism is associated
with a higher DNA adduct level or lower DNA repair effi-
ciency [56, 68, 69], except in research published by Duell et
al., who found no correlation between the ERCC2 Lys751 Gln

polymorphism and the level of polyphenol-DNA adducts in
human blood samples [70]. Thus, it is biologically plausible
that subjects with the Gln/Gln genotype are at increased risk
of lung cancer. As with the two meta-analyses, in our meta-
analysis the Gln/Gln genotype was not associated with an
increased risk of lung cancer among Asians. The Cochran
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Table 8: Genetic polymorphisms in the NER pathway and lung cancer risk: ERCC2 Lys751Gln polymorphism.

Author, published year
(reference no.)

Ethnicity
No. of
Cases/controls

Source of
controls

OR (95% CI)∗∗ Quality control of
genotyping

Lys/Gln Gln/Gln

David-Beabes et al., 2001 [64] Caucasian 178/453 Population
1.14

(0.77–1.71)
1.72

(1.00–2.94)
Replication
(random samples)

David-Beabes et al., 2001 [64]
African-
American

153/234 Population
1.14

(0.73–1.78)
1.39

(0.54–3.55)
Replication
(random samples)

Spitz et al., 2001 [55]
Admixed
population

341/360 Population
1.07

(0.78–1.46)
1.36

(0.84–2.20)
None

Chen et al., 2002 [37] Asian 109/109 Population
0.79

(0.17–1.11)
0.44

(0.17–1.11)
None

Hou et al., 2002 [56] Caucasian 185/162 Population
1.22

(0.75–2.00)
1.11

(0.58–2.13)
Replication
(random samples)

Zhou et al., 2002 [57] Caucasian 1,092/1,240 Population
1.01

(0.84–1.21)
1.17

(0.90–1.51)
Replication
(random samples)

Park et al., 2002 [65] Asian 250/163 Population
1.06

(0.55–2.11)
— None

Liang et al., 2003 [58] Asian 1,006/1,020 Population
0.93

(0.73–1.18)
2.36

(0.90–6.17)
Replication
(random samples)

Misra et al., 2003 [39] Caucasian 310/302 Population
0.87

(0.60–1.26)
1.06

(0.64–1.76)
Replication
(random samples)

Popanda et al., 2004 [42] Caucasian 463/459 Hospital
1.14

(0.86–1.52)
1.37

(0.93–2.02)
Replication
(random samples)

Harms et al., 2004 [43] Caucasian 110/119 Population
1.34

(0.79–2.49)
1.07

(0.34–3.38)
Replication (all
samples)

Vogel et al., 2004 [59] Caucasian 256/269 Population
1.57

(1.05–2.34)
1.73

(1.01–2.96)
None

Shen et al., 2005 [60] Asian 118/108 Population
0.44

(0.18–1.03)
—

Replication
(random samples)

Zienolddiny et al., 2006 [26]‡ Caucasian 317/386 Population
1.20

(0.84–1.73)
1.56

(1.06–2.31)
Replication (all
samples)

Matullo et al., 2006 [27] Caucasian 116/1094 Population
1.23

(0.78–1.96)
1.17

(0.63–2.11)
Replication
(random samples)

Hu et al., 2006 [61] Asian 975/997 Hospital
1.16

(0.89–1.52)
1.46

(0.40–5.87)
None

De Ruyck et al., 2007 [30] Caucasian 110/109 Hospital
1.07

(0.58–1.97)
1.46

(0.55–3.94)
None

López-Cima et al., 2007 [48] Caucasian 516/533 Hospital
1.08

(0.83–1.41)
1.25

(0.80–1.95)
Sequencing

Chang et al.,2008 [62] Latino 113/299 Population
1.01

(0.61–1.66)
2.89

(1.20–6.91)
Replication
(random samples)

Chang et al., 2008 [62]
African
American

255/280 Population
1.20

(0.83–1.74)
1.01

(0.41–2.43)
Replication
(random samples)

Yin et al., 2009 [63] Asian 285/285 Hospital
1.68

(1.06–2.67)
1.47

(0.24–10.1)
Replication
(random samples)

Summary∗∗
No. of
populations

Cochran Q test for
heterogeneity

Lys/Gln Gln/Gln

All 20 (18) 6,941/8,595
1.09

(1.04–1.18)
1.27

(1.10–1.46)
0.613 0.727

Caucasian 10 3,336/4,740
1.10

0.99–1.22)†
1.24

(1.06–1.45)
0.702 0.973

Asian 6 (4) 2,743/2,682
1.04

(0.81–1.35)
1.16

(0.48–2.80)
0.085 0.096

∗ Crude odds ratio and 95% confidence interval. ∗∗ Based on random effects model. †P = .051
‡ Excluded from the meta-analysis because genotype distribution of control population was not in Hardy-Weinberg equilibrium.
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Q test for heterogeneity showed a statistical significance
among Asian studies. The presence of heterogeneity may
compromise the interpretation of meta-analyses and result in
erroneous and potentially misleading conclusions [71, 72].
The presence of significant heterogeneity suggests that the
estimated OR in each study is not homogeneous and the
estimated ORs are close to 1.0 in the larger studies. Pos-
sible sources of heterogeneity are ethnicity (the prevalence
of the “at risk” allele, ethnic differences in roles of the
polymorphism), study design, and so on. Another possible
reason for heterogeneity is linkage disequilibrium, with
additional allelic variants of this gene that modulate overall
enzyme activity. Furthermore, it is possible that interaction
with polymorphisms at other genes may be important.
Heterogeneity can be taken into account by applying the
random effects model, however. This discrepancy between
Caucasian studies and Asian studies may only be due to a
difference in sample sizes. Reasons for this difference in risk
among different ethnic populations are as yet unknown but,
if real, may be related to other genetic or environmental
factors.

In contrast to the Lys751Gln polymorphism, the
Asp312Asn polymorphism was not associated with an
increased risk of lung cancer among Caucasians. Both Begg’s
and Egger’s tests were statistically significant for publication
bias in a subgroup analysis of Caucasians. Publication bias
may be always a possible limitation of combining data
from various sources as in a meta-analysis. The idea of
adjusting the results of meta-analyses for publication bias
and imputing “fictional” studies into a meta-analysis is
controversial at the moment [73]. Although publication
bias is always a possible limitation of combining data
from various sources as in a meta-analysis, Sutton et al.,
concluded that publication or related biases did not affect the
conclusions in most meta-analyses because missing studies
changed the conclusions in less than 10% of meta-analyses
[73]. Two meta-analyses have been published in 2004 [66]
and 2005 [67], respectively. Both of them are based on the
same published data from 6 individual case-control (five
Caucasian and one Asian) studies [54–58, 74]. The first
meta-analysis showed that individuals with the Asn/Asn
genotype were associated with an increased risk of lung
cancer among Caucasians (OR = 1.22, 95% CI = 0.99–
1.49). The second meta-analysis was somewhat different
from the first one, because unadjusted ORs were summarized
in the first one. A significantly increased risk of lung
cancer associated with the Asn/Asn genotype of the ERCC2
Asp312Asn polymorphism in the United States was found
(OR = 1.43, 95% CI = 1.11–1.83) [67]. The study of Zhou et
al., [57], which was based on a large sample size and observed
the significant result (OR = 1.5, 95 % CI = 1.1–2.0), made
a significant influence on the summary OR of the United
States. In this study, a significant 8.26-fold (95% CI = 1.50–
45.6) risk of developing lung cancer was observed among
Asians. This finding was entirely due to the study of Liang
et al. [58]. Although no clear association between ERCC2
Asp312Asn polymorphism and lung cancer can be found,
the Asn allele of the ERCC2 Asp312Asn polymorphism has
been reported to be associated with a higher DNA adduct

level or lower DNA repair efficiency [56]. Therefore, it is
plausible that the Asn allele is associated with an increased
risk of lung cancer. The Lys751Gln polymorphism has been
more studied than the Asp312Asn polymorphism because
the frequency of the 751Gln allele is more prevalent than the
312Asn allele. Moreover, the Asp312Asn polymorphism is
in linkage disequilibrium with the Lys751Gln polymorphism
[54, 55, 58]. As absence of association with lung cancer risk
and Asp312Asn polymorphism may be partly due to the low
prevalence of the 312Asn allele (low statistical power), the
finding on the ERCC2 Asp312Asn polymorphism should be
interpreted with caution before being confirmed in future
studies.

In contrast, we found a protective effect of the XPG G23A
G/G genotype (OR = 0.76, 95% CI = 0.61–0.94) on lung
cancer risk. The XPA G23A polymorphism itself may alter
the transcription and/or translation of the gene. Because this
polymorphism is located in the vicinity of the translation
initiation codon, it may alter translation efficiency. The
nearby proximal nucleotides to the AUG initiation codon
are important for the initiation of translation because the
40S ribosomal subunit binds initially at the 5′-end of the
mRNA [75]. The consensus sequence around the start
codon is GCCRCCAUGG, which is known as the Kozak
consensus sequence [76]. The R at position −3 and the G
just downstream of the start codon are especially important,
and the lack of these bases leads to read-through of the start
codon [77]. However, there has been no precise explanation
of the mechanism by which the recognition of the start
codon is aided by a purine at position −3 [76], which is the
core nucleotide of the Kozak consensus. The polymorphism
XPA G23A is a G/A transversion occurring four nucleotides
upstream of the start codon of XPA and possibly improving
the Kozak sequence [50]. The sequences (CCAGAGAUGG)
around the predicted initiator methionine codon of the XPA
gene agree with the Kozak’s consensus sequence at positions
−3 and +4 [78]. Although both the A and polymorphic
variant G nucleotides at the −4 position of the XPA gene
do not correspond to the original consensus Kozak sequence
containing the nucleotide C at position −4, it is possible
that a nucleotide substitution of A to G at position-4
preceding the AUG codon may affect ribosomal binding
and thus alter the efficiency of XPA protein synthesis. To
investigate whether the transition from G to A changes the
translation efficiency, an in vitro transcription/translation
analysis and a primer extension assay of the initiation
complex will be necessary in the future. Furthermore, a
functional association between the G23A polymorphism and
DRC was reported [51], which showed significantly higher
repair efficiency in healthy subjects with at least one G allele.
An alternative explanation could be that the protective XPA
23G allele is in linkage disequilibrium with an allele from
an adjacent gene which is the true susceptibility gene. The
XPA G23A polymorphism may be a promising SNP for
lung cancer. It is thought that cigarette smoking modifies
the association between DNA repair polymorphisms, as well
as metabolic polymorphisms, and lung cancer risk. Since
interactions between the XPA G23A polymorphism and
smoking have not been fully elucidated, further studies are
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needed to better understand the associations between the
XPA G23A polymorphism and lung cancer risk.

The Cys/Cys genotype of the OGG1 Ser326Cys poly-
morphism was significantly associated with lung cancer risk
in all of the studies combined (OR = 1.22, 95% CI =
1.02–1.45) and was marginally associated with lung cancer
risk in Asian populations (OR = 1.24, 95% CI = 1.00–
1.55, P = .052). In the stratified analysis by histological
type of lung cancer, a significant association was found
for adenocarcinoma. In a narrative review, the Ser326Cys
polymorphism has inconsistently been associated with risk
of lung cancer [79]. There was an increased risk of lung
cancer among subjects with the OGG1 326Cys/Cys genotype,
which is consistent with experimental evidence that this
isoform exhibits decreased the BER activity [80, 81]. The
meta-analysis of Hung et al. showed that the summary OR
was 1.37 (95% CI = 1.02–1.82) for the Cys/Cys genotype
in various ethnic populations combined [82]. The meta-
analysis of Li et al. showed that individuals carrying the
Cys/Cys genotype did not have significantly increased risk of
lung cancer in all populations combined but, in the stratified
analysis by ethnicity, a significantly increased risk was found
among Asians (OR = 1.18, 95% CI = 1.01–1.38) [83].
Ethnic difference in the association between lung cancer
risk and the OGG1 Ser326Cys polymorphism was suggested.
Large studies including different ethnic groups with a careful
matching between cases and controls should be considered in
future association studies to confirm results from the meta-
analyses.

None of the XRCC1 polymorphisms was associated with
an increased risk of lung cancer among both Caucasians and
Asians. Our result for the XRCC1 Arg280His and Arg399Gln
polymorphisms replicated the results of the meta-analysis by
Hung et al. [82]. Results of previous studies that examined
the association between the XRCC1 polymorphisms and lung
cancer risk were inconsistent, possibly owing to the large
random error in several small studies. This inconsistency
might be due, in part, to differences in the prevalence of
smokers. Lunn et al., [84] measured higher levels of aflatoxin
B1 adducts in the XRCC1 Arg399Gln polymorphism and
suggested that this might result in a deficient DRC. Two
other XRCC1 polymorphisms, Arg194Trp and Arg280His,
have been also determined and the functional effect of these
polymorphisms is also unclear, even though some studies
have revealed that amino acid changes at the evolutionary
conserved regions can alter its function [85]. Although
these polymorphisms result in amino acid substitutions,
there is no direct evidence on its functional consequences.
The XRCC1 Arg399Gln polymorphism has been associated
with risk of breast cancer among African Americans, but
not among Caucasians [86, 87], indicating that the XRCC1
Arg399Gln polymorphism may be linked to another bio-
logically effective mutation. Further investigations of the
combined effects of polymorphisms within these DNA repair
genes, smoking, and other risk factors may help to clarify the
influence of genetic variation in the carcinogenic process.

Several DNA repair pathways are involved in the mainte-
nance of genetic stability. The most versatile and important
one is the NER pathway, which detects and removes bulky

DNA adducts, including those induced by cigarette smoking
[88]. However, there are several conflicting reports on the
association between this polymorphism and lung cancer
risk among various populations. Although the reasons for
the inconsistencies in the studies are not clear, possible
explanations are (1) low frequency of the “at-risk” genotype,
which would reduce the statistical power of the studies and
(2) small size of the studies. Ethnic differences in the roles of
the polymorphism may be caused by gene-gene interactions,
different linkages to the polymorphisms determining lung
cancer risk, and different lifestyles.

The most important problems facing lung cancer
research are identifying “at-risk” individuals and imple-
menting clinical surveillance, prevention practices, and
follow-up care. Repair pathways play an important role in
lung cancer risk, and genetic variations may contribute to
decreased DRC and lung cancer susceptibility. Although
the increased/decreased risk associated with individual DNA
repair SNPs may be small compared to that conferred by
high-penetrance cancer genes, their public health implica-
tion may be large because of their high frequency in the
general population. It is thus essential that epidemiological
investigations of DNA repair polymorphisms are adequately
designed. Unfortunately a fairly good number of studies are
limited by their sample size and subsequently suffer from too
low power to detect effects that may truly exist. Also, given
the borderline significance of some associations and multiple
comparisons that have been carried out, there is a possibility
that one or more findings are false-positives [89]. Large
and combined analyses may be preferred to minimize the
likelihood of both false-positive and false-negative results.
In addition, controls should be chosen in such a way that,
if they were cases, they would be included in the case
group; when controls are matched to cases, it is essential
to account for matching in the analysis. When appropriate,
confounding factors should be controlled for, with particular
consideration of race and ethnicity. An additional major
concern is the grouping of genotypes for calculation of
ORs. Without functional data to dictate genotype groupings,
it seems prudent to present two ORs per polymorphism
(one for heterozygotes versus common-allele homozygotes
and one for rare-allele homozygotes versus common-allele
homozygotes) so that dominant, codominant, or recessive
patterns may be elucidated.

Continued advances in SNP maps and in high-
throughput genotyping methods will facilitate the analysis
of multiple polymorphisms within genes and the anal-
ysis of multiple genes within pathways. The effects of
polymorphisms are best represented by their haplotypes.
Data from multiple polymorphisms within a gene can be
combined to create haplotypes, the set of multiple alleles
on a single chromosome. None of the studies reviewed here
reported haplotype associations, although several studies
analyzed multiple polymorphisms within a gene, sometimes
with inconsistent results. The analysis of haplotypes can
increase the power to detect disease associations because
of higher heterozygosity and tighter linkage disequilibrium
with disease-causing mutations. In addition, haplotype
analysis offers the advantage of not assuming that any
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of the genotyped polymorphisms is functional; rather, it
allows for the possibility of an ungenotyped functional
variant to be in linkage disequilibrium with the genotyped
polymorphisms [90]. An analysis of data from multiple genes
within the same DNA-repair pathway (particularly those
known to form complexes) can provide more comprehensive
insight into the studied associations. Such an analysis may
shed light on the complexities of the many pathways involved
in DNA repair and lung cancer development, providing
hypotheses for future functional studies. Because of concerns
over inflated type I error rates in pathway-wide or genome-
wide association studies, methods of statistical analysis
seeking to obviate this problem are under development [91].
The ability to include haplotype information and data from
multiple genes, and to model their interactions, will provide
more powerful and more comprehensive assessments of the
DNA repair pathways.

This review, which is limited by the bias against
publication of null findings, highlights the complexities
inherent in epidemiological research and, particularly, in
molecular epidemiological research. There is evidence that
some polymorphisms in DNA repair genes play a role in
carcinogenesis, most notably the ERCC2 Lys751Gln and XPA
G23A polymorphisms. The variant allele of each of the three
polymorphisms was associated with about a 30% decrease
or increase in lung cancer risk. Although the summary
risk for developing lung cancer in individuals of each
genotype may not be large, lung cancer is such a common
malignancy that even a small increase in risk can translate
to a large number of excess lung cancer cases. Therefore,
polymorphisms, even those not strongly associated with lung
cancer, should be considered as potentially important public
health issues. In addition, it is important to keep in mind
that a susceptibility factor in one population may not be
a factor in another. There are differences in the prevalence
of DNA repair polymorphisms across populations. In a
population where the prevalence of an “at-risk” genotype
in a given polymorphism is very low, the “at-risk” allele
or “at-risk” genotype may be too infrequent to assess its
associated risk. At a population level, the attributable risk
must be small simply because it is an infrequent allele.
Finally, the major burden of lung cancer in the population
probably results from the complex interaction between
many genetic and environmental factors over time. Most
environmental carcinogens first require metabolic activation
by Phase I enzymes to their ultimate forms which then
bind to DNA, forming aromatic-DNA adducts that are
thought to be an early step in tumorigenesis. On the
other hand, these activated forms are detoxified by Phase
II enzymes. Thus, genetically determined susceptibility to
lung cancer may depend on the metabolic balance among
Phase I enzymes, Phase II enzymes, and DNA repair
enzymes [92]. Further investigations of the combined effects
of polymorphisms between DNA repair genes and drug-
metabolizing genes may also help to clarify the influence
of genetic variation in the carcinogenic process. Consortia
and international collaborative studies, which may be a way
to maximize study efficacy and overcome the limitations
of individual studies, are needed to help further illuminate

the complex landscape of lung cancer risk and genetic
variations.
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DNA is subjected to many endogenous and exogenous damages. All organisms have developed a complex network of DNA repair
mechanisms. A variety of different DNA repair pathways have been reported: direct reversal, base excision repair, nucleotide
excision repair, mismatch repair, and recombination repair pathways. Recent studies of the fundamental mechanisms for DNA
repair processes have revealed a complexity beyond that initially expected, with inter- and intrapathway complementation as well
as functional interactions between proteins involved in repair pathways. In this paper we give a broad overview of the whole DNA
repair system and focus on the molecular basis of the repair machineries, particularly in Thermus thermophilus HB8.

1. Introduction

It is essential for all living organisms to warrant accurate
functioning and propagation of their genetic information.
However, the genome is constantly exposed to various
environmental and endogenous agents, which produce a
large variety of DNA lesions (Figure 1) [1, 2]. Environmental
damage can be induced by several chemical reactive species
and physical agents. Endogenous damages occur sponta-
neously and continuously even under normal physiologic
conditions through intrinsic instability of chemical bonds
in DNA structure. The biological consequences of these
damages usually depend on the chemical nature of the lesion.
Most of these lesions affect the fidelity of DNA replication,
which leads to mutations. Some of human genetic diseases
are associated to defects in DNA repair (Table 1).

To cope with these DNA damages, all organisms have
developed a complex network of DNA repair mechanisms
[1, 3]. A variety of different DNA repair pathways have been
reported: direct reversal, base excision repair, nucleotide

excision repair, mismatch repair, and recombination repair
pathways. Most of these pathways require functional interac-
tions between multiple proteins. Furthermore, recent studies
have revealed inter- and intra-pathway complementation.

Although there are a number of model organisms
representing different kingdoms, such as Escherichia coli,
Saccharomyces cerevisiae, Arabidopsis thaliana, and Mus
musculus (Table 1), we selected the bacterial species Thermus
thermophilus HB8 for use in our studies of basic and essential
biological processes. T. thermophilus is a Gram-negative
eubacterium that can grow at temperatures over 75◦C [4].
T. thermophilus HB8 was chosen for several reasons: (i) it
has a smaller genome size than other model organisms;
(ii) proteins from T. thermophilus HB8 are very stable
suitable for in vitro analyses of molecular function; and
(iii) the crystallization efficiency of the proteins is higher
than for those of other organisms [5]. Moreover, since each
biological system in T. thermophilus is only constituted of
fundamentally necessary enzymes, in vitro reconstitution of a
particular system should be easier and more understandable.
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Our group has constructed overexpression plasmids for
most T. thermophilus HB8 ORFs [6], and those plasmids
are available from The DNA Bank, RIKEN Bioresource Cen-
ter (Tsukuba, Japan) (http://www.brc.riken.jp/lab/dna/en/
thermus en.html). Approximately 80% of the ORFs have
been completely cloned into the overexpression vectors
pET-11a, pET-11b, pET-3a, and/or pET-HisTEV. Fur-
thermore, plasmids for gene disruption are also avail-
able from the Structural-Biological Whole Cell Project
(http://www.thermus.org/). Protein purification profiles and
gene disruption methods can be downloaded from the
RIKEN Bioresource Center. Therefore, it is a relatively simple
matter to initiate an analysis of proteins of interest in this
species.

T. thermophilus HB8 has all of the fundamental enzymes
known to be essential for DNA repair, and most of these show
homology to human enzymes. Biological and structural
analyses of DNA repair in T. thermophilus will therefore
provide a better understanding of DNA repair pathways
in general. Moreover, these analyses are aided by the high
efficiency of protein crystallization and stability of purified
proteins in this species. In this paper we give a broad
overview of the whole DNA repair system and focus on the
molecular basis of the repair machineries, especially in T.
thermophilus HB8.

2. Direct Reversal of DNA Damage

UV-induced pyrimidine dimers and alkylation adducts can
be directly repaired by DNA photolyases and alkyl trans-
ferases, respectively. These repair systems are not followed by
incision or resynthesis of DNA.

2.1. Photolyases. UV-induced pyrimidine dimers, such as
cyclobutane pyrimidine dimers (CPDs) and (6-4) photo-
products, disturb DNA replication and transcription. Some
species make use of DNA photolyases to repair these lesions
(Figure 2(a)). The FADH− in the photolyase donates an
electron to the CPD, which induces the breakage of the
cyclobutane bond [7].

CPD photolyases repair UV-induced CPDs utilizing
photon energy from blue or near-UV light [8]. To absorb
light, CPD photolyases have two different chromophoric
cofactors. One of these, FAD, acts as the photochem-
ical reaction center in the repair process. An electron
is transferred from an exogenous photoreductor to FAD,
which is changed to the fully reduced, active form FADH−

[9]. Although only this chromophore is necessary for
the reaction, photolyases have a second chromophore as
an auxiliary antenna to harvest light energy, which is
transferred to the reaction center. The identity of the
second chromophore differs among species. To date, reduced
folate (5,10-methenyl-tetrahydrofolate, MTHF), 8-hydroxy-
5-deazaflavin (8-HDF), FMN, and riboflavin have been
identified as secondary chromophores.

A CPD photolyase (ORF ID, TTB102) of T. thermophilus
(ttPhr) was identified as the first thermostable photolyase
in 1997 [10]. The crystal structures of photolyases from E.

coli and Aspergillus nidulans were reported in 1995 and 1997,
respectively [11, 12]. Those of ttPhr and the complex it forms
with thymine, a part of its substrate, were reported in 2001
[13]. NMR analysis showed that the CPD is flipped out
from the double-stranded DNA (dsDNA) into a cavity in
ttPhr [14]. Likewise, the thymine dimer interacts with the
active site in the crystal structure of A. nidulans photolyase
complexed with substrate dsDNA [15]. NMR analysis also
showed the distance between FAD and CPD, which is
important for understanding the CPD repair reaction by
ttPhr [16]. In 2005, an overexpression analysis using E.
coli identified the second chromophore of ttPhr as FMN
[17]. Photolyases usually have a specific binding site for
cofactors, but the second chromophore, FMN, of ttPhr shows
promiscuous binding with riboflavin or 8-HDF [18].

Placental mammals lack photoreactivation activity, but
they do have nucleotide excision repair (NER) systems for
repairing CPDs [21]. NER has two sub-pathways: global
genomic repair (GGR) and transcription-coupled repair
(TCR) [3]. These sub-pathways are versatile repair systems
and are highly conserved across species. Thus, the absence
of photoreactivation activity would not have a significant
effect on DNA repair efficiency in placental mammals. The
mechanisms of NER are detailed in the later section. It should
be noted that mammals, birds, and plants have photolyase-
like proteins, the so-called cryptochromes, which have no
ability to repair damaged DNA but function as blue-light
photoreceptors [22].

2.2. Reversal of O6-Alkylguanine-DNA. O6-alkylguanine is
one of the most harmful alkylation adducts and can induce
mutation and apoptosis [23–25]. Almost all species possess
mechanisms to repair this adduct (Figures 2(b) and 2(c)).
O6-alkylguanine-DNA alkyltransferase (AGT) accepts an
alkyl group on a cysteine residue at its active site (PCHR) in
a stoichiometric fashion, and this alkylated AGT is inactive
(Figure 2(b)) [26–28]. AGT acts as a monomer and transfers
the alkyl group from DNA without a cofactor [29–31]. The
structure of human AGT, MGMT, indicates that a helix-turn-
helix motif mediates binding to the minor groove of DNA
and that O6-methylguanine (O6-meG) is flipped out from
the base stack into this active site [32, 33]. Tyrosine and
arginine residues in the active site of the enzyme mediate
nucleotide flipping.

The cysteine residue in the active site (PCHR) of AGT is
necessary for the methyltransferase activity. Some AGT-like
proteins lack cysteine residues in their active sites (PXHR)
[34–40]. Alkyltransferase-like (ATL) proteins are a type of
AGT homologue and are present in all three domains of
life. ATL proteins from E. coli, Schizosaccharomyces pombe,
and T. thermophilus can bind to DNA and show preferential
binding to O6-meG-containing DNA, but they are unable to
transfer a methyl group from the modified DNA [37–39].
This binding activity inhibits AGT activity in a competitive
manner [38]. E. coli has three AGT homologues, AGT, Ada,
and the ATL protein, but S. pombe and T. thermophilus have
only the ATL protein. Therefore, S. pombe or T. thermophilus
are particularly suitable for studies of ATL proteins.
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Figure 1: Different repair systems for the principal types of DNA lesion produced by a wide range of factors. UV-light induces cyclobutane
pyrimidine dimers or (6-4) photoproducts that are repaired by nucleotide excision repair and direct reversal systems. Alkylating agents
can modify all of the bases and the phosphates of the DNA, and some repair proteins remove these alkyl adducts in a direct manner.
Oxygen radicals modify DNA, and the base excision repair system acts to reverse these changes. The main cause of spontaneous mutation
is deamination, and base excision repair and alternative repair systems remove the lesions. Other bulky adducts or interstrand cross-links
are repaired by the nucleotide excision repair system. The mismatch repair pathway repairs replication errors. Double-strand breaks and
four-way junctions are induced by X-rays and are repaired by recombinational repair.

The tyrosine and arginine residues involved in base
flipping are also conserved in ATL proteins. A fluorescence
assay of the T. thermophilus ATL protein (TTHA1564)
suggested that it can also recognize O6-meG and flips out
the target residue into its active site (Figure 2(c)) [37]. The
crystal and NMR structures of ATL proteins indicate that the
O6-meG residue is flipped out from the base stacks into the
active site [34, 40]. Mutational analysis demonstrated that
the tyrosine and arginine residues of ATL proteins are also
involved in base flipping [34].

A comparison of their 3D structures showed that the
lesion-binding pocket of ATL proteins is approximately three
times larger than that of AGTs [34, 40]. The S. pombe ATL
protein (Atl1) can bind to the bulky O6-adduct, O6-4-(3-
pyridyl)-4-oxobutylguanine (O6-pobG), with higher affinity
than to O6-meG [34]. Additionally, AGT repairs O6-pobG
with lower efficiency than O6-meG. In species that have both

AGT and ATL protein, for example, E. coli, it is possible that
AGT repairs O6-meG while the ATL protein is involved in the
repair of bulky O6-adducts such as O6-pobG.

It is known that the action of ATL proteins is linked
with the NER pathway (Figure 2(c)) [34, 36, 37, 40]. The
ATL protein of T. thermophilus, TTHA1564, can interact
with UvrA, while that of E. coli can interact with UvrA and
UvrC [36, 37, 40]. MNNG caused an increased mutation
frequency in the ttha1564-deficient mutant compared with
the wild type (unpublished data). Genetic analysis of S.
pombe Atl1 showed that atl1 is epistatic to rad13 (the fission
yeast orthologue of human ERCC5) and swi10 (the ERCC1
orthologue) but not to rhp14 or rad2 for N-methyl-N ′-nitro-
N-nitrosoguanidine (MNNG) toxicity [40]. Analyses of the
spontaneous mutation rate of rad13 and rad13 atl mutants
suggested that ATL-DNA complexes block an alternative
repair pathway probably because ATL proteins form a highly
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Figure 2: A schematic representation of models for direct reversal of DNA damage. The structure of the ATL proteins was modeled by
SWISS-MODEL (the template structure is Sulfolobus tokodaii Ogt) [19, 20]. AGT, Ada, and AlkB are not conserved in T. thermophilus.
(a) Cyclobutane pyrimidine dimers are recognized by photolyase (TTHB102; PDB ID: 1IQR) and repaired by photolyase. (b) O6-
methylguanines are recognized by AGT (PDB ID: 1EH6) in most species and by the C-terminal domain of Ada (PDB ID: 1SFE) in E.
coli. Methyl phosphotriesters are recognized by the N-terminal domain of Ada (PDB ID: 1WPK) in E. coli. These enzymes directly accept a
methyl group, and the alkyl adducts are removed from the DNA. (c) O6-alkyl adducts including O6-methylguanines are recognized by ATL
proteins (TTHA1564; predicted model) in several species. It is predicted that NER proteins are involved in this pathway after recognition
of the adducts by ATL proteins. (d) N1-methyladenines and N3-methylcytosines are recognized by AlkB (PDB ID: 2IUW). Methyl group
transfer by AlkB depends on α-ketoglutarate and Fe(II).



Journal of Nucleic Acids 13

stable complex with DNA in the absence of Rad13 or other
NER proteins [40]. However, the mechanism by which ATL
proteins repair lesions in collaboration with NER proteins is
not well understood.

The protein Ada repairs alkylated lesions in the same
manner as AGTs in E. coli (Figure 2(b)) [27]. The amino
acid sequence and the molecular function of the C-terminal
domain of Ada (C-Ada) show similarity to those of AGTs.
The N-terminal domain of Ada (N-Ada) can repair a methyl
phosphotriester lesion in DNA in vitro [44]. Methylated N-
Ada specifically binds to the promoter region of the ada-alkB
operon and the alkA and aidB genes and C-Ada can bind to
RNA polymerase [45, 46]. Thus, the methylated Ada acts as
a transcriptional activator.

2.3. AlkB. AlkB homologues are conserved in many
organisms including humans and E. coli. As described
above, alkB is one of the genes regulated by Ada. AlkB
requires α-ketoglutarate and Fe(II) as cofactors to repair
N1-methyladenine or N3-methylcytosine via an oxidative
demethylation mechanism [46]. These properties are con-
sistent with the fact that AlkB has sequence motifs in
common with 2-oxoglutarate and iron-dependent dioxyge-
nases (Figure 2(d)) [47]. AlkB oxidizes the methyl group
using nonheme Fe2+, O2, and α-ketoglutarate to restore
undamaged bases with subsequent release of succinate, CO2,
and formaldehyde. The detailed mechanisms of substrate
recognition and catalysis were identified by structural and
mutational analyses.

Eight AlkB homologues are known in humans, [48]
and, of these, ALKBH1, ALKBH2, and ALKBH3 have been
identified as repair enzymes, each of which has a different
substrate specificity [49, 50]. E. coli AlkB can repair a
lesion in both single-stranded DNA (ssDNA) and dsDNA,
whereas ALKBH3 repairs lesions only in ssDNA. ALKBH1
and ALKBH2 can act only on DNA whereas E. coli AlkB and
ALKBH3 can act on both DNA and RNA [51]. The crystal
structures of AlkB-dsDNA and ALKBH2-dsDNA complexes
explain distinct preferences of AlkB homologues for sub-
strates [51]. Cell cycle-dependent subcellular localization
experiments suggested that ALKBH2 and ALKBH3 repair
mainly newly synthesized DNA and mRNA, respectively, and
withhold demethylation of modified rRNA or tRNA.

3. Base Excision Repair

DNA is altered and damaged by various endogenous and
exogenous reactions [52]. With regard to endogenous
reactions, deamination of cytosine, adenine and guanine
produce uracil, hypoxanthine, and xanthine, respectively.
Depurination and depyrimidination result in the formation
of an apurinic/apyrimidinic site (AP site). Reactive
oxygen species (ROSs) convert guanine to 7,8-dihydro-
8-oxoguanine (8-oxoguanine, 8-oxoG, or its isomeric
form 8-hydroxyguanine) and purine bases to 2,6-diamino-
4-hydroxy-5-formamidopyrimidine (FaPyG) and 4,6-
diamino-5-formamidopyrimidine (FaPyA). Thymine glycol,
cytosine hydrates, and etheno adducts of adenine, cytosine,

and guanine are also generated as a result of oxygen damage.
DNA replication errors also introduce lesions into the DNA.
For example, DNA polymerases sometimes incorporate
mismatched bases or damaged nucleotides (such as dUMP
and 8-oxo-dGMP) [53–55]. With regard to exogenous
reactions, DNA is susceptible to damage by agents such
as UV radiation and alkylating compounds. The lesions
caused by endogenous and exogenous reactive species can
be repaired through the base excision repair (BER) pathway
described below.

3.1. General Mechanism of BER. BER is probably the most
frequently used DNA repair pathway in the cell (Figure 3,
Table 1) [56, 57]. Bases damaged as described above are
specifically recognized by various DNA glycosylases to
initiate BER [58]. Monofunctional DNA glycosylases catalyze
the hydrolysis of N-glycosyl bonds and generate an AP
site. Bi- and trifunctional DNA glycosylases have AP lyase
activity via a β- or β/δ-elimination mechanism using an
ε amino group of a lysine residue or α-imino group in
addition to DNA glycosylase activity [59]. However, it
is still unclear whether this lyase activity is the primary
in vivo mechanism. AP sites are targeted by both AP
endonuclease and AP lyase. AP endonuclease nicks an AP
site through a hydrolytic reaction to generate a 3′-OH and
5′-deoxyribosephosphate (dRP) [60–62]. This 5′ block is
removed by deoxyribophosphodiesterase (dRPase) or dRP
lyase using hydrolytic or lyase (β-elimination) mechanisms,
respectively [63–65]. When the AP lyase incises an AP site,
it produces 3′-α,β-unsaturated aldehyde (by β-elimination)
or 3′-phosphate (by β/δ-elimination) and 5′-phosphate
[66]. These 3′-blocking groups must be removed by 3′-
phosphoesterase to allow DNA polymerase activity. A one-
nucleotide gap typically remains after AP site processing.
When repair synthesis is performed by incorporation of a
single nucleotide, this pathway is called single nucleotide-
BER (SN-BER) [67]. Some DNA polymerases can synthesize
DNA of more than 2 bases by strand displacement activity,
followed by cleaving flap DNA via flap endonuclease activity.
This pathway is called long-patch BER (LP-BER) [67]. In
both pathways, the resulting nick is sealed by DNA ligase.

3.2. BER in T. thermophilus. The T. thermophilus HB8
genome contains the genes for all the fundamental BER
enzymes. The genome includes the following monofunc-
tional DNA glycosylases: 3-methyl-adenine DNA glycosylase,
TTHA0329 (ttAlkA); uracil DNA glycosylase A, TTHA0718
(ttUDGA); uracil DNA glycosylase B, TTHA1149 (ttUDGB).
It also includes the following bifunctional DNA glycosylases:
endonuclease III (Nth), TTHA0112 (ttEndoIII); adenine
DNA glycosylase, TTHA1898 (ttMutY); formamidopyrimi-
dine DNA glycosylase, TTHA1806 (ttMutM). AP endonucle-
ases are classified on the basis of their structure as members
of either the exonuclease III family or the endonuclease IV
(Nfo) family. The only AP endonuclease in T. thermophilus
is the EndoIV, TTHA0834 (ttEndoIV); a similar restriction
occurs in other bacterial and archaeal species. T. thermophilus
has been found to have two DNA polymerases, TTHA1054
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Figure 3: General mechanism of the BER pathway in T. thermophilus. UDGA, UDGB, and AlkA are monofunctional DNA glycosylases.
UDGA (PDB ID: 1UI0) and UDGB (PDB ID: 2DDG) remove uracil from DNA. AlkA removes 3-methyladenine in E. coli. MutY and
EndoIII are bifunctional DNA glycosylases and have both DNA glycosylase and AP lyase activities. MutY removes adenine opposite 8-oxoG,
and EndoIII removes pyrimidine residues damaged by ring saturation, fragmentation, and contraction [41], by which 3′-phospho α,β-
unsaturated aldehyde (3′-PUA) remains. MutM (PDB ID: 1EE8) is a trifunctional DNA glycosylase that removes 8-oxoG from oxidatively
damaged DNA and 3′-phosphate remains. An AP site resulting from DNA glycosylase activity is processed by EndoIV or multifunctional
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(ttPolI) and TTHA1150 (ttPolX), and an NAD+-dependent
DNA ligase, TTHA1097 (ttLigA). The crystal structures of
ttUDGA [68], ttUDGB [69], ttMutM [70], and ttEndoIV
(unpublished data) have been determined.

Uracil-DNA glycosylases (Ungs or UDGs) remove uracil
from DNA by cleaving the N-glycosylic bond. These enzymes
are classified into several families on the basis of similarities
in their amino acid sequences [71, 72]. T. thermophilus HB8
has two Ungs that belong to families 4 (ttUDGA) and 5
(ttUDGB). ttUDGA removes uracil from not only U : G but
also U : C, U : A, and U : T and can also remove uracil from
ssDNA. Moreover, the crystal structure of ttUDGA with
uracil indicates that the mechanism by which family 4 Ungs
remove uracils from DNA is similar to that of family 1
enzymes [68]. The crystal structures of apo-form ttUDGB
and ttUDGB complexed with AP site containing DNA have
been solved [69]. The active site structures suggest that this
enzyme uses both steric force and water activation for its

excision reaction. Based on the absence of a significant open-
closed conformational change upon binding to DNA, it was
proposed that Ungs recognize the damaged base by sliding
along the target-containing strand [69].

MutM is a trifunctional DNA glycosylase which removes
8-oxoG from oxidatively damaged DNA [73]. ttMutM was
cloned, characterized, and crystallized. Based on crystal
structure and biochemical experiments of ttMutM, DNA-
binding mode and catalytic mechanism of MutM were
proposed [70].

In mammalian cells, SN-BER is the principal BER
sub-pathway and is catalyzed mainly by Polβ [74, 75].
Nevertheless, LP-BER also occurs in vivo [76]. The selection
of which sub-pathway to use is dependent on the nature
of the damaged base, the 5′-blocking structure, and the
enzymes involved [74, 77–82]. Bacteria have both SN- and
LP-BER pathways [83]. Bacterial PolIs, including ttPolI,
have strand displacement [84] and flap endonuclease-like
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activities (structure-specific 5′-nuclease activity) [85–89].
Therefore, PolI is probably the main DNA polymerase in
bacterial LP-BER. Furthermore, the fact that the β-clamp,
the β subunit of DNA polymerase III holoenzyme, interacts
with some DNA repair enzymes, such as PolI and LigA [90],
indicates that it is possibly involved in bacterial LP-BER in a
similar manner to mammalian PCNA clamp [77].

Many bacteria have PolX, which belongs to the X-
family DNA polymerases; the mammalian homologues of
this enzyme are Polβ, Polλ, Polμ, TdT, and Polσ [91]. PolXs
can efficiently fill a short DNA gap in mammals [79, 92]
and bacteria [93] and are therefore thought to be the main
DNA polymerases in the SN-BER pathway [74, 75, 94].
Although PolX is conserved in many bacteria, including T.
thermophilus, E. coli does not have this enzyme. Therefore,
T. thermophilus has an advantage as a model organism in
understanding human and bacterial BER. ttPolX has two
principal active regions, the N-terminal POLX core (POLXc)
domain and the C-terminal polymerase and histidinol
phosphatase (PHP) domain. These domains are conserved
in many bacteria, but eukaryotic PolXs lack the PHP domain.
Furthermore, it is thought that only PHP domain-containing
PolXs have 3′-5′ exonuclease activity [95, 96]. The PHP
domain has nine catalytic residues and is mainly responsible
for the nuclease activity; however, the POLXc domain is also
needed for this activity [97]. Although the PHP domain
is thought to have a phosphoesterase activity, details of
the function of the PHP domain remain to be clarified.
Bacterial PolXs may play more than two roles in the BER
pathway whereas these functions might be performed in
eukaryotes by two or more separate enzymes. Identifying the
role of the PHP domain of bacterial PolXs in BER will be
important for understanding both bacterial and eukaryotic
BERs.

3.3. Eukaryotic-Specific BER Enzymes. Eukaryotes have many
functional homologues of bacterial BER enzymes, and
the mechanism of BER is similar to that of prokaryotes.
However, eukaryotes also have specific BER enzymes. To
date, poly(ADP-ribose) polymerase (PARP) and X-ray cross-
complementing group 1 (XRCC1) have been identified
as eukaryotic-specific enzymes. PARP1 uses NAD to add
branched ADP-ribose chains to proteins. PARP1 functions as
a DNA nick-sensor in DNA repair and as a negative regulator
of the activity of Polβ in LP-BER [98]. XRCC1 interacts with
DNA ligase III and PARP through its two BRCT domains
and with Polβ through an N-terminal domain. XRCC1 also
interacts with many other proteins and forms a large DNA
repair complex [99, 100].

4. Nucleotide Excision Repair

Nucleotide excision repair (NER) is one of the most impor-
tant repair systems and is conserved from prokaryotes to
higher eukaryotes [101, 102]. The most important feature of
the NER system is its broad substrate specificity: NER can
excise DNA lesions such as UV-induced pyrimidine dimers
or more bulky adducts [103].

In the prokaryotic NER system, recognition and excision
of DNA lesions are mediated by UvrABC excinucleases
(Figure 4) [101, 102]. After the incision event, UvrD
helicase removes the nucleotide fragment, PolI synthesizes
the complementary strand, and then DNA ligase completes
the repair process. NER has two sub-pathways, global
genomic repair (GGR) and transcription-coupled repair
(TCR) [104, 105]. In GGR, recognition of DNA lesions by
UvrAB initiates the initiation of the repair reaction, whereas,
in TCR, stalling of the RNA polymerase is responsible for
the initiation of repair [106]. When a transcribing RNA
polymerase meets a bulky DNA lesion, the polymerase
stalls. Transcription-repair coupling factor (TRCF) releases
the stalled RNA polymerase from the template DNA and
then recruits UvrA. After UvrA has bound to the DNA,
the subsequent reactions proceed in the same fashion as in
GGR.

Most eukaryote species, including humans, possess an
NER system. The amino acid sequences of the proteins
that act in eukaryotic NER are very different from those
of bacterial proteins, but the functions of these proteins
are nevertheless similar [101]. The molecular mechanism of
NER is more complicated in eukaryotes than bacteria. The
eukaryotic NER pathway involves more than ten proteins,
including some that are functional homologues of those
required for bacterial NER [107].

4.1. Global Genomic Repair (GGR). Bacterial GGR is a
multistep process that removes a wide variety of DNA
lesions. In solution, UvrA and UvrB form UvrA2B or
UvrA2B2 that can recognize lesions in DNA and can make a
stable complex with the DNA [108, 109]. When UvrB detects
a lesion, it hydrolyzes ATP to form the pro-preincision
complex. After UvrA is released, UvrB binds tightly to DNA
and makes a stable UvrB-DNA complex, that is, a pre-
incision complex. In this state, UvrB hydrolyzes ATP and
can then specifically recognize damage in the absence of
UvrA [110]. In E. coli, UvrB can hydrolyze ATP in this step
with UvrA but not without UvrA [111]. In T. thermophilus
HB8, the UvrB protein (ttUvrB; TTHA1892) shows ATPase
activity at its physiological temperature even in the absence
of UvrA (ttUvrA; TTHA1440) [112, 113]. Finally, a new
pre-incision complex is formed by binding new ATP [110].
UvrC can bind to the pre-incision complex to incise both
sides of a DNA lesion. The first incision is made at the
fourth or fifth phosphodiester bond on the 3′ side of the
lesion and is immediately followed by incision at the eighth
phosphodiester bond on the 5′ side [114, 115]. The catalytic
sites for 3′ and 5′ incisions are located in different domains of
UvrC. It has been reported that the expression levels of uvrA
and uvrB are approximately three times higher than that of
uvrC (ttha1548) in T. thermophilus [116].

UvrD is a DNA helicase that releases lesion-containing
DNA fragments from dsDNA. The purification and char-
acterization of UvrD from T. thermophilus (ttUvrD;
TTHA1427) have been reported [117]. After removing the
nucleotide fragment, PolI synthesizes a new strand with the
same sequence as the removed nucleotide fragment. The
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Figure 4: A schematic representation of models for the nucleotide excision repair pathway controlled by Uvr proteins. All of the
predicted protein structures were modeled using SWISS-MODEL. The template structures used in the model building were Geobacillus
stearothermophilus UvrA, the N- and C-terminal domain of Thermotoga maritime UvrC, G. stearothermophilus UvrD, Thermus aquaticus
DNA polymerase I, Thermus filiformis DNA ligase, and E. coli TRCF. UvrA (TTHA1440; predicted model) and UvrB (TTHA1892; PDB
ID: 1D2M) recognize the DNA lesion. In transcribing strand, TRCF (TTHA0889; predicted model) is also involved in recognition of the
lesion. UvrC (TTHA1568; predicted model) incises both sides of the lesion. The DNA fragment containing the lesion is excised by UvrD
(TTHA1427; predicted model), SSB (TTHA0244; 2CWA), and exonuclease RecJ (TTHA1167; PDB ID: 2ZXO). A new strand is resynthesized
by DNA polymerase I (TTHA1054; predicted model) and ligated by DNA ligase (TTHA1097; predicted model).

newly synthesized sequence is ligated to the adjacent strand
by DNA ligase, and all of the repair steps are completed.

4.2. Transcription-Coupled Repair (TCR). Bacterial TCR is a
highly efficient NER system. In 1985, it became apparent that
the DNA lesion in the transcribed strand is preferentially
repaired [118]. The first consequence of this mechanism is
that a stalled RNA polymerase interacts with UvrA with high
affinity. Interestingly, however, a stalled RNA polymerase
interrupts the NER repair system in vitro [119]. Hence,
it was suspected that an unknown factor must release the
stalled RNA polymerase and recruit NER proteins. Selby et al.
showed in E. coli that the gene product (transcription-repair
coupling factor, TRCF) of the mfd gene is the factor involved
[106, 120].

TRCF can release a stalled elongation complex but not
an initiation complex [106]. The activity for releasing an
elongation complex is dependent on ATP hydrolysis. After
the complex is released, TRCF can recruit UvrA to the DNA
lesion. TRCF has a UvrB homology module, which interacts
with UvrA [106, 121]. After recruiting UvrA to the DNA
lesion, the subsequent reactions are the same as in GGR.
UvrB and DNA form a pre-incision complex, and then UvrC
incises both sides of the DNA strand.

The broad substrate specificity of TCR is similar to that
of GGR, but TCR repairs lesions with a higher efficiency
[106]. In TCR, UvrA can be more rapidly directed to the
DNA lesion because the stalled RNA polymerase and TRCF
mediate binding of UvrA, whereas, in GGR, UvrA needs to
search for DNA lesions across the whole genome without
the aid of cofactors. An increased efficiency in finding the
substrate also increases the efficiency of the repair system.

4.3. Crystal Structures and Functions of Key Enzymes. The
overall crystal structures of UvrA, UvrB, and TRCF and the
two domains of UvrC were determined some years ago [122–
128]. In 1999, UvrB was the first of the proteins involved in
NER to have its crystal structure established [124, 125, 127].
Later, in 2006, the 3D structure of the UvrB-DNA complex
was reported [129]. It was suggested by limited proteolysis
that ttUvrB is comprised of four domains, whereas analysis
of the 3D structure identified five domains, 1a, 1b, 2, 3,
and 4 (Figure 5(a)) [125, 130]. Domain 2 interacts with
UvrA, and domain 4 interacts with both UvrA and UvrC.
Domains 1a and 3 contain helicase motifs and share high
structural similarity to the DNA helicases NS3, PcrA, and
Rep. The flexible β-hairpin-connecting domains 1a and 1b
are predicted to play important roles in DNA binding.
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The structure of the UvrB-DNA complex shows that the
nucleotide directly behind the β-hairpin is flipped out and
inserted into a small pocket in UvrB [129].

The crystal structures of the N-terminal and C-terminal
domains of UvrC were reported in 2005 and 2007, respec-
tively, but the 3D structure of the interdomain loop and
of full-length UvrC is still unclear [123, 128]. The N-
terminal domain of UvrC catalyzes the 3′ incision reaction
and shares homology with the catalytic domain of GIY-YIG
family endonucleases. The C-terminal domain of UvrC is
responsible for the 5′ incision [123]. It includes an endonu-
clease domain and an (HhH)2 domain. Despite the lack of
sequence homology, the endonuclease domain has an RNase
H-like fold. We established the methods of purification
of UvrC from T. thermophilus (ttUvrC; TTHA1568), and
Hori et al. developed an in vitro reconstitution system of
NER using purified ttUvrA, ttUvrB, and ttUvrC [131]. The
ttUvrABC system can recognize a (6-4) thymine dimer and

excise the affected strand; however, it does not excise a
strand containing 8-hydroxy-2′-deoxyguanine or 2-hydroxy-
2′-deoxyadenine [131].

The overall structure of UvrA was reported in 2008 [126].
UvrA is comprised of six domains: ATP-binding I, signature
I, ATP-binding II, signature II, UvrB-binding, and insertion
domains (Figure 5(b)). UvrA has two ATPase modules: one
is divided into an ATP-binding domain I and a signature
domain I, the other is divided into an ATP-binding domain
II and a signature domain II. UvrA contains three zinc ions.
It has been reported that ttUvrA and ttUvrB can recognize
bulky adducts, such as tetramethylrhodamine and tetram-
ethylrhodamine ethyl ester, and (6-4) pyrimidine dimer
[113, 131]. Furthermore, it has been shown that ttUvrA
can interact with the ATL protein, but the physiological
significance of this interaction remains unclear [37].

The overall structure of TRCF was reported in 2006
[122]. Domains 1a, 2, and 1b comprise a UvrB homology
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module, which interacts with UvrA (Figure 5(c)). Domains
5 and 6 comprise a DNA translocation module. Domain 4
is an RNA polymerase interaction domain (RID). The RID
and the DNA translocation modules are linked by a long
helix called the relay helix. The functions of domains 3 and
7 are unclear. The mfd gene from T. thermophilus (the gene
product name is ttTRCF; TTHA0889) is listed in the genome
annotation but no formal report has yet been published.

The 3D structures of these proteins show that they
all contain several enzymatic domains. The NER pathways
involve multi-step processes; therefore, almost all the pro-
teins can interact in order to advance the process to the next
repair step. TRCF has a UvrA-binding domain whose amino
acid sequence and 3D structure are similar to those of the
UvrB domain 2 [122]. Therefore, it might be expected that
TRCF would bind to UvrA in the same manner as UvrB. The
mechanisms of interaction of TRCF with UvrA and other
proteins, such as the ATL protein, are not yet well defined.

5. Mismatch Repair

The DNA mismatch repair (MMR) machinery recognizes
and corrects mismatched or unpaired bases that principally
result from errors by DNA polymerases during DNA repli-
cation. MMR increases the accuracy of DNA replication
by at least 3 orders of magnitude [132]. Mutations in
the genes involved in MMR are associated with increased
predisposition to human hereditary nonpolyposis colorectal
cancers [133]. Postreplication MMR is achieved by removal
of a relatively long tract of mismatch-containing oligonu-
cleotides, a process called long-patch MMR. Here, we refer
to long-patch MMR simply as MMR.

5.1. Methyl-Directed MMR in E. coli. In E. coli, the first steps
in MMR are performed by the MutHLS system, which con-
sists of three proteins, MutS, MutL, and MutH (Figure 6(a))
[134, 135]. In this system, a MutS homodimer recognizes
and attaches to a mismatched base in the dsDNA [136–138].
A MutL homodimer then interacts with and stabilizes the
MutS-mismatch complex and activates a MutH restriction
endonuclease [139]. The MMR system needs to discriminate
the newly synthesized DNA strand in order to remove
the incorrect base of the mismatched pair. However the
mismatch itself contains no signal for such discrimination.
The E. coli MMR system utilizes the absence of methylation
at a restriction site to direct repair to the newly synthesized
strand [135]. Immediately after replication, the restriction
sites in the newly synthesized strand remain unmethylated.
At the site of a mismatch, the MutH endonuclease nicks
the unmethylated strand at a hemimethylated GATC site
to introduce an entry point for the excision reaction. The
error-containing region is excised by a DNA helicase [140]
and an ssDNA-specific exonuclease [141–143]. The excised
tract of oligonucleotides is then replaced by DNA synthesis
directed by DNA polymerase III and a ligase. Since the
absence or presence of methylation provides the signal
for strand discrimination, E. coli MMR is termed methyl-
directed MMR [135]. Homologues of E. coli MutS and MutL

are found in almost all organisms; however, no homologue of
E. coli MutH has been identified in the majority of eukaryotes
or most bacteria.

5.2. Nick-Directed MMR in Eukaryotes. In eukaryotes, it
has been demonstrated that strand discontinuity serves as
a signal for directing MMR to a particular strand of the
mismatched duplex in vitro. In living cells, newly synthesized
strands contain discontinuities as 3′-ends or termini of
Okazaki fragments. Since the presence or absence of a nick
can be a strand discrimination signal, eukaryotic MMR is
termed nick-directed MMR. It has also been reported that
the shorter path from a nick to the mismatch is removed
by the excision reaction, indicating that 5′- and 3′-nick-
directed MMR are distinct [144–147]. Surprisingly, both
5′- and 3′-nick-directed strand removal requires the 5′-3′

exonuclease activity of exonuclease 1 (EXO1) [148, 149]. This
apparently contradictory requirement for 5′-3′ exonuclease
activity in 3′-nick-directed MMR was explained by the
breakthrough discovery that the human MutL homologue
MutLα (MLH1-PMS2 heterodimer) and the yeast homo-
logue MutLα (MLH1-PMS1 heterodimer) harbor latent
endonuclease activity, which nicks the discontinuous strand
of the mismatched duplex [147, 150, 151]. In eukaryotic 5′-
nick-directed and 3′-nick-directed MMR, MutLα incises the
3′- and 5′- sides of a mismatch, respectively, to yield a DNA
segment spanning the mismatch. Then, the 5′-3′ exonuclease
activity of EXO1 removes the segment.

5.3. MMR in mutH-Less Bacteria. The DQHA(X)2E(X)4

motif in the C-terminal domain of the PMS2 subunit of
human MutLα comprises the metal-binding site, which
is essential for endonuclease activity [150]. In mutH-less
bacteria, the C-terminal domains of MutL homologues
contain this metal-binding motif and exhibit endonuclease
activity [150, 152]; moreover, in T. thermophilus, Aquifex
aeolicus, and Neisseria gonorrhoeae, this activity is abolished
by mutations in the motif [152–154]. The endonuclease
activity of T. thermophilus MutL has been shown to be
essential for in vivo DNA repair activity [152]. Thus,
the molecular mechanism of MMR in mutH-less bacteria
appears to resemble that of eukaryotic MMR (Figure 6(b)).

MutS homologues from mutH-less bacteria show funda-
mentally similar properties to E. coli MutS and eukaryotic
MutSα. First, T. thermophilus MutS exhibits a high affinity for
mismatched heteroduplexes [138, 155], and the mismatch-
MutS complex seems to be stabilized by MutL [152].
Second, similar ATP binding-dependent conformational
changes have been observed in MutS homologues from
T. thermophilus [156], E. coli [157, 158], and humans
[159, 160]. Third, the crystal structures of Thermus aquaticus
MutS [137], E. coli MutS [136, 161], and human MutSα
[162] exhibit a common mismatch recognition mode in
which the mismatched base is recognized by the intercalated
phenylalanine residue from one of the two subunits. Finally,
T. thermophilus mutS gene complements the hypermutability
of the E. coli mutS-deleted null mutant [138]. These results
indicate that interspecies variations in MMR machinery may
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Figure 6: A schematic representation of models for MMR pathways in E. coli and mutH-less bacteria. (a) 5′- and 3′-methyl-directed MMR
in E. coli. DNA mismatches principally result from misincorporation of bases during DNA replication. The MutS (PDB ID: 1E3M)/MutL
(PDB ID: 1NHJ) complex recognizes a mismatch and activates the MutH endonuclease (PDB ID: 1AZO). MutH nicks the unmethylated
strand of the duplex to introduce an entry point for the excision reaction. In 3′-methyl-directed MMR, one of the 5′-3′ exonucleases (RecJ
and exonuclease VII (ExoVII)) removes the error-containing DNA strand in cooperation with UvrD helicase (PDB ID: 2IS4) and single-
stranded DNA-binding protein (SSB; PDB ID: 1EYG). By contrast, one of the 3′-5′ exonucleases (exonuclease I (ExoI; PDB ID: 1FXX)
and exonuclease X (ExoX)) is responsible for the 3′-5′ excision reaction. DNA polymerase III (PDB ID: 2HNH) and DNA ligase (PDB
ID: 2OWO) synthesize a new strand to complete the repair. (b) A predicted model for 5′- and 3′-nick-directed MMR in T. thermophilus.
After recognition of a mismatch by MutS (TTHA1324), MutL (TTHA1323) incises the discontinuous strand of the mismatched duplex to
direct the excision reaction to the newly synthesized strand. The error-containing DNA segment is excised by UvrD helicase (TTHA1427),
SSB (TTHA0244), and an exonuclease (either RecJ (TTHA1167; PDB ID: 2ZXR) or ExoI (TTHB178)) followed by the resynthesis of a new
strand by DNA polymerase III (TTHA0180) and DNA ligase (TTHA1097). The modeled structures of T. thermophilus MutS, MutL (amino
acid residues 1–316), ExoI, DNA polymerase III α subunit, DNA ligase, and E. coli RecJ were modeled using SWISS-MODEL. The template
structures used for model building were E. coli MutS, the N-terminal domain of MutL, ExoI, UvrD, DNA polymerase III α subunit, DNA
ligase, and T. thermophilus RecJ.

principally derive from differences in the functions of the
MutL homologues.

The biochemical properties of MutL endonucleases have
been studied using MutL homologues from mutH-less ther-
mophilic bacteria such as T. thermophilus and A. aeolicus. The
endonuclease activity of T. thermophilus MutL is suppressed
by the binding of ATP [152]. MutL homologues belong to the
GHKL ATPase superfamily that also includes homologues
of DNA gyrase, Hsp90, and histidine kinase [163]. GHKL
superfamily proteins undergo large conformational changes
upon ATP binding and/or hydrolysis. Such conformational
changes are expected to affect the molecular functions of the
MutL homologues [164, 165]. The endonuclease activities
of MutL homologues exhibit no sequence or structure
specificity [150, 152]; hence, it is thought that living cells

may have mechanisms for regulating these activities. Cells
may employ ATP binding-induced suppression of MutL
endonuclease activity in order to ensure mismatch-specific
incision. It has also been suggested that the ATP binding
form of T. thermophilus MutL preferably interacts with a
MutS-mismatch complex [152]. Since the ATPase activity
of MutL is activated by interaction with MutS, it could
be speculated that the ATP binding-dependent suppression
of the endonuclease activity of MutL is canceled by the
interaction with a MutS-mismatch complex. Recently, it was
reported that the endonuclease activity of A. aeolicus MutL
in response to ATP depends on the concentration of the
protein and that when A. aeolicus MutL is present at relatively
high concentrations activity is stimulated, not suppressed,
by ATP [154]. This result indicates that ATP is required not
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only for suppression but also for active enhancement of the
endonuclease activity of MutL.

5.4. Strand Discrimination in Nick-Directed MMR. As men-
tioned above, a pre-existing strand break serves as a signal to
direct the excision reaction in eukaryotic nick-directed MMR
[146, 150]. Since daughter strands always contain 3′- or 5′-
termini during replication, these ends may act as strand
discrimination signals in vivo. In eukaryotic nick-directed
MMR, MutLα is responsible for strand discrimination by
incising the discontinuous strand [150]. Interestingly, MutLα
has been found to incise the discontinuous strand at a
distal site from the pre-existing strand break. It remains to
be elucidated how MutLα discriminates the discontinuous
strand of the duplex at a site far removed from the strand
discrimination signal. One possible explanation may lie in
the association of MutS and MutL homologues with replica-
tion machinery. MSH6 and MSH3 subunits contain a PCNA-
interacting motif [166], and this interaction between MutSα
and PCNA is now well characterized [167]. Furthermore,
both PCNA and replication factor C (RFC) are required for
stimulation of the latent endonuclease activity of MutLα in
eukaryotic MMR [150]. These results suggest that MutSα
(or MutSβ) and MutLα are loaded onto the substrate DNA
through an interaction with PCNA in the presence of RFC
to produce binding to the newly synthesized strand in the
catalytic site of the MutLα endonuclease domain [168–
170]. In mutH-less bacteria, it has been also demonstrated
that mismatch-provoked localization of MutS and MutL is
controlled through an association with β-clamp, a bacterial
counterpart of eukaryotic PCNA [171]. These interactions
may also be responsible for strand discrimination in bacterial
nick-directed MMR.

5.5. Downstream Events in Nick-Directed MMR. EXO1 is
responsible for the excision reaction in eukaryotic MMR in
vitro. To date, EXO1 is the only ssDNA-specific exonuclease
that has been reported to be involved in the reaction
[150, 172]. In addition, no MMR-related eukaryotic DNA
helicase has yet been identified. The exonuclease activity
of eukaryotic EXO1 is enhanced by a direct interaction
with MutSα in a mismatch- and ATP-dependent manner
[173]. MutSα is known to form a sliding clamp that diffuses
along the DNA after mismatch recognition. The diffusion of
MutSα from the mismatch may be required for the activation
of EXO1 at the 5′-terminus of the error-containing DNA
segments. In contrast to eukaryotes, the MutL of A. aeolicus
stimulates DNA helicase activity in UvrD, an enzyme that
shows high conservation of amino acid sequence among
bacteria [174]. Furthermore, in T. thermophilus, genetic
analyses have indicated that 5′-3′ exonuclease RecJ and 3′-
5′ exonuclease ExoI are involved in parallel pathways of
MMR [175]. It is possible that mutH-less bacteria employ the
cooperative function of multiple exonucleases and helicases
to remove error-containing DNA segments.

Termination of the EXO1-dependent excision reaction in
eukaryotic 3′-nick-directed and MutLα-dependent 5′-nick-
directed MMR is expected to be determined by pre-existing

and newly introduced 3′-termini, respectively. In mutH-less
bacteria, the mechanism for termination of the excision-
reaction remains unknown. Since not only 5′-3′ exonuclease
but also 3′-5′ exonuclease can be involved in the repair
[175], termination of an excision reaction in 5′- and 3′-nick-
directed MMR might be achieved by the 3′- and 5′-termini
that are introduced by MutL.

Further biochemical and structural studies on exonu-
cleases are required to achieve a deeper understanding
of the excision reaction. Recently, the crystal structure of
intact RecJ, a 5′-3′ exonuclease, from T. thermophilus was
reported [176]. The entire structure of RecJ consists of four
domains that form a ring-like structure with the catalytic
site in the center of the ring. One of these four domains
contains an oligonucleotides/oligosaccharide-binding fold
that is known as a nucleic acid-binding fold. Knowledge of
these structural features increases our understanding of the
molecular basis for the high processivity and specificity of
this enzyme. Furthermore, two Mn2+ ions in the catalytic site
suggest that RecJ utilizes a two-metal ion mechanism [177]
for the exonuclease activity. The understanding of a 3′-5′

exonuclease in MMR has been also enhanced by the ongoing
biochemical studies on T. thermophilus ExoI [175]. The study
revealed that ExoI has extremely high KM value compared
with other exonucleases. The interactions with other MMR
proteins might stimulate the DNA-binding activity of ExoI.
Especially, it would be intriguing to examine the interaction
between ExoI and MutS.

6. Recombination Repair

DNA double-strand breaks (DSBs) are the most crucial
lesions in DNA for inducing loss of genetic information and
chromosomal instabilities. DSBs can be caused by ionizing
radiation, ROS, nuclease dysfunction, or replication fork
collapse [178]. Defects in the repair of DSBs lead to cancer
or other severe diseases [179–181]. There are two different
pathways for repair of DSBs, homologous recombination
(HR) and nonhomologous end-joining [178]. HR is the
accurate pathway and makes use of undamaged homologous
DNA as a template for repair. Nonhomologous end-joining
directly ligates two DSB ends together, and although it is
efficient, it is prone to loss of genetic information at the
ligation sites. In most bacteria, the HR pathway is thought
to be the major route for repair of DSBs [182–184].

Recombination repair of DSBs consists of various steps:
end resection, strand invasion, DNA repair synthesis, branch
migration, and Holliday junction (HJ) resolution (Figure 7).
Although the repair-related components and details of each
step show variations among organisms, these steps are
conserved in all organisms, and there are many evolutionarily
conserved functional homologues involved in recombination
repair [182, 184]. The first step of recombination repair,
end resection, is initiated by a 5′ to 3′ degradation of DSB
ends to generate 3′-ssDNA tails. Next, mediator proteins
bind to the 3′-tailed ssDNA and load the recombinase
to promote formation of a nucleoprotein filament. The
recombinase searches for a homologous DNA sequence
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Figure 7: A schematic pathway of recombination repair and structures of the proteins involved in T. thermophilus. Recombination repair
of DSBs is initiated by an end resection step in which DSB ends are processed by the concerted action of RecJ nuclease (TTHA1167; PDB
ID: 2ZXR) and SSB (TTHA0244; PDB ID: 2CWA) to form 3′-ssDNA tails. After end resection, the SSB-ssDNA complex is disassembled and
RecA recombinase (TTHA1818) is loaded onto ssDNA by “mediators”, RecF (TTHA0264), RecO (TTHA0623), and RecR (TTHA1600), to
promote strand invasion. DNA repair synthesis is primed by PolI (TTHA1054) and PolIII (TTHA0180) from the invaded strand of the D-
loop structure. Alternatively, second-end capture is mediated by RecO and SSB and branch migration mediated by the RuvA-RuvB complex
(TTHA0291-TTHA0406; PDB ID: 1IXR) and RecG (TTHA1266) to yield HJs. HJs are cleaved by RuvC resolvase (TTHA1090) and the
nicks sealed by LigA (TTHA1097). Newly synthesized DNA is colored in blue. The model structures of T. thermophilus RecA, RecF, RecO,
RecR, PolI, PolIII α subunit, RecG, RuvC, and LigA were generated using SWISS-MODEL. The models were based on the structures of
Mycobacterium smegmatis RecA (PDB ID: 2OE2), D. radiodurans RecF (PDB ID: 2O5V), RecO (PDB ID: 1U5K), RecR (PDB ID: 1VDD), E.
coli PolI (PDB ID: 1TAU), PolIII α subunit (PDB ID: 2HNH), RuvC (PDB ID: 1HJR), LigA (PDB ID: 2OWO), and Thermotoga maritima
RecG (PDB ID: 1GM5).

and catalyzes strand invasion to yield a D-loop structure.
After strand invasion, DNA synthesis occurs using the
homologous DNA as the template, and the intermediates
are processed through a branch migration reaction to form
HJs, stable four-stranded DNA structures. Finally, HJs are
endonucleolytically resolved into linear duplexes, and the
nicks at cleavage site are sealed by DNA ligase to complete
the repair. HR significantly contributes to retention of
genome integrity; however, this mechanism is also utilized
for the rearrangement of genome, such as incorporation of
foreign DNAs or intrachromosomal gene conversion [185,
186]. There are various anti-recombination mechanisms to
suppress excessive recombination that might cause genomic
instabilities [187, 188]. These sub-pathways interact with
each other to regulate the HR system.

6.1. End Resection and Loading of Recombinase. Recombina-
tion repair is initiated by an end resection step that processes
DSB ends to generate 3′-ssDNA tails. In mammals, various
nucleases and helicases have been implicated in this step,
such as the MRN complex, CTIP, EXO1, DNA2, and RECQ
paralogues [189]. By contrast, most bacteria have two major
sub-pathways, the RecF pathway and the RecBCD/AddAB
pathway [183, 190, 191]. The RecF pathway is highly
conserved in many bacteria and is similar to the eukaryotic
end resection pathway whereas the RecBCD/AddAB pathway
differs from that of eukaryotes and also shows diversity in
bacteria. In the RecF pathway, RecJ nuclease, RecQ helicase,
and SSB act in concert in the processing of DSB ends. After
DNA unwinding by RecQ helicase and 5′ to 3′ exonucleolytic
degradation by RecJ nuclease, the generated 3′-ssDNA tails
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Figure 8: A schematic illustration of RecA-ssDNA interaction in the nucleoprotein filament. (a) A schematic representation of a RecA-ssDNA
nucleoprotein filament. The filament comprises a helical structure. RecA molecules are shown as red spheres and the ssDNA as a black line.
(b) A schematic model of RecA-ssDNA interaction. The RecA protomer has the L1 and L2 loops and the N-terminal region to make contact
with the ssDNA. The bound ssDNA comprises a nucleotide triplet with a nearly normal B-form distance between bases followed by a long
internucleotide stretch before the next triplet. The ATP binds to RecA-RecA interfaces. The schematic model was prepared from the crystal
structure of RecA-ssDNA complex (PDB ID: 3CMW).

are coated and stabilized with SSB [192]. Interestingly,
there is no RecQ homologue in T. thermophilus HB8 [193].
However, a recent in vitro reconstitution study of the E. coli
RecF pathway showed that RecJ nuclease degrades dsDNA
exonucleolytically in the absence of RecQ helicase [190].
Another study also showed that Haemophilus influenzae
SSB directly interacts with RecJ nuclease and stimulates
exonuclease activity [194]. Based on these results, it could
be speculated that in T. thermophilus HB8, RecJ nuclease
and SSB might synergistically perform the end resection
step without involvement of a helicase. Recently, the crystal
structures of T. thermophilus RecJ and SSB were solved
[176]. By combining these structural data with biochemical
analyses, it should soon be feasible to elucidate the molecular
mechanism of the end resection step.

In the RecF pathway, after generation of 3′-ssDNA tails,
recombination mediators, RecFOR or RecOR, disassemble
the SSB-ssDNA complex and load RecA recombinase onto
ssDNA to form nucleoprotein filaments [190, 195]. Struc-
tural and biochemical analyses of T. thermophilus RecF, RecO,
and RecR proteins showed that RecR forms a tetrameric ring-
like structure and acts as a DNA clamp and also binds to RecF
and RecO; on the other hand, RecO can also bind to RecR,
SSB, and ssDNA [196–198]. These studies found that SSB
is displaced from ssDNA by RecO and that RecA loading is
mediated by RecR [198]. Based on these results, there appear
to be two distinct ways for SSB displacement and RecA
loading [190]. The RecFOR complex binds at the ssDNA-
dsDNA junction on the resected DNA and loads RecA onto
ssDNA in a 5′ to 3′ direction. The RecOR complex binds
to SSB-ssDNA complex and promotes the exchange of SSB

by RecA. These processes are very similar to the eukaryotic
recombination repair pathway mediated by RAD52, RAD54,
BRCA2, and RAD51 paralogues [199–202]. Recombinase
loading by “mediators” is thought to be a common system
of recombination repair in all three kingdoms of life.

6.2. Strand Invasion by Recombinase. The DNA strand
exchange between homologous segments of chromosomes
is catalyzed by the RecA-family recombinases, which include
RecA in bacteria, RAD51 in eukaryotes, and RadA in archaea
[203]. The processes catalyzed by these recombinases have
been studied in detail [204–206]. In bacteria, RecA binds to
ssDNA, forming helical nucleoprotein filament (Figure 8(a)).
Contact between the RecA-coated ssDNA and dsDNA allows
ssDNA to search sequence homology. Strand exchange is
initiated by local denaturation of dsDNA in a region of
homology. The invading strand forms a paranemic joint,
which is an unstable intermediate. When the free end
of the strand invades, the paranemic joint is converted
into a plectonemic joint, in which the two strands are
intertwined. Then heteroduplex formation is extended by
branch migration.

The crystal structure of RecA filament determined in
1992 [207] revealed six subunits in each helical turn, but
this structure contained no DNA. In 2008, Chen et al.
determined the structures of both RecA complexed with
ssDNA and with dsDNA [208], which are the substrate and
product forms of DNA strand exchange, respectively. The
RecA-ssDNA filament is different from the RecA filament
primarily in the orientation of the subunit relative to the
filament axis. The bound ssDNA makes contact with the
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L1 and L2 loops, which had been suggested to be DNA
binding sites and the N-terminal region (Figure 8(b)). It had
been previously assumed that in the nucleoprotein filament
ssDNA is uniformly stretched by about 1.5-fold [209].
However, unexpectedly, the DNA comprises a nucleotide
triplet (three-nucleotide segment) with a nearly normal B-
form distance between bases followed by a long untwisted
internucleotide stretch before the next triplet. In addition,
ATP binds to RecA-RecA interfaces, which can couple RecA-
ATP interaction to RecA-DNA interaction.

6.3. Postsynaptic Phase. After strand invasion, HJs are
formed through DNA repair synthesis, second-end capture,
and branch migration during the postsynaptic phase. In most
organisms, a range of DNA polymerases deal with the various
DNA processes, and several of these DNA polymerases are
involved in recombination-associated DNA repair synthesis
[210]. It has been shown that the translesion synthesis
(TLS) polymerase, Polη, and replicative polymerase, Polδ,
are involved in mammalian recombination-associated DNA
synthesis [211–214]. In addition, a recent genetic study
suggested the possible involvement of human Polν, prokary-
otic PolI-like enzyme, in HR [215]. However, it is still
unclear whether other DNA polymerases can synthesize the
DNA strand during recombination. Interestingly, bacterial
TLS polymerases, PolII, PolIV, and PolV, are also able to
synthesize the DNA strand in recombination processes as
well as PolI and PolIII in E. coli; however, the details of the
relationship between TLS and HR remain to be elucidated
[216]. The Deinococcus-Thermus group of bacteria has only
two processive DNA polymerases, PolI and PolIII, and,
therefore, it should be relatively straightforward to analyze
the involvement of DNA polymerases in recombination-
associated DNA synthesis [217, 218]. A recent study on
genome repair after ionizing radiation in Deinococcus radio-
durans showed that PolI and PolIII had distinct roles in
the extensive synthesis-dependent strand annealing repair
pathway [219]; therefore, it might be expected that in T.
thermophilus, PolI and PolIII will also act in concert in
recombination-associated DNA synthesis.

Second-end capture and branch migration also occur at
the same time as DNA repair synthesis in the postsynaptic
phase. In eukaryotes, second-end capture appears to be
mediated by RAD52 and RPA, whereas their functional
homologues in bacteria are RecO and SSB, respectively [220–
222]. Interestingly, it has been shown that E. coli RecO cannot
form joint molecules with the S. cerevisiae RPA-ssDNA
complex nor can S. cerevisiae RAD52 promote second-end
capture with either the human RPA-ssDNA complex or the
E. coli SSB-ssDNA complex [222]. These results indicate
that the second-end capture event can be performed in
a species-specific manner. Various DNA translocases are
involved in branch migration. There is evidence that RAD54
and RECQ paralogues process the joint molecules to generate
HJs in eukaryotes. By contrast, RuvAB, RecG and RadA/Sms
promote branch migration in bacteria [201, 223–225]. To
date, there is no satisfactory explanation as to why a
single organism might redundantly possess multiple branch
migration activities. In bacteria, RuvAB are believed to be

the main branch migration proteins based on their genetic
properties [223, 226]. Currently, the crystal structure of
the RuvAB-HJ complex is not available. However, various
crystal structures involving T. thermophilus RuvA and RuvB
proteins have been solved and their biochemical properties
determined [227–232]. In addition, an atomic model of the
RuvAB-HJ complex has been proposed based on data from
electron microscopic analyses [229, 233]. These structural
and functional analyses of RuvAB provide insights into its
molecular properties with regard to branch migration. Two
RuvA tetramers sandwich an HJ forming a planar confor-
mation while two RuvB hexameric rings are bound to the
arms of the junction symmetrically via RuvA and promote
branch migration using energy from ATP hydrolysis [224].
Furthermore, by combining structural and biochemical data
on RuvC resolvase, it is possible to suggest a model for
HJ resolution that involves the formation of a RuvABC
resolvasome [224, 234–237].

Recombination repair is completed by HJ resolution
and sealing of its cleavage sites. In mammals, members of
a structure-specific endonuclease family, including GEN1,
SLX1, MUS81-EME1, and ERCC4-ERCC1, are involved
in the resolution of HJs and recombination intermediates
[238]. Recent work showed that GEN1 can act as an
HJ resolvase. Other studies have suggested that the SLX4
protein can form a complex with SLX1, MUS81-EME1, or
ERCC4-ERCC1 and control their activities [239–243]. It has
been shown that the SLX1-SLX4 complex can resolve HJs
symmetrically. In bacteria, RuvC and RusA have HJ resolvase
activity. RuvC forms a dimeric structure and cleaves HJs
symmetrically in a sequence-specific manner [234, 244].
Biochemical analyses of RuvC in the presence of RuvAB
suggest that RuvC forms a complex with RuvAB and that
the HJ resolution event is coupled with the branch migration
reaction [235, 236]. In E. coli, there is another resolvase,
RusA, which has cleaved HJs symmetrically at specific sites
[245, 246]. It has also been suggested that topoisomerase III
can resolve HJs in E. coli as an alternative to the RuvABC
pathway [247]. T. thermophilus does not have either RusA
or topoisomerase III [217]. Thus, this organism will be
a suitable model for analyzing this step of HJ resolution
because of its simple and minimal systems.

6.4. Anti-Recombination. Since excessive recombination
events lead to the alteration of the genetic information,
various anti-recombination mechanisms are employed by
organisms to regulate the frequency of recombination [188].
For example, the MMR system is present in a wide range of
organisms and serves particularly to prevent homeologous
recombination [187]. In bacteria, RecX acts as an anti-
recombinase that inhibits RecA recombinase in both direct
and indirect manners [248]. Direct interaction with RecX
inhibits the recombinase activity of RecA and destabilizes
the nucleoprotein filament [249, 250]. RecX also suppresses
recA induction at the transcription level [248]. The UvrD
helicase is suspected to be an anti-recombinase because of
its activity to disassemble the RecA nucleoprotein filament in
vitro [251, 252].
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Recently, a novel anti-recombination mechanism was
identified in Helicobacter pylori and T. thermophilus. It was
found that disruption of mutS2, a bacterial paralogue of
the MMR gene mutS, significantly increased the frequency
of recombination events, indicating that mutS2 had an
anti-recombination function [253, 254]. It has also been
shown that MutS2 is not involved in MMR, that is,
MutS2 prevents recombination in an MMR-independent
manner. Detailed biochemical investigation showed that
T. thermophilus MutS2 possesses an endonuclease activity
that preferably incises the D-loop structure, the primary
intermediate in HR [253, 255–257]. MutS2 might suppress
HR through the resolution of early intermediates.
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I review three of our research efforts which suggest that optimizing micronutrient intake will in turn optimize metabolism,
resulting in decreased DNA damage and less cancer as well as other degenerative diseases of aging. (1) Research on delay of the
mitochondrial decay of aging, including release of mutagenic oxidants, by supplementing rats with lipoic acid and acetyl carnitine.
(2) The triage theory, which posits that modest micronutrient deficiencies (common in much of the population) accelerate
molecular aging, including DNA damage, mitochondrial decay, and supportive evidence for the theory, including an in-depth
analysis of vitamin K that suggests the importance of achieving optimal micronutrient intake for longevity. (3) The finding that
decreased enzyme binding constants (increased Km) for coenzymes (or substrates) can result from protein deformation and loss
of function due to an age-related decline in membrane fluidity, or to polymorphisms or mutation. The loss of enzyme function can
be compensated by a high dietary intake of any of the B vitamins, which increases the level of the vitamin-derived coenzyme. This
dietary remediation illustrates the importance of understanding the effects of age and polymorphisms on optimal micronutrient
requirements. Optimizing micronutrient intake could have a major effect on the prevention of cancer and other degenerative
diseases of aging.

1. Lipoic Acid and Acetyl-Carnitine
Supplements Decrease the Oxidative
Mitochondrial Decay of Aging

Mitochondrial decay appears to be a major contributor
to aging and its associated degenerative diseases including
cancer and neural decay [1, 2]. Mitochondria from old rats
compared with those from young rats generate increased
amounts of mutagenic [3–5] oxidant by-products [6] and
have decreased membrane potential, respiratory control
ratio, cellular oxygen consumption, and cardiolipin (a key
lipid found in mitochondria). Oxidative damage to DNA,
RNA, proteins, and mitochondrial membrane lipids con-
tributes to this decay [6–10] and leads to functional decline
of mitochondria, cells, tissues, and eventually organs such
as the brain, with an accompanying loss of cognition and
ambulatory activity [6–10].

Decreased capacity to produce ATP and increased oxi-
dant production are two properties of aging mitochondria

supported by multiple lines of direct and indirect obser-
vations. First, the analysis of gene expression profiles in
mice showed significant age-associated declines in the mRNA
levels of mitochondrially encoded subunits of complex I, III,
IV, and V in old compared to young mice [11]. Second, in
addition to reduced gene expression, the levels of mutagenic
[3, 4] aldehydes [12] and oxidants increase in aging tissues.

The importance of optimizing metabolic function to
prevent mitochondrial decay is illustrated by feeding the
mitochondrial metabolites acetyl carnitine (ALC) [13–15]
and R-alpha lipoic acid (LA) [16] to old rats. Carnitine is
used for transporting fatty acids into the mitochondria; the
main short-chain acyl-carnitine is ALC [17]. In humans at
rest, ALC accounts for roughly a quarter of total carnitine in
plasma, muscle, and liver tissues [17]. LA is a mitochondrial
coenzyme and is preferentially reduced in the mitochondria
to a potent antioxidant. LA is also an effective inducer of
the transcription factor Nrf2, which in turn induces the
glutathione synthesis enzymes [18–20]. Nrf2 induces over
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200 phase-2 antioxidant and thiol-protective enzymes [21,
22]. ALC and LA, when added as a supplement, can act
in some cases synergistically, to restore much of the lost
mitochondrial function in old rats [6–9].

One possible mechanism of mitochondrial decay is
that with age, stiffer membranes due to lipid oxidation or
increased oxidative damage to mitochondrial proteins cause
structural deformation of key enzymes such as carnitine acyl
transferase that lowers their affinity for the enzyme substrate
[9]. Feeding old rats the substrate ALC with LA for a few
weeks decreases oxidative damage, allowing the synthesis of
new carnitine acyl transferase with normal binding affinity
(Km) [9]. This partially restores mitochondrial function,
decreases mutagenic oxidants, neuronal RNA oxidation, and
mutagenic aldehydes, and increases rat ambulatory activity
and cognition [6–9]. ALC and LA are not usually thought of
as micronutrients, as they can be synthesized in the body, but
they are illustrative of many normal metabolites that decline
with age and may be beneficial as supplements in the elderly.

Park et al. [23] used DNA microarrays to identify tran-
scriptional markers of aging that are differentially expressed
in young versus old mice of multiple inbred strains. They
then fed the mice various metabolites, mostly antioxidants,
to see if they would oppose these transcriptional markers of
aging, comparing effectiveness to caloric restriction, a known
potent method for delaying aging. ALC was as effective as
caloric restriction in the heart and LA was as effective in
the cerebellum. These experiments suggest that ALC + LA
is an effective caloric restriction mimetic and that tuning up
metabolism may help in slowing down the aging process. The
tissue specific effects of caloric restriction-mimetic agents
suggest that a combinatory approach may be needed.

2. Triage Theory Suggests a Cause of
Much Preventable Mutation and Cancer

The “triage theory” [24–26] provides a unifying rationale
for a causal link between chronic modest deficiency of a
micronutrient (∼40 essential minerals, vitamins, amino
acids, and fatty acids) and the many degenerative diseases
accompanying aging such as cancer, immune dysfunction,
cognitive decline, cardiovascular disease, and stroke. If the
theory is correct, the incidence of these diseases might
be reduced by an inexpensive micronutrient intervention
[24–26].

Triage theory [24, 25] posits that during evolution, as
a result of periods of shortage of micronutrients required
by various proteins for function, nature was selected for
a rebalancing of metabolism (e.g., by selection for strong
micronutrient binding constants for critical proteins). This
rebalancing ensured survival of the organism at the expense
of metabolism whose lack caused the accumulation of
insidious damage leading to longer-term consequences, that
I proposed including chronic diseases of aging. That nature
may have developed such a system is logically consistent
with the consensus that natural selection favors short-
term survival for reproduction over long-term health [27].
During evolution micronutrient shortages were likely to be

very common, For example, the 15 essential minerals are
not distributed evenly on the earth; dietary sources and
availability also fluctuated markedly [28].

The triage theory predicts that optimizing intake of the
∼40 essential micronutrients will reduce the risk of chronic
diseases associated with aging and increase lifespan [24].
Micronutrients are remarkably inexpensive. Micronutrient
intakes below recommended levels are unusually widespread
in poor countries, but also in the US population in all seg-
ments of society, especially the poor, children, adolescents,
the obese, and the elderly. High consumption of calorie-
rich, micronutrient-poor unbalanced diets exacerbates the
problem [24]. For example, over half of the US population
have inadequate intakes of magnesium [24], almost all
African-Americans are extremely low in vitamin D [29],
and much of the population is low in a variety of other
micronutrients, (e.g., omega-3 fatty acids, potassium, cal-
cium, vitamin C, vitamin E, vitamin K) [24, 30, 31]. There is
little societal concern because no overt pathologies have been
associated with marginal to moderate levels of deficiency.
The triage theory predicts that the pathology is insidious,
but we believe that it is measurable. We hypothesize that
two of the many insidious, but measurable, consequences
of moderate micronutrient inadequacy are increased DNA
damage (future cancer) and mitochondrial decay (mutagenic
oxidant release, future cancer, and cognitive dysfunction) as
aspects of a triage response. These consequences are known
to increase with age. In addition, evidence from our own
work and that of others, as briefly reviewed below, indicates
that sensitive assays targeted at these endpoints have a high
likelihood of detecting changes in individuals with moderate
micronutrient deficiencies. Other age-related diseases, such
as cardiovascular disease and immune dysfunction [25]
are also increased by micronutrient deficiencies and are
discussed elsewhere [25, 30].

2.1. Vitamin K as an Example of the Utility of Triage Theory
[30]. For 16 known vitamin K-dependent (VKD) proteins,
we evaluated the relative lethality of 11 known mouse
knockout mutants to categorize essentiality. Results indicated
that 5 VKD proteins required for coagulation had critical
functions (knockouts were embryonic lethal), whereas the
knockouts of 5 less critical VKD proteins [osteocalcin, matrix
Gla protein (Mgp), growth arrest specific protein 6 (Gas6),
transforming growth factor β-inducible protein (Tgfbi or
βig-h3), and periostin] survived at least through weaning.
The VKD γ-carboxylation of the 5 essential VKD proteins
in the liver and the 5 nonessential proteins in nonhepatic
tissues sets up a dichotomy that takes advantage of the
preferential distribution of dietary vitamin K1 to the liver to
preserve coagulation function when vitamin K1 is limiting.
Genetic loss of less critical VKD proteins, dietary vitamin
K inadequacy, human polymorphisms or mutations, and
vitamin K deficiency induced by chronic anticoagulant (war-
farin/coumadin) therapy are all linked to age-associated con-
ditions [30]: bone fragility after estrogen loss (osteocalcin);
increased risk of type 2 diabetes (Gas6) [32]; arterial calcifi-
cation (Mgp) [33, 34]; calcific aortic valve disease (periostin)
[35]; increased chromosomal aberrations and spontaneous
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cancer with mitotic spindle abnormalities (Tgfbi) [30, 36].
Studies on vitamin K deficiency as a cause of cancer are
few but are suggestive [36, 37]. A triage perspective rein-
forces recommendations of some experts that much of the
population and warfarin/coumadin patients may not receive
sufficient vitamin K for optimal function of VKD proteins
that are important to maintain long-term health [30].

2.2. DNA Damage and Cancer. Deficiency in each of the 7
micronutrients (iron, magnesium, zinc, and vitamins B6, C,
folic acid, and biotin) that we have so far examined results
in increased DNA damage in rodents, primary human cells
in culture, or humans [24, 38–42]. Deficiency was severe in
many of these studies, but further evidence discussed below
suggests that modest levels of deficiency also can result in
DNA damage and cancer.

Folate deficiency at moderate levels was the first micronu-
trient inadequacy to be clearly established as a mutagenic
hazard for a considerable percentage of the US population.
Low folate in mice was shown to cause chromosome breaks
[43] and cancer [44]. Folate deficiency in human cells in
culture was accompanied by chromosome breaks, cell cycle
arrest in the S-phase, apoptosis, and high uracil incorpora-
tion into DNA, a likely cause of the breaks [38, 45–47]. A
comparison of folate deficiency with radiation in breaking
chromosomes has been done by us [38] and others [48,
49]. Folate deficiency in ex vivo human lymphocytes causes
aneuploidy [50] and increased DNA oxidation and decreased
DNA repair in rats [51]. Moderate deficiency of folate in
humans (before folate supplementation of flour in the US)
caused chromosome breaks at levels of deficiency present
in 10% of the US population and in half of low income
adolescents and elderly [47, 52, 53]. A study of human
folate deficiency and micronuclei (chromosome breaks) [52]
should have been the seminal paper in the nutrition-cancer
field but has not been sufficiently appreciated. Micronuclei
as a measure of chromosome breaks have been validated
as a predictor of future human cancer [54]. In studies of
Australian healthy adults, the third of the population with
the lowest folate levels had a significantly increased level
of chromosome breaks [55, 56]. Moderate folate deficiency
has also been associated with human cancer, as reviewed in
[51, 57, 58]. Moderate deficiency in B12 causes chromosome
breaks in humans, apparently by the same mechanism as
folate deficiency [53, 55].

Magnesium Deficiency. Magnesium intakes for ∼56% of
adults in the United States are below the Estimated Average
Requirement (EAR), the current measure of micronutrient
inadequacy (the RDA is set at 2 standard deviations above
the EAR). Intakes below the EAR are especially prevalent
among the poor, teenagers (78% of 14- to 18-year-old
males and 91% of 14- to 18-year-old females), the obese,
African Americans, and the elderly (81%) [31, 59–63].
Moderate magnesium deficiency causes genetic instability
[64]. In humans, moderate magnesium deficiency has been
associated with colorectal and other cancers [64–69], hyper-
tension, stroke, osteoporosis, diabetes, and the metabolic
syndrome [67, 70–72]. In a study of 4,035 men followed
for 18 years, the highest quartile with serum magnesium at

baseline compared with the lowest had a 40% decrease in
all-cause mortality and cardiovascular disease and a 50%
decrease in cancer deaths [69]. In primary human cells in
culture, magnesium deficiency leads to accelerated telomere
shortening, activation of cell-cycle arrest proteins, premature
senescence [41], and mitochondrial DNA damage (D. W.
Killilea, B. N. A., unpublished observations). Magnesium
deficiency in rats leads to chromosome breaks [73] and
cancer [64]. In rats, a diet moderately deficient in mag-
nesium increased mortality, blood pressure, inflammation,
and oxidants and decreased resistance to oxidants compared
with a standard or magnesium-supplemented diet [74]. This
evidence suggests that supplementation programs should be
considered because there is little risk of magnesium toxicity
[70]. Good sources of magnesium are greens (magnesium is
in the center of the chlorophyll molecule), whole grains, and
nuts. A standard multivitamin-mineral (MVM) supplement
does not contain sufficient magnesium (or calcium) because
it would make the supplement too bulky.

Vitamin B6 deficiency, as measured by pyridoxal phos-
phate (PLP) levels in plasma, is associated with colorectal
cancer; colorectal cancer decreased by 49% for every 100-
pmol/mL increase in blood PLP level [75]. Serum levels
of PLP were inversely associated with lung cancer in both
smokers and nonsmokers in the EPIC study (100,000 person
years) [76]. A significant inverse association between PLP
level and gastric cancer has been shown in a large cohort
study [77]. One possible mechanism is deficiency of B6
causing interference with heme biosynthesis causing release
of mutagenic oxidants [24] though other mechanisms are
also possible [78]. A sizeable percentage of the population
not using supplements has inadequate PLP levels [79]; 49%
of elderly women have inadequate (<EAR) B6 intake [31].
Low PLP levels are also associated with depression [80] and
stroke [81].

Moderate deficiencies of calcium, niacin, vitamin E,
retinol [56], or vitamins A, C, or E [82] are associated
with chromosome damage. Severe deficiencies in rodents or
human cell cultures for selenium, copper, niacin, choline,
pantothenate, or riboflavin are also associated with chromo-
some breaks [24, 56]. Many of these and other moderate
micronutrient deficiencies, when studied epidemiologically,
are associated with cancer [24, 69, 83–93]. A number of
human intervention studies with micronutrients report a
decrease in DNA damage or cancer [52, 94–96] though more
studies are needed to reach a definitive conclusion. The
limitations of experimental approaches available for demon-
strating a causal relation between micronutrient deficiency
and cancer have been pointed out [97, 98]; a critical analysis
of this large literature is not attempted here.

2.3. Mitochondrial Oxidant Release. A large literature, as
discussed in Section 1, provides evidence that mitochondrial
decay occurs with age and results in increased production of
mutagenic oxidant byproducts of electron transport. To the
extent that the DNA damage is caused by oxidants released
from mitochondria, mtDNA will be damaged before nuclear
DNA and should be more easily detected. Mitochondrial
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decay appears to be a major contributor to both aging
and its associated degenerative diseases, such as cancer and
brain dysfunction, for example, complex I and Parkinson’s
disease, complex IV and Alzheimer’s disease [24]. In mice,
or human cells in culture, we found that severe deficiencies
in zinc [42], iron [40], biotin [39], or vitamin B6 resulted in
increased mitochondrial oxidative decay [24]. In all 4 cases,
the mechanism could involve inhibition of heme synthesis
which lowers levels of complex IV [24, 39], as discussed
below.

2.4. Some Micronutrient Deficiencies Impair Heme Synthesis,
Which Can Result in Oxidative Stress, Mitochondrial Decay,
DNA Damage, and Cell Senescence. Seven micronutrients
(biotin, pantothenate, pyridoxine, riboflavin, copper, iron,
and zinc) are required for heme synthesis in mitochondria.
A severe deficiency in any of these seven will cause a deficit
of heme and therefore of complex IV, of which heme-a is
an essential component [39, 99–103]. This mechanism is
compatible with a triage response if complex IV is sensitive
to modest deficiencies as well. The normal complement
of complex IV keeps oxidants to a minimum; deficits
of complex IV result in oxidant leakage, DNA damage,
accelerated mitochondrial decay, and cellular aging [39, 99–
103]. Deficiencies of iron, zinc, and biotin are discussed
below.

Iron. Iron deficiency is the most common micronutrient
deficiency in the world, and anemia is widespread in under-
developed countries [104]. Iron intake in US menstruating
women is low; ∼16% are below the EAR, the standard
measure of inadequacy [31]. Hispanic women and the obese
are at greater risk of being iron deficient [105]. In humans,
iron deficiency anemia is associated with poor cognitive
development in toddlers [106–110], suggesting that iron
deficiency in humans during critical periods of development
harms the developing brain [107, 108, 111]. Severe iron
deficiency causes loss of mitochondrial complex IV in
selected regions in the brain of neonatal rats [112] as well
as other changes in function, morphology, and physiology
of the brain [107, 113]. Iron deficiency or excess in rats
damages mitochondria and causes oxidant release, oxidative
DNA damage, and decreased mitochondrial efficiency at
levels both below and above the optimum [40].

Functional iron deficiency also is associated with dimin-
ished immune function and neuromuscular abnormalities
[114, 115]. The effects of iron deficiency occur along a
continuum [40, 107, 116]. Mitochondrial oxidant release
resulting from nonsevere iron deficiency [40] could possi-
bly be due to effects on heme-a biosynthesis [102, 103].
Iron deficiency without anemia can also occur in new-
borns exposed to intrauterine hypoxia, such as infants of
preeclamptic or diabetic mothers [117]. In such cases, iron
is prioritized to erythroid and hemoglobin synthesis, putting
the nonerythroid tissues at risk of iron deficiency and hence
heme deficiency [118, 119]. Dietary iron deficiency in the
absence of anemia decreases aerobic capacity and physical
work performance, which are improved by iron supple-
mentation [120]. Iron deficiency has not been adequately

studied as a possible risk factor for cancer and the results
are discordant [121, 122]. Many studies are looking for a
monotonic relationship and do not take into account that
one might expect cancer at levels of iron that are both too
low and too high [40], as in hereditary hemochromatosis, a
known risk factor for cancer [123]. Both iron deficiency and
excess iron (excess iron may cause zinc or copper deficiency)
in mice cause oxidant leakage from mitochondria, oxidative
mtDNA damage, and mitochondrial dysfunction [40]. Iron
accumulates with age and causes mitochondrial damage and
early senescence in human cells in culture [124] and in
rats [125]. Excess iron in human cells causes mitochon-
drial dysfunction, which can be ameliorated by ALC and
LA [126].

Zinc. Zinc inadequacy is common in adults, ∼12% of
whom are below the EAR [31]. In human cells in culture,
severe zinc deficiency causes complex IV deficiency and
the release of oxidants, resulting in significant oxidative
damage to DNA [42, 127, 128]. Zinc deficiency also causes
chromosome breaks in rats [73] and is associated with cancer
in both rodents and humans [129]. As discussed above,
these observations reinforce the need to determine what
degree of deficiency in humans results in DNA damage.
We think it is likely that the trigger for decreased heme
synthesis is the inactivation of the second enzyme of the
pathway, δ-aminolevulinate dehydratase, which contains
8 atoms of zinc [102, 130]. Zinc deficiency in human
cells also inactivates other zinc-containing proteins such
as the tumor suppressor protein p53 and the DNA base
excision repair enzyme, apyrimidinic/apurinic endonucle-
ase, with a resulting synergistic effect on genetic damage
[42, 127].

Biotin. Biotin deficiency is more common than previously
thought; ∼40% of pregnant women who do not take a mul-
tivitamin show metabolic signs of deficiency [131]. Marginal
biotin deficiency is teratogenic in mice [131]. Biotin is a
prosthetic group in 4 biotin-dependent carboxylases (3 of
which are solely present in mitochondria) that replenish
intermediates in the tricarboxylic acid cycle [132]. Biotin
deficiency decreases the activity of these enzymes, leading
to a decrease of 2 heme precursors, mitochondrial succinyl-
CoA, and glycine, thus resulting in heme deficiency [39].
Biotin deficiency in normal human lung fibroblasts in
culture caused a 40–50% decrease in heme content, oxidant
release, premature senescence, and DNA damage [39]. The
relationship of these effects to human intake amounts needs
to be determined [133].

Despite the promise of decreasing mutation rates by
optimizing metabolism, a cautionary note is that too much
of some micronutrients, such as iron [40] or selenium
[134, 135], as well as too little, can be harmful. Several
micronutrients, for example, folate [58, 136, 137] or vitamin
K [30, 138], may stimulate previously existing cancer cells.
It should not be assumed that “too much of a good thing is
wonderful.” Mae West, who said that, was not thinking about
micronutrients.
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3. Ameliorating Some Consequences of
Mutation: Enzymes Lose Binding
Affinity (Increased Km) for Coenzymes and
Substrate with Mutation or Age

We reviewed [139] about 50 human genetic diseases due to
defective enzymes, which were remedied or ameliorated by
the administration of high doses of the vitamin component
of the corresponding coenzyme, thus partially restoring
enzyme activity. Up to a quarter of mutations in a gene result
in the corresponding enzyme having a decreased binding
constant (increased Km) for a coenzyme resulting in a lower
rate of reaction [139]. The review points out that many of the
B vitamins, given at levels 10–100 times the RDA, can raise
coenzyme activity levels by an order of magnitude or more,
usually with minimal toxicity. Several single-nucleotide
polymorphisms (SNPs) with a deleterious phenotype, under
some conditions, decrease binding constants and thus may
also be remediable by raising cellular concentrations of the
cofactor by high-dose vitamin therapy. Our review raised
the issue of whether some appreciable percentage of the
population may require a higher level of a particular vitamin
or substrate for optimum function.

A follow-up review [140] points out that it is common
for proteins to become deformed with age, for exam-
ple, membranes become stiffer by oxidation, deforming
membrane proteins, and particularly in mitochondria. This
raises the question of whether high dose B vitamins may
be beneficial in the elderly. Deformation of an enzyme
commonly decreases binding affinity (increased Km) for
its coenzyme or substrate. Enzyme substrates and vitamin
precursors of coenzymes can be elevated by feeding and
may enhance the activity of a deformed enzyme. These
observations also reinforce the importance of including age
in dietary recommendations. For example, for vitamin B12,
there is a special recommendation for the elderly based on
their increased requirement, due to loss of uptake [141]. It
also raises the question whether many metabolites, as well as
vitamins, might be fed to improve functioning of enzymes in
the elderly. The remediation of deformed enzymes, whether
due to mutation or aging, is a field that shows promise and
may be an inexpensive way to improve health.

The substrate binding affinities of complex I, III, and
IV in mitochondria isolated from muscle of young and old
mice were examined [142]. A kinetic analysis of complex
III revealed a significant 29% age-associated increase in
the Km (decreased binding) for ubiquinone-2. More recent
work [143] reported a defect in the ubiquinone-binding
site of cytochrome b in complex III in the interfibrillary
mitochondria isolated from old rats [143]. The resulting
defect in ubiquinone binding affinity is likely to increase
superoxide production at this site. One possible mechanism
of mitochondrial decay is that with age, stiffer membranes
due to lipid oxidation or increased oxidative damage to
mitochondrial proteins causes structural deformation of
key enzymes such as carnitine acyl transferase that lowers
their affinity for the enzyme substrate. Feeding old rats
the substrate ALC with LA for a few weeks decreases

oxidative damage, allowing the synthesis of new carnitine
acyl transferase with normal binding affinity (Km) [9]. This
partially restores mitochondrial function, decreases oxidants,
neuronal RNA oxidation, and mutagenic aldehydes, and
increases rat ambulatory activity and cognition [6–9]. Mito-
chondrial complexes were examined [144] in the brain of
young and old rats, with and without dietary ALC and LA.
ALC and LA partially restored function of complex I to
the level of the young, but by restoring Vmax, not Km for
CoQ and NADH [144]. Increased levels of CoQ and niacin
might overcome the increased Km. The Km mechanism for
restoring function is not the only possible one; decreased
oxidants may increase protein activity by increasing stability
as well [6, 9, 144]. ALC and LA are not micronutrients,
as they are made in the mitochondria, but they are illus-
trative of many normal metabolites that may be useful in
the elderly.

4. Conclusion

The work on acetyl carnitine and lipoic acid suggests that
decay of mitochondria leading to cancer and a variety
of other diseases of aging is not inevitable but can be
delayed by various interventions to improve metabolism.
Understanding the mechanisms will suggest still other inter-
ventions. For example, if the effectiveness of lipoic acid is
because it induces the ∼200 enzymes in the phase-2 defense
system against oxidants, as seems likely, then the whole
area of optimizing our various inducible defense systems for
longevity by hormetic mechanisms becomes attractive and
we are at the start of the discovery of many interventions.

If the triage hypothesis proves to be correct, as the vita-
min K analysis suggests, it will demonstrate the importance
for a long and healthy life of avoiding modest micronutrient
deficiencies for minimizing cancer and other age-related
diseases, and for changing how people think about nutrition
and health. Most of the world’s population, including that
of the US, is inadequate in one or more micronutrients
according to current intake recommendations. Yet, because
there is no overt pathology associated with these levels of
deficiency, there has been little public concern. The triage
hypothesis framework may facilitate the discovery of sensi-
tive and specific biomarkers of micronutrient insufficiencies
that can be used to optimize metabolism at a personal
and population level. Current recommendations do not
take into account the insidious biochemical consequences of
metabolic triage. We think that we can show that insidious
damage is indeed occurring at modest levels of deficiency
and that this damage will increase the risk of cancer,
cardiovascular disease, cognitive dysfunction, and the other
diseases associated with aging.

The genomic variability between individuals is being
explored at a rapid rate, but a correct understanding as
to how to intervene awaits bringing nutrition, particularly
micronutrient-dependent proteins into the picture. We
believe that the analysis of binding constants is the beginning
of a large field that will make it possible to overcome
a large class of deleterious genetic changes by nutritional
interventions.



6 Journal of Nucleic Acids

Various lines of evidence reviewed here suggest that
healthier lives are to be gained by optimizing our meta-
bolism. More attention to balanced diets and optimizing
micronutrient intake could have a major effect on delay-
ing the degenerative diseases of aging. My vision is that
this will be done in the future by individuals measuring
their own levels of micronutrients from a finger prick
of blood in a machine in their local pharmacy (http://
www.reliadiagnostics.com/), and tuning up their metabolism
by adjusting diet or taking supplements—the beginning of an
age of true preventive medicine.
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Nicotinamide is a water-soluble amide form of niacin (nicotinic acid or vitamin B3). Both niacin and nicotinamide are widely
available in plant and animal foods, and niacin can also be endogenously synthesized in the liver from dietary tryptophan.
Nicotinamide is also commercially available in vitamin supplements and in a range of cosmetic, hair, and skin preparations.
Nicotinamide is the primary precursor of nicotinamide adenine dinucleotide (NAD+), an essential coenzyme in ATP production
and the sole substrate of the nuclear enzyme poly-ADP-ribose polymerase-1 (PARP-1). Numerous in vitro and in vivo studies have
clearly shown that PARP-1 and NAD+ status influence cellular responses to genotoxicity which can lead to mutagenesis and cancer
formation. This paper will examine the role of nicotinamide in the protection from carcinogenesis, DNA repair, and maintenance
of genomic stability.

1. Introduction

Nicotinamide (pyridine-3-carboxamide; Figure 1(a) is an
amide active form of Vitamin B3 or niacin (pyridine-3-
carboxylic acid; Figure 1(b). Both nicotinamide and niacin
are precursors for the synthesis of nicotinamide adenine
dinucleotide (NAD+) and the phophorylated derivative
NADP+ [1] (Figure 2). Nicotinamide and niacin are readily
available from plant and animal foods, and niacin can be
endogenously synthesized from the amino acid tryptophan
[2], which constitutes ∼1% of protein in the diet [1].
The main dietary sources of nicotinamide and niacin are
various meats, liver, yeast, dairy products, legumes, beans,
nuts, seeds, green leafy vegetables, fortified bread, cereals,
coffee, and tea [1, 3]. Uncooked foods mostly contain
NAD+ and NADP+, which can be enzymatically hydrolysed
to nicotinamide in the process of cooking [1]. Studies in
adult humans in the 1950s estimated that around 60 mg
of tryptophan is hepatically converted to 1 mg of niacin,
which is equal to 1 niacin equivalent (NE) [1]. Vitamins
B2 (riboflavin) and B6 (pyridoxine) in addition to iron
are needed as cofactors for conversion of tryptophan to
niacin [1, 3]. The ability to convert tryptophan to niacin
varies greatly between individuals and is enhanced by

protein and tryptophan deficiency, and it is depressed by
excessive dietary leucine [1]. The adult recommended daily
intake expressed as niacin equivalent is 16 NE/day for men,
14 NE/day for women and 18 NE/day and 17 NE/day for
pregnant and lactating women, respectively [4]. In humans,
dietary nicotinamide and niacin are absorbed from stom-
ach and intestine via both sodium-dependent and passive
diffusions [1]. Most tissues take up both forms of vitamins
to synthesize NAD+ and NADP+, although nicotinamide
is the preferable substrate [5]. Dietary NAD+ and NADP+

are hydrolyzed by intestinal mucosal and hepatic NAD
glycohydrolases to release nicotinamides into the portal or
systemic circulation [1]. Niacin is also endogenously synthe-
sized from dietary tryptophan via kynurenine pathway and
quinolinate (Figure 2), and this supplies most of the body’s
niacin requirements [1]. Niacin and quinolinate are further
converted to nicotinic acid ribonucleotides and then into
NAD+ [1]. Excess nicotinamide and niacin are methylated
in the liver to form N1-methylnicotinamide (NMN) and
N1-methylnicotinic acid (NMNA), respectively [1]. NMN is
further oxidised into N1-methyl-4-pyridone-3-carboxamide
(4-pyr) and N1-methyl-2-pyridone-5-carboxamide (2-pyr)
[1]. Niacin is also metabolized in the liver into glycine
conjugate and nicotinuric acid [6]. These metabolites are
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then renally excreted [1]. Some cosmetic preparations
also contain nicotinamide. Systemic absorption of topical
nicotinamide has been reported to be approximately 10%
depending on the vehicle used [7]. Adverse effects of
nicotinamide are rare and have occurred mainly with high
oral doses (≥6 gram/day), which include nausea, vomiting,
liver toxicity, headache, fatigue, and dizziness [8–10]. Unlike
niacin, nicotinamide is not a vasodilator, thus it rarely causes
flushing [11].

Severe nicotinamide deficiency in humans causes the
disease pellagra (Italian “pelle agra”; “rough skin”), which
is characterised by photosensitive dermatitis, diarrhoea,
dementia, and death [3]. It was thought that the clinical
manifestations of pellagra arise from the deficient NAD+

and NADP+ levels in maintaining energy for cellular
functions [13]. However, understanding of these multiple
symptoms has progressed with the finding of NAD+ as a
substrate for poly(ADP-ribose)polymerases (PARPs) [14].
PARP has been recognized to play multitude roles in
DNA damage responses, including DNA repair, maintenance
of genomic stability, transcriptional regulation, signaling
pathways involving apoptosis, telomere functions, and other
multiple cellular functions [15]. Several members of the
PARP family have been identified, of which PARP-1 is the
most reported and is the focus of this paper. NAD+ has also
been shown to be a free radical scavenger [16–20] and is
directly used for the synthesis of cyclic ADP-ribose, which
may be involved in calcium signaling pathways leading to
apoptosis or necrosis [21, 22]. Cellular NAD+ status has
been increasingly demonstrated to alter the cell susceptibility
to genotoxic damage [23], highlighting the crucial role of
nicotinamide as a NAD+ precursor in modulating pathways
involved in carcinogenesis. This paper will first discuss
nicotinamide and carcinogenesis in humans and whole
animal models. Next, the roles of nicotinamide in relation
to DNA repair, genomic stability, and mutagenesis will be
examined.

2. Nicotinamide, Niacin, and Cancer in Humans

There are relatively few epidemiological studies on the asso-
ciation between nicotinamide intake and cancer in humans.
Deficiency of nicotinamide and other micronutrients includ-
ing riboflavin, zinc, and magnesium have been linked to
the increased frequency of oesophageal cancer in certain

populations in China and Italy [24, 25]. Low dietary niacin
has also been associated with an increased frequency of oral,
gastric, and colon cancers, as well as oesophageal dysplasia
[25–27]. In the Linxian trial in China, involving nearly
30,000 residents, 40 mg niacin and 3.2 mg riboflavin were
supplemented in one of the treatment arms daily for over
5 years. It was shown that this combined supplementation
decreased oesophageal cancer incidence and mortality by
14% and 10%, respectively [24]. Most human studies have
examined the dietary intake or supplementation of niacin
in combination with other micronutrients [24, 25, 28–32].
The impact of niacin on human carcinogenesis is therefore
confounded by the effect of other micronutrients. Analysis
from a large Western population within The Malmö Diet
and Cancer Study in Sweden showed that approximately
15%–20% of individuals in this population were niacin
deficient [33]. While severe niacin deficiency resulting in
pellagra is uncommon in Western populations, suboptimal
niacin intake may be relevant in populations at risk such as
cancer patients and individuals with high occupational or
environmental exposure to genotoxic agents including ion-
izing radiation, ultraviolet radiation (UVR), and alkylating
agents. Limited studies indicate that cancer patients are at
risk of niacin deficiency [34, 35]. In one trial involving 42
patients with various primary cancers, it was shown that
40% of these patients were niacin deficient as measured by
abnormally low urine levels of the niacin metabolite N1-
methylnicotinamide [34]. Chemotherapy may also depress
NAD+ levels [35] and precipitate pellagra by promot-
ing anorexia and malabsorption. Some chemotherapeutic
agents (e.g., 5-fluorouracil, 6-mercaptopurine) also inter-
fere with tryptophan conversion to niacin [36]. Moreover,
chemotherapeutic alkylating agents have been shown to
cause miscoding lesions, chromosomal aberrations [37], and
secondary cancer, particularly leukemia, which complicates
chemotherapy in 10%–15% of cancer survivals [38]. More
direct evidence comes from studies in rats, which showed
that niacin deficiency significantly increases the risk of
chemotherapeutic-induced secondary leukemia [39]. Niacin
and NAD+ levels are important determinants of genomic
responses to genotoxic insults [23]. Maintaining an optimum
nicotinamide level is therefore essential in cancer patients
and individuals at risk of exposure to genotoxic agents.

3. Nicotinamide Supplementation and
Animal Models of Carcinogenesis

Animal models show that nicotinamide supplements influ-
ence carcinogenesis in a dose-dependent and organ-specific
manner (Table 1). Nicotinamide is not carcinogenic by itself
at doses more than 300-fold above requirement, admin-
istered to mice throughout their life span [40]. Overall,
low-dose nicotinamide (dose range of 150–200 μM, topical;
0.25%–2.5%, oral; 30 mg/kg body weight (bw) intraperi-
toneal) appears to be protective in various chemical- and
UVR-induced carcinogenesis models in animals. Nicoti-
namide at dietary concentrations of 0.25%–2.5% is pro-
tective against urethane-induced pulmonary adenoma in
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Figure 2: The simplified pathways for nicotinamide, niacin, NAD+, and PARP-1 metabolism. Dietary nicotinamide, niacin, and tryptophan
are precursors for the synthesis of NAD+, essential in ATP production and PARP-1 activation. Nicotinamide can be converted to niacin
by bacterial nicotinamidase in the intestinal lumen. PARP-1 is activated by DNA strand breaks, cleaving NAD+ into nicotinamide and
ADP-ribose. Poly(ADP-ribose) glycohydrolase (PARG) reactivates PARP-1 by removing poly(ADP-ribose)polymers, allowing for continuous
NAD+ utilization. Figure is adapted from Jacobson et al., in 1995 [6] and Meyer-Ficca et al., in 2004 [12].

mice, whereas 0.25% niacin did not show the same pro-
tection [41, 42]. However, higher concentrations of dietary
niacin (0.4%) caused a 6% reduction in the incidence of
nonlymphocytic leukemia induced by ethylnitrosourea in
Weanling male Long-Evans rats [43]. Nicotinamide has
also been shown to inhibit the growth of transplanted
murine breast adenocarcinoma in mice, although the doses
required are higher (2.5% and 5% diet; 1000 mg/kg bw
intraperitoneal) than those needed to suppress carcinogen-
induced cancers [44, 45]. The effect of nicotinamide on
diethylnitrosamine (DEN)-, streptozotocin-, and heliotrine-
induced carcinogenesis seems to be organ-specific. Massive
doses of nicotinamide (350–500 mg/kg bw intraperitoneal,
multiple dosing) inhibited DEN-induced liver tumours (34%
reduction), but promoted DEN-induced kidney neoplasia
(44% increase) in Wistar rats [46]. However, in another study
of DEN-induced carcinogenesis, even low-dose nicotinamide
(0.082% and 0.37% oral) increased the incidence of DEN-
induced kidney tumours from 5% in controls (DEN only)
to 28% and 59%, respectively, in male F344 rats [47].
0.37% nicotinamide by itself had no effect on tumour
formation [47], suggesting that the presence of carcinogen
is required for the tumour promoting or inhibiting effect of
nicotinamide.

Intraperitoneal nicotinamide (350 mg/kg) increased the
incidence of streptozotocin-induced pancreatic islet-cell
tumours in male Holtzman rats from 4% in controls
(streptozotocin only) to 64% [48], but it decreased the
incidence of renal adenomas from 77% to 18% [49].
Nicotinamide administered intraperitoneally at 500 mg/kg to

white male weanling rats before and after administration of
pyrrollizidine alkaloid heliotrine increased pancreatic islet-
cell tumours [50]. The varying effects of nicotinamide with
different carcinogens and target organs may reflect the
differential susceptibility of each organ to DNA damaging
agents. Furthermore, it has been shown that PARP-1 protein
expression is tissue- and/ or cell-type specific [51], and
there are tissue and species differences in requirements
for NAD+ precursors. Tissues with high cellular turnover
including breast, lung, and skin have higher NAD+ require-
ments, and mice are relatively more resistant to niacin
deficiency compared to rats or humans [23]. Hence, the
breast, lung, and skin tissues of rats and humans likely
required higher doses of NAD+ precursors in the face of
genomic insults.

4. Nicotinamide: Photoimmunosuppression
and Skin Cancer

The immune system is an important defense mechanism
that prevents potentially cancerous cells from developing
into tumors. In humans, the importance of immunity in
preventing cancer is observed in renal transplant recipients
on immunosuppressive medications. In this population,
there is an increased incidence of all cancer type (13.7-
fold increase), nonmelanoma skin cancer (33-fold increase),
and melanoma (3.3-fold increase) compared to age-matched
immune competent individuals [58]. Ultraviolet (UV) radi-
ation in sunlight is the primary initiator of skin cancer by



4 Journal of Nucleic Acids

Table 1: Animal models of nicotinamide or niacin effect on carcinogenesis.

Animal Carcinogen
Form of nicotinamide

(dose)
Organ Effect on tumor Ref.

Mouse None Oral All None [40]

Mouse UV Topical(200 μM) Skin Inhibition [52]

Mouse UVB
Oral (niacin)(0.5%; 1%

diet)
Skin Inhibition [53]

Mouse TPA Topical (150 μM) Skin Inhibition [54]

Mouse DMBA and Croton oil Oral(0.2% diet) Skin None [55]

Mouse Urethane
Oral (0.25%; 0.4% diet)
Oral (niacin) (0.25% diet)

Lung Inhibition
[41]

Lung None

Mouse Urethane Oral (1%; 2.5% diet) Lung Inhibition [42]

Rat ENU Oral (niacin) (0.4% diet)
Bone marrow

(haemopoeitic cells)
Inhibition [43]

Rat Bracken fern Oral (0.5% diet)
Intestine Inhibition

[56]
Bladder Inhibition

Hamster BOB ip (30 mg/kg bw) Pancreas Inhibition [57]

Rat DEN ip (350–500 mg/kg bw)
Kidney Increase

[46]
Liver Inhibition

Rat DEN Oral (0.082%; 0.37%) Kidney Increase [47]

Rat Streptozotocin ip (350 mg/kg bw) Pancreas Increase [48]

Rat Streptozotocin ip (350 mg/kg bw) Kidney Inhibition [49]

Rat Heliotrine ip (500 mg/kg bw) Pancreas Increase [50]

Mouse
Transplanted murine

breast adenocarcinoma
Oral (2.5%; 5%)

Recipient subcutaneous
tissue

Inhibition [44]

Mouse
Transplanted murine

breast adenocarcinoma
ip (1000 mg/kg bw)

Recipient subcutaneous
tissue

Inhibition [45]

causing DNA damage in the skin and also by suppressing
cutaneous immunity, even at exposure doses 25% to 50% of
those required to cause mild sunburn [59]. Both UVB (290–
320 nm) and UVA (320–400 nm) in sunlight are immune
suppressive [60, 61]. UV-induced DNA damage, particularly
in the form of cyclobutane pyrimidine dimers (CPDs), is an
important molecular trigger for UV-induced immunosup-
pression [62]. Agents that can modulate DNA repair and
prevent UV-induced immunosuppression may thus reduce
skin cancer.

In mice, 200 μM topical nicotinamide [52] and 0.5% and
1% niacin-supplemented diets [53] have both been shown to
markedly protect against UV-induced immunosuppression
and significantly reduce the incidence of UV-induced skin
tumours. In these studies, UV-induced immunosuppression
was measured by passive transfer assay, whereby splenocytes
from irradiated mice enhanced the growth of antigenic
tumours in unirradiated, recipient mice [52, 53]. Topical
nicotinamide also slowed down the rate of skin tumour
development [52] and the effect of oral niacin on tumour
inhibition was greater with increasing dose [53]. Oral niacin
increased skin NAD+ levels, which were reduced by UVR in
mice not receiving niacin, and this was thought to contribute
to tumour prevention [52, 53]. It was also suggested that
protection from photoimmunosuppression is a mechanism
by which nicotinamide and niacin prevent UV-induced
carcinogenesis [52, 53].

Using the Mantoux model of delayed-type hypersen-
sitivity (DTH) in healthy volunteers, we have shown that
nicotinamide protects from UV-induced immunosuppres-
sion in humans [63, 64]. 5% topical nicotinamide, applied 15
minutes before or after each of 3 daily exposures to low-dose
solar-simulated (ss) UV (equivalent to less than ∼8 minutes
exposure to Sydney spring sunlight [65]), prevented UV-
induced suppression of Mantoux reactions [63]. 5% topical
nicotinamide, applied immediately after a single exposure
to narrowband UVB (300 nm) or UVA (385 nm), protected
against immunosuppression by both wavebands [66]. Using
the same model, oral nicotinamide has also been shown to
protect skin immunity in humans [64].

5. Nicotinamide, PARP-1 and DNA Repair

The role of nicotinamide in DNA repair and maintenance
of genomic stability is tightly related to its functions as
an NAD+ precursor and a substrate for PARP-1. PARP-
1 is a nuclear enzyme which detects DNA damage, binds
to DNA single or double strand breaks, and then uses
NAD+ as a substrate to form nicotinamide and ADP-
ribose. Subsequent enzymatic reactions lead to the formation
of branched ADP-ribose polymers on a nuclear acceptor
protein [67, 68] (Figure 2). Poly(ADP-ribosylation) of the
acceptor protein has been hypothesized to function in DNA
repair by modifying structural proteins proximal to DNA



Journal of Nucleic Acids 5

strand breaks, facilitating the opening of the condensed
chromatin structure, which is required for the recruitment of
DNA repair complexes [69, 70]. The major acceptor proteins
of poly(ADP-ribose) are PARP-1 itself, and auto-poly(ADP-
ribosylation) results in downregulation of the enzyme [70].
Other major acceptor proteins reported are histone, topoi-
somerase I and II, DNA polymerase α and β, DNA ligase I
and II, nuclear retinoid X receptor, nuclear factor (NF)-κB,
and p53 [70, 71]. Poly(ADP-ribose) glycohydrolase (PARG)
is the main enzyme involved in catabolism of poly(ADP-
ribose), cleaving it into free ADP-ribose monomers [70].
PARP-1 itself is also known to be part of chromatin structure
and involved in maintaining a compact chromatin structure,
preventing inadvertent transcription from occurring [72].
Unfolding of the compact chromatin structure allows DNA
regulatory and repair processes access to the damaged sites as
well as to replication and transcription initiation sites [73].
PARP-1 has been reported to play a key role in the nucleotide
excision repair (NER) pathway used to remove bulky DNA
adducts [74] and in the base excision repair (BER) pathway
by interacting with BER protein XRCC1 (X-ray repair cross-
complementing 1) [75–78]. PARP-1 is involved in main-
taining chromosomal integrity by protecting broken DNA
from inappropriate homologous recombination during DNA
repair and replication [79, 80]. PARP knockout mice exhib-
ited dramatically increased sensitivity to ionizing radiation
and alkylating agents [81–83] and showed a 2-3-fold increase
in spontaneous sister chromatid exchange (SCE) and ampli-
fied SCE and micronuclei (MN) formation induced by
carcinogens [83, 84]. PARP-null mice also showed extreme
sensitivity to nitrosamine-induced carcinogenesis [85], had
shorter telomeres, and increased end-to-end chromosomal
fusions, aneuploid cells, and chromosome fragments [86].
Thus, nicotinamide is involved in maintenance of genomic
stability by providing a substrate for PARP-1, preserving a
cellular energy reserve for ATP-dependent DNA repair [87]
and enabling preservation of PARP-1 integrity [88].

6. The Influence of NAD+ Status on
Genomic Stability and DNA Repair

6.1. In Vitro Studies. A large number of in vitro studies
reported that NAD+ status influences genomic stability and
sensitivity to cytotoxic effects of DNA-damaging agents.
Nicotinamide (50–500 μM) increased intracellular NAD+

and enhanced the repair of DNA damage induced by N-
methyl-N′-nitro-N-nitrosoguanidine (MNNG) in cultured
primary human mammary epithelial cells [23]. Preincuba-
tion with 74 μM nicotinamide prevented NAD+ depletion
after dimethyl sulphate (DMS) exposure and increased
strand break rejoining rate [89]. Increasing NAD+ status by
the addition of nicotinamide thus improved the capacity
of DNA repair. NAD+ is also an important determinant of
skin cell survival following UV radiation. 0.1 and 33 μM
nicotinamide added to UV-irradiated cultured human skin
fibroblasts increased cell survival 7 days post irradiation
in a dose-dependent manner [90]. Even in the absence
of genotoxic stress, NAD+ depletion increased spontaneous

DNA damage in human HaCaT keratinocytes, which was
reversible with the addition of nicotinamide [91]. NAD+

status is therefore critical in preserving genomic function
of skin cells. Furthermore, it was shown that skin NAD+

levels are negatively correlated with malignant phenotype in
human skin cancers. Normal skin from patients with pre-
malignant actinic keratoses had significantly higher NAD+

than normal skin from patients with cutaneous squamous
cell cancers [23].

Exposure of ex vivo human lymphocytes to oxygen
radicals [92], UVB [93, 94], Υ-irradiation [95], N-methyl-
N′-nitro-N-nitrosoguanidine (MNNG) [93, 94], or dimethyl
sulfate (DMS)[93] resulted in reduced intracellular NAD+,
with numbers of DNA-strand breaks inversely correlated
with NAD+ levels [92]. Addition of 2–5 mM nicotinamide
prevented this lowering of NAD+ levels, stimulated unsched-
uled DNA synthesis (UDS), and increased DNA repair [93–
95]. The ability of nicotinamide to enhance DNA repair
depends on the presence of functional repair mechanisms.
Xeroderma pigmentosum is an autosomal recessive genetic
disorder of DNA repair, in which the ability to repair DNA
damage caused by UVR is deficient. [96]. In the presence
of 2 mM nicotinamide, lymphoctyes from these patients
exhibited increased UDS after MNNG treatment but failed
to show increased UDS after UVB irradiation. Normal
lymphocytes incubated with the same dose of nicotinamide,
in contrast, showed increased UDS and enhancement of
DNA repair after UVB or MNND exposures [97].

In HaCaT cells (human keratinocyte cell line) NAD+

depletion upregulated NADPH oxidase activity with conse-
quent increase in reactive oxygen species (ROS) production.
NAD+ repletion with nicotinamide completely reversed the
ROS accumulation [91]. In support of these findings, niacin
deficiency, which results in intracellular NAD+ depletion
in rats, also caused an increase in both protein carbonyls
and 8-oxo-7,8-dihydro-2′-deoxyguanosine (8-oxo-dG) in
bone marrow [98]. Oxidative-induced DNA damage 8-
oxo-dG is a miscoding lesion, which generates GC→TA
transversion mutations by pairing with an adenine instead
of a cytosine during replication [99]. ROS also damages
other cellular components including cell membranes by
peroxidation of fatty acids within the phospholipid bilayer
and proteins by forming carbonyl derivatives [100]. Lipid
peroxidation increases production of prostaglandins (PG),
including PGE2, which is known to play an important
role in inflammation. Inflammation in premalignant actinic
keratoses has been reported to be a marker of progression
to squamous cell carcinoma [101]. It was also postulated
that ROS may cause gene mutations in actinic keratoses,
driving their progression to squamous cell carcinoma [101].
Regulation of ROS levels by maintenance of intracellular
NAD+ is therefore important in preventing oxidative DNA
damage and gene mutation.

6.2. In Vivo Studies. Administration of 100 mg/day niacin to
two volunteers for 8 weeks protected against ex vivo lympho-
cyte DNA strand breaks induced by hypoxanthine/xanthine
oxidase. The supplementation increased NAD+ concentra-
tions by nearly 5 times baseline levels and significantly
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reduced oxygen radical-induced DNA stand breaks in the
lymphocytes [92].

The impact of niacin deficiency in rats has been
extensively studied by the Kirkland group [98, 102–106].
Wenling Long-Evans rats were kept niacin-deficient (ND) or
were pair-fed (PF) either normal dietary niacin or supple-
mental 4 mg/gram niacin (NA) (0.4% of diet). The DNA-
alkylating agent ethylnitrosurea (ENU) or the topoisomerase
II inhibitor etoposide (ETO) was then administered to these
rats orally. Bone marrow is a good indicator of niacin
intake. ND diets caused 72%–80% [102, 104] reduction in
bone marrow NAD+ content, whereas NA diets produced
a 240% increase [103]. Basal poly(ADP-ribose) levels were
also significantly lower in ND rats. After ENU- or ETO-
treatment, poly(ADP-ribose) levels were not increased in
bone marrow of ND rats whereas in PF and NA rats, the level
of bone marrow poly(ADP-ribose) rose significantly [102,
104]. Adequate NAD+ is therefore essential for the increase
in ADP-ribose polymer metabolism activated by DNA dam-
age. Niacin deficiency alone causes increased micronuclei
(MN) formation (6.2-fold), SCE frequency (2.8-fold) [103],
chromosomes breaks (4-fold), and chromatid breaks (2-
fold). With ENU- or ETO-treatment, there were much
greater increases in MN formation, SCE, and chromosomal
aberrations (CA) in bone marrow of ND rats [103, 105].
The increased genomic instability in ND rats is further
evidenced by the reduction in latency and the increase in
the incidence of developing ENU-induced leukemia [102].
Niacin deficiency significantly delayed DNA repair in bone
marrow after ENU- or ETO-treatment [103, 105] and was
shown to alter p53 expression and impair ETO-induced cell
cycle arrest and apoptosis [104].

7. Nicotinamide, PARP-1, and
Cellular Responses to DNA Damage

The activation of PARP-1 by DNA strand breaks can lead to
three cellular pathways depending on the intensity of DNA-
damaging stimuli [70] (Figure 3). In the case of relatively
mild DNA damage, PARP-1 activation enhances DNA repair
by interacting with p53 protein, signaling cell-cycle arrest,
and facilitating DNA repair enzymes, including XRCC1 and
DNA-dependent protein kinases to access damaged DNA
[70]. When DNA damage is irreparable, PARP-1 activation
induces apoptotic cell death by activating NF-κB pathway
and preventing ATP depletion and DNA repair through
caspase-mediated PARP-1 cleavage [70, 107]. In contrast,
extensive DNA damage leads to PARP-1 overactivation,
depleting its substrate (NAD+). As cells consume ATP in an
attempt to replenish NAD+, this leads to a cellular energy
crisis, which precipitates necrotic cell death [70]. Apoptosis
is an energy-dependent process [108–111] thus cells severely
deficient in energy are unable to proceed through apoptotic
cell death.

PARP-1 is inhibited by nicotinamide and its analogues
such as 3-aminobenzamide and metoclopramide [112, 113].
PARP-1 inhibition by nicotinamide in vitro has been reported
to delay the rejoining of DNA strand breaks [95, 114, 115],

induce UDS [95, 97, 116], and increase the frequency of
spontaneous SCE [117, 118]. It has been suggested that high
dose of nicotinamide (5 mM or more) inhibits DNA repair
through PARP-1 inhibition while low dose nicotinamide
enhances rejoining of DNA strand breaks through provision
of NAD+ [114]. However, it is argued that nicotinamide
is unlikely to inhibit PARP in vivo [119]. Rats fed nicoti-
namide 33 times above normal requirements exhibited 2-
fold increases in basal poly(ADP-ribose). After exposure to a
hepatocarcinogen, induction of poly(ADP-ribose) was only
marginally higher in the nicotinamide supplemented rats
[120], suggesting that a much higher dose of nicotinamide is
required to possibly inhibit PARP-1 in the whole organism.

Excessive PARP activity is however detrimental to cells.
Augmented PARP activity caused by reactive oxygen injury
to cultured pulmonary-artery endothelial cells resulted in
NAD+ and ATP depletion and necrotic cell death, which
was prevented by the PARP-1 inhibitors nicotinamide and
3-aminobenzamide (3-AB) [121]. Ex vivo murine lung
exposed to bleomycin, a DNA-cleaving antitumor antibi-
otic, caused acute lung injury through sustained PARP
activation and NAD+ depletion. This injury was pre-
vented in the presence of 3-AB [122]. The topical PARP
inhibitor, BGP-15M (O-(3-pyperidino-2-hydroxy-1-propyl)
pyrimide-3-carbocylic acid amidoxime monohydrochloride)
reduced UVB-induced DNA strand breaks in hairless mouse
skin and prevented excessive production of poly(ADP-
ribose) induced by moderate UV doses. These findings
suggest that the inhibition of PARP-1 overactivation, and
therefore of NAD+ and ATP depletion, can occur without
negative consequence to DNA repair [123].

PARP-1 inhibition by nicotinamide has been shown to
switch the mode of cell death from necrosis to apoptosis in
ex vivo human lymphocytes treated with hydrogen peroxide
[124]. In addition, it has been widely reported that in the cells
exposed to oxidative stress, both ATP and NAD+ levels serve
as crucial molecular switches between apoptosis and necrosis
[125–133]. Nicotinamide as a precursor of NAD+, ATP,
and as an endogenous inhibitor of PARP-1 therefore plays
significant roles in cellular protection and in determining
cellular fate in response to genotoxic DNA damage.

8. Nicotinamide, PARP-1, and Regulation of
Gene Expression

PARP-1 has been reported to frequently associate with tran-
scriptionally active regions of chromatin [134, 135]. PARP-1
is a transcription coactivator of nuclear factor-κB (NF-κB)
[136], a transcription factor that plays a significant role in
regulation of genes involved in a variety of cellular processes
including immune and inflammatory responses, apoptosis,
cell proliferation, and differentiation [137, 138]. There is a
large amount of literature supporting the involvement of
NF-κB in cutaneous carcinogenesis [136, 139]. Epidermal
inflammation promotes tumor progression [101] and NF-κB
is known to be one of the mediators involved [139]. PARP-
1 knockout mice are much less sensitive to inflammatory
stress [140, 141] and PARP-1 deficient mice exhibited
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Figure 3: PARP-1 and cellular responses to DNA damage. The intensity of DNA damage determines cellular pathways: survival, apoptosis,
or necrosis. In the case of mild DNA damage, poly(ADP-ribosylation) enhances DNA repair and thus cell survival. When the damage is
beyond repair, PARP-1 facilitates apoptosis, preventing ATP depletion and DNA repair through PARP-1 caspase-mediated cleavage. Severe
DNA damage leads to PARP-1 overactivation, cellular energy depletion, and necrotic cell death. Figure is adapted from Virág and Szabó, in
2002 [70].

substantially reduced sensitivity to the carcinogenic effect
of DMBA and TPA on the skin [136]. In PARP-1 null
(parp-1−/−) mice, the development of skin papillomas
induced by DMBA and TPA was significantly delayed
and reduced in numbers compared to control (parp-1+/+)
mice. PARP-1 inhibition in mice with 3,4-dihydro-5-[4-(1-
piperidinyl)butoxyl]-1(2H)-isoquinoinone (DPQ) also had
the same effect [142]. PARP-1 inhibition with nicotinamide
and benzamides was also shown to inhibit NF-κB in vitro
and suppress lipopolysaccharide-induced TNF-α production
in mice [143]. Indirect inhibition of NF-κB by elimination
or inhibition of PARP-1 may prevent activation of κB-
target genes, leading to suppression of inflammation and
expression of genes associated with tumor progression [136].
Although PARP-1 knockout mice as mentioned previously
have increased genomic instability in response to alkylating
agents and ionizing radiation [81–83] and were more
recently shown to be more sensitive to nitrosamine- [85] and
azoxymethane-induced cancers [144], it is thought that this
controversy can be explained by the unique environmental
and intrinsic factors involved in tumorigenesis of differing
genotoxic agents and organs [136].

PARP-1 inhibition by DPQ or by genetic deletion of
PARP-1 in mice was also found to normalize or downregulate
some upregulated genes in DMBA/TPA-treated skin, includ-
ing several tumor-associated genes in mouse and human

and genes involved in oxidative stress, inflammation, and the
immune response. Of particular importance is the absence of
induction of Hif (Hypoxia inducible factor)-1α in the PARP-
1 deficient and DPQ-treated murine skin [142]. The tran-
scription factor Hif-1α promotes the adaptation of tumour
cells to hypoxia, including angiogenesis, vasodilation, glu-
cose transport, and anaerobic metabolism [145]. It was also
noted that in the tumours of DPQ-treated mice, there were
increased apoptotic cells, suggesting that inhibition of Hif-
1α may contribute to tumour death through failure of these
cells to adapt to hypoxia [142]. In our research group,
topical nicotinamide was found to normalize subsets of
apoptosis, energy metabolism, and immune function-related
genes that are downregulated by UVR in human skin [63].
Low dose of ssUV was shown in this study to downregulate
apoptotic genes BCL2, TP53, IGF1R, PRKCA, and AKT1,
which are also involved in the regulation of telomerase
activity, and thought to play important roles in the initiation
of skin carcinogenesis [63, 146]. Normalisation of these
subsets of genes by nicotinamide suggests its involvement
in apoptosis and early events in skin carcinogenesis. The
downregulation of genes for energy production in ssUV-
treated skin supports evidence for the cellular energy decline
known to be induced by UVR [90]. As previously mentioned,
DNA repair requires ATP [87], and an adequate NAD+

level is critical in maintaining the genomic integrity of skin
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cells during UV radiation [90]. Consistent with its role as
an NAD+ and ATP precursor, nicotinamide protects the
cell from UVR-induced energy depletion. Nicotinamide also
normalized ssUV downregulation of TP53 genes. p53 is a
key regulator of cell cycle arrest and apoptosis in response
to DNA damage [147]. In response to genotoxic stress, p53
is stabilized and activated by posttranslational modifica-
tions, including poly(ADP-ribosyl)ation, phosphorylation,
and acetylation [148, 149]. Niacin deficiency in rats [104]
and nicotinamide depletion in cultured cells derived from
breast, lung, and skin cells [23] caused decreased expression
of the tumor suppressor protein, p53. PARP-1 inhibition
has been shown to decrease basal p53 levels and impairs
p53 stabilization after DNA damage [150]. In addition,
PARP-1 deficient cell lines exhibit a significant reduction in
both baseline p53 expression and its activity compared to
normal wild type cells [150]. Diminished p53 function is
highly associated with malignancy in breast, lungs, and skin
[151]. Nicotinamide prevented UV-induced downregulation
of p53, suggesting its mode of protection from genotoxic
effect of UVR. The effect of nicotinamide on p53 regulation
has also been reported to be independent of PARP [152].

9. Conclusion

Nicotinamide, which is the dietary precursor for NAD+,
provides a substrate for PARP-1 activity. The activation
of nuclear enzyme PARP-1 by DNA strand breaks during
cellular genotoxic stress responses leads to complex signaling
pathway that can enhance DNA repair, result in apoptotic
cell death, or cause cellular energy loss leading to necrotic
cell death. In vivo and in vitro studies showed that NAD+

content of the cells influences responses to DNA damag-
ing agents. NAD+ depletion impairs ADP-ribose polymer
metabolism and increases genomic instability in the face
of genotoxic and oxidative stress challenges. Nicotinamide
deficiency in humans may also contribute to increased
frequency of gastrointestinal cancers in certain populations
although other micronutrient deficiencies are likely to be
involved as well. Nicotinamide supplementation in animal
models has opposing effect on carcinogenesis, depending
on the type of carcinogens and target organs. Nicoti-
namide protected against UV-induced immunosuppression
in mice and humans and UV-induced carcinogenesis in
mice. Limited study in humans indicates that skin NAD+

content is an important determinant of malignant pheno-
type. Thus, nicotinamide supplementation may influence the
progression of premalignant actinic keratoses to malignant
squamous cell cancers. PARP-1 plays a key role in regulation
of genes involved in inflammation, apoptosis, and cellular
differentiation. While PARP-1 inhibition could impair its
role in DNA repair, PARP-1 overactivation is detrimental
to the cells by depleting its substrate NAD+, which leads
to cellular energy crisis and necrotic cell death. In various
murine models, PARP-1 inhibition was shown to favor
apoptotic cell death, reduce inflammatory response, and
reduce genomic sensitivity to various carcinogens. However,
extrapolation of these data to human, particularly when

physiological regimes involved in human carcinogenesis,
should be done cautiously. Further studies are needed to
determine the effect of high-dose nicotinamide on in vivo
carcinogenesis and genomic stability of the cancer cells and
the surrounding normal cells.
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BOB N-nitrosobis(2-oxopropylamine)
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DMBA: 9,10-dimethyl-12-benzanthracene
DMS: dimethyl sulphate
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ETO: etoposide; FBS, fetal bovine serum
MN: micronuclei
MNNG: N-methyl-N’-nitro-N-nitrosoguanidine
NAD+: nicotinamide adenine dinucleotide
PARP: poly-ADP-ribose polymerase
ROS: reactive oxygen species
SCE: sister chromatid exchange
ssUV: solar-simulated ultraviolet
TPA: 12-O-tetradecanoylphorbol-13-acetate
UDS: unscheduled DNA synthesis
UVR: ultraviolet radiation.
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DNA molecular weight standard control, also called DNA marker (ladder), has been widely used in the experiments of molecular
biology. In the paper, we report a method by which DNA marker was prepared based on multiple PCR technique. 100–
1000 bp DNA fragments were amplified using the primers designed according to the 6631∼ 7630 position of lambda DNA.
Target DNA fragments were amplified using Touchdown PCR combined with hot start PCR, respectively, followed extracted by
phenol/chloroform, precipitated with ethanol and mixed thoroughly. The results showed that the 100–1000 bp DNA fragments
were successfully obtained in one PCR reaction, the bands of prepared DNA marker were clear, the size was right and could be
used as control in the molecular biology experiment. This method could save time and be more inexpensive, rapid, simple when
compared with the current DNA Ladder prepared means.

1. Introduction

It is necessary to determine the molecular weight (mw)
or the base pair (bp) length of nucleic acids in the field
of molecular biology. This need encompasses weights or
lengths of nucleic acids from sizes ranging from mega bps
down to very short oligonucleotides of only a few bp’s.
Traditionally the base pair length of the nucleic acid has
been obtained by comparing the behavior of a nucleic acid
under analysis with the behavior of another nucleic acid
of defined length and usually but not necessarily of known
sequence. Such methods may be electrophoresis, gel filtration
chromatography, ultracentrifugation and like methods well
known to those in the art. Because of the simplicity of the
equipment, ease of use and resolving power to the technique,
electrophoresis is the technique most frequently employed to
determine the size of nucleic acids.

Double stranded DNA standards were typically prepared
from DNA of bacteriophages or plasmids [1, 2]. This process
requires the propagation of the virus or plasmid in the
appropriate host organism, the purification of the viral or
plasmid DNA from the nucleic acids of the host, the digestion
of the purified DNA with restriction endonucleases, and the
purification of the resulting fragments from undigested DNA

and the restriction enzyme. This process was labor, material,
and equipment intensive, especially for preparation of large
quantities of DNA. Restriction enzyme digested bacterio-
phage DNA such as Lambda was frequently employed as
molecular weight markers. The array of fragment lengths
in obtained bp’s depended on the nature of the restriction
enzyme, the DNA sequence composition, and the conditions
employed. Each combination of restriction enzymes, DNA,
and conditions provided a unique array of DNA fragments
of defined lengths [3, 4].

The polymerase chain reaction (PCR) has been widely
applied to the fields of molecular biology, genetics, biochem-
istry, genetic engineering, forensics, and the like. PCR is a
simple, effectively and conveniently method and could pre-
pare amount oligonucleotides in a very short time. However,
preparing DNA ladder using common PCR was laborious.
Different standard fragments were mixed according to some
proportion, which were amplified and concentrated from
many PCR products. So, different bands may be a standard
to identify and evaluate the length of samples. However, most
of DNA ladder had too many bands to be amplified by PCR,
respectively, which led to great human resource, material
resource, and wealth resource though which was industri-
alization, industry and sequencing. It is very important to
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Table 1: Primers used in the experiment.

Length (bp) Primer Position

1000 5′-GCGGCACGGAGTGGAGCAAG-3′ 6631

900 5′-GTTCGATCCGAAAGGCTGGGCGCT-3′ 6731

800 5′-AAAGACCTGGGCAAAGCGGTGT-3′ 6831

700 5′-TCCTGCCGCACAACACGATG-3′ 6931

600 5′-ACGCCTCTGCCCGTTACCCGAA-3′ 7031

500 5′-GATGAGTTCGTGTCCGTACAACTG-3′ 7131

400 5′-CCGCTCGCTGGGTGAACAA-3′ 7231

300 5′-ACGGATGAAACTGCCGGTCAGGACA-3′ 7331

200 5′-TGGATACGTCTGAACTGGTCACGGT-3′ 7521

100 5′-AACGGCGTTTCGTGTCTCTGCCGGT-3′ 7531

0: 5′-GTTATCGAAATCAGCCACAGGGC-3′ 7630

find a new method to produce DNA ladder with a rapid,
simple way to reduce costs and improve production. A new
way for batch production will be described firstly in this
study.

2. Materials and Methods

2.1. PCR Primers. According to the lambda phage DNA
sequence (GenBank accession no: J02459), the sequences
from 6631–7630 bp were selected and covered. The 1 000 bp
primer represents the region in length from 6631–7630,
900 bp primer from 6731–7630, 800 bp primer from 6831–
7630, 700 bp primer from 6931–7630, 600 bp primer from
7031–7630, 500 bp primer from 7131–7630, 400 bp primer
from 7231–7630, the 300 bp primer from 7331–7630, the
200 bp primer from 7431–7630, and the 100 bp primer from
7531–7630 of the lambda target sequence. Deoxyoligonu-
cleotides were synthesized using phosphoramidite chemistry
and were obtained from Shanghai Sangon Company, China.
The primers were shown as in Table 1.

2.2. PCR Amplification and Preparation of DNA Ladder. 100–
1000 bp fragments were amplified by multiplex PCR using
ten primer pairs in one PCR tube with the same sense primer.
The template DNA (15–35 ng) was added to a 25 μl reaction
mixture containing 50 mM KCl, 10 mM Tris-HCl(pH 8.3),
2.0 mM MgCl2, 75 pmol of sense primer, 5 pmol of each
100–500 bp antisense primer, 10 pmol of each 600–1000 bp
anti-sense primer, 0.3 mM dNTPs, and 5 unit of Taq DNA
polymerase. Taq DNA polymerase was added using hot
start method. PCR was performed using a PxE (Thermo)
thermocycler with a temperature profile of 35 cycles, which
contained 2 cycles at 95◦C for 30 s, 56◦C for 30 s, and 72◦C
for 1 min, 2 cycles 95◦C for 30 s, 54◦C for 30 s and 72◦C for
1 min, 2 cycles for every annealing temperature interval 2
temperature, until 44◦C polishing 35 cycles. PCR products
were detected by 2% agarose gel with 120 V voltages for
40 min.

5 μl of each PCR reaction mixture was screened on 2%
agarose gel electrophoresis and the length was estimated
by comparing the known size DNA marker (Sangon), then

was purified and sequenced by Sangon Company. The
PCR products were extracted through phenol/chloroform
and precipitated with ethanol, and then analyzed their
UV absorbance under 260 nm. 5 μl aliquot of the material
was electrophoresed and no change in the band migration
pattern or band intensities was observed following ethidium
bromide staining. The marker was then frozen at −20◦C.

3. Results and Discussion

All fragments of 100–1000 bp were amplified successfully
with multiplex PCR way by optimizing process in the PCR
reaction system and temperature profile (Figure 1). Finally,
with the help of touch down PCR and hot start PCR tech-
nique, all the ten DNA fragments were obtained by multiplex
PCR. At first, the same amount of ten primer pairs were
added to a reaction system, and the annealing temperature
profile from 58◦C to 48◦C for 30 cycles (Figure 1(a)), and
the annealing temperature profile from 58◦C to 48◦C for 35
cycles (Figure 1(b)), 100–500 bp fragments were amplified
by this method. Adjusting the amount of the ten anti-sense
primers and the annealing temperature profile from 56◦C to
46◦C, most of target fragments were detected. (Figure 1(c))
Finally, raising the amount of 600–700 bp anti-sense primers
and using the annealing temperature profile from 56◦C to
44◦C, all the target fragments were amplified and nonspecific
fragments disappeared (Figure 1(d)).

PCR has become a widely used tool for detection, iden-
tification, and differentiation of pathogenic microorganisms
in diagnosis of animal and human diseases or other studies
[5]. More and more derived PCR techniques were devised
for different study purpose, for instance, multiplex PCR
technique, which has been widely used to detect and identify
some unknown and possible pathogenic microorganisms
in some diseases. Using several primer pairs, each having
a particular specificity, in the same reaction added a
multidimensional perspective to the diagnostic potential of
PCR. Such a procedure allowed simultaneous detection of
two or more different microbial agents in a single sample
and the inclusion of internal controls. As multiplex PCR
involved a far more complex reaction system than the normal
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Figure 1: Illustrations of the PCR products for adjusting reaction system and temperature profile. 100–1000 bp fragments were amplified
by multiplex PCR using 10 primer pairs in a PCR tube which have the same sense primer. (a) the annealing temperature profile from 58◦C
to 48◦C for 30 cycles; (b) 100–500 bp fragments were amplified under the annealing temperature profile from 58◦C to 46◦C for 35 cycles. (c)
Adjusting the amount of the ten anti-sense primers and the annealing temperature profile from 56◦C to 46◦C, most of target fragments were
detected; (d) Raising the amount of 600–700 bp anti-sense primers and using the annealing temperature profile from 56◦C to 44◦C, all the
target fragments were amplified and nonspecific fragments disappeared.

simplex mode, so its performance was more difficult to
predict and could be assessed only after extensive trials [5].
Thus, quite a number of currently used protocols could be
further optimized to exclude nonspecific reactions. In the
present paper, ten primer pairs was added to a reaction
system to amplify ten different fragments. We optimized the
reaction system and reaction to avoid nonspecific reactions
and primer dimer, target sequences as defined by primer
binding sites had been checked carefully in order to insure
high specificity of detection. In addition, using hot start and
touch down PCR method, adjusting the quantity of each

primer and annealing temperature were available to improve
the performance of the amplification reaction. The basic idea
of hot-start PCR was to reduce nonspecific amplification in
the initial phase by releasing active enzyme only immediately
before the first primer binding step [6]. Another kind of
PCR, touch down PCR could design a continuous and
touchdown annealing temperature range to amplify some
fragments [7]. This approach was designed to prevent primer
dimer formation, mispriming, and spontaneous initiation
of DNA strand synthesis [8]. Finally, with the undisputed
success ten fragments based on the multiplex PCR with touch
down PCR and hot start were amplified and detected clearly
(Figure 1).

Compared with conventional methods for producing
DNA Marker, multiplex PCR method could reduce costs
and raise production in laboratory once. Undoubtedly the
demand for multiplex PCR method is going to increase
further purpose in future because of the potential to reduce
costs, human and material resource, and raise throughput in
the same time for batch production.

Acknowledgments

This work was partly supported by the grants from the
Natural Science Foundation of Henan Province, China
(no. 511042300, 624410041) and Science & Technol-
ogy Innovation Talents in University of Henan Province
(2008HASTIT026).

References

[1] L. J. Wei, Y. T. Wei, X. F. Huang, X. Q. Wei, and R. B.
Huang, “Construction of a new kind of DNA marker vector,”
Biotechnology, vol. 14, no. 5, pp. 33–35, 2004.

[2] C. J. Zhu, Q. Y. Wei, W. L. Qu, and H. Ding, “Experimental
study on making a new DNA marker from positive and negative
DNA samples,” Acta Medicinae Sinica, vol. 18, pp. 937–938,
2005.

[3] Hyman, “DNA ladders,” US Patent no. 5,840,575, 1999.
[4] A-li W. Hu, J. L. Hartley, and H. J. Jordan, “Nucleic acid

ladders,” US Patent no. 6,924,098, 2005.
[5] J. L. Hartley, “Nucleic acid marker ladder for estimating mass,”

US Patent no. 7,132,520, 2006.
[6] Dawson, “Method for the multiplexed preparation of nucleic

acid molecular weight markers and resultant products,” US
Patent no. 5,714,326, 1998.

[7] D. J. Korbie and J. S. Mattick, “Touchdown PCR for increased
specificity and sensitivity in PCR amplification,” Nature Proto-
cols, vol. 3, no. 9, pp. 1452–1456, 2008.

[8] I. Smolina, C. Lee, and M. Frank-Kamenetsk II, “Detection
of low-copy-number genomic DNA sequences in individual
bacterial cells by using peptide nucleic acid-assisted rolling-
circle amplification and fluorescence in situ hybridization,”
Applied and Environmental Microbiology, vol. 73, no. 7, pp.
2324–2328, 2007.


